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Summary 
Multicellular organisms rely on intercellular communication and exchange of resources. 
In plants, direct molecular exchange is mediated by plasmodesmata: nanoscopic pores 
that traverse the cell wall and establish continuity between the plasma membrane, 
cytosol, and endoplasmic reticulum of adjacent cells. Despite their essential role in 
plant development and physiology, the molecular composition, internal organization, 
and mechanisms controlling plasmodesmal permeability remain poorly defined. 
Proteomic studies have identified hundreds of putative plasmodesmal proteins, but 
such datasets are inherently noisy and likely include many false positives. Systematic 
mapping of the molecular inventory within plasmodesmata is further complicated by 
their nanometer-scale dimensions, placing them below the resolution limit of most light 
microscopy techniques, while preparation artifacts in classical electron microscopy 
prevent reliable analysis of the fine molecular detail. 

Here, we applied a combination of methods to advance the characterization of 
plasmodesmal organization and function, focusing on the model plant Physcomitrium 
patens. We established a proteome of plasmodesmata-enriched cell wall fractions and 
analyze multiple uncharacterized candidate proteins. Among them, we found several 
cell wall-modifying enzymes including a clade of glycosyl hydrolase family 17 (GHL17) 
proteins that localize to plasmodesmata and identified a homolog modulating 
plasmodesmal permeability.  

In addition, several nucleoporins (NUPs) were identified in the proteome. Intrigued by 
the similarities between nuclear and plasmodesmal pores, we examined their 
subcellular localization and assessed plasmodesmal permeability in NUP mutants. As 
multiple NUPs show dual localization to nuclei and plasmodesmata and plasmodesmal 
permeability is altered in NUP mutants, we probed the possibility of a NUP-containing 
plasmodesmal pore complex. 

To visualize plasmodesmata components in the native context, we developed cryo-
electron tomography workflows for imaging multicellular plant samples and assessed 
them on a set of tissues from Physcomitrium patens, Arabidopsis thaliana and 
Limonium bicolor. Applying these workflows, we resolved the in situ architecture of 
plasmodesmata in Physcomitrium patens. By comparing wild-type with overexpression 
of the previously identified glycosyl hydrolase GHL17, as well as abscisic acid-treated 
wild-type tissue, we could link architectural changes of plasmodesmal pores to 
permeability phenotypes. Under GHL17 overexpression associated with increased 
intercellular flux, plasmodesmata were shorter and wider. In contrast, abscisic acid 
treatment, known to reduce solute flux between cells, induced excessive deposition of 
cell wall material around plasmodesmal apertures. Unexpectedly, this deposition 
resulted in complete channel sealing in the majority of imaged plasmodesmata, 
abolishing membrane and cytosolic continuity between cells. 
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Beyond this cell wall-sided gating mechanism, we resolved the structure of a protein 
assembly, present within all imaged plasmodesmata where it coats the central, ER-
derived desmotubule membrane. Through integration of subtomogram averaging with 
proteomics and structure predictions, we could identify Multiple C2 domain and 
Transmembrane Proteins (MCTPs) as the constituents of the assembly. Bioinformatic 
analysis further revealed that MCTPs contain extended intrinsically disordered linker 
regions with electrostatic sticker-spacer characteristics. As mapping back MCTPs into 
the tomographic representations of plasmodesmata indicated these disordered linker 
domains populate the cytosolic route within plasmodesmata, we hypothesized they 
may constitute a charge-selective permeability barrier. 

In summary, our observations define molecular and architectural features of 
plasmodesmata and provide a structural framework for how membrane, protein, and 
cell wall components coordinate intercellular connectivity in plants. 
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Chapter 1 

1.1 Introduction 

1.1.1 Multicellularity & intercellular exchange 

Over the course of biological evolution on earth, multicellularity evolved at least 50 
times independently (Bingham and Ratcliff 2024), with the earliest known emergence in 
cyanobacteria over 3 billion years ago (Hammerschmidt et al. 2021). Multicellular 
communities may emerge from unicellular ancestors through two distinct routes: (1) 
aggregation, in which free-living cells come together to form a collective, and (2) clonal 
development with incomplete cell abscission, where daughter cells remain physically 
connected after division (Abedin and King 2010). Aggregation, prominent in dictyostelid 
slime molds and myxobacteria, involves facultative cooperation among otherwise 
independent cells (Claessen et al. 2014; Penesyan et al. 2021). In contrast, clonal 
development through incomplete abscission establishes permanent connections 
between genetically identical cells, bypassing the unicellular stage. This mode underlies 
most eukaryotic multicellularity and is universal in the five lineages with complex body 
plans – animals, fungi, red algae, brown algae, and plants (Bingham and Ratcliff 2024). 

Both aggregation and clonal development provide adaptive advantages, such as 
increased sampling of environmental information, size-dependent predator avoidance 
or partitioning of labor between specialized cells, tissues and organs. However, the 
evolutionary incentives differ. Aggregative behavior provides short-term benefits for the 
community, but selection continues to act at the level of individual cells (Pentz et al. 
2023). In clonal multicellularity with little in-group genetic variance, selection acts 
primarily on the collective rather than the individual cell level, allowing the evolution of 
complex body plans and capabilities for intra-organismal cooperation (Michod 2007; 
Pentz et al. 2023). Such complex multicellular lineages converge on three fundamental 
cell-biological innovations: mechanisms for stable cell-cell adhesion, differentiation 
with partitioning of labor, and specialized pathways for communication and molecular 
exchange (Knoll 2011). Cell-cell communication occurs indirectly through secretion of 
messenger molecules and receptor-mediated signaling, or directly via cytoplasmic 
connections transmitting electrical, hydraulic, and chemical signals from one cell to 
another. Likewise, exchange of resources, e.g. the distribution of metabolites produced 
by specialized cells, may rely on secretion into and reuptake from the extracellular 
milieu, or on direct passage through intercellular bridges (Chaigne and Brunet 2022).  

In animals, direct cytoplasmic connections in somatic cells occur at specialized cell-
cell contact sites termed gap junctions, where protein channels formed by connexin 
subunits in vertebrates or innexin subunits in invertebrates are inserted into the plasma 
membranes of two coupled cells (Söhl and Willecke 2004; Skerrett and Williams 2017). 
Docking of two such hemichannels creates complexes with central pores of 8 – 16 Å 
diameter, connecting the cytosol of both cells and allowing passive diffusion of ions and 



 

8 
 

small soluble molecules up to molecular masses of about 1 kDa with connexin isoform-
dependent solute selectivity (Weber et al. 2004; Maeda et al. 2009; Kwon et al. 2011). 
While membrane interfaces at gap junction plaques are maintained, individual channels 
within have short half-lives of ~1.5 – 5 h before turnover (Musil et al. 2000; Gaietta et al. 
2002) and are dynamically gated by voltage, post-translational modifications and 
changes in intracellular calcium levels and pH (Lampe and Lau 2004; Su and Lau 2014; 
Bennett et al. 2016).  

Apart from gap junctions, which are limited to membrane interfaces of immediately 
adjacent cells, tunneling nanotubes (TNTs) are transient, F-actin stabilized membrane 
protrusions which can connect distant cells without the need for permanent adhesion. 
TNTs typically measure ~50 – 250 nm in diameter permitting exchange of larger cargo, 
including vesicles and even entire organelles (Rustom et al. 2004; Sartori-Rupp et al. 
2019; Chakraborty et al. 2023; Miao et al. 2025). Stable cytoplasmic connections, 
however, are rare in animals and mostly limited to the germline (Dym and Fawcett 1971). 
Such germline bridges, termed ring canals in insects, are formed by incomplete 
cytokinesis, where the contractile ring halts before abscission leaving the cytosol of the 
two daughter cells connected (Greenbaum et al. 2007). Rarely ring canals may occur in 
somatic tissues, for example in Drosophila epithelia, where they permit protein 
equilibration between cells (McLean and Cooley 2013; Nandakumar and Vasudevan 
2025). 

In non-animal lineages with features of complex multicellularity, intercellular exchange 
is complicated by the presence of cell walls. Each lineage, often in several independent 
events, has evolved intercellular bridges, directly linking membranes and cytosol across 
cell walls: septal pores in fungi (Beckett 1981; Lai et al. 2012), pit connections in red 
algae (Ramus 1969), plasmodesmata-like pores in brown algae (Terauchi et al. 2014), 
and plasmodesmata in green algae and plants. This thesis focuses on plasmodesmata 
in land plants, with emphasis on investigating their ultrastructure, composition and 
physiology. 

 

1.1.2 Plasmodesmata – Architecture & composition 

Intercellular connections between adjacent plant cells were described independently 
by multiple botanists in the late 19th century, with the first illustrations published by 
Eduard Tangl in 1880 (Tangl 1880; Köhler and Carr 2006; Peters et al. 2021). By staining 
plant tissues with different iodine solutions, Tangl observed connecting channels 
(“Verbindungskanäle”) across cell walls in light microscopy which were traversed by 
protoplasmic extensions (“Protoplasmafortsätze”). In his 1901 essay, Eduard 
Strasburger coined the term “Plasmodesmen”, later anglicized to plasmodesmata 
(singular: plasmodesma) (Strasburger 1901). Both Tangl and Strasburger recognized the 
implications of intercellular connectivity, introducing the concept of symplasmic 
continuity throughout the plant body. 
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At this stage, due to the limited resolution of light microscopy, it remained unclear 
whether plasmodesmata are simple wall pores or contain more intricate internal 
organization. With the advent of electron microscopy in the 1950s, however, their 
dimensions and structural features started to be revealed (Strugger 1957; Welling 1965; 
López-Sáez et al. 1966, Fig. 1). Early transmission electron micrographs indicated that 
each plasmodesmal pore is lined by the plasma membrane and contains a central 
dense core, later termed the desmotubule, which connects to the cortical ER (Robards 
1968). While some authors hypothesized that the desmotubule represents an ER-
derived membrane strand (López-Sáez et al. 1966), others questioned whether such 
extreme membrane tubulation was physically feasible and proposed that the dense 
core might either not consist of lipid bilayers or must be scaffolded by a proteinaceous 
‘desmotubule wall’. Robards e.g. suggested that the desmotubule wall could have a 
similar composition to the microtubule fibers of the mitotic spindle (“nuclear spindle 
fibres”, Robards 1968). 

 
Fig. 1: Schematic overview of plasmodesmata architecture. (A) Representation of a P. patens 
gametophore leaflet. (B) Adjacent cells are connected via multiple plasmodesmata per cell-cell interface. 
(C) Plasmodesmata are cell wall pores, lined by the plasma membrane, with a central ER-derived 
desmotubule. The cytosolic sleeve between both membranes allows translocation of soluble molecules. 
Deposition or degradation of the cell wall polymer callose at neck regions can modulate aperture 
diameter. 

Besides tubulin, other cytoskeletal components were also proposed to constitute the 
desmotubule wall. In the 1990s, immunolabeling with antibodies against actin was 
interpreted as evidence for its presence within plasmodesmata in cell sections (White 
et al. 1994; Blackman and Overall 1998) and cell wall protein extracts (Blackman and 
Overall 1998). Experiments using actin polymerization inhibitors or stabilizers appeared 
to support this view, as these treatments altered intercellular movement of tracer 
molecules (Ding et al. 1996; Su et al. 2010). Consequently, the idea that desmotubules 
are wrapped in filamentous actin persists in several schematic models of 
plasmodesmata until today (Overall et al. 2000; Benitez-Alfonso et al. 2010; Heinlein 
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2015; Sager and Lee 2018; Reagan and Burch-Smith 2020; Choudhary et al. 2020; Chen 
et al. 2021).  

When Ding et al. described the desmotubule wall as consisting of individual particles, 
approximately 3 nm in diameter and embedded within the outer leaflet of the lipid 
bilayer (Ding et al. 1992), they also noted that similar particles are coating the plasma 
membrane within the plasmodesmal channel but did not speculate on the molecular 
identity of either particle type. Another ultrastructural feature described early on and 
repeatedly observed in later studies are spoke-like filaments (Dolzmann 1965). 
Extending from the desmotubule to the plasma membrane, they span the cytosol-filled 
intermembrane space or cytosolic sleeve. Based on immunolabeling data, it was put 
forward that these tethers might consist of myosin attached to an actin-coated 
desmotubule (Radford and White 1998; Reichelt et al. 1999; Baluška et al. 2001; Dong 
et al. 2011). The implicated class VIII myosins were later found to function in cell division 
and phragmoplast formation (Wu et al. 2011; Olatunji et al. 2023) – a process during 
which primary plasmodesmata are formed, which could explain co-localization. 
Although a structural role for actin and myosin within plasmodesmata cannot be ruled 
out, their widespread functions in plant cell physiology may account for both the 
observed localization and the physiological effects seen in perturbation experiments. 
Using electron tomography on high-pressure-frozen, freeze-substituted samples, 
Nicolas et al. reconstructed plasmodesmata in 3D with improved ultrastructural 
preservation (Nicolas et al. 2017). This work revealed cell type-specific differences in 
cytosolic sleeve diameter, which, intriguingly, did not correlate with expected effects on 
molecular movement – thinner sleeves permitted increased intercellular diffusion. 
Notably, the resolved spoke-like tethers were insensitive to actin polymerization 
inhibitors, challenging the previous actin- and myosin-centered models. Despite these 
advances in imaging methodology, the molecular identity of the desmotubule-
associated particles, plasma membrane particles, and tethering elements remained 
unresolved.  

In parallel, proteomic analyses of plasmodesmata-enriched cellular fractions provided 
new insights into their molecular composition (Fernandez-Calvino et al. 2011; Park et 
al. 2017; Kraner et al. 2017; Leijon et al. 2018; Brault et al. 2019; Gombos et al. 2023; 
Johnston et al. 2023; Schladt et al. 2025). While such datasets are inherently noisy, 
cross-comparison among studies has led to the proposal of a core plasmodesmal 
proteome and indicated novel structural and functional components. Chapter 2 and 
Chapter 3 of this work present proteomics datasets from plasmodesmata-enriched cell 
wall fractions of Physcomitrium patens and Arabidopsis thaliana and further discusses 
individual candidate proteins. One consistently identified protein family are the Multiple 
C2 Domains and Transmembrane Region Proteins (MCTPs). Fluorescently tagged 
MCTPs co-localize with known plasmodesmata markers across multiple species 
(Vaddepalli et al. 2014; Brault et al. 2019; Gombos et al. 2023; Johnston et al. 2023). 
Their N-terminal C2 domains can bind phospholipids at the plasma membrane, while 
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their C-terminal reticulon homology domains insert into ER membranes, rendering them 
compelling candidates for the spoke-like membrane tethers spanning the cytosolic 
sleeve (Brault et al. 2019; Li et al. 2024; Pérez-Sancho et al. 2025). Chapter 5 of this work 
presents in situ structures of the desmotubule coat which, in conjunction with 
proteomics and protein structure predictions, support a role for MCTPs as building 
blocks of both the desmotubule particles and the spoke-like tethers (Dickmanns et al. 
2025, Fig. 2). 

 
Fig. 2: A plasmodesma connecting two cells of Physcomitrium patens across the shared cell wall 
resolved by cryo-electron tomography. The plasmodesmal pore traversing the cell wall is lined by the 
plasma membrane (light blue), with a central desmotubule connecting to the cellular ER (yellow). The 
desmotubule is coated by protein assemblies (dark blue) at neck regions which are connected to the 
plasma membrane by proteinaceous tethers (red). Data presented in Chapter 5. 

Besides internal membrane and protein structures, the surrounding cell wall also plays 
a major role in shaping plasmodesmata. While initially only unbranched 
plasmodesmata were described, broader sampling across tissues, developmental 
stages, and species eventually uncovered a range of pore architectures, including 
funnel-shaped and branched forms (Franceschi et al. 1994; Ehlers and Kollmann 2001; 
Ostermeyer et al. 2022). In addition to the diversity in overall pore architecture, cell walls 
around plasmodesmata also display dynamic reshaping. Synthesis and degradation of 
callose, a β-1,3-glucan polymer, are known to regulate the diameter of the 
plasmodesmal aperture and thus modulate permeability (Bayer and Benitez-Alfonso 
2024). Callose has been recognized in plant cell walls since the 19th century (Mangin 
1892) and, using fluorescent dyes like aniline blue, was later shown to accumulate at 
plasmodesmata (Currier and Strugger 1956). In classic electron micrographs, electron-
lucent halos around plasmodesmata were suspected to represent callose (Esau and 
Thorsch 1985; Schnepf and Sawidis 1991), which was later confirmed by 
immunolabeling (Northcote et al. 1989; Vatén et al. 2011). While the function of callose 
at plasmodesmata remained unclear initially, Gunning had hypothesized a structural 
gating mechanism in 1976, suggesting that “electron microscopists should be looking 
for ultrastructural equivalents of sphincters” (Gunning and Robards 1976). Shortly after, 
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electron-dense structures surrounding the desmotubule and occupying the cytosolic 
sleeve at neck regions were observed in Zea mays and referred to as “sphincters” (Evert 
et al. 1977; Gao et al. 2022). In the following years, several other authors described ring-
like arrangements of likely proteinaceous particles at the apoplasmic side of the neck, 
likewise adopting the term “sphincters” (Olesen 1979; Badelt et al. 1994). However, it 
should be emphasized that both of these structures initially named "sphincters" are 
distinct. They are spatially separated by the plasma membrane - the one surrounding 
the desmotubule being cytoplasmic, the other ring-like arrangement apoplasmic - and 
therefore they likely differ in composition and function. Based on current evidence, 
including data presented in this thesis, we hypothesize that cytoplasmic structures may 
consist of a disordered protein meshwork populating the cytosolic sleeve, potentially 
mediating selective filtering of diffusing solutes and/or contributing to the enrichment of 
specific proteins at plasmodesmata (Chapters 3 and 5). Apoplasmic particles, also 
referred to as “ring-like wall specializations” (Cook et al. 1997), could be either 
proteinaceous or consist of cell wall material. More recently, the presence of 
apoplasmic “callosic dormancy sphincters”, which correlate with regulation of callose-
related genes, has been shown to control bud dormancy (Tylewicz et al. 2018). While not 
resolving ring-like apoplasmic particles, we present tomographic reconstructions of 
opened and closed plasmodesmata states related to callose and associated with 
increased and decreased intercellular flow (Chapter 5). 

 

1.1.3 Plasmodesmata – Molecular trafficking and permeability control 

A variety of molecules including hormones, metabolites, proteins and RNAs travel from 
cell to cell through plasmodesmata. Some phytohormones like auxin (Coudert et al. 
2015; Mellor et al. 2020; Gao et al. 2020; Mehra et al. 2022) and gibberellin (Kwiatkowska 
1991) have been shown to move symplasmically in addition to apoplasmic routes using 
transporter proteins. In non-vascular plants, metabolites such as photosynthesis-
derived sugars are translocated over short and long distances involving symplasmic 
routes (Raven 2003). In vascular plants, sucrose is primarily synthesized in the 
photosynthetically active leaf mesophyll cells and moves across multiple cell-cell 
interfaces towards companion cells, where it is subsequently loaded into phloem sieve 
elements for long-range distribution in the vasculature. Depending on the species, 
transfer at each cell-cell interface, including unloading at the destination, may occur 
symplasmically through plasmodesmata or apoplasmically via SWEET and SUC 
sucrose transporters (Miras et al. 2022). For these relatively small molecules, passive 
mechanisms of symplasmic translocation, namely diffusion along a concentration 
gradient or bulk flow along a pressure gradient, are assumed (Dölger et al. 2014; Tee and 
Faulkner 2024).  

Another notable case involving the phloem is that of the mobile protein signal Flowering 
Locus T (FT). The FT gene is transcribed and translated in phloem companion cells of 
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mature leaves. Resulting FT proteins are loaded into the phloem sieve elements via 
plasmodesmata and transported through the vasculature to the shoot apical meristem, 
where they eventually induce flowering (Corbesier et al. 2007; Liu et al. 2012). The 
distribution of FT in the shoot apex is impaired at low ambient temperatures, where 
plasmodesmal closure is triggered via callose deposition (Murata et al. 2025). While the 
FT protein is regarded as the primary mobile signal, FT mRNA mobility has been reported 
as well (Li et al. 2011; Lu et al. 2012; Luo et al. 2024). The distribution of certain 
transcription factors like SHORTROOT (SHR; Nakajima et al. 2001), KNOTTED 1 (KN1; 
Jackson et al. 1994; Lucas et al. 1995; Vatén et al. 2011), WUSCHEL (WUS; Daum et al. 
2014) and LEAFY (LFY; Sessions et al. 2000; Wu et al. 2003) during development and 
tissue remodeling also involves plasmodesmata. As with FT, the mobility of transcription 
factors became evident when promoter activity was found to be confined to specific 
source cells, while the corresponding translated proteins can be detected in distant 
non-expressing tissues. In many cases it is still unclear whether mobility is conferred by 
travelling of the transcription factors themselves, their respective mRNAs, or both. 
Further, if these larger molecules are distributed purely by diffusion, enriched at 
plasmodesmata by specific targeting, or require facilitated transport remains to be 
determined.  

Apart from endogenous proteins and RNAs, plant viruses also hijack plasmodesmata to 
spread from initial infection sites and establish systemic infection. To facilitate this, 
viruses express movement proteins (MPs) that modify plasmodesmal structure and 
permeability (Alazem et al. 2025). MPs can promote callose degradation, expanding 
pore size, or in some cases replace the desmotubule with virus-derived protein tubules 
large enough to shuttling entire virions between cells (van Lent et al. 1990; Ritzenthaler 
et al. 1995; Cheng et al. 1998). While certain MPs are targeted to plasmodesmata, it also 
remains unclear whether they actively facilitate transport of genetic information or 
solely remodel plasmodesmata to enhance passive movement. 

The cell-to-cell mobile molecules described here are soluble and expected to use the 
cytosolic route when travelling symplasmically. Therefore, the diameter of the cytosolic 
sleeve is thought to determine the plasmodesmal size exclusion limit (SEL); i.e. the 
maximum size of a solute able to pass through. Ultrastructural modifications to 
plasmodesmal pore dimensions, such as neck constriction via callose accumulation, 
have been experimentally linked to changes in permeability (Vatén et al. 2011; Kitagawa 
et al. 2019), and in some cases the size of investigated solutes seems to correlate with 
their ability to pass through (Terry and Robards 1987). However, ‘size’ is an ambiguous 
parameter. Usually expressed as molecular mass (in Dalton) or Stokes radius (in Å or 
nm), neither fully captures a solute’s biochemical and biophysical properties affecting 
translocation. Further, plasmodesmata themselves are dynamic structures. Their 
components undergo Brownian motion, interact transiently with other molecules, and 
are subject to remodeling and turnover. In such a highly confined and fluctuating 
environment, other molecular properties like charge, oligomerization state and 
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conformational flexibility can all be expected to influence solute translocation in 
addition to size. Recent data support this view, demonstrating that small cationic dyes 
failed to move cell-to-cell, where interfaces remained permeable for larger anionic 
fluorophores (Howell et al. 2024). The authors propose that membrane-anchored 
tethering proteins may shield negative charges on membrane surfaces and thus 
modulate the electrostatic properties of the cytosol-filled sleeve to allow charge-
dependent filtering of solutes. This interpretation aligns with the structure-grounded 
model presented in Chapter 5 of this thesis, where C2 domain-containing tether 
proteins with distinct charge patterning (the previously mentioned MCTPs) are proposed 
to populate cytosolic sleeves. As Howell et al. note, differential expression of variants of 
such proteins could confer genetically encoded, tissue-specific control of 
plasmodesmal solute selectivity (Howell et al. 2024). 

As discussed, many aspects of plasmodesmata permeability control remain 
unresolved, but are attributed to a combination of ultrastructural alteration of the pore 
and the functions of associated protein components. This thesis therefore applies an 
integrated structural and cell biology approach to investigate structure-function 
relationships underlying permeability control. 

 

1.1.4 Cryo-Electron Tomography – Structural biology in situ 

Since the mid-20th century, structural biology has provided unprecedented insights into 
the molecular architecture of life. Landmark achievements such as the discovery of the 
DNA double helix from X-ray diffraction patterns in 1953 (Franklin and Gosling 1953; 
Watson and Crick 1953; Wilkins et al. 1953) demonstrate the power of molecular 
structure to reveal biological function. In the following decades, the application of X-ray 
crystallography, nuclear magnetic resonance (NMR) spectroscopy, and  later single-
particle analysis by cryo-electron microscopy (SPA cryo-EM) greatly expanded the 
catalog of available biomolecular structures (Dobson 2019). However, these techniques 
require the isolation of molecules of interest, removing them from their native cellular 
environment. As a result, much of the functional and spatial context that defines 
biological processes in vivo is lost (Baumeister 2022). 

In contrast, cryogenic electron tomography (cryo-ET) can be applied in situ, revealing 
biological structures preserved within their native cellular environment (Plitzko and 
Baumeister 2019). In cryo-ET, a series of two-dimensional projection images is acquired 
at different tilt angles from vitrified, electron-transparent samples using a high-voltage 
(usually 300 keV) cryogenic transmission electron microscope (cryo-TEM). These 
projections are computationally reconstructed into a three-dimensional representation 
of the imaged volume. Further computational processing steps like subtomogram 
averaging allow the extraction of macromolecular structures of protein complexes (Wan 
and Briggs 2016), while template matching (Böhm et al. 2000; Cruz-León et al. 2024) and 
membrane segmentation (Lamm et al. 2025) facilitate analysis of the spatial 
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organization within cells. Through continual advances in hardware and software 
development, cryo-ET has become increasingly routine. Yet, proper sample preparation 
remains the principal bottleneck for structural biology in situ, limiting its application to 
a small range of accessible specimens (Ansell et al. 2025). 

Unlike photons, electrons are charged particles carrying mass. Thus, electron beams 
strongly interact with matter and scatter in gas. Therefore, TEM columns operate under 
high vacuum, a condition that would dehydrate biological specimens and lead to 
structural collapse, unless fixed. Classical TEM approaches, therefore also nicknamed 
"in-plastic” electron microscopy, address this technical challenge by chemical 
crosslinking and resin embedding to immobilize cellular components prior to imaging 
(Peters et al. 2021). While sufficient for preserving ultrastructural features such as the 
relative positions of membranes and organelles, the accompanying treatments 
denature biomolecules and destroy the fine structural details underpinning their 
biological functions. In addition, cellular components are impregnated with heavy 
metals to improve image contrast via amplitude modulation. Classical TEM imaging 
thus primarily visualizes the metal coatings rather than the actual biomolecules. As a 
result, samples are altered in ways that preclude high-resolution structural analysis of 
molecular components within. 

In cryo-ET, biological samples are rapidly frozen, preserving them in a fully hydrated 
state without the need for chemical fixation or staining. Cryo-preservation, however, 
comes with its own set of challenges. Water, the most abundant molecule in biological 
samples, readily crystallizes when frozen. Resulting ice crystals expand, deforming 
surrounding biological structures and altering the distribution of cellular components 
as some are excluded from the crystal lattice (Huebinger et al. 2016). Moreover, 
crystalline ice diffracts electrons, producing Bragg reflections leading to imaging 
artifacts. To avoid these effects, samples must be vitrified; i.e. the water within is 
converted into an amorphous, glass-like solid devoid of crystalline ice. For samples up 
to a thickness of 5 to 10 µm – which includes isolated proteins, small procaryotes and 
some mostly single-celled eukaryotes – vitrification is routinely achieved by plunging 
samples into a cryogen at liquid nitrogen temperatures (Klumpe et al. 2022). For thicker 
samples like tissues, the cooling rates achieved by plunge-freezing are not sufficient to 
suppress ice nucleation, effectively excluding most multicellular organisms from being 
properly preserved for cryo-ET imaging. 

To vitrify thicker specimens, cryoprotecting agents or increased pressure during cooling 
must be used (Moor 1987). An applied pressure of 2100 bar lowers the melting point of 
water to around -22°C. This reduces the rates of ice nucleation and crystal growth, 
providing a longer time window to cool the sample below the critical vitrification 
temperature (Kanno et al. 1975). Cryoprotectants reduce ice formation by depressing 
the freezing point through colligative effects, disrupting water-water hydrogen bonding, 
and increasing solution viscosity, but must be selected carefully to avoid perturbing 
cellular physiology (Wowk 2010). For thick biological material such as tissues, effective 
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vitrification may require a combination of high-pressure freezing and addition of 
cryoprotectants, potentially allowing a vitrification depth of up to 700 µm (Sartori et al. 
1993). Notably, plant tissues contain high water contents, particularly within their large 
vacuoles, and are thus especially difficult to vitrify (Moor 1987; Raven 1987). 

Besides its relevance for vitrification, the thickness of a given sample also determines if 
and how it must be processed before imaging. Electrons must traverse the specimen 
with limited inelastic scattering so that they still carry interpretable structural signal to 
the detector, as inelastic scattering leads to energy loss, reduced phase contrast, and 
ultimately loss of high-resolution information. In practice, adequate contrast at 
acceptable signal-to-noise ratios is achieved in cryo-ET when samples are thinned to 
about 200 nm or less (Tuijtel et al. 2024). Thinning is achieved by cryo-focused ion beam 
(FIB) milling, where a beam of gallium ions or a plasma source is used to ablate excess 
material and produce electron-transparent lamellae (Schaffer et al. 2017; Berger et al. 
2023). In plunge-frozen samples, where individual cells are exposed on the surface of a 
thin electron microscopy grid, milling down to 200 nm is reasonably fast and can now 
even be automated to some extent (Klumpe et al. 2021). Samples requiring high 
pressure freezing for vitrification, however, are housed in several hundred µm thick 
metal carriers and surrounded by a thick ice layer, drastically increasing the amount of 
material that needs to be removed to reach electron transparency. Several FIB-based 
approaches that enable efficient thinning of high-pressure frozen material have been 
developed in recent years (Kelley et al. 2022; Schiøtz et al. 2024; Nguyen et al. 2024). In 
this work, we evaluated and adapted these workflows for plant material (Chapter 4 and 
6), which allowed us to resolve plant plasmodesmata in situ (Chapter 5). 
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1.2 Outline of the thesis 
Despite being investigated for over a century, plasmodesmata remain enigmatic. Their 
molecular inventory is incomplete, many putative components are still 
uncharacterized, and mechanistic understanding is limited. This cumulative work is 
organized as a sequence of interdependent research chapters, all centered around the 
question of how intercellular connectivity in plants is mediated by plasmodesmata.  

Chapter 1 reviews the current state of plasmodesmata research, from early 
ultrastructural descriptions to the more recent studies focusing on composition and 
function. This historic account highlights how advances in the field have repeatedly 
been facilitated by the adaptation of newly emerging methodologies, as has work 
presented in the following chapters of this thesis. 

Chapter 2 defines a high-confidence plasmodesmata proteome in Physcomitrium 
patens. Defining the molecular context within plasmodesmata is essential for 
interpreting their function, yet proteomic data sets are  inherently noisy and contain 
many false positives. This chapter aims to refine the candidate list by combining 
comparative proteomics with sequence feature analysis and systematic in vivo 
localization. 

The resulting high-confidence proteome served as an essential reference for hypothesis 
generation and integration of downstream data, as described further in Chapters 3 and 
5. In parallel, we made use of the emergence of transformer-based protein structure 
prediction models and developed bioinformatic pipelines for proteome-scale structure 
prediction and analysis. The developed pipelines are applied throughout the following 
chapters where they support the characterization of candidate proteins and aid the 
identification of proteins resolved by cryo-electron tomography (Chapters 4 and 5). 

Chapter 3 examines the potential involvement of nucleoporins at plasmodesmata. A 
central unresolved question in plasmodesmata research is how pore permeability is 
regulated and, as some solutes readily travel cell-to-cell while others are restricted, how  
molecular selectivity is achieved. Addressing this gap, the chapter explores parallels 
between plasmodesmata and other cellular nanopores, namely the nuclear and ciliary 
pores and their nucleoporin protein components. Nucleoporins were identified in 
plasmodesmata-enriched proteomic fractions (including Chapter 2), several 
nucleoporins co-localizing with plasmodesmal markers in vivo, and selected mutants 
show reduced intercellular solute mobility.  

The chapter evaluates whether components of the nuclear pore complex could 
contribute to permeability regulation at plasmodesmata. While the observations 
support a functional association, how nucleoporins would be organized within the 
plasmodesmal pore or whether they form a dedicated plasmodesmal pore complex 
remains unresolved. This conclusion illustrates the limitations of compositional and 
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localization data alone and the need for high-resolution approaches to directly resolve 
molecular organization at plasmodesmata, as pursued in the following chapters. 

Chapter 4 describes the development of cryo-electron tomography (cryo-ET) 
approaches applicable to multicellular plant tissue. While proteomic and genetic 
studies of plasmodesmata have generated extensive candidate lists, the lack of direct 
structural information has limited the integration of these findings into a molecular 
framework. Cryo-ET is uniquely suited to resolve macromolecular organization in situ, 
but its application has been largely restricted to unicellular systems due to technical 
constraints. Vitrification, an essential requirement for near-native sample preservation 
and high-resolution imaging, becomes increasingly difficult to achieve in thick samples 
like those derived from tissue. In plants, high cellular water content, large cell size, and 
plant-specific histological features have so far precluded successful application of 
cryo-ET in the plant sciences. 

In this chapter, workflows for sample vitrification, thinning, and data acquisition were 
developed and assessed, establishing the application of cryo-ET in planta. These 
methodological advances provide the foundation for the structural analyses of 
plasmodesmata presented in Chapter 5. 

Chapter 5 applies cryo-ET to resolve the architecture of plasmodesmata. Previous 
imaging of plasmodesmata has largely relied on conventional electron microscopy 
approaches that revealed general ultrastructural features but do not allow to resolve 
molecular detail. As a result, how membrane, cell wall and protein components are 
arranged in native plasmodesmata has remained unresolved.  

Applying the workflows developed in Chapter 4, this chapter examines plasmodesmata 
in Physcomitrium patens and resolves their native membrane and pore architecture. In 
addition, the structure of consistently present protein assemblies coating desmotubule 
membranes is determined and its constituents are identified. The interpretation of these 
observations is closely integrated with prior work. Mutant lines characterized in Chapter 
2 are used to link architectural pore features to permeability phenotypes. Identification 
of the proteins forming the desmotubule-coating assembly was aided by filtering of the 
Physcomitrium patens proteome and use of the structure prediction pipelines 
established earlier (Chapter 2). Further, conceptual considerations on permeability 
regulation at cellular nanopores, explored in Chapter 3, guided new hypotheses about 
potential functions of the resolved assembly. 

This chapter demonstrates the discovery potential of in situ cryo-ET in the context of 
plasmodesmata, especially when integrated with findings from complementary 
approaches. However, in situ cryo-ET remains a technically demanding, low throughput 
approach that requires substantial user experience. These challenges motivated the 
following chapter. 
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Chapter 6 presents a step-by-step protocol for cryo-ET in planta, aimed at lowering the 
technical entry barrier and facilitating broader adaptation in the plant sciences. 

Chapter 7 discusses the findings of previous chapters, their limitations and implications 
for future work.  

Taken together, the research presented here advances the understanding of 
plasmodesmata biology by integrating compositional, functional, and structural data 
across complementary experimental approaches. The adaptation of cryo-electron 
tomography to plants has been a challenging endeavor but ultimately succeeded in 
visualizing native plasmodesmal organization in situ and, in doing so, revises current 
models and stimulates new hypotheses to be addressed in the future.  
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Chapter 2 

Taking inventory – The protein landscape in and around 
plasmodesmata 
 

A high-confidence Physcomitrium patens plasmodesmata proteome 
by iterative scoring and validation reveals diversification of cell wall 

proteins during evolution 

 

Status: Published, Peer-reviewed. 

DOI: https://doi.org/10.1111/nph.18730  

 

2.1 Summary 

Background and research question 
As proteomics datasets are inherently noisy, existing molecular inventories of 
plasmodesmata are likely incomplete and contain false positives. This study aimed to 
establish a comparative, quantitative proteomics strategy combined with in vivo 
candidate localization to define a high-confidence plasmodesmata proteome. 

 

Experimental approach 
The moss Physcomitrium patens was used as a model system, for which at the time no 
plasmodesmata proteome had been established. Plasmodesmata-enriched fractions 
were obtained from cell wall fractions through enzymatic digestion of the cell wall to 
release embedded membranes and proteins, including those of the cell wall-enclosed 
plasmodesmata. Enrichment scores were calculated based on comparison between 
whole-cell, microsomal, cell wall and plasmodesmata-enriched fractions. In addition, 
a feature score was derived based on protein and domain annotations in PFAM. 
Datasets were filtered and compared to published plasmodesmata proteomes from 
other plant species to assess interspecies conservation and specificity of 
plasmodesmal association. By fluorescent tagging and microscopy, candidate proteins 
were scored based on their in vivo co-localization with the plasmodesmal callose 
markers aniline blue. These experimental results were integrated with feature and 
enrichment scores to define the threshold for a high-confidence proteome list. Selected 
high-confidence candidate proteins were further analyzed using experimental and 
bioinformatic approaches. 

 

https://doi.org/10.1111/nph.18730
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Key findings 
The study defined a high confidence proteome comprising several hundred candidates 
and demonstrated that confidence increases substantially when enrichment and cross-
species conservation are considered in candidate scoring. Known plasmodesmata-
associated protein families (e.g. callose-related enzymes, PDLPs, MCTPs) were 
recovered, while also identifying and localizing new candidates. Further analysis of 
selected candidates revealed orthologs of glycosyl hydrolase family 17 (GHL17) proteins 
and their function in  callose degradation and permeability regulation at 
plasmodesmata. The resulting proteome and characterization of individual proteins 
formed the basis for subsequent experiments and hypotheses. For example, the in situ 
architecture of plasmodesmata was later analyzed in the GHL17-overexpressing line, 
revealing reduced callose levels and wider plasmodesmata, consistent with the 
increased permeability measured here (see Chapter 5). 

 

Contributions to this chapter 
I contributed to the analysis of multiple candidate proteins identified in the high-
confidence plasmodesmata proteome. I established structure prediction and sequence 
analysis pipelines used to predict structures for the majority of high-confidence 
candidates in the proteome and analyzed their domain architecture and sequence 
features. Focusing on the identified GHL17 cell wall-modifying enzymes, this included 
the identification of signaling peptides, GPI-anchor attachment sites and predicted 
substrate binding sites, which contributed to their overall characterization and 
classification. With PX, I imaged samples of cell wall and plasmodesmata-enriched cell 
wall fractions used in the comparative proteomics analysis by cryo-transmission 
electron microscopy. These experiments confirmed digestion of cell walls and release 
of membranes and protein components in the plasmodesmata-enriched fraction, in 
contrast to the undigested cell wall fraction. 
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2.2 Results 
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Chapter 3 

Probing novel candidates – Potential roles of nucleoporins at 
plasmodesmata? 
 

Identification of nuclear pore proteins at plasmodesmata: potential 
role in intercellular transport? 

 

Status: Peer-reviewed preprint. 

DOI: https://doi.org/10.7554/eLife.108676.1.sa3  

 

 

3.1 Summary 

Background and research question 
Plasmodesmata and nuclear pores are cellular nanopores that enable selective 
molecular exchange between otherwise separated compartments. While nuclear pores 
and their constituting nuclear pore complexes (NPCs) are structurally and 
mechanistically well characterized, plasmodesmata remain poorly understood. Shared 
transport properties between the two pore types, together with the identification of 
nucleoporins (NUPs) in plasmodesmata-enriched proteomic fractions from 
Physcomitrium patens (Chapter 2) and Arabidopsis thaliana (Chapter 3), raised the 
question of whether plasmodesmata could involve protein-based permeability barriers 
similar to those of NPCs. 

 

 

Experimental approach 
To test whether nucleoporins contribute to plasmodesmal permeability, NUPs identified 
in plasmodesmata-enriched proteomic fractions were selected for further analysis. 
Their subcellular localization was examined by fluorescence microscopy to assess 
association with plasmodesmata. Plasmodesmal permeability was analyzed using 
intercellular tracer movement assays in NUP mutant backgrounds. The data was 
evaluated based on potential roles of NUPs involved in NPC-like permeability barriers at 
plasmodesmata. 

 

https://doi.org/10.7554/eLife.108676.1.sa3
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Key findings 
Seven nucleoporins showed dual localization to nuclei and plasmodesmata. Mutants of 
the putative transmembrane NUP CPR5 showed reduced intercellular movement of 
tracer dyes independent of callose. These observations indicated a potential function of 
CPR5 and other NUPs at plasmodesmata, with a conclusive mechanism yet to be 
determined. 

 

Contributions to this chapter 
I performed structure prediction and analysis of plant nuclear pore proteins and 
generated Figure 4 – figure supplement 1. 
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3.2 Results 
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Chapter 4 

Methodology – Making plant tissue accessible for cryo-electron 
tomography 
 

Making plant tissue accessible for cryo-electron tomography 

 

Status: Peer-reviewed preprint. Revision in preparation. 

DOI: https://doi.org/10.7554/eLife.106455.1  

 

4.1 Summary 

Background and research question 
Cryo-electron tomography (cryo-ET) enables three-dimensional visualization of the 
molecular interior of cells. Technical challenges in sample preparation have limited its 
application to a small set of predominantly unicellular organisms. Vitrification, an 
essential requirement for preserving samples in a near-native state and recording high 
quality data, is difficult to achieve for thick samples. Recent methodological advances 
are beginning to extend cryo-ET from single cells to tissues, yet, due to their high water 
content and large cell size, plants have proven exceptionally challenging specimens. 
Because the resolution range of cryo-ET is uniquely suited to investigate the structure 
and composition of intact plasmodesmata, this study aimed to develop and evaluate 
cryo-ET workflows allowing vitrification and imaging of various plant tissues. 

 

Experimental approach 
Plunge-freezing, at the time the established cryo-ET sample preparation method, was 
initially tested but found to be unsuitable for vitrifying even relatively thin plant tissues 
such as the branched protonema filaments of Physcomitrium patens (15-50 µm in 
diameter). To improve vitrification, two strategies were evaluated: the use of 
cryoprotectants and high-pressure freezing. A range of cryoprotectants was tested, 
however, either failed to improve vitrification or caused substantial cell damage through 
plasmolysis at sufficiently high concentrations. High-pressure freezing workflows were 
therefore developed and assessed for their ability to achieve vitrification and preserve 
the molecular organization within cells. Following high-pressure freezing, samples are 
embedded in vitrified buffer within metal sample carriers of approximately 500 µm 
thickness, which poses additional challenges for localizing subcellular targets and 
generating electron-transparent sections (final section thickness ~150-250 nm). To 

https://doi.org/10.7554/eLife.106455.1
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address these challenges, advanced workflows for thin-sectioning by cryo-focused ion 
beam (cryo-FIB) milling, and subcellular target localization by FIB-integrated cryo-
fluorescence microscopy were implemented and adapted to plant samples. 

 

Key findings 
Plunge-freezing in the presence of cryoprotectants was insufficient to vitrify and 
preserve the tested plant tissues. Vitrification could only be achieved by high-pressure 
freezing, requiring subsequent sample processing by advanced cryo-FIB milling and 
cryo-fluorescence-based targeting approaches. Workflows for vitrification, subcellular 
targeting by integrated cryo-fluorescence microscopy, sample thinning by advanced 
cryo-FIB milling, and cryo-ET of plant tissue samples were established. As a proof of 
principle, the native spatial distribution of rubisco within chloroplasts of Physcomitrium 
patens was resolved, and sub-nanometer resolution reconstructions were obtained. 
Applicability of the workflows to tissues from additional plant species, including 
Arabidopsis thaliana and Limonium bicolor, was demonstrated. 

 

Contributions to this chapter 
I contributed to this chapter by establishing and maintaining plant culturing at the 
Department of Molecular Structural Biology, performing initial plunge-freezing and cryo-
protectant screening experiments, and later sample vitrification by high-pressure 
freezing. I contributed to implementing and testing of the described FIB-milling 
workflows (with MP, PX, ML, OS, COJK, JM, JB, SK), cryo-fluorescence microscopy (with 
MP, PX, AB, CC), data analysis (with MP, PX), structure modeling of P. patens rubisco, and 
manuscript editing (with MP, COJK, SK, JMP, WB). 
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4.2 Results 
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Chapter 5 

Application – Imaging native plasmodesmata in 3D 
 

In situ architecture of plasmodesmata in Physcomitrium patens  
resolved by cryo-ET 

 

Status: In review. 

Preprint DOI: https://doi.org/10.1101/2025.07.24.666190   

 

5.1 Summary 

Background and research question 
Plasmodesmata have been imaged using traditional electron microscopy since the 
1950s, revealing their overall pore architecture and the presence of plasma membrane, 
desmotubules, and unidentified protein components. Proteomics and in vivo 
localization by fluorescence microscopy have implicated numerous proteins as putative 
plasmodesmal components. However, a proper model of molecular organization within 
plasmodesmal pores is still lacking. Using cryo-electron tomography, this study aimed 
to resolve their overall architecture in detail, potentially allowing to identify individual 
proteins and their spatial organization within the pore. 

 

Experimental approach 
Physcomitrium patens was selected as a model system because a high density of 
plasmodesmata at cell-cell interfaces had been observed before (Chapter 2). Samples 
from the two dominant tissues, filamentous protonemata and leafy gametophores, were 
vitrified by high-pressure freezing and sectioned by cryo-focused ion beam (cryo-FIB) 
milling using the workflows developed in Chapters 4. In addition to wild-type tissue, 
conditions previously associated with increased or decreased cell-to-cell movement 
through plasmodesmata were imaged, attempting to resolve open and closed 
conformations. Pore characteristics were measured, quantified and compared between 
tissues and conditions. Subtomogram averaging was applied to resolve repetitive 
protein assemblies identified within plasmodesmata. Proteomic analysis and 
proteome-scale structure prediction was employed to identify the proteins forming the 
resolved assemblies, followed by bioinformatical analysis of their structure and 
sequence properties. All findings and resulting hypotheses were incorporated into an 
updated structure-function model of plasmodesmata. 

https://doi.org/10.1101/2025.07.24.666190
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Key findings 
Across all examined cell-cell interfaces of P. patens, exclusively unbranched 
plasmodesmata were observed. Treatment with the stress hormone abscisic acid, 
associated with plasmodesmal closure, induced deposition of the cell wall polymer 
callose and constriction of plasmodesmal neck regions. It further revealed a previously 
undescribed mode of gating, where pronounced deposition of cell wall material led to 
fully sealed apertures with plasmodesmal membranes and cytosolic sleeves becoming 
severed from their cellular counterparts. In contrast, overexpression of a callose-
degrading GHL17 enzyme characterized in Chapter 2 resulted in shorter and wider 
plasmodesmata, consistent with increased permeability. Subtomogram averaging 
resolved the structure of protein assemblies, constitutively coating desmotubule 
membranes in all imaged plasmodesmata. Multiple C2 domain and Transmembrane 
Proteins (MCTPs) are identified as the assemblies’ components. MCTPs contain 
reticulon homology domains, likely responsible for desmotubule membrane tubulation, 
as well as extended intrinsically disordered linker domains with electrostatic sticker-
spacer architecture that occupy the cytosolic route at plasmodesmata. Based on 
previous considerations of permeability barriers in the nuclear pore involving 
multivalent interactions between mobile cargo and stationary disordered protein 
networks, disordered regions of MCTPs are proposed to contribute to selective 
permeability at plasmodesmata. 

 

Contributions to this Chapter 
I contributed by conceiving experiments (with RS, WXS, WBF, WB), sample preparation 
and vitrification, sample thinning by FIB milling (with MP, PX), cryo-ET data analysis (with 
MP, PX), proteomics data analysis (with SG, WXS), and protein structure prediction. I 
analyzed MCTP conservation, sequence properties and domain organization, modeled 
the in situ structure of the MCTP assembly, prepared all figures except Supplementary 
Fig. 4 and wrote the manuscript with editing by MP, PX, RS, WXS, WBF, and WB. 
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5.2 Introduction 

 

In situ architecture of plasmodesmata in Physcomitrium patens  
resolved by cryo-ET 
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Abstract 
Plasmodesmata are nanoscopic channels that traverse plant cell walls, enabling direct 
intercellular exchange through membrane and cytosolic continuity. Although numerous 
plasmodesmal components have been identified, their molecular organization remains 
poorly defined. Here, we used cryo-electron tomography to resolve the in situ 
architecture of plasmodesmata in Physcomitrium patens across tissues and 
physiological states. We show how callose-related cell wall remodeling shapes pore 
architecture to modulate permeability, including a previously undescribed fully sealed 
state, and identify helical protein assemblies formed by Multiple C2 domain and 
Transmembrane Proteins (MCTPs). These MCTP assemblies scaffold a central 
endoplasmic reticulum tubule and tether it to the plasma membrane, while their 
disordered linker regions with polyampholyte charge patterning populate the cytosolic 
sleeve. These findings define core architectural features of plasmodesmata and provide 
a structural framework for understanding how membrane, protein, and cell wall 
components coordinate intercellular connectivity in plants. 

 

Main text 
Multicellular organisms rely on intercellular communication to coordinate growth, 
development, and responses to environmental cues1. In plants, communication is 
complicated by the presence of a several hundred nanometers thick cell wall. Direct 
molecular exchange across this barrier is facilitated by plasmodesmata (PD), 
nanoscopic intercellular channels with complex architecture and composition. PD 
traverse the cell wall and establish continuity between the cytosol, plasma membrane, 
and endoplasmic reticulum (ER) of adjacent cells2. In animal tissues, direct cytoplasmic 
exchange largely occurs via transient protein channels which cluster at gap junctions. 
Cytoplasmic bridges containing shared membranes, however, are rare and typically 
restricted to the germline such as in the ring canals of insect germ cell cysts1,3. In 
contrast, PD are ubiquitous across both germline and somatic plant tissues, forming an 
almost organism-wide continuum of cells. This continuity necessitates control of PD 
permeability to maintain cellular homeostasis and tissue identity4,5. Although PD are 
central to plant physiology and development, their molecular architecture and 
mechanisms governing permeability control remain incompletely understood. 
Proteomics-based approaches have identified hundreds of putative PD-associated 
proteins6–13, but an integrated molecular model is still lacking. Genetic dissection of 
individual components remains challenging, as loss-of-function mutants often exhibit 
severe systemic phenotypes or lethality9,14,15. In some cases, conditional expression 
systems or partial knockdowns have enabled functional studies, but genetic 
redundancy among PD-associated proteins further complicates analysis16–18. 
Fluorescence microscopy allows tracking of candidate protein localization and 
dynamics but lacks the spatial precision to resolve protein organization at PD and is 
prone to mislocalization artifacts from overexpression and fluorescent labeling. 
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Hitherto, insight into PD ultrastructure has relied on electron microscopy19,20 and 
electron tomography21,22 of dehydrated, heavy-metal-stained and resin-embedded 
samples. These approaches revealed some features of PD architecture and formation, 
yet the required treatments denature biomolecules and compromise molecular 
interpretation23. Recent advances in sample preparation and preservation have made 
cryo-electron tomography (cryo-ET) applicable to plant tissues24. In cryo-ET, three-
dimensional imaging of pristinely preserved samples at macromolecular resolution 
allows the visualization of membrane interfaces and reveals the organization of protein 
complexes in their native cellular context. In this study, we used cryo-ET to resolve the 
architecture of PD in Physcomitrium patens and describe mechanisms controlling the 
permeability of plant cell-cell interfaces. 

 

5.3 Results 

In situ architecture of plasmodesmata 
While PD in land plants share a common evolutionary origin25, their architecture varies 
across species and tissues. In vascular plants, like Arabidopsis thaliana, PD have 
diverse morphologies, including funnel-shaped and highly branched forms, reflecting 
tissue-specific adaptations26–29. PD in non-vascular plants like the moss Physcomitrium 
patens remain less studied20,30. To investigate their PD architecture, we recorded 
tomograms of cell-cell junctions in the two dominant tissues of P. patens, protonemata 
(n = 22 PD) and gametophores (n = 21 PD). Unlike the morphological diversity observed 
in vascular plants, we exclusively found unbranched PD in P. patens, exhibiting 
canonical features (Fig. 1). Each channel consists of a cell wall cavity lined by the 
plasma membrane and traversed by a central tubular extension of the endoplasmic 
reticulum (ER), with a cytosol-filled intermembrane space, the cytosolic sleeve, 
between ER and plasma membrane (Fig. 1; Supplementary Video 1 and 2). In wild type, 
PD length correlates linearly with cell wall thickness, with thicker cell walls in 
gametophores necessitating longer PD (Supplementary Fig. 1). The neck regions directly 
adjacent to the apertures at each end of the plasmodesmal channel consistently 
represent the narrowest segments, assumed to impose structural constraints on 
molecular passage. The central, ER-derived desmotubule, varies in diameter. In 
protonemata, desmotubules appeared wider at neck regions (24.1 ± 2.2 nm) and 
narrower at the center of PD (10.5 ± 1.5 nm), while they remained uniformly wide (24.5 ± 
3.1 nm) in gametophores. Desmotubules connect seamlessly to the cortical ER of 
adjacent cells, regardless of cortical ER morphology, which can appear tubular (67%, 
top cells in Fig. 1, n = 61) with diameters substantially wider than the desmotubule inside 
PD or as sheets (33%, bottom cells in Fig. 1, n = 30) extending in parallel to the cell wall 
and cellular plasma membrane. Within the cytosolic sleeve, additional electron-dense 
material was observed. In protonemata, these likely proteinaceous features are most 
prominent at the neck regions, coinciding with wider desmotubule segments, but can 
also be detected along central desmotubule segments, where they are distributed 



 

146 
 

sparsely. In gametophores, where desmotubules remain uniformly wide, these features 
are densely distributed along the entire length of PD. At narrow neck regions in both 
tissues, electron-dense material is most concentrated, obscuring desmotubules and 
the surrounding cytosolic sleeves. 

 
Fig. 1 | In situ architecture of plasmodesmata in P. patens revealed by cryo-ET. (A) 2D slices of a cryo-
electron tomogram; cross-section of a cell wall between two cells within a protonema filament connected 
by a plasmodesma. Tethers connect wider desmotubule segments (red arrows) or narrower, central 
segments (yellow arrows) to the plasma membrane. (B) 3D-rendered segmentation of tomographic 
volume in A. (C) Slice through a plasmodesma connecting two gametophore leaflet lamina cells across 
their transversal cell wall interface. (D) Segmentation of the tomographic volume in C. Scale bars: 100 nm. 

 
Impact of callose deposition and degradation on plasmodesmata architecture 
To balance intercellular exchange and cellular homeostasis, plants dynamically 
regulate PD permeability. A key mechanism involves callose, a β-1,3-glucan cell wall 
polymer, which is deposited around neck regions by callose synthases and degraded by 
β-1,3-glucanases17,31–33. Synthesis and degradation either narrow or widen PD apertures, 
modulating permeability in response to developmental and environmental cues34. 
Under conditions such as water scarcity, pathogen infection or during winter dormancy, 
plants induce callose synthesis via the stress-response hormone abscisic acid (ABA)35–

38. Unlike cellulose, which forms a dense fibrillar meshwork in the bulk cell wall, callose-
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rich deposits are structurally more amorphous39. Cryo-ET of ABA-treated protonemata 
revealed large, granulated deposits of cell wall material around PD neck regions (Fig. 
2a,b). While neck regions generally became constricted after ABA treatment, 45% of PD 
apertures (15 of n = 33, from 20 PD) exhibited a more severe phenotype, where 
deposition led to complete abscission of cellular plasma membranes, ER, and cytosolic 
sleeves (Supplementary Video 3, Supplementary Fig. 2). The cortical ER remained 
tethered to the plasma membrane near the former connection site to the desmotubule. 
These drastic changes in PD architecture provide a structural explanation for the ABA-
induced reduction in intercellular trafficking reported in P. patens40. In contrast, we 
previously found that overexpression of the callose-degrading β-1,3-glucanase 
PpGHL17_1 increases permeability of cell-cell interfaces11. To determine whether and 
how increased permeability correlates with changes in PD architecture, we performed 
cryo-ET on a glucanase-overexpressing line, hereafter referred to as GHL17 (Fig. 2c,d; 
Supplementary Video 4; n = 38 PD). We found PD in protonemata of GHL17 to be shorter 
and wider, not only around neck regions but along the entire channel (Fig. 2e-h; 
Supplementary Fig. 1).  
 

 
Fig. 2 | Deposition and degradation of the cell wall polymer callose gates plasmodesmata. (A) 
Incubating protonemata in 50 µM abscisic acid (ABA) for 17 h alters PD morphology. Asterisks mark 
putative callose deposits, disconnecting PD from cellular membranes and cytosol. (B) Segmentation of 
tomographic volume in A. (C) Overexpression of the callose-degrading enzyme GHL17 results in shorter 
and wider PD. (D) Segmentation of tomographic volume in C. (E-H) Effects of callose levels on PD 
architecture. (E) Schematic indicating measurement positions. (F) Aperture diameter at neck regions, 
representing the narrowest positions within PD. (G) PD length. (H) Bulk cell wall thickness. Mann-Whitney-
Wilcoxon test (*P = 0.0252; ****P ≤ 0.0001; ns, not significant). Scale bars: 100 nm. 
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In accordance with PD conductance models predicting lower resistance and thus 
increased molecular flow in wider and shorter PD28,41, these architectural changes 
explain the enhanced cell-cell permeability phenotype in GHL17. Callose quantification 
by aniline blue staining indicated lower callose levels at GHL17 cell-cell interfaces 
compared with WT, and elevated levels in ABA-treated WT tissue (Supplementary Fig. 3). 
Cell wall material with granulated texture seen at PD necks in tomograms was weakly 
pronounced in WT and GHL17 and expanded upon ABA-treatment, supporting the 
interpretation that granulated textures correspond to callose-rich deposits. 

 

 
Fig. 3 | Helical desmotubule-coating assemblies are core architectural features of plasmodesmata. 
(A) Tomographic slice through a plasmodesma in GHL17 protonema. Dotted rectangles exemplify regions 
where subtomograms for averaging along the desmotubule were extracted. (B-E) Resolved desmotubule-
coating assemblies in (B) GHL17 protonemata, (C) WT protonemata, (D) ABA-treated WT protonemata 
and (E) WT gametophores. Top panel: Side view of 3D-rendered assemblies. Bottom panel: 2D cross-
sections through assemblies. (F) Transverse (top) and longitudinal (bottom) cross-sections of the 
averaged central desmotubule segment in protonemata, where assemblies are absent. (G-I). In situ 
measures of assemblies. (G) Assembly width. (H) Diameter of central desmotubule segment in 
protonemata. (I) Assembly length. Mann-Whitney-Wilcoxon test (**P = 0.0019; ****P ≤ 0.0001; ns, not 
significant). Scale bars: (A) 100 nm; (B-F) 10 nm. 
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Helical protein assemblies coat desmotubules at PD neck regions 
Benefiting from wider PD in GHL17 protonemata, we identified periodic densities 
decorating all desmotubules at neck regions, while central segments lacked such 
features (Fig. 3a). These coatings cover approximately the first third of the desmotubule 
on both sides of PD in protonemata. In GHL17, the electron-dense material that had 
partially obscured desmotubules at neck regions of WT PD now appeared to extend from 
the desmotubule coatings towards the plasma membrane. Prompted by the periodic 
appearance of the coatings, we performed subtomogram averaging along the 
desmotubule (Supplementary Fig. 4). At neck regions, we resolved assemblies of 
structurally repetitive units winding around the desmotubule and anchored to the 
membrane, forming a helical lattice composed of four intertwined wraps (Fig. 3b). The 
electron-dense material extending from the surface of the assemblies towards the 
plasma membrane escaped structure determination by averaging, consistent with a 
flexible arrangement. Similar helical assemblies were recovered by averaging 
desmotubules in WT protonemata (Fig. 3c), ABA-treated protonemata (Fig. 3d), and 
gametophores (Fig. 3e), indicating that they are defining architectural features of PD in 
P. patens, consistently present across different cell types and physiological conditions. 
Averaging of central desmotubule segments confirmed that these ordered coatings are 
restricted to PD neck regions in protonemata (Fig. 3f). Notably, we measured slightly 
reduced diameters of desmotubule coats under ABA treatment (Fig. 3g), whereas 
GHL17 overexpression was associated with a significantly wider central, coat-free 
desmotubule region (Fig. 3h). Besides differences in desmotubule diameter, assembly 
lengths varied across tissues and conditions, but also between individual PD (Fig. 3i). In 
gametophores, the entire desmotubule is coated, whereas in protonemata, assemblies 
are confined to the neck regions. The variability in length and overall periodic structure 
suggests a modular organization assembled from recurring protein units. 

 

MCTPs constitute the desmotubule coat 
To elucidate the molecular composition of desmotubule-coating assemblies, we 
derived a list of candidate proteins from a proteome of PD-enriched cell wall fractions 
(data S1). Proteins predicted to localize to the ER and those with potential scaffolding 
functions were included, while excluding those assigned to the secretory pathway. We 
predicted structures of the remaining 43 candidate proteins and generated synthetic 
density maps for comparison with experimental maps of the assembly and 
subsequently performed rigid body fitting. Among all tested candidates, exclusively 
Multiple C2 domain and Transmembrane Proteins (MCTPs) matched the experimental 
data (Fig. 4; Supplementary Fig. 5; Supplementary Video 5). MCTPs co-localize with PD 
markers in land plants and have been identified in proteomes of PD fractions across 
species6–13. In P. patens, the MCTP family includes six homologs (PpMCTPs; 
Supplementary Table 1; Supplementary Fig. 6) with conserved domain topology, three 
of which are highly enriched in PD fractions (PpMCTP1, 2, and 5). PpMCTP1 and 
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PpMCTP5 have previously been localized to PD in vivo11,12. We now also tested 
localization of PpMCTP2 and PpMCTP4 by transient expression in N. benthamiana. Both 
homologs appear ER localized with accumulation at cell-cell interfaces where they co-
localized with the plasmodesmal callose marker aniline blue (Supplementary Fig. 7). In 
flowering plants, the MCTP family is increasingly well characterized with multiple 
homologs localizing to PD where they are implicated in membrane tethering10,22,42,43. At 
the C-terminus MCTPs contain a reticulon homology domain (RHD)22,44. RHDs are widely 
conserved across eukaryotes and function in ER shaping45,46, including in ER-containing 
cytoplasmic bridges in the insect germline47. Consistent with our structural data, 
genetic and biochemical studies have indicated that plant MCTPs can form higher-order 
assemblies in vivo22,48 with support from recent modeling studies suggesting that their 
reticulon homology domains may mediate intermolecular interactions49. Through 
structure prediction and assessment of multiple oligomeric configurations, we 
identified dimers as the most likely arrangement of PpMCTPs, with interfaces formed by 
two central α-helices per monomer and their membrane-embedded RHDs 
(Supplementary Fig. 6 and 8). Given the high sequence conservation among PpMCTPs 
(77% global identity, 94% at the dimer interface), heterodimerization appears likely. 
Predicted homo- and heterodimers are nearly identical in overall structure, differing 
primarily in the length of a glycine-rich linker connecting the N-terminal C2A domain to 
C2B (the C2A-B linker domain), which ranges from 80 to 150 residues across family 
members (Supplementary Fig. 6 and Table 1). In total, PpMCTPs contain four C2 
domains. C2B, C2C, and C2D are positioned around the central dimer interface, while 
C2A is flexibly tethered via the extended C2A-B linker domain (Fig. 4a). To determine how 
MCTPs organize within the desmotubule-coating assembly, we excluded the positionally 
flexible C2A and its linker and fitted the N-terminally truncated dimers into the density 
map obtained by subtomogram averaging. These truncated dimer units fully account for 
the resolved helical assemblies coating desmotubules in situ (Fig. 4b; Supplementary 
Fig. 5), affirming MCTPs as their fundamental building blocks.  

Although side chain interactions remain unresolved at this resolution, we identified 
potential contact sites of individual dimer units at the domain-level. In the resolved 
assembly, C2B domains interlace with C2B domains of adjacent dimers in the 
neighboring helical wrap (Fig. 4c), while C2C and C2D domains contact adjacent dimers 
within the same wrap (Fig. 4d). The ability of C2 domains to mediate protein-protein 
interactions has been reported for other C2-containing proteins50,51. Deletion of C2C in 
Arabidopsis thaliana MCTP4 (AtMCTP4) disrupts PD association22, supporting its role in 
stabilizing MCTP assemblies at PD. MCTPs have recently been described to prevent ER 
membrane abscission at the developing cell plate during cytokinesis, thereby facilitating 
PD formation through incomplete cell division22. The densely packed assemblies 
resolved here may provide the structural basis for this function, stabilizing the 
desmotubule and shielding it against membrane severing (Fig. 4e). Supporting this, we 
observed that under ABA-induced callose deposition, MCTP assemblies remain intact 
and are internalized into the cell wall along with desmotubules, plasma membrane 
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tethers and cytosolic sleeves (Fig. 2a,b). Severing occurs cytoplasm-proximal to the 
assembly, retaining it as well as the central desmotubule and plasma membrane in 
position within the sealed pore. 

 
Fig. 4 | Arrangement of PpMCTPs in the desmotubule-coating assembly. (A) Structure prediction of 
full-length, dimeric PpMCTP2. N-terminal C2A domains connect through flexible linkers (red) to the 
dimerizing core (monomers in light and dark blue). Four central α-helices form the dimer interface. 
Reticulon homology domains (RHDs) anchor the dimer to the ER-derived desmotubule membrane. C2B, 
C2C and C2D domains are accessible for protein-protein interactions. (B) Subtomogram average of the 
desmotubule-coating assembly with docked models of dimeric PpMCTP (blue), tiled along one of four 
helical wraps. Flexible linkers and C2As are not resolved in average. (C) Surface rendering of the assembly. 
C2B domains of dimers from adjacent helical wraps interlace (light and dark blue). (D) Dimers within the 
same helical wrap contact via C2C and C2D domains.  (E) Angled cross-section of the assembly (grey) 
with two docked dimers (blue) and desmotubule membrane region (yellow). (F) Magnified views of 
PpMCTP assemblies in situ. Scale bars: 50 nm. (G) Schematic of desmotubule organization in 
protonemata and gametophore tissues. MCTP assemblies (blue) coat desmotubules (DT), with C2A 
domains and C2A-B linkers (red) extending towards the plasma membrane (PM). In protonemata, central 
desmotubule regions are not coated by MCTP assemblies, with occasional tethers extending to the 
plasma membrane (green). In gametophores, desmotubules are fully coated by MCTP assemblies. 

 

Extended C2A domains enable desmotubule-plasma membrane tethering 
In mature, post-cytokinetic cells, MCTPs contribute to permeability control through a 
callose-independent mechanism16. Higher-order mutants of AtMCTPs exhibit increased 
intercellular transport, and molecular dynamics simulations suggest that the C2B, C2C, 
and C2D domains of AtMCTP4 can interact with PIP4 lipids in the plasma membrane. 
This lipid-mediated tethering has been proposed to modulate cytosolic sleeve diameter 
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and thereby influence permeability independently of callose turnover16. While we 
cannot exclude membrane binding of these domains, we did not observe direct contacts 
between the plasma membrane and the surface of the resolved fraction of PpMCTP 
assemblies, containing C2B, C2C, and C2D domains (Fig. 4c,f). However, with 
theoretical lengths of 30 - 50 nm, fully extended C2A-B linkers are sufficiently long to 
bridge the cytosolic sleeve, allowing C2A binding at the plasma membrane. We therefore 
measured the distance between the assembly surface and the plasma membrane in 
GHL17 plasmodesmata and found a maximum tether span of 26.4 nm (19.8 ± 4.2 nm, n 
= 72, Supplementary Fig. 1f). While C2A domains and their linkers are too small and 
flexible to be resolved by subtomogram averaging, we observed electron-dense material 
in individual tomograms extending from the assembly surface toward the plasma 
membrane, coinciding with plausible trajectories of extended C2A-B linker domains 
(Fig. 4f). These densities terminate at membrane-proximal positions, consistent with 
C2A-mediated lipid binding, supporting a model in which C2A domains serve as the 
primary tethers linking desmotubule coats to the plasma membrane in P. patens. 

 

C2A-B linkers populating cytosolic sleeves 
Despite high overall conservation across the MCTP family, C2A-B linker domains are the 
most variable sequence regions, hinting at potential functional diversification. We 
initially noticed these linkers for their high glycine content at the sequence level. In 
subsequent structure predictions, they consistently scored below 50 in pLDDT, an 
established predictor of intrinsic disorder52. Our in situ data indicate that C2A-B linkers 
populate cytosolic sleeves and are particularly concentrated at the narrow neck regions, 
prompting us to examine their potential role. Sequence analysis revealed that they are 
polyampholytes - that is, they contain a balanced distribution of oppositely charged 
residues interspersed with flexibility-promoting amino acids (Supplementary Fig. 6). 
Also referred to as sticker-spacer architectures, such motifs have been implicated in 
multivalent protein-protein interactions and phase-separated states53. Consistent with 
these properties, sequence-based prediction algorithms classify all P. patens C2A-B 
linkers as disordered and assign a high intrinsic propensity for liquid-liquid phase 
separation (LLPS propensity > 93%; Supplementary Fig. 9). While some MCTPs in 
flowering plants lack C2A domains, the majority of Arabidopsis homologs retain all four 
C2 domains (AtMCTP2,6,7,8,9,10,14,15,16) and harbor C2A-B linkers with 
polyampholyte characteristics and comparable disorder and LLPS predictions 
(Supplementary Fig. 9), indicating potential functional relevance across land plants. 
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5.4 Discussion 
In this work, we report native architectures of plasmodesmata across tissues and 
physiological states in P. patens using cryo-ET. We recover similar overall pore 
dimensions as described in classical TEM and freeze-substitution studies, while also 
uncovering previously unrecognized features. Specifically, we resolve how abscisic acid 
signaling reduces intercellular permeability by inducing plasmodesmal closure 
coinciding with increased callose levels. While callose-mediated constriction of 
plasmodesmal apertures is a well-established regulatory mechanism, our data reveal 
an additional outcome: local remodeling of the cell wall downstream of ABA can 
function as an apoplasmic gate, capable of fully sealing channels and abolishing both 
cytosolic and membrane continuity between cells. In flowering plants, sustained ABA 
signaling underlies several physiological arrest states, including bud dormancy54, floral 
meristem arrest38,55, and seed dormancy56, all associated with reduced symplasmic 
connectivity. In P. patens, week-long ABA exposure similarly induces a symplasmically 
isolated ‘brood-cell’ state57. The pore architectures captured here after 17 h of ABA 
exposure may represent an early phase of brood-cell transition, characterized by 
plasmodesmal closure but preceding other developmental hallmarks of brood-cells 
such as thickening of bulk cell walls, or reflect a distinct PD-regulatory program. 
Consistent with this interpretation, we observed cell wall thickening specifically at 
plasmodesmata neck regions following ABA treatment, without corresponding changes 
in the bulk cell wall. PD-localized cell wall bulging has also been reported following 
callose synthase induction in Arabidopsis, although whether it can result in complete 
channel sealing remained unresolved58. Notably, short-term ABA-induced inhibition of 
cell to cell movement is reversible within 24 h of hormone removal in P. patens40, raising 
the question if and how membrane continuity is re-established when callose plugs are 
degraded.  

Across all imaged conditions, desmotubules were coated by modular helical protein 
assemblies with tethers connecting to the plasma membrane. Although desmotubule-
associated particles and tethers have been described previously19–21, their molecular 
identity remained unresolved. By combining subtomogram averaging with proteome-
scale structure prediction, we identify MCTPs as the building blocks of desmotubule 
coats and their disordered C2A-B linker regions as likely candidates for the observed 
tethers. In mature gametophores, where MCTP assemblies and tethers span the full 
plasmodesmal length, reduced intercellular transport has been reported30, whereas 
loss of MCTPs in Arabidopsis roots increases cell-to-cell conductivity16, illustrating that 
MCTP levels correlate with PD permeability. C2A-B linkers exhibit polyampholyte charge 
patterning, high predicted disorder, and sequence-based propensity for multivalent 
interactions, raising the possibility that they contribute to permeability control within the 
cytosolic sleeve. Models invoking phase-separated protein networks as molecular basis 
for selective permeability, analogous to FG-NUPs in the nuclear pore, have been 
discussed for PD13,59,60. The linker sequences described here are predicted to allow 
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condensation, but are more consistent with a mechanism based on non-specific 
electrostatic rather than hydrophobic interactions. Notably, plasmodesmal 
permeability has recently been shown to depend on solute charge in addition to size61. 
Polyampholyte linkers, by presenting a distribution of charged residues, may underlie 
such electrostatic selectivity. As MCTP assemblies are constitutively present, and 
sleeve diameter at neck regions is tuned by callose, the mechanisms could act 
synergistically. Low callose levels widen the sleeve and dilute the linker network, 
whereas high callose levels constrict the sleeve and increase local crowding 
(Supplementary Fig. 2). 

Altogether, our data indicates that MCTP dimers form helical coats around the 
desmotubule, anchored via RHDs which contribute to membrane tubulation. 
Assemblies are stabilized by protein-protein interactions at C2B, C2C and C2D 
domains. C2A domains mediate tethering of the desmotubule to the plasma membrane, 
while polyampholyte C2A-B linkers populate cytosolic sleeves, potentially forming 
dynamic diffusion barriers (Fig. 4g). 
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5.5 Methods 

Preparation of Physcomitrium patens tissues for cryo-ET 
Culturing, sample preparation, cryo-fixation, and FIB milling procedures are described 
in detail in Pöge et al.24. Briefly, P. patens (Hedw.) Gransden ecotype was grown at 25 °C 
on BCDAT agar medium overlaid with cellophane, under 18 h white light / 6 h dark cycles. 
Small protonemata patches were detached using tweezers, submerged in freezing 
buffer (BCDAT liquid medium supplemented with Ficoll 400 dissolved in H2O to a final 
concentration of 20% [w/v]), and immediately high-pressure frozen (LEICA EM ICE, Leica 
Mikrosysteme GmbH, Wetzlar, Germany). Gametophores were collected after 4 weeks 
by manually dissecting individual phyllids with fine scissors, followed by immediate 
immersion in freezing buffer and high-pressure freezing. Samples were vitrified using 
both the ‘waffle method’ and freezing in 3 mm carriers with a 100 µm deep cavity, 
optimized for subsequent Serial Lift-Out FIB milling. GHL17 samples (UBQ:PpGHL17_1-
mVenus line, documented in Gombos et al. 202311) were prepared as described for wild 
type. 
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ABA treatment of Physcomitrium patens protonemata 
ABA stock solutions are prepared at 1000x concentration (50 mM), dissolved in DMSO. 
Two week old wild type cultures were treated by adding 7 ml of liquid BCDAT growth 
media containing 50 µM ABA to the agar dish. After 15 min incubation, the solution was 
decanted. 17 h after initial ABA exposure, cells were high-pressure frozen as described. 

 

Cryo-ET: Data acquisition 
Tilt series were collected using a Titan Krios G3i instrument at 300 kV, equipped with a 
Selectris X energy filter and a Falcon 4i camera (Thermo Fisher Scientific). Tilt series 
were recorded using the Tomography5 software package (Thermo Fisher Scientific). A 
dose-symmetric tilt scheme was used with an angular increment of 3°. Magnification 
was set to 64,000x (pixel size = 1.89 Å) and a dose rate of 3 e−/Å² per tilt, resulting in a 
total dose of 100 e−/Å² per tilt series. The target defocus ranged from -3.0 to -6.0 µm. A 
small dataset was collected on a Titan Krios G2 equipped with a Gatan post column 
energy filter and K2 Summit (Gatan) camera. Here, tilt series were recorded at a 
magnification of 42,000x (pixel size = 3.52 Å) using the SerialEM software62. 

 

Tomogram reconstruction and segmentation 
Tilt series were processed as described in Pöge et al.24. Preprocessing including motion 
correction, removal of bad tilt images and dose filtering were performed in TOMOMAN 
(version 0.6.9,63). If tilt-series contained at least 5 platinum fiducials evenly distributed 
over the field-of-view, IMOD (version 4.11.25,64) fiducial tracking was employed for tilt-
series alignment. Otherwise, AreTomo (version 1.3.3,65) was used for tilt-series 
alignment. Afterwards, 4x binned tomograms were reconstructed with the weighted 
back projection algorithm implemented in IMOD. Membranes were segmented with 
MemBrain-Seg66. While this software reliably traces intracellular membranes, it barely 
picked plasmodesmata membranes. Hence, the latest built-in model (v10) was refined 
following the instructions available at https://teamtomo.org/membrain-
seg/Usage/Training/. Furthermore, tilt-series were imported into WARP (version 1.0.9,67). 
Membrane tethering densities within cytosolic sleeves were segmented using a 
convolutional neural network (CNN) trained in EMAN 2.9968. Because these features 
span only 1-2 pixels in width, training and segmentation were performed on bin2 
tomograms which were denoised with cryo-CARE69 and subsequently processed with 
IsoNet70 employing the default parameters. For each tomogram, 1000-1200 negative 
reference regions were selected from areas containing cell wall, cytosol, or non-PD 
membranes. Additionally, 30-50 positive reference areas were selected per tomogram, 
representing regions along the full PD channel. Positive references were manually 
annotated, serving as training input (training parameters: learnrate = 0.0001; iterations 
= 200; ncopy = 5; batch = 20; nkernel = 40,40,1; ksize = 9,7,5; poolsz = 2,1,1, box size = 
128). While picking up tethers within cytosolic sleeves, the network failed to identify 
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individual tethers at highly dense PD aperture regions. For those regions an additional 
voxel density thresholding step was performed in Amira (Thermo Fisher Scientific). All 
tomograms displayed in this work were denoised with cryo-CARE and visualized with 
IMOD (version 4.11.25). Segmentations were curated in Amira and jointly rendered in 
ChimeraX71. 

 

Cryo-ET: Tomogram analysis 
PD dimensions were manually annotated with the contour tool in 3dmod and the 
corresponding distances calculated in MATLAB (version 2022a). Data visualization and 
statistical analysis were performed in Python using the libraries matplotlib, numpy, csv, 
pandas, seaborn, scipy, and statannotations. Statistical comparisons were conducted 
using two-sided Mann-Whitney-Wilcoxon tests, implemented via the 
statannotations.Annotator class. 

 

Cryo-ET: Subtomogram averaging of the desmotubule-coating assembly 
For each desmotubule-coating assembly, a two-point contour was manually defined in 
3dmod. The first point marked the beginning of the complex within the PD channel, and 
the second was placed at the channel opening toward the cytoplasm. In gametophore 
samples containing a single continuous assembly spanning the entire PD, a single long 
contour was defined from one channel opening to the other. Subtomograms (4× binned, 
voxel size = 7.6 Å, box size = 64 voxels) were extracted at 1 nm intervals along the line 
connecting these two points. Euler angles for θ (Theta) and ψ (Psi) were calculated such 
that the z-axis of each subtomogram aligned parallel to the desmotubule contour axis; 
φ (Phi) angles were randomized. Initial alignment was performed in STOPGAP (v0.7.0,72) 
with shifts only allowed perpendicular to the axis of the PD channel without φ angle 
search. The reference for the first iteration was the average of the extracted 
subtomograms without alignment (Supplementary Fig. 4). Subsequently, the average of 
the current iteration was used for the next one. All references were filtered to a resolution 
of 35-40 Å. For the GHL17 dataset, pseudo-symmetry expansion and a second 
alignment step in STOPGAP were performed. From every initial subtomogram position 
after the first alignment step, 11 new positions were defined by shifting 6 nm radially 
outward onto the desmotubule surface with an angular distance of ~33°. Euler angles 
were updated to align the subtomogram z-axis perpendicular to the desmotubule 
surface using the STOPGAP script sg_motl_shift_and_rotate.m. Subtomograms were re-
extracted at these oversampled positions (4× binned, voxel size = 7.6 Å, box size = 48 
voxels) and aligned with exhaustive search over all three Euler angles, allowing a 
maximum shift of 11 nm. Following alignment, subtomograms were distance-filtered by 
removing particles within 8 nm of one another, retaining only the subtomograms with the 
highest alignment score (fast local correlation function in STOPGAP). Subsequently, 
subtomograms were extracted in WARP (2× binned, voxel size = 3.8 Å, box size = 96 
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voxels) and subjected to 3D classification, refinement, and postprocessing in RELION 
(v3.0.5,73). Resolution of the GHL17-derived average was estimated according to the 
Fourier Shell Correlation (FSC0.143 ≈ 33 Å, Supplementary Fig. 4). To enable 
comparison of desmotubule-coating assembly across all datasets, subtomograms 
were extracted in WARP (voxel size = 7.6 Å, box size = 64 voxels) directly after the initial 
alignment in STOPGAP without symmetry expansion. These subtomograms were 
classified and aligned in RELION. During postprocessing, all averages were filtered to a 
resolution of 40 Å, enabling comparison (Fig. 3b-e). 

 

Proteome-derived list of desmotubule-coating candidates 
The Physcomitrium patens high-confidence PD proteome (HC30011) was filtered for 
plasma membrane and endoplasmic reticulum-localized proteins containing at least 
one transmembrane or known membrane-binding domain. In addition, proteins 
annotated with potential scaffolding functions, as well as those lacking functional 
annotation in P. patens, were included. Transporters, hydrolytic enzymes, proteins with 
known functions in vesicle transport, and proteins predicted to be secretory pathway-
targeted were excluded. This filtering yielded 43 candidate proteins for further 
assessment (Supplementary Data S1). 

 

Structure predictions of candidate proteins 
Monomeric structures of all candidate proteins were predicted using AlphaFold v2.3.174. 
While monomers could in principle fit within the experimental density, their small size 
allowed a wide range of orientations, often resulting in biologically implausible 
placements (e.g., membrane-associated domains facing the cytosolic sleeve) or 
complete burial within the map without accounting for key structural features. These 
ambiguities precluded reliable identification of monomeric fits. To address this, each 
protein was further evaluated individually using structural, biochemical, and 
localization information from the literature, with the goal of identifying higher-order 
oligomers from a combination of monomeric PD proteins that could recapitulate the 
desmotubule-coating assembly. For proteins with documented oligomeric states, 
dimeric and trimeric structures were predicted using AlphaFold Multimer v2.3.175. 
Predicted complexes with high confidence (0.8*ipTM + 0.2*pTM ≥ 0.60) were subjected 
to rigid-body fitting into the experimental density. For models containing extended 
disordered regions (pLDDT < 50), truncated variants retaining only structured domains 
and short interdomain linkers were generated. Non-MCTP candidates failed to align 
meaningfully with the density, producing fits that either occupied the volume 
nonspecifically or conflicted with membrane topology. Adding repeating units of non-
MCTP oligomers did not recover the observed organization of the coat (Supplementary 
Fig. 5a). In contrast, truncated PpMCTP dimers aligned closely with the experimental 
density, recapitulating the periodic features of the desmotubule-coating assembly 
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(Supplementary Fig. 5b,c). To quantify the fit, we generated a full model by tiling PpMCTP 
dimers using rigid-body fitting, simulated a corresponding density map from the atomic 
model at the resolution of the experimental average, then calculated the cross-
correlation between the synthetic and experimental map (Supplementary Fig. 5d). 

 

Assessment of MCTP structure by structure predictions 
To explore the structural basis of MCTP oligomerization, we predicted monomeric, 
dimeric and trimeric structures for each of the six PpMCTPs using AlphaFold v2.3.1 and 
AlphaFold Multimer v2.3.1. Dimeric assemblies were further modeled for all pairwise 
combinations of PpMCTPs to evaluate the plausibility of homo- vs. heterodimerization 
(Supplementary Fig. 6c). Only predictions with a weighted score of 0.8*ipTM + 0.2*pTM 
≥ 0.6 were considered. Resulting structure predictions were further assessed based on 
pLDDT and PAE scores. For trimer predictions, the flexible N-terminus was truncated to 
reduce compute. All AlphaFold3 predictions were performed on 
https://alphafoldserver.com/76. 

 

In silico profiling of sequence-encoded biophysical properties of full-length MCTPs 
FuzDrop was used to predict propensity for droplet-formation (pDP) along full length 
MCTP sequences and liquid-liquid phase separation potential (pLLPS) for the C2A-B 
linker domains77. We also applied AIUPred for disorder prediction78. pLDDT scores from 
AlphaFold2-Multimer (ranging from 1-100) were normalized by dividing by 100 to match 
the 0-1 scale of FuzDrop and AIUPred. 

 

Callose quantification 
Physcomitrium patens samples, grown as described above, were incubated for 1 h in 
0.1% (w/v) aniline blue dissolved in  0.1 M Sorenson’s Phosphate Buffer at pH 7.2. 
Imaging of three biological replicates per condition was performed using a Zeiss LSM 
880 Airyscan with Objective C Plan-Apochromat 40x/1.2 Water DIC M27. Z-stacks were 
recorded at 1 µm distance steps, 1024x1024 frame size, 8 times averaging, 1.0 
numerical zoom and pinhole 2.4 A.U, with excitation at 405 nm and an emission 
detection range of 420 – 520 nm. Quantification was performed in Fiji ImageJ279. Analysis 
was applied according to Muller et al.80. Briefly, a rectangular ROI, sufficiently sized to 
encompass the cell-cell interface, was set and saved for repeated use across samples. 
Measurements of “Area” and “Integrated Density” were recorded. Net signal values were 
calculated from the RawIntDens values at a cell-cell interface minus the RawIntDens 
value of the background signal. 

 

In vivo localization of PpMCTPs 
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PpMCTP2 and PpMCTP4 were amplified by PCR, cloned into D-TOPO entry vectors and 
subsequently a Gateway LR reaction was performed with Gateway destination vector 
pVS331. The reaction with LR Clonase II (Invitrogen) was conducted as per 
manufacturer’s instructions. Agrobacterium cultures (strain GV3101::pMP50 with p19 
helper plasmid for silencing suppression) were transformed with the expression 
plasmids. Fresh streaks of transformed Agrobacteria were used to inoculate 4ml LB 
culture per plasmid, grown overnight at 28ºC with shaking. Cultures were pelleted 
(20800 rcf, 1min), resuspended in 1.5 ml infiltration buffer (50 µM acetosyringone, 0.01 
M MgCl2, 0.01 M 2-(N-morpholino)ethanesulfonic acid (MES)) and incubated for 1 hour 
in the dark. The concentration was adjusted to an OD600 of 0.1 by diluting with 
infiltration buffer. N. benthamiana leaves were infiltrated at the abaxial epidermis with a 
syringe after pricking with a needle 5 days prior to imaging. Expression was induced by 
spraying abaxial sides of leaves with β-estradiol (20 µM β‐estradiol, 0.1% (v/v) Tween®‐
20) 24 hours prior to imaging. 0.1% (w/v) aniline blue solution in 0.1 M Sorenson’s 
Phosphate Buffer at pH 7.2 was infiltrated 5 minutes before leaf discs were mounted on 
a microscope slide. Single Z-slices were recorded using a Zeiss LSM 880 Airyscan with 
Objective C Plan-Apochromat 40x/1.2 Water DIC M27, focusing on the cell periphery. 
Cell-wide localization was recorded as Z-stacks with 1 µm z-distance steps. Aniline blue 
was excited at 405 nm and an emission detected at 420 – 520 nm, mVenus was excited 
at 514 nm and emission detected at 516 – 565 nm; scanning parameters: 524x524 frame 
size, 4 times averaging, 1.0 numerical zoom, and pinhole 1.0 A.U. Quantification was 
performed in Fiji ImageJ279, and PD indices were calculated as described in Gombos et 
al.11. The Fiji macro is available at https://github.com/SHaensch/2022_PD-index-
quantification.  
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5.6 Supplementary Materials 

 

Supplementary Fig. 1 | In situ measurements of plasmodesmata and cell wall dimensions. 
Quantification of plasmodesmata features in wild type protonemata (WT Proto, grey), wild type 
gametophores (WT Gameto, green), ABA-treated wild type protonemata (ABA Proto, magenta), 
and UBQ:GHL17_1 protonemata (GHL17 Proto, blue). (A) Plasmodesmata length. For sealed 
plasmodesmata in ABA-treated tissue, end-to-end length including callose plugs was 
measured. (B) Bulk cell wall thickness measured in regions away from plasmodesmal channels, 
excluding bulged regions at plasmodesmata necks. Short-term ABA treatment (50 µM for 17h) 
specifically induces bulging at plasmodesmata neck regions, whereas constitutive GHL17 
overexpression broadly affects cell wall thickness at and away from plasmodesmata. (C) Scatter 
plot of cell wall thickness at PD (approximating PD length) versus bulk cell wall thickness with 
linear regression fits per data set (dashed lines); slopes and R² (coefficient of determination) 
values indicate the degree and consistency of coupling. Lower R² in ABA and GHL17 data reflects 
increased local cell wall heterogeneity compared to WT. (D) Maximum width of cytoplasmic 
sleeve between desmotubule and plasma membrane. (E) Maximum width of plasmodesmal 
channels, measured from plasma membrane to plasma membrane. (F) Length of tethers 
originating from surfaces of desmotubule-coating assemblies and terminating at the plasma 
membrane. (G) Total length of desmotubules measured along their curvature. (H) Sinuosity of 
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desmotubules as an indicator of curvature. Desmotubules in GHL17 plasmodesmata have 
lengths similar to those in wild type but are accommodated within shorter channels, resulting in 
increased sinuosity. Mann-Whitney-Wilcoxon test (*P = 0.04; **P = 0.008; ***P = 0.0004; ****P 
≤ 0.0001; ns, not significant). 

 

 

 

Supplementary Fig. 2 | Tomographic z-slices of a plasmodesmal aperture after ABA-
treatment. Localized cell wall bulging is observed at the neck region without detectable 
membrane severing. Electron-dense material is accumulated within the cytosolic sleeve, 
obscuring parts of the desmotubule.  
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Supplementary Fig. 3 | Callose quantification by aniline blue staining in P. patens. a-c, Z-
projections of protonemata cell-cell interfaces in transmitted light (left) and fluorescence of 
aniline blue (right, cyan) marking callose. a, Wild type protonemata. b, ABA-treated wild type 
protonemata. c, UBQ:GHL17_1 protonemata. d, Quantification of aniline blue fluorescence 
intensity. Mann-Whitney-Wilcoxon test (*P ≤ 0.05). Scale bars: (a-c) 10 µm. 
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Supplementary Fig. 4 | Subtomogram averaging workflow. For each alignment step, the top 
panel shows a schematic representation, and the bottom panel displays an xy cross-section 
and an xz-plane side view through the center of the resulting subtomogram average. 
Subtomogram extraction points are indicated by orange arrowheads. The direction of each arrow 
represents the subtomogram z-axis as defined by the Euler angles θ (Theta) and ψ (Psi). Scale 
bars: 10 nm. 
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Supplementary Fig. 5 | Fitting of predicted candidate protein structures into experimental 
density map. To evaluate potential components of the desmotubule-associated coat, we tested 
candidates identified in PD-enriched proteomes. Dynamin-related proteins emerged as 
plausible candidates based on their property to assemble into large complexes associated with 
ER and their membrane tubulating function81. Such assemblies are formed by repeating 
dynamin dimers. (A) Two predicted PpADL3 dimers were fitted into the experimental density 
map of the desmotubule-coating assembly (monomers in pink and purple). Although the dimer 
models span the assembly lumen, the fit leaves substantial regions unaccounted for and fails 
to recapitulate structural features. (B) In contrast, PpMCTP2 dimers align closely with the 
experimental map, matching local geometries. (C) A full molecular model was generated by 
tiling PpMCTP2 dimeric core units along the resolved coat. Dimers colored in cyan and yellow, 
alternating colors between helical wraps. (D) From the full molecular model based on the 
experimental map, we generated a corresponding synthetic map. Filtered to 33 Å resolution, the 
synthetic map closely resembled the experimental density map. The cross-correlation 
coefficient between synthetic and experimental map is 0.92, indicating a good overall 
agreement between model and experiment. 
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Supplementary Fig. 6 | Sequence and structural analysis of PpMCTPs. (A) Alignment of C2A-B 
linker domains. While C2 domains are highly conserved, the linker domains vary in length and 
residue composition. These linkers are glycine-rich and polyampholyte, with evenly distributed 
charges (blue: positive, red: negative). This composition suggests high solubility and flexibility, with 
a propensity for unspecific intra or intermolecular interactions. Identical residues in C2A and C2B 
are colored in blue. (B) AlphaFold2-predicted structures of monomeric, dimeric, and trimeric 
PpMCTP2 with corresponding model confidence metrics. Dotted circles mark positionally flexible 
C2A domains. While the predicted local distance difference test scores (pLDDT) within C2A domains 
itself are high, indicating well-defined local structure, the predicted aligned error (PAE) between the 
C2A domain and the rest of the protein exceeds 30 Å, suggesting that the domain is positionally 
flexible while maintaining its domain integrity. In contrast, C2A-B linker domains exhibit low pLDDT 
(< 50) and high PAE (> 30 Å), supporting intrinsic flexibility. Central helices and RHDs show increased 
pLDDT in the dimer compared to the monomer. In trimeric models, both pLDDT and PAE indicate 
reduced model confidence at oligomerization interfaces, supporting the dimer model as the 
favorable oligomeric arrangement. For trimer predictions, the flexible N-terminus was truncated to 
reduce compute, as it does not participate in oligomer contacts. (C) Structure predictions reveal no 
substantial differences between homo- and hetero-PpMCTP dimers. Besides the positional 
variability of C2A domains (dotted circles) and C2A-B linker domains, the predicted conformations 
are nearly identical and no apparent shift in confidence metrics is observed. Combined, sequence 
analysis and structure prediction suggest that both homo- and heterodimeric pairings of all six 
PpMCTPs are biochemically, structurally and evolutionarily plausible. 
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Supplementary Fig. 7 | In vivo localization of PpMCTPs in N. benthamiana. a,c, Maximum 
intensity z-projections showing (a) PpMCTP2 and (c) PpMCTP4 localization in epidermis cells. 
Dashed rectangles indicate region magnified in inset. b,d, Dotted localization patterns of the 
plasmodesmal marker aniline blue (cyan) and mVenus-PpMCTPs (yellow) in single z-slices 
focused at the cell periphery. White triangles exemplify co-localization. e, PD index 
quantification of PpMCTPs. Proteins with a PD index > 1.1 (dotted line) are considered enriched 
at plasmodesmata11. Mann-Whitney-Wilcoxon test (**P = 0.0086). Scale bars: (a,c) 500 µm, 
inset 10 µm; (b,d) 10 µm. 
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Supplementary Fig. 8 | Structure prediction of trimeric PpMCTP in the presence of fatty 
acids recapitulates the experimentally determined desmotubule coating assembly. 
AlphaFold3 enables structure prediction of proteins in the presence of selected ligands. When 
added in excess, the fatty acid ligand oleic acid approximates membrane-like chemical 
properties and improves prediction accuracy for membrane proteins. (A) Side and (B) top view 
of predicted trimeric PpMCTP2 (monomers shown in alternating light and dark blue) with 140 
oleic acid molecules (red) forming a layer around the reticulon homology domains (RHDs). C2B 
domains interlace as observed in the experimentally resolved desmotubule-coating assembly. 
Dotted ellipse marks unoccupied spot between membrane and interlaced C2Bs. C2A and the 
flexible C2A-B linker are excluded. (C) Angled cross-section of the experimental map with 
docked trimeric AlphaFold3 model. Unoccupied spots underneath interlaced C2B domain pairs 
align well in the model and experimental map (dotted circles). 
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Supplementary Fig. 9 | In silico profiling of sequence-encoded biophysical properties of 
full-length MCTPs. (A) PpMCTP1, (B) PpMCTP2, (C) PpMCTP5, and (D) Arabidopsis AtMCTP6. 
Shared y-axis shows per-residue confidence scores from AlphaFold2-Multimer predictions 
(pLDDT/100, red), predicted droplet-promoting propensity (pDP) from FuzDrop (blue), and 
predicted disorder propensity from AIUPred (black). C2A-B linker domains are indicated in 
yellow. Liquid-liquid phase separation potentials (pLLPS, FuzDrop) of C2A-B linker domains are 
stated for each homolog. 
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Supplementary Table 1 | PpMCTP gene identifiers and protein names. 
Protein name Gene ID v6 Gene ID v3 Proteome rank 

(Gombos et al. 2023) 

C2A-B linker 

length 

PpMCTP1 Pp6c10_5830 Pp3c10_11080 158 150 aa 

PpMCTP2 Pp6c14_13840 Pp3c14_25200 20 145 aa 

PpMCTP3 Pp6c25_4790 Pp3c27_540 319 80 aa 

PpMCTP4 Pp6c16_4930 Pp3c16_9250 318 80 aa 

PpMCTP5 Pp6c25_4800 Pp3c27_520 5 88 aa 

PpMCTP6 Pp6c16_4910 Pp3c16_9260 Not detected 88 aa 

Gene identifiers, protein names, rank in proteome sorted by enrichment in PD fractions, 
and length of C2A-B linkers in amino acids. PpMCTP1, 2, 3, 4, and 5 are found in the 
proteome with PpMCTP1, 2 and 5 being most abundant. 
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Chapter 6 

Methodology – Preparation of moss tissue for cryo-electron 
tomography 
 

Preparation of Moss Tissue for Cryo-Electron Tomography by High-
Pressure Freezing, Focused Ion Beam Milling and Lift-Out 

 

Status: Manuscript in preparation. 

 

6.1 Summary 

Background and summary 
The previous chapter described the development of cryo-electron tomography (cryo-ET) 
workflows that enable cryo-ET of plant tissue samples. The process remains technically 
demanding, low-throughput and requires substantial user experience. In an attempt to 
lower the barrier to entry, this protocol outlines the workflow step-by-step and provides 
practical advice. Vitrification efficiency is quantified and discussed. From a total of 45 
high-pressure frozen Physcomitrium patens samples, 21 (47%) produced vitreous 
lamellae. 

 

Contributions to this chapter 
I contributed to this chapter by establishing and maintaining plant culturing at the 
Department of Molecular Structural Biology, sample preparation and vitrification by 
high-pressure freezing. I contributed to implementing and testing of the described FIB-
milling workflows (with MP, PX, OS, COJK, JB, SK), cryo-fluorescence microscopy (with 
MP, PX, AB, CC), data analysis (with MP, PX), and manuscript editing (with MP, COJK, SK, 
JMP, WB). 
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Abstract 
Cryo-Electron Tomography (cryo-ET) is a powerful imaging technique that allows to 
visualize the molecular landscape within cells. In contrast to traditional preparations 
for electron microscopy deploying chemical fixation and contrasting agents, cryo-ET 
directly images the inherent contrast of cryo-fixed, i.e. vitrified samples, providing a 
faithful and near-native representation of cellular ultrastructure and its 
macromolecular constituents. While cryo-ET in combination with thinning by Focused 
Ion Beam (FIB) milling is well established for single small or thin cells that can be 
vitrified by plunge freezing, its application to tissues is still challenging in terms of 
vitrification and thinning strategies. Intact plant tissues are particularly difficult to 
scrutinize, due to their relatively large cell size and the presence of vacuoles which 
often occupy a large fraction of cells and usually do not vitrify. Here, we describe two 
methods for vitrification of the filamentous tissue (Protonemata) of moss 
(Physcomitrium patens) by two High-Pressure Freezing (HPF) approaches. We also 
describe in detail how to prepare thin sections (lamellae) suitable for cryo-ET data 
acquisition by either on-grid FIB milling or lift-out with three different attachment 
methods that can be applied depending on skill and experimental setup of users. For 
the preparation of lift-out lamellae, we introduce an additional trimming step which 
can help to improve lamella quality. We illustrate how subcellular structures can be 
targeted by aiming for cell junctions using cryo-Fluorescence Light Microscopy (FLM). 
The different preparation procedures can be used for samples of different sizes and 
other multicellular systems. 

 

Key Features 

• This protocol builds on Serial Lift-Out (Schiøtz et al. 2023) but was adapted for moss 
and can be applied to other species and tissues as described in (Pöge et al. 2025, 
Dickmanns et al. 2025). 

• It requires a high-pressure freezer (i.e. Leica EM ICE), a cryo-light microscope (i.e. 
Leica TCS SP8) and a FIB-SEM instrument with lift-out system (i.e. Thermo Fisher 
Scientific Aquilos II) ideally with integrated fluorescence light microscope (i.e. 
Delmic METEOR). 

• We describe two high-pressure freezing approaches for different specimen sizes 
and procedures for sample screening and targeted lamella preparation aided by 
cryo-fluorescence light microscopy. 

• We describe on-grid lamella preparation and three lift-out approaches with a novel, 
more robust attachment mode.  

• By applying an additional trimming step for lift-out sections, this protocol was 
optimized for lamella quality rather than quantity. 
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Graphical abstract 

Overview of the protocol’s workflows. First, P. patens protonemata cells are high-pressure frozen either by the 
“Waffle” Method or inside an HPF carrier. Next samples are screened in an external cryo-Fluorescence Light 
Microscope (FLM) or a FLM integrated (int-FLM) into a cryo-Focused Ion Beam (FIB) instrument. For “waffle” grids, on-
grid lamella preparation is possible. To generate lamellae from in-carrier frozen samples, lift-out is required. For the 
Serial Lift-Out approach, in which the initial lift-out block is cut into several sections attached to a receiver grid, three 
distinct modes are described: (i) double sided attachment from below, (ii) double-sided attachment from the side and 
(iii) single-sided attachment. Before fine milling, sections can be assessed for the presence of the target area and 
trimmed to remove excessive material. 

 

Background 
Cryo-Electron Tomography (cryo-ET) is a powerful method at the interface between 
structural biology and cell biology which allows to visualize the molecular landscape 
within cells in 3D (Lučič, Rigort, and Baumeister 2013; Turk and Baumeister 2020). The 
first step in the workflow is cryo-fixation by vitrification, in which the sample is rapidly 
cooled to temperatures well below -150°C while avoiding the formation of crystalline 
ice, i.e. transferring water into a vitreous state (Dubochet 2007). This step is critical 
because it arrests the cell in a frozen-hydrated, near-native state. Cells thinner than 
approximately 10 µm can often be vitrified by plunge-freezing. In this process, cells are 
applied as a thin film onto a grid for electron microscopy and plunged into a cryogen 
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(Dobro et al. 2010). Cells thicker than a few hundred nanometers must then be thinned 
before they can be imaged in a Transmission Electron Microscope (TEM). Here, cryo-
Focused Ion Beam (FIB) milling has become the method of choice in the field: a 
focused beam of Gallium ions is used to ablate material above and below an area of 
interest until only a sufficiently thin sheet of material remains that is still supported by 
the bulk sample on its sides (Rigort et al. 2012). These sheets are termed lamellae. To 
identify target areas within vitreous samples, cryo-Correlative-Light-and-Electron-
Microscopy (CLEM) techniques have been developed, which correlate FIB and SEM 
images to images recorded in an external cryo-Fluorescence Light Microscope (FLM) 
(Arnold et al. 2016) or an FLM integrated (int-FLM) into the chamber of the FIB system 
(Yang et al. 2023). The resulting lamellae are then imaged in a cryo-TEM. In cryo-ET, a 
set of TEM images are recorded in the same area from a defined range of angles. This 
data is used to computationally yield a 3D reconstruction of the pleomorphic 
environment of the cell, a volume referred to as tomogram (Koning, Koster, and Sharp 
2018).  

Many multicellular samples, however, are too thick to be vitrified by plunge-freezing. 
Especially intact plant tissues are challenging due to their large size and the presence 
of vacuoles occupying large fractions of the cell with the tendency to not vitrify. An 
alternative approach to achieve vitrification is High-Pressure Freezing (HPF) (Dubochet 
1995; Moor 1987). The specimen is sandwiched between metal carriers and a pressure 
of approximately 2000 bar is applied while the sample is cooled by a jet of liquid 
nitrogen. Under these conditions, samples with a thickness of up to 200-300 µm can 
potentially be vitrified. Working with HPF samples, however, is more challenging and 
time consuming than working with plunge frozen samples. Throughput as well as 
success rate are lower and CLEM approaches required to target biological material are 
tedious and time-consuming. 

In this protocol, we describe in detail how we adapt the “Waffle” Method (Kelley et al. 
2022) and use in-carrier high-pressure freezing for protonemata of the moss 
Physcomitrium Patens, which are filaments of single, cylindrical cells with diameters 
of 15-30 µm (Rensing et al. 2020). We lay out how to use cryo-FLM in cryo-FIB milling 
for targeted lamella preparation either by on-grid milling or Serial Lift-Out (Schiøtz et al. 
2023) with three different attachment methods. The presented sample and lamella 
preparation strategies have advantages and disadvantages which are discussed in 
(Pöge et al. 2025) and can be deployed for other specimen beyond plant tissues. We 
uncovered many pitfalls and critical steps which are pointed out at the respective 
steps in the workflow. Thus, we anticipate that this protocol can be a valuable resource 
for labs getting started with cryo-ET on multicellular samples. 

 

Procedure 
This protocol describes two options for HPF of P. patens protonemata: (i) a modified 
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version of the “Waffle” Method (Kelley et al. 2022) adapted from (Schiøtz et al. 2023) 
and (ii) in-carrier high-pressure freezing. Furthermore, four procedures to prepare 
lamellae for cryo-ET are described: (i) on-grid “waffle” milling, (ii) lift-out with double 
sided attachment from below, (iii) lift-out with double sided attachment from the sides 
and (iv) lift-out with single sided attachment. The protocol is specifically aiming for 
junctions between P. patens cells. These cell junctions are small compared to the 
whole cell and it is convenient to employ an integrated-Fluorescence Light Microscope 
(int-FLM) for targeted trench milling. The targeting approach, however, can be used for 
any cellular structure that can be discerned in int-FLM images, e.g. by the expression of 
fluorescent fusion marker proteins. 

 

I. The “waffle” workflow 

A. Growing Physcomitrium patens protonemata 
Culture P. patens protonemata as described in (Cove et al. 2009): 

1. Autoclave the solid growth medium and cellophane sheets. 

2. Melt the solid growth medium by heating it in a microwave, if it is not liquid 
anymore.  

3. In a laminar flow bench, plate 40 mL of the still liquid solid growth medium on a 
sterile petri dish. 

4. After the solid growth medium is solidified, add an autoclaved cellophane sheet 
on top and streak out air bubbles underneath with sterile, flat tweezers. 

5. Harvest 2 weeks old moss tissue from a previously prepared plate (~1 g per 
plate), add to a 50 ml Falcon tube filled with 20 ml ddH2O. 

6. Homogenize with the tissue with the disperser rod (3x3 s pulses on lowest 
speed setting)  

7. Spread 1 mL homogenized P. patens liquid culture on a freshly prepared, 
cellophane-overlayed plate. 

8. Grow P. patens for 2 weeks in a growth chamber at 25°C with 18 h and 6 h light 
and dark cycle, respectively. 

B. “Waffle” freezing adopted from (Schiøtz et al. 2023) 

1. Clean 6 mm type B HPF carriers (with one 300 µm cavity and one flat side) the 
day before freezing. 

a. Incubate carriers overnight in a 15 mL Falcon tube with cleaning solution. 

b. Wash carriers 3x with ddH2O and 3x with acetone. 
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c. Dry carriers on filter paper. 

2. Coat carriers with cetyl palmitate.  
Note: Work under a fume hood. 

a. Dip clean type B carriers, one at a time, with tweezers into the cetyl 
palmitate solution. 

b. Remove excess of liquid by shaking it off and pushing the side of carriers 
against filter paper. 

c. Dry carriers on filter paper with the flat side facing up. 
Critical: There should be a slight haze on the carrier, only obvious under the 
binocular. If the layer is visible to the bare eye, the layer is likely too thick. 

3. Prepare the Leica EM ICE high-pressure freezer and test the system. 

a. Cool down the high-pressure freezer and the sample container.  

b. Insert the sample container and wait for the system status to change to 
ready. 

c. Freeze two samples with only the two half cylinders and a middle plate 
assembled without HPF carriers. 
Note: This allows the system parts to equilibrate and adjust to the working 
temperature. It will also report the freezing curves, allowing to assess the 
normal working state of the machine. The pressure should persist at slightly 
above 2,000 bar for at least 250 ms and not longer than 450 ms. If that is not 
the case, contact the Leica support.  

4. Place a clean and coated type B HPF carrier on a filter paper with the flat side 
facing up. 

5. Add a 3 µL droplet of freezing buffer on the flat side of the carrier. 

6. Place an EM grid with the continuous support film side facing down on the 
droplet. 
Critical: The sample will be added on the “back” of the grid, i.e. the grid bar side 
by filling it into the wells formed by the grid bars and the support film. For 
plunge-freezing, the sample is applied on the other side onto the film. 

7. Remove excess buffer with a 0.5x2 cm piece of filter paper until the grid is lying 
flat on the carrier. 
Critical: Initially, there will be convex cushions of buffer formed between carrier 
and support film. Blot until these cushions collapse and the support film 
contacts the carrier surface. This can be observed using the binocular 

8. Add 3 µL of buffer freezing buffer onto the grid and distribute it with the pipet tip 
or tweezers until the whole grid surface is covered.  
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9. Remove air bubbles by poking them with sharp tweezers. Alternatively, use 
slightly open tweezers and let the bubbles float into the liquid that is lifted 
between the tweezer legs by capillary force. 
Critical: Air bubbles in the sample will be compressed upon high-pressure 
freezing and affect local pressure buildup negatively. They also expand again 
when the freezing chamber is depressurized and induce cracks in the sample 
compromising subsequent steps. 

10. Pick up a small patch of a protonemata from a plate and place it in the center of 
the grid. 
Critical: Try not to squeeze the tissue with tweezers. This will damage the cells. 
Lift the tissue with the tip of a single leg of the tweezers to avoid squeezing. 

11. If new air bubbles were created during the transfer of the tissue, remove them. 

12. Place a second coated type B carrier with the flat side down on top of the 
sample and press the sandwich lightly. 

13. Remove excess buffer with filter paper around the carrier sandwich. 

14. Place the sandwich in the middle plate on the lower plastic half cylinder.  

15. Turn your tweezers upside down and press the sandwich thoroughly for 10 s 
with the reverse tweezer end. 
Note: Pressing with the reverse tweezer end avoids damage to the tweezer tips 
or the carrier.  

16. Immediately close the sample holder lid and freeze the sample. 

17. After all grids are high-pressure frozen, recover the grids by separating them 
from the carriers. 

a. Remove all half-cylinders. 

b. Remove middle plates and carriers that fell apart and have no grid attached 
to them. 

c. If the sandwich is still in the middle plate, place it over a sufficiently large 
cavity (e.g. grid box holder) and push with blunt tweezers.  

d. Collect all carriers with grids attached to them. 

e. Place single carriers into e.g. a grid box holder against the side wall 

f. Use sharp tweezers to press at the 3, 6, 9 and 12 o’ clock positions to break 
the continuous ice layer on the carrier.  

g. Push the grid to the side, exerting 50% of the force in the lateral direction and 
50 % in the downwards direction.  
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18. Mount the grids in cartridges with cutout for FIB milling. 

a. Before clipping, apply a red mark on the top of the cartridge in the 6 o’clock 
position opposite of the cutout and two blue markers in the 3 and 9 o’clock 
position. 
Note: This will help aligning the grid when loading it into microscopes. 

b. Clip the grid into the marked cartridge with the support film facing the clip 
ring.  
Critical: In the “Waffle” method, the sample is applied to the “back” of the 
grid on the opposite side of the support film. During clipping, the side with 
the support film must face the clip ring and the sample containing side the 
cartridge. This assures that the sample side is facing up when loading the 
grid into microscopes. 

19. Pause Point: Store grids in grid boxes at liquid nitrogen temperatures until use. 

C. Sample screening in a cryo-fluorescence light microscopy 

1. Prepare the light microscope (e.g. Leica TCS SP8) by cooling it down, starting 
the lasers and letting the system equilibrate for 30-60 min with the objective 
roughly at the height used for data acquisition. 

2. Load a clipped “waffle” grid. 

3. Focus on the sample and adjust the imaging parameters on some P. patens 
cells by recording reflected light (excitation: 488 nm; emission filter: 483-
493 nm or no emission filter), cellular autofluorescence (excitation: 488 nm; 
emission filter: 500-750 nm) and transmitted light. 
Note: The transmitted light and the autofluorescence of P. patens protonemata 
are sufficient to identify junctions between cells. For this target, no additional 
fluorescent marker is needed. 
Critical: Keep the laser power as low as possible while still being able to identify 
your target area. A too high laser power can devitrify your sample. The highest 
laser power that is safe to use depends on the system. We usually stay well 
below 10% laser power. 
Critical: Adjust laser power and detector gain to not overload the HyD detectors. 
The most adequate imaging settings are dependent on the sample thickness. 

4. Record a grid map (Figure 1A, Spiral scan, Tile image size = 512 x 512, pin hole 
size = 600 µm, pixel size = 580 nm). 
Note: The pinhole can be fully open for this step, to collect as much 
fluorescence signal as possible, also from layers above and below the focal 
plane. 

5. Identify the location of grid squares containing target areas, in our case single 
layers of undamaged P. patens protonemata with cell junctions at a distance of 
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at least 50 µm from grid bars (Figure 1B).  
Note: The distance to the grid bars is necessary to allow for on-grid lamella 
preparation. Furthermore, if those cells are partially on top of grid bars they 
likely were damaged during high-pressure freezing and should be avoided. 
Critical: Avoid grid squares with multiple cell layers. P. patens protonemata have 
a diameter of 15-25 µm while the grid bars of typical EM grids are about 25 µm 
high. Multiple cell layers do not fit into the wells formed by the grid bars. Hence, 
multiple cell layers were likely squeezed and damaged by mechanical stress 
during high-pressure freezing (Figure 1C). 
Critical: For on-grid lamella preparation, target areas should be located within 
~800 µm from the center of the grid to assure that they are within the range of 
the TEM stage for cryo-ET data acquisition. 

6. Optional: acquire z-stacks of target area containing grid squares (Figure 1B, z-
step size ≤ 1 µm encompassing the whole sample thickness, Image size 2048 x 
2048 pixel, Pin hole size = 125 µm, pixel size = 140 nm,).  

7. Pause Point: Unload the grid and store it in grid boxes at liquid nitrogen 
temperatures until use. 

 

Figure 1. Sample screening in a cryo-Fluorescence Light Microscopy (FLM). Shown are the transmitted light 
(gray) and cellular autofluorescence (green) images of P. patens cells. A. Overview of a P. patens protonemata 
“waffle” grid (75 mesh). B. Grid square containing apparently intact protonemata with cell junctions (white 
arrowheads) in the center of the square. C. Grid square packed with multiple layers of protonemata. This tissue 
likely was mechanically damaged during HPF due to compression of the cells. 

 

D. Trench milling in a dual Focused Ion Beam and Scanning Electron Microscope 
(FIB/SEM) with lateral targeting guided by an integrated-Fluorescence Light 
Microscope (int-FLM) 
Note: Lateral targeting and trench milling are performed in trench milling orientation 
(stage tilt = 7°, relative rotation = 180°, Figure 2). In this stage orientation the optical 
axis of FIB and int-FLM are normal to the sample surface. Hence, FIB and int-FLM 
record sample top views.  
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Critical: The stage orientation angles and milling patterns described are only 
correct for the standard Thermo- Fisher Scientific FIB/SEM geometry (Figure 2), a 
shuttle with a 45° pretilt and the FIB/SEM scan rotation set to 180°. 

Critical: Activate the drift suppression function of the FIB/SEM instrument during all 
trench milling steps. Activate at lowest SEM magnification and drag the green targeting 
cross to the region that is to be milled. 

1. Load a grid containing promising squares into a FIB/SEM instrument equipped 
with int-FLM. 

2. Move the stage into the lamella milling orientation (stage tilt = 20°, relative 
rotation = 0°, Figure 2). 

3. Find the coincidence point of FIB and SEM roughly in the center of the grid and 
take a FIB and SEM image. 
Note: FIB imaging setting: U = 30 kV, I = 1.5-10 pA, SEM imaging settings: U = 
3 kV, I = 13 pA. Use the Everhart-Thornley Detector (ETD) for detection.  

4. Clear ice contamination with the FIB. 
Critical: Do this before sputtering or applying a layer of metal organic platinum 
with the Gas Injection System (GIS) as this will fix the contamination to the grid 
surface.  
Note: A fine paint brush cooled to LN2 temperature can be used before loading 
the grid into the FIB/SEM system to remove vast amounts of frost on the front 
and/or back side of the grid. 
a. Set to the lowest FIB magnification at an ion current (I) of 1 nA (dwell time = 

50 ns, no line integration).  
b. Activate the selected area window (hotkey F7) and adjust its size to about 

100x100 µm. 
c. Start scanning and rapidly move the selected area window over you grid 

from left to right and front to back while placing it on contaminated areas. 
You should see the contamination “hop” away (Figure 3). 
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Figure 2. Scheme of the different stage orientations and their impact on imaging and lift-out steps. The left and 
right column illustrate the trench milling and lamella milling orientation, respectively, that mainly differ in respect to 
a stage rotation of 180°. The angles apply for the geometry in FIB/SEM instruments produced by Thermo Fisher 
Scientific using a shuttle with 45° pretilt. A, The shuttle with respect to stage tilt, stage rotation and the relative angles 
of the FIB, SEM and int-FLM optical axes. B, Imaging planes of the int-FLM in respect to the sample in both stage 
orientations. In trench milling orientation (left), the int-FLM imaging plane corresponds to the grid plane and is used 
for lateral targeting recording sample top views. In lamella milling orientation (right) the int-FLM images a plane close 
to the transverse section of the grid plane and may be used for axial targeting (“FIB-view” mode). C, Imaging planes 
of the SEM and FIB modes. In trench milling orientation (left), the ion beam is normal to the sample surface and used 
to mill trenches to the side of the target area. In Lamella milling orientation (right), the ion beam is used to obtain thin 
lamellae from a shallow angle. D, The orientation of the lift-out system in relation to the sample. In trench milling 
orientation (left), lift-out results in sectioning planes transverse to the sample surface and can yield cross-sections 
of protonemata. In lamella milling orientation (right), lift-out will yield sectioning planes at shallow angles towards 
the sample surface, resulting in longitudinal sections of protonemata. 
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Figure 3. Clearing of contamination using the FIB. A. A heavily contaminated “waffle” grid. The inset illustrates the 
location of the sample in the 45° pretilt shuttle with respect to the imaging direction of FIB and SEM. B. After scanning 
at 1 nA with the selected area window over the grid surface, most of the ice is removed from the grid squares. 

 

5. Optionally: Sputter coat the grid (p = 0.1 mbar, U = 1 kV, I = 10-30 mA, t = 15-
30 s).  
Note: The resulting Platinum layer mitigates charging for thicker samples 
resulting in higher quality of FIB and SEM images and more precise trench 
milling without drift suppression activated. 

6. Rotate the stage to trench milling orientation (tilt = 7°, relative rotation = 180°, 
Figure 2). 

7. Apply a layer of metal-organic platinum with the Gas Injection System (GIS) by 
moving the stage in trench milling orientation to the GIS working distance, 
inserting the GIS needle and opening the GIS valve for 40 s ( layer thickness ~ 
200 nm on our systems).  
Note: The GIS working distance and the thickness of the deposited layer of 
metal organic platinum may vary between different FIB/SEM instruments. A 
calibration curve for your own instrument can be generated to estimate the 
thickness of the deposited layer depending on valve opening times (see also 
General Notes point 6). 

8. Find the coincidence point on a grid square containing a target area as identified 
in the FLM before. 
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Note: the nearly featureless surface of “waffle” grids makes the correlation of 
external FLM and FIB images difficult. Thus, the int-FLM is convenient for 
targeted FIB milling. Yet, you should be able to estimate roughly where your 
target area is located within the grid square. 

9. Mill a marker at a distance of 10-40 µm from your target area (cross-section, I = 
3 nA, z = 0.5 µm). 
Note: An asymmetric marker can be beneficial, if FIB and int-FLM images are 
rotated with respect to one another. For example, an 8x8 µm square with 
6x16 µm rectangle aligned with their lower edges at a distance of 8 µm (Figure 
4A). 

 

 

Figure 4. Lateral targeting and trench milling guided by the integrated Fluorescence Light Microscope (int-FLM). 
A. Sample top view image recorded with the FIB. The asymmetric marker pattern is marked by yellow arrowheads. 
The scheme on the left illustrates the location of the sample with respect to the imaging direction of FIB and int-FLM. 
B. Top views recorded with the int-FLM. The left panel shows the reflected light channel with marker holes, the right 
panel the cellular autofluorescence revealing a cell junction. C. Scheme of the trench milling patterns (only valid for 
FIB scan rotation of 180°). Black arrowheads indicate the milling direction. D-F. FIB and int-FLM (cellular 
autofluorescence) top view images of successive trench milling steps. Recording int-FLM images after each trench 
milling step is necessary to precisely center the target area. Marker holes and target areas are indicated by yellow 
and white arrow heads, respectively. The FIB milling patterns are provided in the section Supplementary information. 

 



 

188 
 

10. Use the int-FLM to record sample top views. 

a. With the stage in trench milling orientation, focus the int-FLM on the sample 
surface and locate the marker pattern (Figure 4B). 
Note: This is easiest accomplished using reflected light (excitation: 470 nm ± 
10 nm; no emission filter) 

b. Use the int-FLM to identify the target area nearby. For P. patens cell 
junctions, use cellular autofluorescence (excitation: 470 nm ± 10 nm; 
emission filter: 515 nm ± 15 nm, Figure 4B).  
Critical: Keep the laser power as low as possible while still being able to 
identify your target area. A too high laser power may devitrify your sample. 

c. Determine the location of the target area with respect to the marker pattern. 
Measure the exact distance in the Odemis software. 
Note: If marker and target area are not within the same field-of-view in the 
int-FLM, consider milling another marker closer to the target area. 

d. Optional: Record z-stacks of the target area using the int-FLM (pixel size = 
168 nm, 20-25 z-slices, z-step = 1 µm) to estimate the location of the target 
area within the thickness of the sample. 
Note: For on-grid lamella preparation, we prefer target areas close to the top 
sample surface. It is substantially harder to prepare lamellae near the 
bottom surface, especially for thick samples. 
Note: If both FLM and int-FLM imaging are employed for targeting, the used 
excitation wavelengths and emission filters should ideally be the same for 
both imaging modalities. This assures most reliable targeting. That is not the 
case here. Therefore, the fluorescence signals of FLM and int-FLM images 
(e.g. Figure 2 compared to Figure 4) appear different. 

11. Use the relative location of the target area with respect to the marker pattern to 
define patterns for trench milling in the FIB user interface. 

12. Mill trenches (holes) above and below the target area in trench milling 
orientation (Figure 4C). 
Critical: use regular cross-sections (Material: Si, Multipass: 4x) as they ablate 
material faster and generate smoother surfaces than rectangle patterns. The 
milling direction is always towards the target area. 
Critical: Activate the drift suppression for every trench milling step. Before you 
change the ion current, deactivate the drift suppression, change the ion current 
and activate drift suppression again. 
Critical: If FIB-view imaging with the int-FLM is used for axial targeting (see next 
section), trench milling steps c-e must be performed at a different stage tilt 
depending on the desired stage tilt for FIB-view imaging. For example, FIB-view 
imaging at a stage tilt of 20° requires trench milling steps c-e at -6°. 
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a. FIB mill two horizontally aligned cross-sections with xyz-dimensions of 
40x30x3 µm and a distance of 40 µm above and below the target area at 
7 nA. 

b. Vertically expand the trenches to 50 µm and 80-120 µm (z-dimension = 
2.5 µm) below and above the target area, respectively, at 15 nA away from 
the target area. 
Critical: The top trench should be as long as possible before it reaches a grid 
bar to be able to remove all the material below the lamella during thinning. 

c. Reduce the size target area between the trenches in two steps to 35x30 µm 
(xy- dimension) at 5 nA (cross-section z = 2.5 µm). 
Critical: If you want to use FIB-view imaging for targeting within the thickness 
of the sample (axial targeting), trench milling steps c-e must be performed at 
a different stage tilt (αTrench milling) dependent on the stage tilt you want to use 
for FIB (see next section).  
                             αTrench milling = - αFIB-view +14° 
This is only correct for the standard Thermo Fisher Scientific FIB/SEM 
geometry and a shuttle with a pretilt of 45°. 
Critical: In our hands, initial targeting is often imperfect. Record int-FLM 
images after each trench milling step and adjust the position of the patterns 
for the next step to improve positioning. This ensures that the target area is 
centered after trench milling (Figure 4D-F). 

d. Reduce the size of the block between trenches 30x20 µm (xy- dimension) at 
3 nA (cross-section z = 2.5 µm). 

e. Polish the top front at 1 nA with a 1.5x30x3.5 µm cross-section (xyz-
dimension). This face will be exposed to the ion beam during lamella milling 
and should be as smooth as possible (Figure 5A,B). 

A. Axial targeting  
Note: Top views recorded with the int-FLM reliably localize the target area in the xy-
plane of the grid. Due to the used widefield imaging system with low numerical 
aperture air objectives, however, the z-resolution is limited. Locating the target area 
in z (axial) is crucial to place the patterns for lamella milling and to assure that the 
target area is contained in the final lamella. Two methods can be employed axial 
targeting. 

1. Record a long exposure SEM block face image after trench milling (Figure 5),  
Note: Do the SEM block face imaging with the stage in trench milling orientation 
(Figure 2). The top front of the target area containing block is now exposed to the 
SEM. During fine milling, in lamella milling orientation. This front will be exposed 
to the FIB. 
Critical: For lamella fine milling, the top front must be protected by a thick layer 
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of metal-organic platinum. The image of the block face must be recorded before 
this layer is applied. 
Critical: SEM block-face images can only be used for the rough axial targeting 
and only if cellular features are exposed at the top block face. Additionally, 
these features must generate sufficient contrast in SEM images. This is the case 
for e.g. membrane structures and lipid bodies.  

a. If not yet done so, set the SEM acceleration voltage and current to 3 kV 
and13 pA, respectively. 

b. Center a spherical contamination next to the trenches in the SEM at the 
magnification used for block face imaging. 

c. Focus on the contamination and correct astigmatism either manually or by 
running the ‘Auto-stigmator’ function.  

d. Center the block-face in the SEM field-of-view and focus on the edge 
between grid surface and block face (Figure 5C). 

e. Create a selected area window (hotkey F7) on the block face and run the 
auto brightness-contrast function (hotkey F9) (Figure 5C).  

f. Record a 3kx2k pixel image of the block face with a dwell time of 50 ns and 
100 line integrations. 
Note: The location of cells and organelles should be visible in the 
image(Figure 5D). 

 
Figure 5. Axial targeting by SEM block face imaging. A. FIB image after trench milling before polishing the front 
face. The blue rectangle indicates the milling pattern and the blue arrowhead the milling direction. The inset 
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illustrates the sample surface after trench milling with respect to the imaging directions of SEM and FIB. B. FIB 
image after polishing the front surface which will be imaged by the SEM. C. Area for focusing and the Auto 
Brightness-Contrast function prior to recording the SEM block-face image. D. The resulting SEM block-face 
image. The tissue exposed at the surface is outlined by a dashed line. 

2. Record FIB-view images with the int-FLM. 
Note: FIB-view images are recorded in lamella milling orientation from the same 
stage tilt at which lamella fine milling is performed.  
Critical: FIB-view imaging can only be performed with a high working-distance 
objective. If the working distance is below 10 mm, the objective may touch the 
shuttle before the sample can be focused. We use an Olympus LMPLFLN 50´ 
objective with a working distance of 10.6 mm. 
Critical: For FIB-view imaging, the optical axis of the int-FLM should be normal 
to the front face after trench milling (Figure 6A,B). To achieve this, trench milling 
steps c-e (Figure 4C) are performed at a different stage tilt (see above). 

a. Rotate the stage into lamella milling orientation (Figure 2) and set the 
correct stage tilt (e.g. 20° if trench milling was performed at a stage tilt of -
6°). 

b. Use the reflected light channel to find the front of the trench. 

c. Acquire int-FLM FIB-view images or z-stacks recording the reflected light 
(excitation: 470 nm ± 10 nm; no emission filter) and cellular 
autofluorescence (excitation: 470 nm ± 10 nm; emission filter: 515 nm ± 15 
nm, pixel size = 168 nm, 20-25 z-slices, z-step = 1 µm). An overlay of FIB and 
FIB-view image, both recorded in lamella milling orientation is shown Figure 
6C. 

 
Figure 6. Axial targeting by FIB-view imaging with the int-FLM. A. If the trenches are milled at a stage tilt of 7° and a 
stage rotation of 180°, the exposed front face is perpendicular to the sample surface but not normal to the optical axis 
of the int-FLM. This would distort the axial position of a feature due to refractive index miss match at a tilted surface. 
B. If trench milling is performed that the front face in lamella milling orientation is perpendicular to the optical axis of 
the int-FLM, axial targeting can be performed reliably (FIB-VIEW Paper.) C. Overlay of a FIB (gray) and int-FLM FIB-view 
image recording the cellular autofluorescence (green). Both images were acquired in lamella milling orientation. The 
junction between cells is marked by a white arrowhead. The inset illustrates the location of the sample surface with 
respect to the imaging direction of FIB and int-FLM in lamella milling orientation. 
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B. Waffle milling 

1. Apply a thick layer of metal organic platinum by opening the gas injection 
system (GIS) 3x20 s and 15 s in lamella milling and trench milling orientation, 
respectively, at the GIS working distance in z. 
Note: The GIS working distance and the thickness of the deposited layer of 
metal organic platinum may vary between different FIB/SEM instruments. But it 
can be estimated as described in the General Notes point 6. 

Pause Point: After trench milling and GIS coating, grids can be unloaded and stored in 
grid boxes at liquid nitrogen temperature until further use.  
Critical: Unloading and reloading usually changes the grid orientation slightly which 
may render certain regions of the target area inaccessible and may require additional 
milling steps. Hence, we prefer to finish Waffle milling before unloading. 

2. Move the stage into lamella milling orientation at 20° stage tilt.  
Critical: If you did FIB-view imaging, this should be the angle you used for FIB-
view imaging. Otherwise, the axial targeting is not reliable. 

3. Find the coincidence point on the target area containing block between the 
trenches. 

4. Remove all material below your target area by FIB milling at 3 nA. 

a. Take a FIB image. Can you see the edge at the bottom of the sample (Figure 
7A)? 

b. If yes, create a cross-section with an xz-dimension of 30x2 µm covering all 
material below the target area but, if possible, leaving 12 µm to the surface 
of the sample. 

c. If not (Figure 7B), tilt the stage higher until you can see the bottom edge 
(Figure 7C). Remove the material with a cross-section. Tilt the stage back to 
20° and check if you can see the bottom edge now. If yes, continue with (b). 
If not, repeat (c). 
Note: If you cannot see the bottom edge at the highest accessible tilt, rotate 
the stage into trench milling orientation and further elongate the trench on 
top. In any case, it is safer to make long enough trenches so that the lower 
edge is visible in shallow angles. 
Critical: It is important to remove all material below your lamella. Remaining 
material in the “shadow” of the actual lamella will render later TEM data 
acquisition impossible. 
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Figure 7. On-grid “waffle” milling. A-C. Removal of all material below the target area. A. At a stage tilt of 22°, the 
bottom of the trench cannot be discerned. The scheme indicates the location of the trenches with respect FIB 
imaging direction. B. At a stage tilt of 28° the bottom edge of the trench becomes visible (white dashed line). C. All 
material below the target area is removed until the bottom of the trench is visible at a stage tilt of 20° leaving a 
distance 12 µm to the sample surface (white rectangle). In (B) and (C), milling patterns are indicated as rectangles 
with blue shading. D. Scheme of the prepared lamella site in lamella milling orientation without and with the initial 
milling patterns in the left and right panel, respectively. E. Milling patterns for a broad notch. The numbers indicate 
the milling order of the rectangle patterns. F. Milling patterns for thinning the lamella after the preparation of the 
notch. The patterns in (B)-(D) and (F) are regular cross-sections with the milling direction towards the target area 
indicated by black arrow heads. The FIB milling patterns are provided in the section Supplementary information. 

5. Remove the top surface of the target area containing block which is mainly 
composed of metal organic Platinum at I = 3 nA using a regular cross-section (z 
= 5 µm, Figure 7D, Step I). 

6. Thin the lamella to 30x10 µm and 30x6 µm around the target area at 3 nA and 
1 nA, respectively (z = 2µm, Figure 7D, Step II and III). 

7. Mill a notch similar to the "Waffle” Method (Kelley et al. 2022) at current of 
0.5 nA using rectangle patterns (Figure 7E).  
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a. Record an SEM block face image of the top of the lamella or a top view 
image with the int-FLM to decide if you want to mill the notch on the left or 
the right side. It will occupy 6-8 µm of the 30 µm wide lamella. 

b. Mill the two rectangles closest to the target area in parallel (Figure 7E, 
patterns 1). 

c. Mill the lower vertical pattern (Figure 7E, pattern2) followed by the upper one 
(Figure 7E, pattern 3). 

d. Finish the notch by milling the rectangle furthest away from the target area 
(Figure 7E, pattern 4).  
Note: For us, a notch allowing for lamella movements of up to 1.5 µm is 
necessary to prevent lamella bending during fine milling. 

8. Successively thin the lamella at 0.5 nA to 3 µm (Figure 7F, Step IV), at 0.3 nA to 
1.5 µm (Figure 7F, Step V) and at 0.1 nA to 0.8 µm thickness (Figure 7F, Step VI) 
using cross sections with xz dimensions of 18-22x2 µm.  

9. Thin the lamella to a thickness of 250 nm at 50 pA using rectangle patterns 
milling the bottom and bottom parallelly (Figure 8A).  

10. Switch to an ion current of 30 pA. Tilt the stage to 19° and 20.5-21° and polish 
the lamella only from bottom (Figure 8B) and the top (Figure 8C), respectively. 
Note: Cross-section patterns deplete material faster and generate smoother 
surfaces But they typically provide a substantially slower readout than rectangle 
patterns. The fast readout is crucial when you thin the lamella to it’s final 
thickness. Sometimes the lamella deforms or starts tearing. When this 
happens, milling must be stopped or interrupted to re-adjust patterns. Thus, we 
prefer to use cross-sections for initial ‘course’ milling steps and use rectangle 
patterns only for the final thinning and polishing steps. 
Note: Recording low current FIB and SEM images regularly helps to understand 
if your lamella starts breaking. Recording a movie of FIB images (saving frames 
every 2-5s) during the last milling steps can be helpful for trouble shooting if 
something goes wrong. 

11. Optional: Sputter a thin layer of metallic Platinum on the sample to increase 
conductivity and suppress charging-related artifacts (movement, warping) 
during TEM tilt-series acquisition (e.g. U = 1 kV, I = 10 mA, p = 0.2 mbar, t = 2-4 s).  
Note: On our systems, this condition also deposits Platinum particles with 
diameters of 5-15 nm on the lamella surface. They can serve as fiducials for tilt-
series alignment, generating higher-quality tomograms than patch tracking 
based approaches, specifically in regions devoid of high-contrast cellular 
features. 

12. Unload the sample and store it until transfer into a transmission electron 
microscope. 
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Figure 8. Fine milling of “waffle” lamellae. A. Thinning of the lamella with two rectangle patterns with a vertical 
distance of 250 nm milled in parallel. The scheme illustrates the location of the lamella with respect to the FIB imaging 
direction. B. Polishing of the lamella from the bottom at a stage tilt of 19°. C. Polishing of the lamella from the top at 
a stage tilt of 20.5°. Milling patterns are indicated by blue rectangles, the milling directions by blue arrowheads. The 
FIB milling patterns are provided in the section Supplementary information. 

 

II. Serial Lift-Out with double sided attachment from below 

Note: The redeposition milling technique used here to attach different materials works 
best if the surfaces of the attachment sites are smooth. This is achieved by polishing 
the respective surfaces with cross-sections.  

A. Prepare for the lift-out session at room temperature. 

1. Load a 400x100 mesh grid into the FIB. 

a. Clip the grid into a TEM cartridge without cutout for FIB milling. The shiny top 
of the grid must face down during clipping so that it is the top when loaded 
into the FIB. 
Critical: If the grid was bent during clipping, discard it. A bent grid may render 
the attachment later in the workflow difficult or even impossible. 

b. Label the top of the cartridge on both sides along the 100 mesh bars with 
two blue marks and the opposing sides along the 400 mesh bars with a 
black and a red mark (Figure 9A).  
Critical: Use a magnifying glass or a stereo microscope to add the marks 
precisely along the directions of the grid bars. The marks will help you to 
align the grid when loading into the FIB. Proper grid alignment is crucial for 
the success of lift-out with double-sided attachment. 

c. Mount the clipped 400x100 mesh grid into the FIB shuttle. The 100 mesh 
bars indicated by the blue markers must be aligned horizontally, the red 
marker should face down. Load the shuttle into the FIB at room temperature 
(Figure 9B). 
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Figure 9. Labelling and mounting 400x100 mesh grids. A. Label the cartridge of a clipped 400 x 100mesh grid with 
two blue marks on either side along the 100 mesh bars as well as a black and a red mark on opposite sides along the 
400 mesh bars. B. Mount the grid into the FIB shuttle with the 100 mesh bars aligned horizontally and the red mark 
facing down. 

2. Polish the bottom edge of the needle EasyLift needle. 

a. Insert the needle to the parking position and move it into the coincidence 
point of FIB and SEM. 

b. Coarsely remove the remainders of previous lift-out experiments at 5-30 nA 
(Figure 10). 
Note: If a copper adapter with a height of at least 10 µm is attached to the 
needle, it can be reused as described below. 

 
Figure 10. Polish the bottom of the needle. The needle before and after polishing its bottom in the left and right 
panel, respectively. 

c. Polish the bottom of the needle at 1 nA with a cross-section across the full 
width of the needle, milling direction towards the needle. Set the z-
dimension of the cross-section to roughly the diameter of the needle at the 
tip. 

d. Retract the needle 

3. Prepare and attach a copper adapter for the needle following the scheme in 
Figure 11A. 

a. Move the stage into trench milling orientation (stage tilt = 7°, relative rotation 
= 180°). 
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b. Find the coincidence point of FIB and SEM on a 100 mesh bar between two 
400 mesh bars (inset in Figure 11B).  

 

Figure 11. Preparation of a copper adapter from a 400x100 mesh grid. A. Scheme of the milling patterns. All milling 
patterns are Cross-sections with the black arrowheads indicating the milling direction. B. FIB image after milling steps 
I-IV. The inset illustrates the location of 400 and 100 mesh bars with respect to the FIB and SEM imaging directions. 
C. SEM image of the needle bottom centered on the top edge of the copper adapter. The inset depicts how the bottom 
of the needle was position with respect to the copper adapters top edge. D. FIB image of the needle attached to the 
copper adapter by redeposition milling. The inset shows the dimensions of the cross-section patterns used for 
redeposition milling. The “Multi pass” parameter is set to 1. The milling direction is indicated by a black arrowhead. 
An array of 15-25 of these cross-sections is placed along the interface between the needles bottom edge and the 
copper adapter. E. FIB image of the detached copper adapter. The FIB milling patterns are provided in the section 
Supplementary information. 

c. Remove 4 µm on top and bottom of the grid bar using cross-sections with 
xyz-dimensions of 38x5x20 µm and milling direction towards the center of 
the grid bar at 30 nA. 

d. Detach the copper adapter on one side with a 5x35x70 µm cross-section, 
milling towards the adapter.  

e. Polish the top of the copper adapter at 1 nA (cross section, xyz size = 
25x1.5x20 µm, Figure 11B).  

f. Insert the polished needle.  

g. In the SEM, adjust the position of the needle only in x and y so that the 
center of its tip aligns to the top edge of the copper adapter (Figure 11C). The 
polished needle face needs to form a step with the copper adapter to allow 
for effective redeposition and attachment. 

h. In the FIB, bring the needle in contact with the upper surface of the copper 
adapter, moving only in z. 
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i. Define a horizontal array of 15-25 cross-sections with xyz-dimensions of 
0.5x2.5x4 µm every 250 nm and place it along the interface between needle 
and adapter on the adapter with the milling direction away from the needle.  
Critical: Set the “Multi pass” parameter for cross-sections used for 
redeposition milling to 1!. 
Critical: Adjust the spacing of the patterns dependent on the alignment 
quality of the ion beam. Space the patterns further apart, if single 
attachment patterns overlap too much forming a continuous attachment 
groove. 

j. Mill the pattern array at 1 nA to attach the needle to the copper adapter 
(Figure 11D). 
Note: Move the needle one 500 nm step upwards in Z. You should see no 
movement or movement of the entire grid. If only the needle moves, the 
attachment was not successful. 

k. Detach the copper adapter with a 5x35x70 µm cross-section at 5-30 nA 
resulting in a final adapter width of 15-20 µm (Figure 11E). Assure that 
detachment was successful by moving a 500 nm step in Z Now, only the 
adapter should move. 

l. Polish the lower edge of the copper adapter at 1 nA (cross section, xyz-
dimensions: 16-21x1.5x20 µm).  
Note: Polishing the bottom of the copper adapter can also be performed 
after the system has been cooled down right before the lift-out experiment 
starts. 

m. Retract the needle 

4. Optional: Prepare the copper adapter for reuse (Figure 12). 
Note: Copper adapters can be used for several lift-out experiments.  

a. Coarsely remove the old attachment site at 5-30 nA.  

b. Polish the lower edge of the adapter at 1 nA (cross section, xyz-dimensions: 
16-20x1.5x20 µm). 
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Figure 12. Reuse of the copper adapter. The copper adapter with remnants of a previous lift-out experiment before 
and after polishing for reuse in the left and right panel, respectively. 

 
5. Mill cavities for the attachment from below into the receiver grid (Figure 13). 

a. If necessary, precisely align the 400 mesh bars vertically by rotating the 
stage. 

b. With the stage in trench milling orientation, find the coincidence point of FIB 
and SEM in the center of the grid.  
Critical: Only regions within about 1 µm from the grid center are accessible 
with the stage movement of a Titan Krios. Hence, cavities and for attachment 
sites must be within that range. 

c. Mill rectangular 8x90 µm cavities into neighboring 400 mesh bars at 30 nA 
using cross-sections with xyz-dimensions of 9x90x25 µm. The milling 
direction is from the mesh into the bar. The lower edge of the patterns 
should be in the middle of the grid rectangles (Figure 13). 

d. Unload the grid and store it until it is used for a lift-out experiment. 

 

Figure 13. Preparation of cavities for attachment from below. A. Scheme illustrating the preparation of the cavities. 
The left scheme shows the location of cavities with respect to grid bars and the FIB imaging direction. The right 
scheme depicts the dimensions of the milling patterns as blue rectangles with the milling direction indicated by black 
arrowheads. B. Grid bars before and after milling the cavities in the left and right panel, respectively. 

B. Perform the lift-out 

1. Load the modified 400x100 mesh receiver grid and the sample for lift-out into 
the FIB. 

a. Mount the modified receiver grid into the FIB shuttle with the loading station 
at room temperature. Make sure the 100 mesh bars indicated by the blue 
marks are precisely aligned horizontally. Fix the grid in the shuttle by closing 
the shuttle clamp. 

b. Cool down the loading station. 

c. Open the shuttle clamp and load the sample for lift-out into the free slot of 
the shuttle. Then close the clamp again. 
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d. Load the shuttle into the cooled FIB. 
Note: Orienting the receiver grid is much easier at room temperature than in 
the cold state. 
Critical: The 100 mesh bars must be perfectly aligned horizontally. While for 
an alignment error below 10°, stage rotation may be used to compensate for 
remnant misalignment, the receiver grid needs to be unloaded and its 
rotation manually re-adjusted. 

2. Perform targeted trench milling and targeting of the target area as described in 
the “waffle” workflow in the previous section (I. The “waffle” workflow). The final 
width (x-dimension) of the target area, however, must be larger than for the 
previously described workflow (i.e. 60-65 µm). 
Critical: Extending the width of the target volume is vital for double-sided 
attachment. After detachment from the bulk sample, it must still be wide 
enough to span the mesh between the two attachment sites. For double sided 
attachment from below, this gap is about 55 µm wide. Another 5-10 µm are 
needed for the attachment. It is better to lift out a slightly too wide block as its 
width can always be reduced. Once the lift-out block becomes too narrow, the 
experiment fails. 

3. Lift-out option I: with the stage in trench milling orientation similar to (Schiøtz et 
al. 2023) resulting in sectioning transverse to the sample surface (Figure 14A). 

a. Insert the EasyLift needle after trench milling with the stage still in trench 
milling orientation. 

b. If not yet done, polish the lower edge of the copper adapter at 1 nA with a 
cross-section (z-dimension = 10 µm). 

c. In the SEM, position the bottom face of the copper adapter in the center of 
the block face.  

d. In the FIB, bring the copper adapter in contact with the top block face. 

e. Define a horizontal array of cross-sections with xyz-dimensions of 
0.5x2.5x4 µm every 250 nm and place it along the interface between copper 
adapter on target area containing block on the adapter with the milling 
direction away from the block (Figure 14B).  
Critical: Set “Multi pass” to 1 of the cross-sections used for redeposition 
milling. 
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Figure 14. Lift-out in different stage orientations. The schemes on the left illustrate the orientation of sections 
marked by black, dashed lines with respect to the imaging directions of FIB and SEM. A. Lift-out in trench milling 
orientation. The middle panel shows an SEM image with the needle attached to the lift-out block. The inset illustrates 
the positioning of the copper adapter with respect to the milled front of the block. The right panel shows a FIB image. 
B. FIB image of the copper adapter attached to the lift-out block. The inset illustrates the dimensions of the cross-
sections (“Multi pass” set to 1) used for the attachment. The milling direction is indicated by a black arrowhead. C. If 
the attachment fails, retract the needle and polish the top surface of the lift-out block. The milling pattern is indicated 
by a blue rectangle, the milling direction by a blue arrowhead. D. FIB image after the second attempt to attach the 
copper adapter. The inset shows the dimensions of the cross-sections (“Multi pass” set to 1) used for the second 
attachment. The milling direction is indicated by a black arrowhead. E. Lift-out in lamella milling orientation. SEM and 
FIB are shown in the middle and right panel, respectively. The copper adapter is positioned in the center of the top of 
the lift-out block. The FIB milling patterns are provided in the section Supplementary information. 

f. Mill the pattern array at 1 nA to attach the lift-out block to the copper 
adapter. 
Note: Move the needle 500 nm upwards. You should see no movement or a 
movement of the entire grid. If only the needle moves, the attachment was 
not successful. 

g. If the attachment was not successful, retract the needle 10-20 µm. 

h. Polish the top surface of the lift-out block and the bottom of the copper 
adapter at 1 nA with cross-sections (z = 5 µm, Figure 14C). 

i. Define a horizontal array of cross-sections with xyz-dimensions of 
0.8x3x5 µm every 700 nm and place it along the interface between copper 
adapter on target area containing block on the adapter with the milling 
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direction away from the lift-out block (Figure 14D).  
Critical: Set “Multi pass” to 1 of the cross-sections used for redeposition 
milling. 

j. Mill the pattern array at 1 nA to attach the block to the copper adapter. 
Note: Move the needle 500 nm upwards. You should see no movement or a 
movement of the entire grid. If only the needle moves, the attachment was 
not successful. 

k. Detach the lift-out block on both sides by milling cross-sections (xz-
dimension = 5x5 µm) at 5 nA with the milling direction towards the lift-out 
block. 
Critical: The distance between the two patterns determines the width of the 
lift-out block. For the double-sided attachment from below it must be 
around 55 µm. 
Note: Move the needle 500 nm upwards. You should see movement of the 
needle and the lift-out block. If only the needle moves, the attachment to 
the block did not hold. If nothing or the whole grid moves, the lift-out block is 
still attached to the bulk sample. 

l. Move the needle up in z and pay attention to not crash the lift-out block into 
the top edge of the trench. 
Note: The movement of the needle out of the sample is neither a pure y, nor 
a pure x movement. Small iterative movements in both directions need to be 
performed to move the lift-out block out of the sample bulk. As a 
consequence, the movements must be controlled regularly by FIB and SEM 
imaging. Start with upwards movements in z (500 nm to 1 µm steps). After 
the volume has noticeably separated from the bulk, it may be moved forward 
in y.  

m. Retract the needle to bring the lift-out block into a safe position and allow for 
stage movement. 

4. Lift out option II: in lamella milling orientation resulting in sectioning nearly 
parallel to the sample surface (Figure 14E). 

a. After trench milling, move the stage into the lamella milling orientation and 
find the coincidence point of FIB and SEM on the target area containing 
block.  
Note: Locate your target area in z, if not yet done so, by SEM block face 
imaging or FIB-view imaging as described in the previous section I. The 
“waffle” workflow. 
Critical: The bottom edge of the block must be discernible in FIB images in 
this orientation. If not, tilt the stage to a higher angle or extend the top (front) 
trench in trench milling orientation.  
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b. Apply a thick layer of metal organic platinum by moving the stage in lamella 
milling orientation to the GIS working distance and opening the GIS for 
3x30 s. 
Critical: this process will protect the front of the lift-out block that was 
exposed through trench milling. This layer will be continuously imaged 
during lift-out and subsequent sectioning. If it is too thin, the lamella front 
will be damaged resulting in problems during lamella preparation (see also 
Troubleshooting point 5). 

c. Remove the uppermost layer including the rough grid surface at 3 nA using a 
cross-sections (z-dimension = 5 µm).  

d. Coarsely remove all material above and below the target area at 3 nA (cross-
sections, z-dimension = 2 µm) as determined by the target areas axial 
localization.  

e. Polish the top edge of the block at 1 nA (cross-sections, z-dimension = 3 µm, 
milling direction towards the target area). 
Critical: This surface must be smooth. It will be attached to the copper 
adapter and redeposition milling is more successful, if the attached surfaces 
are smooth.  

f. Insert the EasyLift needle with the stage in lamella milling orientation. 

g. If not yet done, polish the lower edge of the copper adapter at 1 nA with a 
cross-section (z-dimension = 10 µm). 

h. In the SEM, position the bottom front of the copper adapter in the center of 
the lift-out block.  

i. In the FIB, bring the copper adapter in contact with the lift-out block. 

j. Define a horizontal array of cross-sections with xyz-dimensions of 
0.5x2.5x4 µm every 250 nm and place it along the interface between copper 
adapter on target area containing block on the adapter with the milling 
direction away from the block.  
Critical: Set “Multi pass” to 1 of the cross-sections used for redeposition 
milling. 

k. Mill the pattern array at 1 nA to attach the block to the copper adapter. 
Note: Move the needle 500 nm upwards. You should see no movement or a 
movement of the entire grid. If only the needle moves, the attachment was 
not successful. 

l. Optional: If the attachment was not successful, retract the needle in z by 
10 µm. polish the top of the lift-out block at 1 nA. Bring the copper adapter in 
contact with the lift-out block. Define a horizontal array of cross-sections 
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with xyz-dimensions of 0.8x3x5 µm every 700 nm. Place it along the 
interfaces between copper adapter and lift-out block on the copper adapter 
(Figure 14D). Mill at 1 nA.  

m. Detach the lift-out block on both sides by milling cross-sections at (xz-
dimension = 5x5 µm) at 5 nA with the milling direction towards the lift-out 
block. 
Critical: The distance between the two patterns determines the width of the 
lift-out block. For the double-sided attachment from below it must be 
around 55 µm. 
Note: Move the needle 500 nm upwards. You should see movement of the 
needle and the lift-out block. If only the needle moves, the attachment to 
the block did not hold. If nothing or the whole grid moves, the lift-out block is 
still attached to the bulk sample 

n. Retract the needle. 

C. Lift-in 

1. Move the stage in lamella milling orientation (stage tilt = 15°) to the modified 
400x100 mesh grid. 

2. Precisely align the 100 mesh bars horizontally using the stage tilt. If the initial 
alignment error is larger than 10°, unload the receiver grid and adjust its 
orientation manually. 

3. Find the coincidence point of FIB and SEM in the back of the cavities between 
two grid bars. 

4.  Prepare the plateaus for the attachment from below. 

a. FIB mill cross-sections with xyz-dimensions of 9x10x20 µm on both bars at 
the back of the cavity at 30 nA (milling direction top to bottom). The bottom 
edges of the cross-sections must be aligned to the same height. The top 
edge of the patterns must be at least 1 µm above the edge of the grid surface 
and cavity (Figure 15A). 

b. Smooth the top edge of the plateaus with two normal patterns milled in 
parallel on either side (I = 15 nA, xyz-dimensions = 9x1x20 µm, milling 
direction top to bottom, Figure 15B).  
Critical: The patterns must be milled in parallel. This assures that the 
plateaus have the same height on both sides even if the stage is drifting 
during plateau preparation (Figure 15C).  
Note: The width of the resulting attachment site on 400x100 mesh grids is 
between 50-55 µm. The target area containing block that is lifted out must 
overlap with the plateaus on both sides at least 3 µm for the attachment 
from below. 
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c. Repeat this for all cavities. 

 
Figure 15. Preparation of plateaus for the attachment from below. A. Coarse milling of the plateaus. The scheme 
illustrates the location of the cavity with the stage in lamella milling orientation with respect to the FIB imaging 
direction. B. FIB image after coarse milling of plateaus. To even out height differences with between plateaus, two 
rectangle patterns are milled in parallel. In (A) and (B), milling patterns are indicated by blue rectangles and the milling 
direction by blue arrow heads. The grey line emphasizes that the lower edges of milling patterns must be aligned. C. 
FIB image after completion of the plateau preparation. D. Alignment of the lift-out block for the attachment from 
below with respect to the plateaus. The scheme in the on the left depicts the location of the lift-out block with respect 
to the SEM imaging direction. The scheme in the middle and the SEM image in the right show how the lift-out block is 
aligned with respect to the plateaus. The FIB milling patterns are provided in the section Supplementary information. 

5. Insert the needle with the lift-out block attached to it. 

6. In the SEM, align the center of the lift-out block to the front edge of the plateaus 
(Figure 15D). 

7. Trim the lift-out block to fit on the plateaus. 

a. In the FIB, move the needle down until the lift-out block is 10 µm above the 
plateaus. 

b. If the lift-out block is wider than the plateaus, trim it on both sides (Figure 
16A) with cross-sections at 1 nA (z-dimension = 2 µm, milling direction 
towards the lift-out block) 
Critical: The lift-out block should overlap with the plateaus at least 3 µm on 
either side. This assures stable attachment.  
Ciritcal: The gap between lift-out block and grid bars next to the plateaus 
should be larger than 500 nm on either side which prevents problems during 
sectioning.  
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Figure 16. Attachment of Serial Lift-Out sections from below. A. The lift-out block before and after trimming to fit 
on the plateaus in the left and right panel, respectively. A milling pattern is indicated by a blue rectangle, its milling 
direction by blue arrowhead and lines used for lift-out block alignment as orange, dashed lines. The scheme on the 
left illustrates the location of the lift-out block with respect to the FIB imaging direction. B. The lift-out block placed 
on the two plateaus. Attachment sites are marked with blue rectangles. C. FIB image after the attachment from below. 
D. Scheme of the cross-section arrays (“Multi pass” set to 1) used for attachment for the first and second attempt in 
the left and right panel, respectively. The milling directions are indicated by black arrowheads. The FIB milling patterns 
are provided in the section Supplementary information. 

c. Smooth the lower edge of the lift-out block at 1 nA (z-dimension = 2 µm, 
milling direction towards the needle). 

8. Generate the serial sections. 

a. Place the lift-out block on the plateaus by moving down the needle while 
imaging in the FIB. 

b. Define two horizontal arrays of 6 cross-sections with xyz-dimensions of 
0.5x2.5x4 µm every 250 nm and place them along the interfaces between 
the two plateaus and the lift-out block on the plateaus with the milling 
direction away from the block (Figure 16B).  
Critical: Set “Multi pass” to 1 of the cross-sections used for redeposition 
milling. 

c. Mill the pattern array at 1 nA to attach the lift out-block from below (Figure 
16C,D). 
Note: Move the needle 500 nm upwards. You should see no movement or a 
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movement of the entire grid. If only the lift-out block moves, the attachment 
was not successful. 

d. Optional: If the attachment was not successful, define two horizontal arrays 
of 3 cross-sections with xyz-dimensions of 3x0.8x5 µm every 700 nm. Place 
them along the interfaces between the two plateaus and the lift-out block on 
the plateaus with the milling direction away from the block. Set the milling 
direction away from the block (Figure 16D). Mill at 1 nA. 

e. Define a horizontal line pattern (z-dimension = 10 µm) that is 2 µm wider 
than the lift-out block and place it 3 µm higher than the lower edge of the lift-
out block (Figure 17).  
Note: The positioning of the line pattern above the lower edge of the lift-out 
block defines the section thickness. Thicker sections reduce the contextual 
information obtained by resulting in less sections. Thinner sections are 
possible, but that complicates the subsequent section trimming step. 

 

Figure 17. Sectioning of the lift-out block. The left panel illustrates the location of the lift-out block with respect to 
the FIB imaging direction. The lift-out block before and after sectioning is shown in the middle and right panel, 
respectively. The line pattern used for sectioning is indicated as blue line, the section thickness by black dashed lines. 
The FIB milling patterns are provided in the section Supplementary information. 

f. Mill the line pattern at 1 nA. 
Note: Afterwards, move the needle 500 nm upwards. You should see 
movement of the needle and the remaining lift-out block. If nothing or the 
whole grid moves, the lift-out block is still attached to the section. 

g. Retract the needle and move to the next attachment site. 

9. Repeat step 8 until the whole lift-out block is sliced up. 

D. Trim the sections 

1. Record top view images with the int-FLM of all section with the stage in trench 
milling orientation.  

a. Use the reflected light channel to focus on the section 

b. Record a z-stack with reflected light and cellular autofluorescence channel 
as for targeted trench milling (bin = 4, 10 z-slices, z-step = 1 µm). 
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2. Identify sections that do not contain the target area based on the int-FLM top 
views. These sections can be skipped in the next steps (Figure 18A). 

3. For sections that contain the target area, identify the regions of the sections 
that don’t contain the material of interest based on the int-FLM top views. 

4. Apply a layer of metal organic platinum by opening the GIS 15 s in trench milling 
orientation at the GIS working distance in z. 

5. For every section, remove material above and below the target area with the 
stage in trench milling orientation. Use cross-sections (z-dimenstion = 1 µm) 
milled at 3 nA with the milling direction towards the target area. 

 

Figure 18. Trimming of Serial Lift-Out sections. The schemes on the left illustrate the orientation of sections with 
respect to the imaging directions of FIB and int-FLM. A. Top views recorded with the int-FLM of three successive Serial 
Lift-Out sections. Shown is the reflected light channel (gray) and cellular autofluorescence (green). The junction 
between cells is only contained in two of them as indicated by the white arrowheads. B. The section in the right panel 
in (A) before and after trimming in the left and right panel, respectively. Depicted is the overlay of a FIB image (gray) 
and cellular autofluorescence recorded with the int-FLM (green) both recorded in trench milling orientation. The FIB 
milling patterns are provided in the section Supplementary information. 

6. Polish the top front at 1 nA (cross-sections, z-dimension = 2 µm, Figure 18B). 
Critical: During trimming, at least 1-2 µm should be removed of the top edge. 
This surface was constantly exposed to the FIB during lift-out, lift-in and 
sectioning. Thus, it is damaged and uneven. 

7. Open the GIS in trench milling and lamella milling orientation for 15 s and 
3x20 s, respectively, both at the GIS working distance in z.  
Note: The trimming minimizes the size of the lamella which makes fine milling 
faster and generates smooth surfaces covered with a thick, homogeneous layer 
of metal-organic platinum which is key to obtaining homogeneously thin 
lamellae. 

8. Pause Point: Unload the grid after sectioning, section trimming and GIS coating. 
Store the receiver grid in a grid box and recover the lift-out sample. Store both at 
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liquid nitrogen temperature. 
Critical: Every additional unloading and reloading step bears the risk of losing 
sections or even destroy them all, if mistakes occur while handling grids 
manually with tweezers.  
Critical: If the grid is misoriented upon reloading, sections must be oriented 
horizontally by rotating the stage. This in turn will add an additional x-tilt to 
tomograms recorded on lamellae which is not desirable. If the alignment error is 
larger than 10°, unload the receiver grid, reorient and reload it. 

E. Do the fine milling for all sections containing the target area. 

1. Remove the top and bottom of the section over its whole width at 1 nA using 
cross-sections (top z-dimension = 5-6 µm, bottom z-dimension = 2 µm, vertical 
distance between patterns = 2 µm, Figure 19A).  
Note: The top layer of the section is composed of metal organic platinum and 
requires longer milling times. 

2. Optional: Record an SEM block-face image of the section surface. It can reveal 
the location of the target area (Figure 19B).  

3. Adjust the width and position of the milling patterns to be centered around the 
target area. 
Critical: Keep the width of the lamella for fine milling as small as possible. This 
speeds up the milling process and increases the success rate. 

4. Thin the lamella to 1.5 µm and 0.8 µm at ion currents 0.3 nA and 0.1 nA, 
respectively using cross sections (similar to Figure 7F, z-dimension = 2 µm, 
milling direction towards the center of the lamella). 

 

Figure 19. FIB milling of Serial Lift-Out sections. The schemes on the left illustrate the location of the section or 
lamella with respect to the FIB/SEM imaging direction. A. The first fine milling step at 1 nA. B. SEM block face image 
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after removing the thick layer of metal organic platinum on top of the section in (A). C. Fine milling of the section with 
two rectangle patterns with a vertical distance of 200 nm milled in parallel. D. Polishing of the lamella from the bottom 
at a stage tilt of 14°, E. Polishing of the lamella from the top at a stage tilt of 15.5°. F. FIB and SEM image of the final 
lamella in the left and right pane, respectively. Milling patterns are indicated by blue rectangles, the milling directions 
by blue arrowheads and the junction between cells by white arrowheads. The FIB milling patterns are provided in the 
section Supplementary information. 

5. Thin the lamella to a thickness of 200 nm at 50 pA using rectangle patterns 
milled in parallel (Figure 19C).  

6. Switch to an ion current of 30 pA. Tilt the stage to 14° and 15.5° and polish the 
lamella only from bottom (Figure 19D) and the top (Figure 19E), respectively. 
Note: Cross-section deplete material faster and generate smoother surfaces 
But, in contrast to rectangle patterns, they don’t provide an immediate readout 
or image. This immediate readout is crucial when you thin the lamella to its final 
thickness. Sometimes the lamella deforms or starts breaking and you must 
interrupt milling. Thus, we prefer cross-sections for all initial milling steps and 
use rectangle patterns only for the final thinning steps. 
Note: Taking regular FIB and SEM images help to understand if your lamella 
starts breaking. Recording a movie in the FIB channel (saving frames every 2-5s) 
during the last milling steps can be beneficial for trouble shooting if something 
goes wrong. 

7. Optional: Sputter a thin layer of metallic Platinum on your sample (U = 1 kV, I = 
10 mA, p = 0.2 mbar, t = 2-4 s).  
Note: On our systems, this introduces spherical Platinum particles with 
diameters of 5-15 nm on the lamella surface. They can be used as fiducials for 
tilt-series alignment. In our hands, that generates higher-quality tomograms 
than patch tracking based approaches. 

8. Unload the sample and store it until it is imaged in a transmission electron 
microscope. 

III. Serial Lift-Out with double sided attachment from the side 

Note: The Serial Lift-Out with double-sided attachment from the side was describe 
previously (Schiøtz et al. 2023). The attachment from the side has a higher throughput 
than the attachment from below because the time-consuming plateau preparation is 
omitted. It requires, however, more precision and user expertise. 

A. Prepare the lift-out session at room temperature. 

1. Clip, label and load a 400x100 mesh grid and attach a copper adapter to the 
EasyLift needle as described in the previous section II. Serial Lift-Out with 
double sided attachment from below. 

2. Mill marker lines for the alignment of the lift-out block (Figure 20). 

a. Move the stage into trench milling orientation. 
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b. Precisely align the 100 mesh bars horizontally by rotating the stage. 

c. Find the coincidence point of FIB and SEM in the center of the lower grid 
half, three or four 100 mesh bars from the grids lower edge. 

d. Define cross-sections with yz-dimensions of 2x12 µm across the center of 
400 mesh bars (milling direction top to bottom) over the whole width of the 
grid bar. 

e. Mill the marker lines at 15 nA. 
Note: Milling extended cross-sections takes longer than the line patterns 
used in the original publication (Schiøtz et al. 2023) but they are easier to see 
in SEM and FIB even if the image quality is bad which makes the experiment 
easier. 

f. Store the modified 400x100 mesh receiver grid until it is used for a lift-out 
experiment. 

 
Figure 20. Milling of marker lines in trench milling orientation. A. Schemes for the preparation of marker lines in 
trench milling orientation. The scheme on the left illustrates the location of grid bars with respect to the FIB imaging 
direction. The right scheme shows the milling patterns. Cross sections are indicated by blue rectangles, the milling 
directions by black arrowheads. B. A 400x100 mesh grid before and after milling the marker lines (blue arrowheads) 
in the left and right panel, respectively. The FIB milling patterns are provided in the section Supplementary 
information. 

B. Lift-out 

1. Do targeted trench milling and axial targeting of the target area as it was 
described in the previous section I. The “waffle” workflow. Only difference is 
that the final width (x-dimension) of the target area containing block after trench 
milling is 50-55 µm.  
Critical: Extending the width of the block (x-dimension with respect to FIB and 
SEM images) is vital for double-sided attachment. After detaching the lift-out 
block from the bulk sample, it must still be wide enough to bridge the gap 
between the two attachment sites. For double sided attachment from the side 
using 400x100 mesh grids, this gap is about 40 µm wide. It is better to lift out a 
too large block because you can always reduce its width. But once the lift-out 
block is too slim, the experiment fails. 
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C. Lift-in 

1. Move the stage in lamella milling orientation (stage tilt = 15°) to the modified 
400x100 mesh grid. 

2. Precisely align the 100 mesh bars horizontally using the stage tilt. If the initial 
alignment error is larger than 10° unload the receiver grid and adjust its 
orientation manually. 

3. Find the coincidence point of FIB and SEM in the center of a grid rectangle 
between two marker lines. 

4. Insert the needle with the lift-out block attached to it. 

5. In the SEM, align the front edge of the lift-out block to the marker line on both 
grid bars. 

6. Trim the lift-out block to fit into the gap between grid bars. 

a. In the FIB, move the needle down until the lift-out block is 10 µm above the 
marker lines. 

b. Trim the lift-out block horizontally to a width that is 200 nm wider than the 
gap between 400 mesh bars (Figure 21A)by milling two cross-sections on 
either side at 1 nA (z-dimension = 2 µm, milling direction towards the lift-out 
block). 
Critical: Be cautious not to remove too much. If the lift-out block is a few 
hundred nanometers slimmer than the gap between 400 mesh bars, the 
experiment will fail.  

 

Figure 21. Trimming and alignment of the lift-out block for the attachment from the side. The schemes on the left 
illustrate the location of the lift-out block with respect to marker lines and the FIB/SEM imaging directions. A. 
Trimming of the lift-out block to be 200 nm wider than the gap between grid bars. Milling patterns are indicated by 
blue rectangles, milling directions by blue arrowheads B. If the lift-out block does not yet fit in between the bars, mill 
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line patterns (blue lines) along the outer edge of grid bars starting from the marker line and ending above the lift-out 
block. C. FIB image of the lift-out-blocks lower edge aligned to the marker lines. D. SEM image of the lift-out blocks 
lower edge aligned to the marker lines. 

c. Center the lift-out block in the gap between the marker lines 

d. While imaging in the FIB, carefully move down the needle and check if the 
block fits between the grid bars until its lower edge aligns with the marker 
lines. 

e. If not, move the needle 10 µm up and generate two vertical line patterns on 
either side of the lift-out block starting from the marker line aligned to the 
outer edge of the grid bar, along the whole height of the lift-out block (Figure 
21B). 

f. Mill the line patterns (z-dimension = 3 µm) at 1 nA. 

g. Repeat d-f until the lift-out block fits in between the grid bars and its lower 
edge aligns with the marker lines (Figure 21C). 

7. In the SEM, check if the front edge is still aligned with the marker lines. If not, 
adjust the needle position (Figure 21D). 

8. Generate the serial sections. 

a. Define two vertical arrays of 6 cross-sections with xyz-dimensions of 
2.5x0.5x4 µm every 250 nm. Place them along the interfaces between grid 
bars and lift-out block on either side on the grid bars. The lowest pattern on 
both sides aligns with the marker line. Set the milling direction away from 
the block. (Figure 22A)  
Critical: Set “Multi pass” to 1 of the cross-sections used for redeposition 
milling. 

 

Figure 22. Attachment of Serial Lift-Out sections from both sides. A. Array of 6 cross-sections on either side used 
for the attachment. The scheme on the left illustrates the location of the lift-out block with respect to marker lines 
and the FIB imaging direction. B. If the attachment fails, a second array of fewer, wider and deeper patterns can be 
milled. C Scheme of the cross-section arrays (“Multi pass” set to 1) used for attachment for the first and second 
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attempt in the left and right panel, respectively. The black arrowheads indicate the milling direction. The FIB milling 
patterns are provided in the section Supplementary information. 

b. Mill the pattern arrays at 1 nA to attach the lift out-block on both sides. 
Note: Move the needle 500 nm upwards. You should see no movement or a 
movement of the entire grid. If only the lift-out block moves, the attachment 
was not successful. 

c. Optional: If the attachment was not successful, define two vertical arrays of 
3 cross-sections with xyz-dimensions of 3x0.8x5 µm every 700 nm. Place 
them along the interfaces between grid bars and lift-out block on either side 
on the grid bars. The lowest pattern on both sides aligns with the marker line. 
Set the milling direction away from the block (Figure 22B). Mill at 1 nA.  

d. Define a horizontal line pattern (z-dimension = 10 µm) that is 2 µm wider 
than the lift-out block and place it 4 µm higher than the lower edge of the lift-
out block (line pattern I in Figure 23).  
Note: The positioning of the line pattern above the lower edge of the lift-out 
block defines the section thickness. Thicker sections reduce the contextual 
information by resulting in less sections. Thinner sections are possible, but 
that complicates the subsequent sectioning and trimming step. 

e. Define a pair of 4 µm wide horizontal line patterns (z-dimension = 20 µm). 
Place them on the first line pattern centered on the interfaces between lift-
out block and grid bars on both sides (line patterns II in Figure 23). 
Critical. During the attachment, copper is sputtered on the sides of the lift-
out block. This pair of line patterns is necessary to detach the section from 
the lift-out block on its sides. 

f. Define a pair of vertical line patterns (z-dimension = 20 µm). Place them on 
the edge between lift-out block and grid bars on both sides starting at the 
horizontal line patterns and ending 2 µm above the topmost patterns used 
for the attachment (line patterns III in Figure 23). 
Critical: It is possible that the lift-out block becomes attached to the grid 
bars above the section. This second pair of line patterns is necessary to 
detach the lift-out block from the grid bars. 

 

Figure 23. Sectioning of the lift-out block attached from the sides. The lift-out block before and after sectioning in 
the middle and right panel respectively. The Line patterns used for sectioning are indicated as blue lines in the middle 
panel. The scheme on the left illustrates the location of the lift-out block with respect to the FIB imaging direction. 
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The white dashed lines in the right panel depict the section thickness The FIB milling patterns are provided in the 
section Supplementary information. 

g. Mill all line patterns sequentially at 1 nA. 
Note: Afterwards, move the needle 500 nm upwards. You should see 
movement of the needle and the remaining lift-out block. If nothing or the 
whole grid moves, the lift-out block is still attached to the section or the grid 
bars. 

h. Retract the needle and move to the next attachment site. 

9. Repeat step 8 until the whole lift-out block is sliced up. 

D. Do the section trimming and fine milling as described in the previous section II. 
Serial Lift-Out with double sided attachment from below and store the grid at liquid 
nitrogen temperatures. 

IV. Serial Lift-Out with single-sided attachment 

1. Prepare the lift-out session at room temperature. 

a. Load a half-moon grid into the FIB. 
Note: If you don’t have half-moon grids, you can prepare grids with pins for 
single-sided attachment from a normal EM grid without support film as 
described in (Schiøtz et al. 2023). 

i. Clip the grid into a cartridge with cutout for FIB milling. The half-moon 
grid must be clipped into the cartridge on the opposite site of the cutout.  

ii. If necessary, align the half-moon grid with respect to the cutout by 
holding the cartridge on both sides on a flat surface. Press with sharp 
tweezers against the edge of the clipped halfmoon grid and rotate it with 
respect to the cutout. 
Critical: Do not touch the half-moon grid on its central front as this may 
bend the pins. If you deform the half-moon grid in the process of clipping 
or aligning, discard it and clip a new one. A bend half-moon grid as 
receiver grid makes the experiment difficult or impossible. 

iii. Label the cartridge with two blue marks in the 3 and 9 o’clock position as 
well as a red mark 6 o’clock, all with respect to the cutout 12 o’clock 
(Figure 24A).  
Note: The marks will help you to orient the grid when loading it into 
microscopes. 

iv. Mount the clipped half-moon grid into the FIB shuttle. The cutout must 
face up and the front edge of the half-moon grid must be aligned 
horizontally (Figure 24B). Load the shuttle into the FIB at room 
temperature. 
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Figure 24. Labelling of the clipped half-moon grid and alignment in the FIB shuttle. A. Markers on the cartridge 
of a clipped half-moon grid. B. The half-moon grid mounted in the FIB shuttle. 

b. Polish the bottom of the EasyLift needle. 

i. Inserted the needle. 

ii. Coarsely remove potential remnants of previous experiments at 5-30 nA. 

iii. polished the bottom of the needle at 1 nA with a cross-section over the 
whole width of the needle bottom, milling direction towards the needle. 
Set the z-dimension of the cross-section to the diameter of the needle at 
the tip. 

iv. Retract the needle. 

c. Prepare and attach a copper adapter for the needle from the half-moon grid 
(Figure 25A). 

i. Move the stage into trench milling orientation (stage tilt = 7°, relative 
rotation = 180°). 

ii. Find the coincidence point of FIB and SEM on the edge of the half-moon 
grid next to the pins. (Figure 25B) 

iii. FIB-mill a cavity into the front edge of the grid using a cross-section with 
xyz-dimensions of 35x45x150 µm at 30 nA (Figure 25A step I). 

iv. Mill a 20 µm high cavity in y on the left side using a 5x20x150 µm cross 
section (Figure 25A step II), followed by a 35x5x200 µm trench in the back 
(Figure 25A step III), both at 30 nA creating the rough shape of a 
30x15 µm copper adapter which is attached to the grid on only one side 
(Figure 25C). 
Note: the milling direction is always towards the copper adapter. 
Critical: Take a FIB image and check if the copper adapter is detached on 
all three sides. If not, continue FIB milling until it is detached.  
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Figure 25. Preparation of a copper adapter from a half-moon grid. A. Scheme of the first set of patterns used to 
mill the rough shape of the copper adapter with the stage in trench milling orientation. B,C. Milling steps in trench 
milling orientation. B. Edge of the half-moon grid between two pins. The inset illustrates the shuttle in trench milling 
orientation with respect to the FIB imaging direction. C. FIB image after milling the rough shape of the copper adapter. 
D-I. Milling steps in lamella milling orientation. D. Scheme of the second set of patterns used to prepare the needle 
attachment site with the stage in lamella milling orientation. E. FIB image after milling the needle attachment site. 
The inset illustrates the shuttle in lamella milling orientation with respect to the FIB/SEM imaging directions. F. SEM 
image of the needle aligned above the copper adapter. The inset shows how the center of the needle bottom is 
positioned above the top edge of the copper adapter. G. Scheme of the third set of patterns required to attach the 
needle and detach the copper adapter from the grid milled in lamella milling orientation. H. Attachment of the needle 
to the copper adapter. The inset illustrates the dimensions of the used cross-section patterns (“Multi pass” set to 1). 
I. FIB image after detaching the copper adapter from the half-moon grid. In (A), (D), (G) and (H) black arrowheads 
indicate the milling directions of the cross-sections. The FIB milling patterns are provided in the section 
Supplementary information. 

v. Rotate the stage into the lamella milling orientation and find the 
coincidence point of FIB and SEM on the precursor of the copper 
adapter.  

vi. Remove 10 µm from the top and the bottom of the copper adapter using 
cross-sections with 35x10x30 µm in xyz at 30 nA (Figure 25D step IV and 
V).  

vii. Extend the top trench towards the right using a cross-section with 
15x15x30 µm 30 nA (Figure 25D step VI, Figure 25E). 
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Critical: The extension to the right is critical to allow the needle to get in 
contact with the top edge of the copper adapter. Otherwise, the needle 
may touch the surface of the grid before it comes in contact with the 
adapter. 

viii. Polish the top front of the copper adapter 1 nA (cross-section, xyz-
dimension = 20x1.5x30 µm, Figure 25D step VII).  

ix. With the stage in lamella milling orientation, insert the polished needle.  

x. In the SEM, adjust the position of the needle that the center of its tip 
aligns to the top edge of the copper adapter. This increases the surface 
for the redeposition (Figure 25F). 

xi. While continuously imaging with the FIB move the needle down in z until 
it is in contact with the upper surface of the copper adapter. 

i. Define a horizontal array of cross-sections with xyz-dimensions of 
0.5x2.5x4 µm every 250 nm and place it along the interface between 
needle and adapter on the adapter with the milling direction away from 
the needle (Figure 25H).  
Critical: Set “Multi pass” to 1 of the cross-sections used for redeposition 
milling. 

xii. Mill the pattern array at 1 nA to attach the needle to the copper adapter 
(Figure 25G step VIII). 
Note: Move the needle 500 nm upwards. You should see no movement or 
a movement of the entire grid. If only the needle moves, the attachment 
was not successful. 

xiii. Detach the copper adapter on the remaining side. Use a cross-section 
with xz-dimension 5x30 µm over the whole height of the adapter milled at 
5 nA (milling direction towards the adapter) resulting in a final adapter 
width of 15-20 µm (Figure 25G step IX ,Figure 25I). 
Note: Single-sided attached lamellae are not as stable as double-sided 
attached lamellae. They tend to bend (Figure 29B). This tendency is 
reduced if the width from the attachment site is minimized and therefore 
if the width of the lift-out block is reduced. The width of the copper 
adapter must be smaller than the width of the lift-out block. The width of 
the copper adapter can be adjusted in this step by the position of the 
cross-section that detaches the adapter from the bulk grid. 

xiv. If not yet done, polish the lower edge of the copper adapter at 1 nA (cross 
section, yz-dimensions: 1.5x30 µm over the whole width of the adapter, 
milling direction towards the adapter).  
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Note: this can be done when the system is cooled down right before the 
lift-out experiment starts. 

xv. Retract the needle. 

d. Mill marker lines into the front edges of pins for the alignment of the lift-out 
block. 

i. In the FIB, center the tip of a pin in trench milling orientation. 

ii. Align the pin vertically by adjusting stage rotation. 

iii. Define cross-section with xyz-dimensions of 10x2x12 µm (milling 
direction top to bottom) and place them on the edge of the pin at the 
transition to its round tip on both sides (Figure 26). 

iv. Mill the marker lines at 15 nA. 

v. Repeat this for all pins. 

vi. Store the modified half-moon receiver grid until it is used for a lift-out 
experiment. 

 
Figure 26. Marker lines for half-moon grids. The scheme on the left illustrates the stage in trench milling orientation 
with respect to the FIB imaging direction. The scheme in the middle and the FIB image on the right show the tip of a 
pin. The cross-sections used to mill marker lines are depicted as blue rectangles and. The milling direction is 
indicated by arrowheads. The FIB milling patterns are provided in the section Supplementary information. 

2. Lift-out 

a. Load the modified half-moon receiver grid and the sample for lift-out into 
the FIB 

i. Mount the modified receiver grid into the FIB shuttle with the loading 
station at room temperature. Make sure the cutout for FIB milling is 
oriented on top and the front edge of the half-moon grid is oriented 
horizontally. Fix the grid in the shuttle by tightening the screw. 
Note: Orienting the receiver grid is much easier at room temperature. 

ii. Cool down the loading station  
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iii. Loosen the screw of the shuttle and load the lift-out sample into the 
shuttle.  

iv. Load both grids into the cooled FIB after fixing them in the shuttle. 

v. While imaging in the FIB, precisely align edge of the receiver grid 
horizontally using the stage tilt. Critical: If the alignment error is higher 
than 10°, unload and manually adjust the receiver grid orientation before 
reloading. 

b. Do targeted trench milling and axial targeting as described in section II. The 
“waffle” workflow. Only difference is that the final width (x-dimension) of the 
target area containing block is 25-30 µm after trench milling.  
Critical: Single-sided attached lamellae are not as stable as double-sided 
attached lamellae. They tend to bend (Figure 29B). This tendency is reduced 
if their width from the attachment site is minimized and therefore if the width 
of the lift-out block is reduced.  

B. Lift-in. 

1. Move to the half-moon grid with the stage in lamella milling orientation (stage 
tilt = 15°). 

2. Find the coincidence point of FIB and SEM on a marker line at the edge of a pin. 

3. Insert the needle with the lift-out block attached to it. 

4. In the SEM, align the front edge of the lift-out block to the marker line with a 
2 µm gap to the pin. 

5. While imaging in the FIB, move down the needle until its lower edge is aligned 
with the marker line (Figure 27A). 

6. In the SEM, check if the front edge is still aligned with the marker line. If not, 
adjust the needle position. 

7. In the SEM, move the needle towards the pin until the lift-out block touches the 
pin. 

8. Generate the serial sections 

a. Define a vertical array of 6 cross-sections with xyz-dimensions of 
2.5x0.5x4 µm every 250 nm. Place them along the interfaces between pin 
and lift-out block on the pin. The lowest pattern aligns with the marker line. 
Set the milling direction away from the block (Figure 27B).  

b. Mill the pattern array at 1 nA to attach the lift-out block on the side. 
Note: Move the needle 500 nm upwards. You should see no movement or  
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movement of the entire grid. If only the lift-out block moves, the attachment 
was not successful. 

c. Optional: If the attachment was not successful, define a vertical array of 3 
cross-sections with xyz-dimensions of 3x0.8x5 µm every 700 nm. Place it 
along the interfaces between pin and lift-out block. The lowest pattern aligns 
with the marker line (Figure 27D). Mill at 1 nA.  

d. Define a horizontal line pattern (z-dimension = 10 µm) that is 2 µm wider 
than the lift-out block and place it 4 µm higher than the lower edge of the lift-
out block (Line pattern I in Figure 27C).  
Note: The positioning of the line pattern above the lower edge of the lift-out 
block defines the section thickness. Thicker sections reduce the contextual 
information by resulting in less sections. Thinner sections are possible, but 
that complicates the subsequent section trimming step. 

e. Define a second horizontal line pattern (z-dimension = 20 µm) that is 4 µm 
wide. Place it on the first line pattern centered on the interface between lift-
out block and pin (Line pattern II in Figure 27C). 
Critical. During the attachment, copper is sputtered on the side of the lift-out 
block. This second line pattern is necessary to detach the section from the 
lift-out block. 

f. Define a vertical line pattern (z-dimension = 20 µm). Place it on the edge 
between lift-out block and pin starting at the horizontal line patterns and 
ending 2 µm above the topmost pattern used for the attachment (Line 
pattern III in Figure 27C). 
Critical: It is possible that the lift-out block becomes attached to the pin 
above the section. This third line pattern is necessary to detach the lift-out 
block from the pin. 
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Figure 27. Alignment, attachment and sectioning of the lift-out block for single-sided attachment. A. An SEM 
and FIB image of the lift-out block aligned to the marker line is shown in the left and right panel, respectively. The 
orange dashed line indicates the alignment to the marker line. The scheme on the left illustrates the location of the 
lift-out block with respect to pin, marker lines and the FIB/SEM imaging directions. B. FIB image after the attachment 
from the side. C. Line patterns for the sectioning of the lift-out block indicated by blue lines. D. Scheme of the cross-
section arrays (“Multi pass” set to 1) used for attachment for the first and second attempt in the left and right panel, 
respectively. The black arrowheads indicate the milling direction. The FIB milling patterns are provided in the section 
Supplementary information. 

g. Mill all line patterns sequentially at 1 nA. 
Note: Afterwards, move the needle 500 nm upwards. You should see 
movement of the needle and the remaining lift-out block. If nothing or the 
whole grid moves, the lift-out block is still attached to the section or the pin. 

h. Retract the needle and move to the next attachment site. 

9. Repeat step 8 until the whole lift-out block is sliced up. 

C. Trim the sections 

1. Record top view images of every section with the int-FLM with the stage in 
trench milling orientation.  

a. Use the reflected light channel to focus on the section. 

b. Record a z-stack with reflected light and cellular autofluorescence channel 
as used for targeted trench milling (bin = 4, 10 z-slices, z-step = 1 µm, see 
section I. The “waffle” workflow). 
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2. Identify sections that do not contain the target area based on the int-FLM top 
views. These sections can be skipped in the subsequent steps (Figure 28A). 

 
Figure 28. Trimming of single sided attached Serial Lift-Out sections. The schemes on the left illustrate the 
location of the section with respect to the int-FLM and FIB imaging direction. A. Top views recorded with the int-FLM 
of four successive Serial Lift-Out sections showing the reflected light channel (gray) and cellular autofluorescence 
(green). The junction between cells is only contained in three of them indicated by white arrowheads. B. FIB images 
of a section recorded in trench milling orientation before and after trimming in the left and right panel, respectively. 
Afterwards the top front is polished at 1 nA. The milling pattern is indicated by a blue rectangle and the milling 
direction by a blue arrowhead. The FIB milling patterns are provided in the section Supplementary information. 

3. For sections that contain the target area, identify the regions of the sections that 
do not contain the material of interest based on the int-FLM top views. 

4. Apply a layer of metal organic platinum by opening the GIS 15 s in trench milling 
orientation at the GIS working distance in z. 

5. For every section, remove material above and below the target area as well as 
on the side opposite of the attachment site with the stage in trench milling 
orientation. Use cross-sections (z-dimenstion = 1 µm) milled at 3 nA with the 
milling direction towards the target area (Figure 28B). 

6. Polish the top front at 1 nA (cross-sections, z-dimension = 2 µm). 
Critical: During trimming, at least 1-2 µm should be removed of the top edge. 
This surface was constantly exposed by the FIB during lift-out, lift-in and 
sectioning. Thus, it is damaged and uneven. 

7. Open the GIS in trench milling and lamella milling orientation for 15 s and 
3x20 s, respectively, both at GIS working distance.  
Note: The trimming minimizes the size of the lamella which makes fine milling 
faster and generates smooth surfaces covered with a thick, homogeneous layer 
of metal-organic platinum which is key to obtaining homogeneously thin 
lamellae. 

D. Thin the sections by FIB milling. 
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1. Remove the top and bottom of the section over its whole width at 1 nA using 
cross-sections (top z-dimension = 5-6 µm, bottom z-dimension = 2 µm, vertical 
distance between patterns = 2 µm similar to Figure 19A). 
Note: The sections top layer is composed of metal organic platinum and 
requires longer milling times. 

2. Thin the lamella to 1.5 µm at 0.3 nA using cross-sections (z-dimension = 2 µm, 
milling direction towards the center of the lamella). 

3. Define two rectangle patterns with a vertical distance of 200 nm but leave a 
1.5x1.5 µm block opposite of the attachment site (Figure 29A). 
Critical: This block prevents the lamella from folding during fine milling. 

4. Mill the rectangle patterns in parallel at 50 pA. 

5. Switch to an ion current of 30 pA. Tilt the stage to 14° and 15.5-16° and polish 
your lamella only from below and the top, respectively. 

6. Optional: Sputter a thin layer of metallic Platinum on your sample (U = 1 kV, I = 
10 mA, p = 0.2 mbar, t = 2-4 s).  

7. Unload the sample and store it at liquid nitrogen temperatures until it is imaged 
in a transmission electron microscope. 

 

Figure 29. Fine milling of single-sided attached sections. A. Single sided attached lamella before and after fine 
milling in the middle and right panel, respectively. The milling patterns are indicated in blue rectangles in the middle 
panel, the milling directions by blue arrowheads. A 1.5x1.5 µm block opposite of the attachment site is left to prevent 
folding of the lamella. The left panel illustrates the location of the lamella with respect the FIB imaging direction. B. 
Single sided attached lamellae which bend after fine milling. The FIB milling patterns are provided in the section 
Supplementary information. 

V. Workflow for in-carrier high-pressure frozen samples 

A. In-carrier high-pressure freezing 

1. Clean 3 mm Type A and Type B HPF carriers the day before the high-pressure 
freezing. 

a. Incubated carriers overnight in a 15 mL Falcon tube with cleaning solution. 

b. Wash carriers 3x with ddH2O and 3x with acetone. 

c. Dry carriers on filter paper. 

2. Coat type B carriers with cetyl palmitate. 
Note: Work under fume hood. 
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a. Dip the type B carriers (one 300 µm cavity and one flat side), one at a time, 
with tweezers into cetyl palmitate solution. 

b. Removing excess of liquid by shaking it off and pushing the side of carriers 
against filter paper. 

c. Dry carriers on filter paper with the flat side facing up. 

3. Label the rim of type A carriers on the side with the 100 µm deep well with a red 
and a black mark in the 6 and 12 o’clock positions, respectively. 
Note: Use Magnifying glasses or binocular microscopes to discern the side with 
the 100 µm from the 200 µm well. 
Note: The label helps to identify the sample containing side of the carrier and 
can be used to orient the carrier when loading it into the FIB. 

4. Prepare the high-pressure freezer and test the system. 

a. Cool down the high-pressure freezer and the sample container. Insert the 
sample container and wait for the system status to change to ready. 

b. Freeze two “test shots” only with two half cylinders and a middle plate 
without HPF carriers. 

5. Place a type A carrier with the marked side facing up on a filter paper. 

6. Add 2 µL freezing buffer into the 100 µm well and distribute it with the pipet tip. 

7. Pick up a small patch of a Physcomitrium patens protonemata from a plate and 
place it in the droplet in the center of the carrier. 
Critical: Try not to squeeze the tissue with tweezers. This will damage the cells. 
Lift the tissues with the tip of a single leg of the tweezers. 

8. Remove air bubbles by poking them with sharp tweezers.  
Critical: Air bubbles in the sample will first be compressed upon high-pressure 
freezing but expand again when the freezing chamber is depressurized. This can 
induce cracks in your sample which makes subsequent steps difficult or even 
impossible. 

9. Remove excess of buffer until its meniscus almost vanishes. For large volumes, 
use 2x0.5 cm filter paper pieces. For small volumes, stick closed tweezers into 
the buffer, open them and take them out of the buffer. 
Critical: The buffer meniscus must almost but not entirely vanish. If it vanishes, 
you will create a large air inclusion when you place the flat side of the type B 
carrier which will cause freezing problems. 

10. Place a cetyl palmitate coated 3 mm type B carrier with the flat side down on 
top and squeeze the sandwich together. 
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11. Remove excess buffer with a 2x0.5 mm piece of filter paper at the gap between 
carriers.  

12. Place the carrier sandwich in the plastic pieces of the high-pressure freezer.  

13. Squeeze the sandwich for 10 s with the back side of tweezers.  

14. Freeze the sample. 

13. Recover the sample containing type A carriers by separating them from the type 
B carriers. 

14. Break point: Store samples in grid boxes cooled by liquid Nitrogen until use. 

E. Sample screening and targeted trench milling 
Note: The 3 mm HPF carriers have a slightly smaller diameter than grids clipped 
into cartridges. The commercial Leica SP8 shuttles are designed for cartridges. 
Thus, 3 mm HPF carriers cannot be screened in the FLM as described for the 
“waffle” workflow in the previous sections. Record tile images with the int-FLM 
instead. This is sufficient to find target areas. The tissue is overall better preserved 
because damage due to compression by grid bars or multiple cell layers per grid 
square are omitted by in-carrier high-pressure freezing. 

1. Load an in-carrier frozen sample and a clipped receiver grid (see previous 
sections) into a cooled cryo-FIB with int-FLM. 
Critical: Check at room temperature if your FIB shuttle holds both, the 3 mm 
carrier and the receiver grid. On some shuttles, the receiver grid falls out 
because the 3 mm carrier is thicker than the cartridge. If the receiver grid falls 
out, first only load the carrier and do the lift-out. Then unload the 3 mm carrier 
and load the receiver grid. 

2. Remove ice contamination with the FIB (See Figure 3). 

3. Optional: Sputter coat the sample (p = 0.1 mbar, U = 1 kV, I = 10-30 mA, t = 15-
30 s).  
Note: The resulting Pt layer prevents charging especially for thicker samples 
which improves the quality of FIB and SEM images.  

4. Apply a layer of metal-organic platinum by opening the GIS for 45 s in trench 
milling orientation at the GIS working distance in z. 

5. With the stage in trench milling orientation, find the coincidence point of SEM 
and FIB in the center of the carrier. 

6. Mill a marker (cross-section, I = 3 nA, z = 0.5 µm, Figure 30A). 
Note: An asymmetric marker can be beneficial, if FIB and int-FLM images are 
rotated with respect to one another. Here we used an 8x8 µm square with 
6x16 µma rectangle aligned with their ipper edges at a distance of 8 µm.  
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Figure 30. Screening of in-carrier frozen samples using the int-FLM. A. In-carrier frozen sample with asymmetric 
marker pattern milled in the center of the sample. The scheme on the left illustrates location of the sample with 
respect to the FIB and int-FLM imaging direction. B. Top views recorded with the int-FLM. The reflected light and 
cellular autofluorescence channels are depicted in the left and right panel, respectively. C. Tile image of Int-FLM top 
views recording cellular autofluorescence. Marker holes are indicated by yellow arrowheads, a junction between cells 
by a white arrowhead. 

7. Use the int-FLM to screen the sample by recording tile images of top views. 

a. Focus the int-FLM on the sample surface and locate the marker pattern 
(Figure 30B). 
Note: This is easiest using a reflected light channel (Excitation: 470 nm ± 
10 nm; no emission filter). 

b. Record tile images covering 500-1000 µm² as z-stacks with 5-10 z-steps and 
a step size of 5-10 µm using the reflected light and cellular autofluorescence 
(Excitation: 470 nm ± 10 nm; emission filter: 515 nm ± 15 nm, Figure 30C). 
Critical: Keep the laser power as low as possible while still being able to 
identify your target area. A too high laser power can devitrify your sample. 
Note: Dependent on the int-FLM system, the imaged area and the z-stack 
size, this can take hours. 

c. Identify a potential target area, move the stage there and record a z-stack 
(Figure 30B, bin = 4, 20-25 z-slices, z-step = 1 µm). 
Note: Ideally, target areas should be located close to the sample surface 
which can be estimated in int-FLM z-stacks. Lift-out on targets which are 
located tens of micrometers below the sample surface is challenging. The 
closer target area is located to the surface of the sample, the easier it is 
accessible for the lift-out. 

8. Targeted trench milling was performed as described in the “waffle” workflow 
with two important differences: 

a. Set the z-dimension of the milling patterns to 1-1.5 µm.  
Critical: If you mill too long which is determined by the patterns z-dimension, 
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you will reach the metal surface at the bottom. This will sputter metal from 
the carrier onto the front of the target area containing block which makes the 
generation of a smooth front very difficult. 

b. Adjust the xy-dimension of the trench milling patterns dependent on the 
attachment strategy for the lift-in as described in the previous sections. 
Note: For the double-sided attachment, the width of the lift-out block (x-
dimension with respect to FIB and SEM images) must be wide enough to 
bridge the gap between attachment sites. 
Note: For the single sided attachment, it is beneficial if the width of the lift-
out block is kept at a minimum, while the depth is increased (y-dimension 
with respect to FIB images recorded with the stage in trench milling 
orientation). This increases the area for the attachment and may prevent 
lamella bending. 

F. Lift-out 
Critical: To detach the lift-out block on in-carrier frozen samples, it is not enough to 
detach it on all for sides in trench milling orientation as it is the case for “waffle” 
samples. It requires a FIB milled “undercut” in lamella milling orientation to detach 
the lift-out block on the bottom from bulk sample. 

1. Determine the axial location of the target area using SEM block-face imaging 
(Figure 31B) or FIB-view imaging with the integrated FLM (Figure 31C).  
Critical: The axial localization is crucial. In-carrier HPF samples are 
substantially thicker than “waffle” samples. This step helps you to make sure 
you lift out your whole target area and not much less or more. 

 
Figure 31. Lateral targeting and undercut for lift-out on in-carrier frozen samples. The schemes on the left 
illustrate the location of the sample with respect to the SEM, int-FLM and FIB imaging directions. A. SEM image of an 
in-carrier frozen sample after trench milling. B. SEM block-face image of the surface exposed through trench milling. 
The lateral location of a cell is indicated by a dashed white line. C. Overlay of FIB (gray) and FIB-view image recorded 
with the int-FLM (cellular autofluorescence in green) before and after milling the undercut. The undercut milling 
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pattern is indicated by a blue rectangle, the milling direction by a blue arrowhead and the junction between cells by 
white arrowheads.  

2. Apply a layer of metal organic platinum 

a. Rotate the stage into lamella milling orientation and move the stage to the 
GIS working distance. 

b. Lift-out option I: from the side similar to (Schiøtz et al. 2023): open the GIS 
for 20 s. 

c. Lift out option II: from the top: open the GIS for 3x30 s. 
Critical: If you perform the lift-out in lamella milling orientation, the front of 
the target area containing block will be constantly exposed by imaging with 
the FIB. Thus, it needs a thicker protective layer. 

3. Create a cross-section for the “undercut” over the whole width of the target area 
containing block with yz-dimensions of 3x4 µm, milling direction bottom to top. 
Critical: the required z-dimension of the pattern depends on the thickness of the 
lift-out block in the direction of the optical axis of the FIB. It may need 
adjustment if the block is thicker than 30 µm. 

4. Place the undercut pattern below the target area based on its z-location and 
mill it at 3 nA. 

5. Proceed with the lift-out as described in the section Serial Lift-Out with double 
sided attachment from below. 

G. Lift-in, section trimming and fine milling was performed as described in the 
previous sections deponent on the chosen attachment strategy. 

 

Data Analysis 
Data acquisition, examples of reconstructed tomograms and a data analysis workflow 
based on subtomogram averaging are described in (Pöge et al. 2025). 

Validation of Protocol 
Over the past 3 years, we high-pressure froze 45 P. patens samples (Figure 32A). From 
21 of these samples (47%), we obtained lamellae with vitreous tissue. The HPF results 
are not consistent and sample dependent. We tested the protocol on Nicotiana 
benthamiana trichomes and not a single sample was vitreous. At the same time other 
users high-pressure froze Caenorhabditis elegans L1 larvae with a success rate close 
to 100%. 

In total, we prepared 216 lamellae. Of 74 on-grid milled “waffle” lamellae 80% survived 
the transfer into the TEM and could be imaged. A fraction of the non-imaged “waffle” 
lamellae, however, made the transfer but not all material below them was removed by 
FIB milling. These “shadow lamellae” prevent cryo-ET data acquisition. For single-
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sided, double-sided attached lamellae from the side and double sided-attached 
lamellae from below we prepared 31, 49 and 99 lamellae of which 58%, 76% and 90%, 
respectively, could be imaged (Figure 32B). As described in (Pöge et al. 2025) from a 
small dataset recorded on these lamellae, we recovered subnanometer structural 
details by subtomogram averaging. Furthermore, we applied modified workflows to 
other plant tissues and species. 

 

 

Figure 32: Success rates for high-pressure freezing and lamella preparation. A. Success rate for high-pressure 
freezing for P. patens tissue. B. Number of lamellae that were prepared vs the number of imaged lamellae. For on-grid 
milled “waffle” lamellae, the fraction “Shadow lamella” indicates lamellae where not all material was removed below 
the lamella which prevents the acquisition of cryo-ET data. 
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Chapter 7 

7.1 Concluding discussion 
Despite their physiological importance and more than a century of investigation, we still 
lack a coherent model of plasmodesmata organization and function. The molecular 
inventory remains incomplete and likely contains false positives, most candidate 
proteins are uncharacterized, and the mechanisms controlling permeability remain 
elusive. This chapter briefly puts the results described in this thesis into context, 
assesses their limitations, and outlines future steps to be taken.  

To address the incomplete molecular inventory, we performed proteomic analyses of 
plasmodesmata-enriched cell wall fractions in Physcomitrium patens, identifying 
orthologs of known plasmodesmal proteins alongside numerous novel candidates. 
Because such datasets are inherently noisy, we treated proteomes not as definitive 
parts lists but rather as a baseline to explore new hypotheses. Selected candidates were 
characterized further by combining in vivo localization of fluorescent protein fusions, 
cell-to-cell translocation assays, phylogenetic and sequence level analysis, and protein 
structure prediction. This effort by necessity is incomplete, and many candidates 
remain to be evaluated in the future.  

Among the candidates prioritized for further analysis were several components of the 
nuclear pore complex (NPC). Nuclear pore proteins (nucleoporins, NUPs) were 
identified in plasmodesmata-enriched cell wall fractions, and several fluorescently 
tagged NUPs showed a punctate localization pattern overlapping with aniline blue 
staining for callose at the cell periphery. Considering the functional analogy between 
nuclear pores and plasmodesmata, both being gated nanoscale pores that display 
selective trafficking of molecules, these observations motivated the plasmodesmal 
pore complex (PDPC) hypothesis: a subset of NUPs might assemble into an NPC-like 
scaffold at plasmodesmata, orchestrating intercellular exchange of solutes. Unlike 
NPCs, which are embedded in the ER-derived nuclear envelope and form a central pore, 
plasmodesmata contain a central ER-derived desmotubule and a peripheral cytosolic 
sleeve. Given that some membrane-anchoring NPC proteins show dual localization to 
both nuclear pores and plasmodesmata, we reasoned that a potential NUP assembly, if 
present at plasmodesmata, would need to be inverted; scaffolded on the desmotubule 
with disordered FG-NUP regions extending radially into the surrounding sleeve. This idea 
was further supported by the observation that cell-to-cell translocation of fluorescent 
tracers is impaired in some NUP mutants. However, our cryo-ET data on P. patens 
plasmodesmata did not reveal the presence of large assemblies resembling inverted 
NPCs. While this argues against the presence of a distinct NPC-like scaffold at 
plasmodesmata, it does not exclude roles for NUPs in alternative configurations, at low 
copy number, and/or as smaller subcomplexes whose size, heterogeneity, or 
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arrangement may place them below the current detection threshold of cryo-ET within 
the crowded plasmodesmal environment. 

A related cautionary tale stems from investigations of a putative ciliary pore complex 
(CPC) by others (Ewerling and May-Simera 2024). Several NUPs were observed to 
localize to the ciliary base and some NUP mutants have been associated with ciliary 
defects (del Viso et al. 2016; Takao et al. 2017; Blasius et al. 2019), sparking similar ideas 
about NPC-like gates at cilia. Yet, cryo-ET studies of the ciliary base and transition zone 
could not resolve any NPC-like structures thus far, reinforcing that NUP detection at 
cellular pores does not necessarily imply the presence of an NPC-like scaffold (van den 
Hoek et al. 2022; Zhang et al. 2024). These shared observations between cilia and 
plasmodesmata indicate that some NUPs may carry intrinsic properties that favor their 
accumulation at cellular nanopores. It must also be considered that overexpression and 
fluorescent tagging can drive mislocalization, overaccumulation and aggregation of 
proteins of interest. Candidate proteins are commonly assessed for plasmodesmata 
localization by fluorescent tagging, evaluation of punctate patterns at the cell periphery, 
and quantification of the overlap with aniline blue-stained callose spots assumed to 
mark plasmodesmata. The resolution limit of non-super resolution light microscopy 
techniques lies within the 200 – 500 nm range (Huang et al. 2010). Cryo-ET and classical 
electron microscopy show that ER, plasma membrane, and callose-rich cell wall regions 
used to determine co-localization, all lie within a radius of ~50 – 200 nm around 
plasmodesmal apertures. Considering that the large central vacuole characteristic of 
plant cells pushes cytoplasmic components towards the cell periphery, plus the likely 
elevated expression levels in transgenic marker lines, ER-associated or cytosolic 
aggregates may easily appear as peripheral ‘plasmodesmata puncta’. Nevertheless, the 
reproducible enrichment of several NUPs in proteomics fractions and their co-
localization with the plasmodesmal callose marker aniline blue seem unlikely to be 
random artifacts. A more conservative interpretation of the data is that at least some 
NUPs could be transiently retained in the vicinity of plasmodesmata without being 
stable components of a dedicated pore complex, as is being discussed for other 
plasmodesmata-associated proteins (Barr and Tilsner 2025). 

The complexity of the NUP case illustrates why integrating data from different 
approaches is ultimately required to decode plasmodesmal composition and 
organization. Proximity labeling strategies (e.g. TurboID), cross-linking mass 
spectrometry, and super-resolution imaging (e.g. expansion microscopy) can refine the 
component list and report on spatial relationships, but large supramolecular 
assemblies remain best assessed by visualizing them directly where applicable. We 
therefore developed and tested cryo-ET workflows for a range of plant samples, focusing 
on P. patens in which plasmodesmata are abundant and can reliably be targeted. As far 
as we could determine, P. patens forms exclusively unbranched plasmodesmata while 
expressing homologs of all major plasmodesmal proteins described in flowering plants, 
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rendering it a compelling model system with reduced architectural complexity but 
representative molecular composition. 

Even in this simplified context no two plasmodesmata look alike and, in a strict sense,  
there is no single ‘structure’ of the pore to be resolved. Instead, we measured and 
quantified a set of characteristic parameters including pore length, aperture width and 
cytosolic sleeve width to outline rough architectures found in different tissues and 
physiological states. Especially interesting was the finding that excessive deposition of 
cell wall material around the apertures, induced by treatment with the stress hormone 
abscisic acid, can fully seal plasmodesmata. Previously, only narrowing of apertures 
had been described where callose deposition was induced. If full closure is a moss-
specific phenotype or generalizes to flowering plant plasmodesmata remains to be 
tested. Notably, P. patens and other mosses are known to enter a symplasmically 
isolated cyst-like state, referred to as brood cells, when exposed to cold or abscisic acid 
for extended periods (Arif et al. 2019; Kleist et al. 2022). While this stress-induced cyst 
formation is not documented in flowering plants, other arrested states with reduced 
cell-cell connectivity like bud dormancy, seed dormancy and floral arrest depend on 
abscisic acid signaling and may involve a similar plasmodesmal sealing mechanism 
(Tylewicz et al. 2018; Wang et al. 2020; 2023; Pan et al. 2023; Sánchez-Gerschon et al. 
2024; Murata et al. 2025). In moss, abscisic acid-induced symplasmic isolation is 
reversible within 24h after hormone removal (Kitagawa et al. 2019), raising intriguing 
questions about how connectivity is reestablished. If new plasmodesmata are formed 
or existing ones are being reopened, and how plasmodesmal membranes are 
reconnected to their cellular counterparts remains to be investigated. 

Besides the likely callose-dependent architectural changes involved in gating, another 
prominent structural feature observed in all imaged P. patens plasmodesmata was the 
desmotubule-associated protein coat. By extracting and averaging tomographic 
subvolumes containing several copies of these assemblies across multiple 
plasmodesmata we could resolve their in situ structure to ~30 Å. While this is modest 
compared to single-particle cryo-EM or cryo-ET analysis of highly abundant complexes, 
such as ribosomes or rubisco (see Chapter 4), the comparatively low throughput of cryo-
ET, and the low copy number of these assemblies per tomogram at this point limit the 
obtainable resolution. We eventually identified Multiple C2 domain and 
Transmembrane Proteins (MCTPs) as the constituents of the resolved assemblies and 
could map their organization within the plasmodesmal pore. It should be noted that, at 
the achieved resolution, a given protein cannot be identified unambiguously from a 
density map. Instead, pinpointing MCTPs as the assembly building blocks was strongly 
enabled by the advent of transformer-based protein structure prediction, initiated by the 
release of AlphaFold2 (Jumper et al. 2021). These models enabled us to systematically 
assess the structure of plasmodesmata candidates identified in proteomes and 
compare them with the resolved assembly. In our case, identification was fortunately 
aided by the fact that, even among the relatively large set of proteome-derived 
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candidates, only a single protein family, the MCTPs, produced structure predictions 
compatible with the distinct geometry of the assembly; something that might not apply 
to less rigid, non-scaffold, or more globular proteins, for which multiple candidates 
likely yield comparable fits at nanometer resolution. Generally, de novo identification of 
previously uncharacterized proteins in cryo-ET remains a major challenge. While MCTPs 
are among the most abundant proteins within plasmodesmata, smaller and less 
abundant components that are not forming large, repetitive assemblies, may remain out 
of reach for subtomogram averaging as of now. Akin to the use of fluorescent protein 
fusions for spatial identification in light microscopy, genetically encoded cryo-ET-visible 
tags for targets that are too small to be detected by shape or contextual information 
alone have been developed. However, such tags are typically larger than the proteins 
that require labeling, ranging from ~5 nm (Young et al. 2025) to 30 – 40 nm (Silvester et 
al. 2021; Fung et al. 2023). Given that the resolved cytosolic sleeves have a diameter of 
only ~5 – 10 nm, these tags are expected to interfere with entry into plasmodesmal pores 
which would perturb native localization and function. Therefore, further progress will 
require label-free strategies for protein identification directly from tomograms. Here, the 
combination of cryo-ET and structure prediction, often guided by proteomics, is proving 
increasingly powerful, as demonstrated in this work and by others (McCafferty et al. 
2024). To extend this approach to a broader range of targets and to advance the promise 
of cryo-ET-based visual proteomics, new strategies for systematic candidate screening 
and quantitative evaluation of agreement between predicted models and density maps 
will be required. 

For the reasons outlined above, the resolution attainable for small and low-abundance 
proteins by in situ cryo-ET will likely remain in the nanometer range for the foreseeable 
future. Where more detail is required, individual components need to be examined in 
isolation. In the case of the MCTP assemblies described here, we resolved the overall 
geometry of the complexes and the relative arrangement of domains between subunits, 
but without amino acid-level information we cannot assign specific homologs to the 
assemblies, nor determine their molecular interactions precisely. Plant MCTPs as well 
as other reticulon-like proteins have been expressed in yeast, where they may rescue 
defects in ER tubulation and ER-plasma membrane tethering mutants (Brault et al. 
2019; Xiang et al. 2023; Li et al. 2024). This indicates that functional, desmotubule-like 
architectures could be generated at higher density through recombinant MCTP 
expression, potentially allowing to achieve resolutions beyond what can currently be 
obtained in planta.  

A general limitation of current cryo-ET is the restricted range of accessible samples. Not 
all biological specimens can be vitrified with the existing technology, and some may 
remain inaccessible to cryo-ET indefinitely. In addition to the specimens described here, 
we also experimented with Arabidopsis thaliana and Nicotiana benthamiana leaves, 
which are important and widely used model tissues in plant biology, but faced 
substantial challenges. The air-filled spaces in between cells of the spongy mesophyll 
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are problematic for vitrification by high pressure freezing. As pressure is applied, the air 
compresses, effectively reducing the applied pressure while also cryo-fixing the tissue 
under mechanical tension, increasing the likelihood of sectioned lamellae breaking 
during FIB-milling or sample handling with tweezers. In addition, the waxy cuticle layer 
covering epidermis cells frequently resulted in ice cracking at the buffer-cuticle 
interface, also reducing lamella stability. Overall, these issues may be mitigated by 
sample-specific optimization of the preparation procedure prior to freezing for some 
specimens. Other cell types and tissues, particularly those deeply embedded within the 
plants body, require dissection at room temperature to fit within the narrow sample 
wells of high-pressure freezing carriers (2 mm wide, 50 - 300 µm deep). Such dissection 
may damage a tissue to the point where it becomes questionable if, even with 
successful vitrification, a sample can still be considered “native”. Therefore, future work 
should aim to extend the presented workflows to other relevant tissues while assessing 
biological preservation carefully. 

Taken together, cryo-electron tomography represents a powerful approach for 
advancing plant cell biology, yet further developments are required to improve 
throughput, expand the accessible sample range, and enhance downstream analysis, 
including molecular identification of components from tomograms. In the context of 
plasmodesmata, cryo-ET has advanced our understanding of their native architecture 
and molecular organization, but future progress will depend on the continued 
integration of structural, biochemical, and cell biological data across scales to probe 
and expand the current model. 
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“We may again have reached an impasse where advances in plasmodesmal structural 
research are concerned. Despite many comprehensive microscopical studies that have 
elucidated the general structures of plasmodesmata, the finer details may not be 
obtainable until future breakthroughs in imaging are made” – Alison G. Roberts, 2005 

“Development of new methodologies is largely driven by the biological questions being 
asked.” – Jürgen M. Plitzko, Ringberg Retreat, 2021 (paraphrased) 
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