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ABSTRACT

Raman microscopy is an invaluable tool for in situ identification 

of molecular components in biological cells. However, the 

applicability of this method to photosynthetic organisms is 

reduced. The strong chlorophyll fluorescence may obscure relevant 

Raman signals. This fluorescence background can be eliminated by 

photobleaching, which is sometimes inefficient or too slow to be 

practical. To establish a reliable photobleaching protocol for 

algal cells, we studied their photobleaching kinetics by Raman 

microscopy, exploring how this process depends on the choice of 

the chemical pre-treatment of the cells. Particular attention 

was paid to identifying the roles of photosynthetic activity and 

reactive oxygen species in the photobleaching process. We also 

investigated whether photobleaching is pragmatic in cells that 

are chemically fixed by procedures, which are already routinely 

used in microscopic analysis. The main result of this study is 

the finding that fixation by formalin allows effective 

photobleaching of the algal cells. With this, one can collect 

samples during rapid biological processes, such as during 

accumulation or mobilization of storage reserves, or a cell 

cycle, fix the sampled cells by formalin and analyze the fixed 

cells later by Raman microscopy. 
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INTRODUCTION

Raman spectroscopy are increasingly used for chemical 

identification and quantification in a broad variety of 

biological samples in recent decades (1, 2). Interestingly, algal 

cells remained on the periphery of this interest. In spite of an 

early milestone of the Raman microscopic technique was used to 

identify in situ lipid droplets in the algae Botryococcus braunii 

(3) and a carotenoid peridinin in the light-harvesting complex 

of Pyrocystis lunula (4). Further expansion of Raman techniques 

in the research of algae and plants was limited because the 

relatively weak Raman signals were often overshadowed by strong 

fluorescence emissions from photosynthetic pigments (5). Only 

the strong Raman scattering of carotenoids (6-8), lipids (3, 9-

12), or higher plant cell walls (13, 14) has been explored and 

exploited. Recently, the weaker Raman signals of other components 

in algae, such as starch and polyphosphate were unveiled only 

after photobleaching (15-19). 

Photobleaching allowed for a substantial reduction of the 

fluorescence background from photosynthetic pigments and led to 

a higher signal-to-noise ratio in the Raman spectra (20-25). 

Photobleaching had earlier been applied to enable Raman analysis 

also of other samples, such as from plants (26), pollens (25), 

pigmented bacteria (27), waterborne pathogens (28), human tissues 
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(21-24, 26, 29-31), melanosomes (32), paints (20, 33), dyes (34, 

35), as well as other materials (36-44). These earlier studies 

of photobleaching focused on the feasibility and the kinetics of 

autofluorescence suppression.

Here, we studied photobleaching specifically in microalgal cells, 

which contain high amounts of photosynthetic pigments that emit 

strong fluorescence with a quantum yield of several percent. The 

objective of this study was to develop rapid and robust 

photobleaching protocols suitable for specific requirements of 

Raman microscopy. Towards this goal, we first studied the 

wavelength dependence of photobleaching as well as the impact of 

various chemical interventions that limit photosynthetic 

reactions or influence the development of reactive oxygen 

species.

Based on this, we looked in detail at the well-established 

fixation agents, glutaraldehyde and formalin. The agents are 

known to preserve photosynthetic activity and they should not 

disrupt the photobleaching mechanisms that are needed for Raman 

analysis. While the application of glutaraldehyde had a 

detrimental effect on the Raman analysis, the fixation by 

formalin was found not to interfere with photobleaching and later 

Raman measurements. This capability is a key to separate 

sampling, storage, and Raman analysis of algal cell. Thus, it 

Page 4 of 34Photochemistry and Photobiology



For Peer Review

allows investigation of dynamic cellular processes, such as those 

of carbon, phosphorus, nitrogen storage pool metabolism (16, 18, 

19, 45-47) with a high time resolution.

MATERIALS AND METHODS

Strain, cultivation and chemicals: Chlorella vulgaris IPPAS 

C1 from K.A. Timiryazev Institute of Plant Physiology, Russian 

Academy of Sciences (IPPAS) (Moscow, Russia) and Desmodesmus 

quadricauda (Turpin) Brébisson strain Greifswald/15 from the 

Culture Collection of Autotrophic Microorganisms in the Institute 

of Botany (Třeboň, Czech Republic) were used. The cultures were 

cultivated and synchronized under alternating light and dark 

(14:10 h) conditions in lab-made 70 mL column photobioreactors 

sparged by air, illuminated by 200 µmol(photons)·m-2·s-1 from 

warm-white light-emitting diodes at 25 °C. The algae grew in a 

rich cultivation medium (48). All chemicals used for media were 

purchased from Sigma-Aldrich (St. Louis, MO, USA). Chemical 

interventions with concentrations and application procedures are 

described in the Supplementary Material.

Raman microscopy, photobleaching, and data analysis: Raman 

scattering was measured with a WITec Alpha 300 RSA Raman 

microscope (WITec, Ulm, Germany) using an oil-immersion objective 

UPlanFLN 100×, NA 1.30 (Olympus, Tokyo, Japan) or with a LabRam 
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Evolution inverted Raman microscope (Horiba Scientific, 

Longjumeau, France) as described earlier (16-18). The time of 

integration of a single-pixel signal was always 0.1 s with a 

sampling frequency of 10 pixels per second. The software WITec 

Project Plus 5.1 (WITec, Ulm, Germany) and LabSpec 6 (Horiba 

Scientific, Longjumeau, France) were utilized to obtain and 

process the Raman spectra. Further details on the Raman 

microscopy methods were described earlier in (16-18).

RESULTS AND DISCUSSION

Detecting strong Raman signals in algal cells

To establish a reference for studying weak Raman signals, the 

first objective was to characterize the interfering fluorescence 

emission and compare it with a strong Raman signal of 

carotenoids, which can be detected even without photobleaching. 

In such a case, which illustrates the most common approach used 

for Raman imaging until recently, the algal cell is excited 

point-by-point using a high or moderate excitation power, without 

any preliminary photobleaching. The signal obtained with a 532 

nm excitation laser on the cell of Desmodesmus quadricauda is 

dominated by the chlorophyll fluorescence (Chl-F) emission with 

a dominant peak at 684 nm, which corresponds in Fig. 1 (top 

panel) to ca. 4177 cm-1 of the Raman spectral shift relative to 
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the 532 nm excitation wavelength. At the strong fluorescence 

background, only the most intense Raman peaks of carotenoids at 

1154 and 1518 cm-1 can be noticed (top panel of Fig. 1). However, 

carotenoids are often the only biomolecules that can be 

identified in unbleached cells using this direct approach. Such 

a direct Raman scanning results in the simultaneous in-focus 

photobleaching of the Chl-F as well as partial (or even full) 

photodegradation of carotenoids. If the cell does not burn during 

the first measurement and if such a point-by-point, in-focus pre-

photobleached cell is scanned again, Raman features of other 

biomolecules are emerging at a substantially reduced background. 

The carotenoids were already largely photo-bleached after the 

first Raman scanning as can be seen in the bright field image in 

the middle panel of Fig. 1. The Chl-F peak at 684 nm in the 

second Raman scanning was already suppressed and replaced by a 

broad undifferentiated fluorescence background centered at ca. 

1800 cm-1, on top of which the Raman signal of carotenoids was 

well visible and could be effectively extracted by background 

subtraction. During a third scanning immediately following the 

second one, the fluorescence background was further reduced, so 

that even weaker Raman features of crystalline guanine became 

detectable (Fig. 1, bottom). 

<Figure 1>
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The cells in Fig. 1 were cultured under suboptimal 

nutritional conditions, which led, according to our experience 

with microalgae in various physiological states, to sluggish 

photobleaching regardless of stress mechanism and light-exposure 

history. This choice was made deliberately to illustrate the 

problems often encountered with stressed cultures that might be 

of great interest in biotechnology, aiming often at valuable 

compounds that are stress-induced or stress-enhanced (47, 49). 

The above examples show that, in principle, one can detect strong 

Raman signals such as those of carotenoids in spite of the 

fluorescence background already in the first scan. The weaker 

Raman signals, such as those of crystalline guanine, can be 

revealed after direct, in-focus photobleaching that may occur in 

multiple Raman laser scans. However, such a procedure is time-

consuming, not reliable, and often ends in cell burning. 

An additional argument against the point-by-point, in-focus 

photobleaching by direct Raman scanning is that the result 

depends on the scanning direction. The voxels close to the origin 

of the scanning are hit largely only by the focused laser beam 

while the voxels that are scanned later receive a large photon 

dose due to scattering prior to when the laser is aimed at them. 

This effect can cause asymmetry artifacts in the Raman maps 

showing the spatial distribution of photosensitive compounds, as 

Page 8 of 34Photochemistry and Photobiology



For Peer Review

well as in the remaining fluorescence background and signal-to-

noise ratio.

In addition to the point-by-point, in-focus photobleaching in 

the course of repeated Raman scanning, one can consider another 

possibility how to reduce interference of the strong 

autofluorescence. We could choose a laser wavelength that is not 

absorbed by photosynthetic pigments, and thus may be expected to 

excite little or no fluorescence emission. Excitation by 785 nm 

and 830 nm might be a good compromise as being far from the 

chlorophyll (around 430 nm and 662 nm) and carotenoid (400-500 

nm) absorption bands. However, excitation by these commonly used 

laser wavelengths may suffer from being too far in the near-

infrared range. The Raman signals of biomolecules are in general 

weak because of their fourth-power dependence on the excitation 

frequency, and because detection by silicon CCD detectors is 

ineffective (50). Moreover, Figure SM1 (see Supplementary 

Materials) demonstrates new challenges that occur with 785 nm 

excitation of photosynthetic microalgae. Namely, a non-specific 

background increases rather than decreases with prolonged laser 

exposure and the Raman signal of carotenoids progressively 

decreases, despite the fact that neither carotenoids nor 

chlorophyll absorbs at this wavelength. We do not have a 

mechanistic explanation for the observed phenomena. But we 

suspect the involvement of carotenoid triplet states (51) 
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resulting in photobleaching of carotenoid molecules when exposed 

by the intense near-infrared laser light needed for the 

excitation of Raman scattering.

Shifting the excitation further to 830 nm eliminates pigment 

photobleaching, as documented by the bright-field images of the 

exposed cell in Figure 2. Neither the comparison of the bright-

field images taken before and after the laser scanning nor the 

time-evolution of the steep background show signs of significant 

photobleaching. The strong carotenoid signal was still visible 

in the background and it was not gradually photobleached as in 

the case at 785 nm as shown in Figure SM1 (see Supplementary 

Materials). This excitation may be advantageous for the non-

destructive studies of the spatial distribution of carotenoids 

in living microalgae. However, the Raman signal of carotenoids 

was the only one that could be unambiguously identified in the 

830 nm excited Raman spectra of microalgae. The long-wavelength 

excitation was thus confirmed to be effective for the detection 

of Raman signals of carotenoids that are strong enough for 

detection on the background of persistent fluorescence emission 

(Figure 2). This is, however, not a viable strategy for 

biomolecular compounds with weaker Raman signals.

<Figure 2>

Photobleaching for unveiling weak Raman signals
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As demonstrated above, neither point-by-point, in-focus 

photobleaching, nor Raman excitation by wavelengths outside the 

absorption of the major photosynthetic pigments, leads to 

satisfactory results in terms of reliable detection of 

biomolecules other than carotenoids in algae. Nevertheless, for 

detecting weaker Raman signals in photosynthetic organisms, the 

correct photobleaching protocol remains a relevant choice but 

needs to be optimized. As already shown previously, the wide-

field, low-power photobleaching allows practical Raman detection 

of starch, polyphosphate, lipids, and crystalline guanine (17). 

The practical implementation of the wide-field, low-power 

photobleaching is described in Figure 3. First, the studied cell 

is placed in the focal plane of a microscopic objective. Then, 

the objective is displaced ca. 30 - 50 μm above the selected 

focal plane, and the specimen is exposed to the excitation laser 

beam for a selected period of time. This way, the entire cell is 

illuminated by a cone of the defocused beam instead of the beam 

focused on a selected point. In the course of illumination, the 

whole-cell fluorescence and the Raman signals detectable even in 

this out-of-focus position can be registered as time-series Raman 

spectra and used for monitoring the effectiveness of the 

photobleaching process. Finally, the objective is returned to 
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the initial focal plane, and scanning of the Raman spectra of 

the photobleached cell across the focal plane is executed.

<Figure 3>

This approach was successfully applied in several of our recent 

studies (16-19, 45). We proposed that photobleaching relying on 

oxidative destruction of the photosynthetic pigments as well as 

their transient photoproducts by the reactive oxygen species 

(ROS) produced by the photosynthetic apparatus itself often 

results in satisfactory suppression of the fluorescence 

background. Regardless of the detailed mechanism underlying the 

production of ROS by the self-degrading photosynthetic apparatus, 

the wide-field, low-power photobleaching has been found superior 

to the point-by-point, in-focus one. However, it should be openly 

noted that photobleaching of certain algal species or the cells 

in particular physiological states or in passing specific cell 

cycle phases was extremely difficult despite applying this 

approach. Those were typically algal cells with an impaired or 

reduced photosynthetic capacity such as those used in Figure 1.

Photobleaching of chemically-treated algal cells

To optimize the photobleaching protocol depicted in Figure 3, 

one needs first to quantify the photobleaching kinetics. In the 

earlier studies of non-photosynthetic systems, single, double, 

or stretched exponential functions were proposed to fit the 
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photobleaching kinetics in (32, 52-55), (21-23, 26, 29, 30, 35, 

43), and (40), respectively. The kinetics of the photobleaching 

in photosynthetic organisms may differ from other organisms 

because ROS and singlet oxygen are the inherent by-products of 

the charge separation reactions, as described in (51). The 

photoinhibition, the loss of photosynthetic capacity under 

illumination (56), occurs even at moderate photon flux densities 

and is compensated for by a multitude of protection and repair 

mechanisms (57). Only when the light intensity is too strong and 

degradation of photosynthetic capacities too fast, does 

photoinhibition manifest, leading, in extreme cases, to 

photobleaching. The unregulated and uncompensated 

overproduction of the singlet oxygen and ROS, so undesirable for 

the proper functioning of the photosynthetic apparatus, is 

probably responsible for the photobleaching of microalgae 

enabling their Raman mapping. The photon flux density of the 532 

nm laser beam, 10 mW power, in-point focused at the selected cell 

pixel, as used in the Raman mapping experiment shown in Figure 

1, is ca. eight orders of magnitude higher than from the maximum 

sunshine possible in Nature. Therefore, it is not surprising that 

photo-destruction of the cell photosystem and the subsequent 

photobleaching of the illuminated pixel occurs even in a fraction 

of a second during the laser scanning. However, such high 

intensity often leads to local overheating and burning. 
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On the contrary, the photon flux densities in the wide-field, 

low-power, out-of-focus photobleaching configuration (Figure 3, 

Step 2) is around 4 - 5 orders of magnitude lower, achieving the 

levels of 106 - 107 µmol(photons)·m-2·s-1 and covering the areas 

of 103 – 104 µm2, i.e., the entire cell or several cells at once. 

Those reduced photon flux densities are sufficient to achieve 

photobleaching within several seconds without any apparent heat 

damage to the large cellular structures. This process would be 

visible by bright-field imaging before and after the treatment 

(Figure 3). 

The decay of the Chl-F during the photobleaching process can be 

monitored directly as a decrease of the 684 nm band shown in Fig. 

1, top row. According to our experiments, the kinetics of this 

decrease can be well approximated as a sum of two exponentials 

with time constants  and . The effects of various treatments τ τ
on photobleaching kinetics can, thus, be quantified by 

determining the ratios  and  that are presented in Figure 
ττ ττ

4. Assuming that photosynthetically produced ROS, including 

singlet oxygen (see Supplementary Text in Supplementary 

Materials), are facilitating photobleaching under the wide-

field, out-of-focus Raman illumination as they interfere with 

photoinhibition in plants and algae (51), several chemical agents 

were chosen to modulate the ROS formation.
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First, the photosynthetic oxygen formation in the algal cell was 

impaired either by the herbicide DCMU (3-(3,4-dichlorophenyl)-

1,1-dimethylurea) that blocks re-oxidation of the Photosystem II 

acceptor side or by a 60 ℃ heat treatment that destroys the 
oxygen-evolving complex on the Photosystem II donor side. With 

Photosystem II activity blocked, the photobleaching time 

constants  and  were more than 10-time slower than in the τ τ
fully photosynthetically active control. This result 

independently confirms the earlier phenomenological 

observations, which photosynthetically incompetent cells are 

hard to photobleaching.

The involvement of molecular oxygen is supported by slow 

photobleaching rates that were measured when the concentration 

of dissolved oxygen was lowered by sodium dithionite or by 

glucose/glucose oxidase/catalase. Oxygen participates in the 

photobleaching process in the form of radicals so that superoxide 

dismutase (O2−) or catalase (H2O2) is slowing the process. 

Superoxide dismutase converts the superoxide radical into 

hydrogen peroxide also slowed the photobleaching considerably. 

This result indicated that hydrogen peroxide, which also occurs 

as an unwanted by-product of photosynthesis (58), contributes to 

the photobleaching less than superoxide. Indeed, catalase, which 

converts hydrogen peroxide to oxygen, influenced photobleaching 

only marginally. Production of hydrogen peroxide by reduction of 
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added methyl viologen on the reducing side of Photosystem I did 

not accelerate the photobleaching relative to the control. 

However, when hydrogen peroxide was added at a high 

concentration, the photobleaching became nearly 10-time faster 

than in the control without addition.

<Figure 4>

Of particular interest are chemical treatments that include 

cross-linking agents - glutaraldehyde and formalin (formaldehyde 

water solution). Both fixation agents are widely used for algal 

immobilization and do not necessarily lead to loss of 

photosynthetic oxygen evolution (59). This would make these 

agents optimal candidates for preserving the cells sampled during 

the biological experiment for later analysis by Raman microscopy. 

As Figure 4 shown, glutaraldehyde alone slows down the 

photobleaching, which would complicate the Raman experiment or 

at least make it longer. This deficit can be eliminated when a 

glutaraldehyde-fixed sample is treated with added hydrogen 

peroxide. The glutaraldehyde undergoes in water solution complex 

chemical transformation including generation of species that 

absorb visible light (60) (61). Empirically, as Table S2 

summarized (see Supplementary Materials), we observed that 

glutaraldehyde-fixed cells, either treated with hydrogen 

peroxide or not, degraded quickly while Raman spectra were 
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measured. Most likely, the degradation was due to the sample 

overheating by absorption of the strong laser light.

Most promising is, however, fixation by formalin alone, which 

preserves photobleaching rates in stored samples at the level of 

freshly sampled cells (Figure 4) and no enhanced burning of the 

formalin-fixed cells by the laser was observed. The 

photosynthetically fully competent D. quadricauda from 

exponentially growing culture was sampled, fixed with formalin, 

and stored for three days prior to the experiment presented in 

Fig. 5. Before Raman mapping, the coenobium was photobleached 

using the protocol used to produce Figure 3. The scanning of the 

formalin-treated and photobleached cells revealed both the strong 

spectral signatures of carotenoids as well as the weak Raman 

scattering signal of guanine.

<Figure 5>

The wide-field, out-of-focus photobleaching suitable for Raman 

microscopy of microalgae was shown to depend on the 

photosynthetic activity of the investigated cells. However, even 

in the case that the cell was photosynthetically incompetent, 

the photobleaching after the addition of hydrogen peroxide was 

shown to be effective. This is also the case when fixation by 

glutaraldehyde or formalin was used to preserve the samples for 

later Raman analysis. This is particularly important in 
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experiments when the analyzed molecules, e.g., starch, lipids, 

polyphosphate or crystalline guanine, occur transiently and rapid 

sampling is optimally combined with fixation and storage, 

followed by later Raman analysis.
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A B S T R A C T

Algae effectively accumulate phosphorus (P) from the environment, qualifying them as a promising novel P
fertilizer. We hypothesized that P in algae can be rapidly transformed in soil and mobilized for plant growth. To
determine the fate of algal fertilizer in soil and to trace its efficiency for plant uptake, we labeled the algae
Chlorella vulgaris with the radioisotope 33P. To optimize the labeling we studied P-uptake dynamics in detail
using a pre-starved culture and additionally monitored polyphosphate (Poly-P) and organic carbon (C) reserve
pools by Raman microscopy. Using an optimized labeling procedure, the concentrations and distribution of both
algae-derived 33P and mineral fertilizer 33P (control) were characterized in incubation and rhizotron experi-
ments. Soil incubation was performed with four major reference groups (Andosol, Alisol, Cambisol, and
Vertisol). To assess 33P plant uptake we grew wheat in rhizotrons on Cambisol. Soil analyses at different in-
cubation times demonstrated sequential 33P fractionation, while plant uptake of algae-derived 33P was followed
using sequential autoradiographic imaging. We found that the algae increased labile P pools comprising Resin-
and NaHCO3-extractable P in soils during the first 2 weeks of incubation, similar to the effects of NPK fertilizer.
The soils with elevated concentrations of Fe- and Al-oxides (Andosol and Alisol) immediately bound 55 to 80% of
the applied fertilizer 33P into the moderately available NaOH-P fraction, whereas the soils with lower con-
centrations of Fe/Al-oxides (Cambisol, Vertisol) stored 35–71% of the algal-P in the labile fraction. The rhizotron
experiments visually supported the release and plant-uptake of algal 33P, thus verifying the suitability of algal-
fertilizer for plant growth.

1. Introduction

Phosphorus (P) is an essential element for all organisms and plants.
Besides nitrogen (N), P is the most important fertilizer in agriculture
[1]. Rock phosphate – a non-renewable resource – is the major raw
material for production of mineral P fertilizer. About 80% of the annual
mined phosphate rock is used in agriculture [1], making it one of the
key resources for maintaining food security for the continuously
growing world population. There are considerable uncertainties on how
long residual rock phosphate reserves may still support global re-
quirements, with estimates ranging between 40 and 400 years [2]. In
either scenario phosphate rock remains a limited, non-renewable

resource. Additional concerns relate to contamination of rock phos-
phates with cadmium and uranium and to their occurrence in politically
unstable regions [3,4]. Natural geochemical P cycling requires millions
of years, so it is essential to capture P from waste streams close to their
source and return this nutrient to agriculture in form of novel P ferti-
lizers. Algae are promising in this regard, because they can rapidly
acquire P from natural eutrophic water bodies [5,6] and from waste-
water [7]. Optimizing algal P uptake from P rich waste and re-using the
algal biomass as a fertilizer for agricultural production might thus help
overcoming many of future limits in P fertilizer supply.

Microalgae are capable of accumulating P in reserves substantially
larger than requirements for their immediate growth [8]. This capacity
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evolved to cope with episodes of P starvation that frequently occur in
nature. Often, P reserves in algal cells occur as Poly-P [9,10], which has
already found use as industrial fertilizer [11]. Overall, microalgal bio-
mass may contain up to several weight percent P [12–14]. In addition
to P, algae accumulate reserves of other macronutrients such as N and K
from waste streams [15].

To be used as a fertilizer for agricultural production, algal biomass
must be transformed in soil to chemical forms that are available for
uptake by plant roots. The polysaccharide and glycoprotein matrix of
algal cell walls can provide a strong defense against the ambient en-
vironment, as reported, e.g., for the microalga Chlorella emersonii
[16–18]. The C. vulgaris cell wall does not consist of a resistant, trila-
minar outer cell wall of aliphatic, non-hydrolysable macromolecules
[16] as does Chlorella emersonii, but is also an effective mechanically
barrier. These properties may delay nutrient release, thus qualifying
algal biomass as potential slow release fertilizer, with the additional
benefit of limiting conversion of algal P into biologically inaccessible
forms, a process occurring particularly in Al- or Fe-rich soils. However,
mineralization of algal biomass should be fast enough to provide nu-
trients for plant growth. It is thus important to ask whether particularly
biotechnologically relevant, fast growing microalgae, such as those of
the genus Chlorella, can release sufficient P for plant nutrition when
used as a fertilizer. This capability has been demonstrated in plant-
growth experiments [19] but needs to be tested in broader spectrum of
soil types.

To evaluate the degradation of algal biomass in soils and to study
the bioavailability and uptake of this recycled P into plants, chemical
differentiation between algae-derived P and P occurring in natural soil
types is necessary. Here we used the radioisotope 33P, to trace P from
algal biomass into soil and finally into plants, visualized by auto-
radiographic imaging of plant roots and shoots in rhizotrons [20].

Raman microscopy is a convenient tool to monitor accumulation of
Poly-P reserves in microalgal cells [21]. Poly-P can be clearly re-
cognized by its unique Raman spectrum, and quantified in a label-free
manner even in the presence of other biomolecules [22]. The Raman
signal has been shown to be a good linear proxy for the much more
time-demanding enzymatic assay [21]. Here, Raman microscopy was
used to optimize the protocols for 33P labeling of Poly-P in algal cells.

This study aimed at (i) characterizing P release from algae and its
transformation into biologically accessible chemical forms in common
agricultural soils, and (ii) at assessing the fertilizing effect of algal
biomass for wheat growth. To accomplish these goals, we labeled
Chlorella vulgaris with 33P, studied the 33P release from the algal bio-
mass in four reference soil groups (Andosol, Alisol, Cambisol, Vertilsol)
via an incubation experiment, and imaged the uptake of 33P from algae
in soil into wheat (Triticum aestivum) via a rhizotron experiment.

2. Material and methods

2.1. Algae cultivation and 33P-labeling

Chlorella vulgaris IPPAS C1 was obtained from the culture collection
of the K.A. Timiryazev Institute of Plant Physiology (IPPAS), Russian
Academy of Science (courtesy of M. Sinetova). Chlorella vulgaris
CCALA265 was purchased from the culture collection of the Botanical
Institute, Trebon, Czech Republic. The growth medium was prepared as
described in Brányiková et al. [23] and consisted of the following in
mM: 18.32 (NH2)2CO, 1.74 KH2PO4, 0.83 MgSO4×7H2O, 0.79 CaCl2,
0.11 FeNa-C10H12O8N2, 0.017 MnCl2× 4H2O, 0.013 H3BO3, 0.009
ZnSO4× 7H2O, 0.004 CuSO4× 5H2O, 0.002 CoSO4×7H2O, 0.0001
(NH4)6Mo7O24× 4H2O and 0.0001 (NH4)VO3 made up in deionized
water.

Cultivations for later radioactive labeling were done in the FMT150
photobioreactors (PSI, Brno, Czech Republic) as described in Nedbal
et al. [24]. All experiments were done with five replicates (n=5). The
cultures were incubated at 35 °C, which was found to be the optimum

temperature (data not shown), at pH 7–8, at saturating irradiance levels
of 2200 μmol (photons)·m−2·s−1 generated equally by sets of red and
blue light emitting diodes. Cultures were first incubated for 3 days in a
batch in complete medium to eliminate any influence of culture history
and to standardize for reproducibility of initial culture properties.
Subsequently, the algae were harvested by centrifugation and re-sus-
pended in growth medium described above but without KH2PO4. Cul-
ture dynamics in P-free medium were determined by automated mea-
surement of optical density in the photobioreactor until growth ceased.
P-limitation was then confirmed by demonstrating that orthophosphate
addition restores growth.

In preliminary experiments with two replicates, we found that ef-
ficient P-labeling requires at least a minimum P concentration; for this
purpose we added 10 μL of a 680 μM 33P solution to the algae cultures
described above. To ensure that at the end the algae contain sufficient
quantity of P for plant growth but to avoid that all of this P is radio-
active and thus potentially toxic, we continued P uptake experiments by
additionally adding 120 μL of non-radioactive P solution in the flask.

To prepare for 33P labeling, algal growth dynamics after adding
different concentrations of orthophosphate were either monitored to
follow the uptake dynamics (Fig. 1) or to observe polyphosphate ac-
cumulation (Fig. 2). P-starved algae were labeled with 33P by trans-
ferring the equivalent of 0.51 g algal biomass (dry weight) in 50mL
medium into Erlenmeyer flasks to which 870 kBq 33PO4

3− (Hartmann
Analytic GmbH, Braunschweig) was added. These flasks were sealed
with wadding plugs to prevent liquid from spilling out and to reduce
evaporation, placed on an orbital shaker in a temperature-controlled
growth chamber and exposed to a weak warm white light of 200 μmol
(photons)·m−2·s−1 to support photoautotrophic growth for up to
4 days. All treatments were conducted with two replicates. Preliminary
experiments had shown that prolonging algal growth beyond 4 days did
not improve 33P uptake.

Radionucleotide uptake was monitored by taking aliquots of the
culture and pelleting the algal cells by centrifugation at 12,500×g for
20min. To determine 33PO4

3− activity in the supernatant we carefully
removed the top half of it and measured it with a liquid scintillation
counter (LSC) as described in Bauke et al. [20]. The pellets were washed
several times using 50mL deionized water in order to remove all 33P
that was not incorporated within the algal cells. The supernatant of
each washing step was also analyzed by LSC. The final algae pellets
were digested using 4mL concentrated HNO3 at 180 °C for 6 h prior to
LSC analyses for which 10mL aliquots were mixed with 10mL LSC
cocktail (ULTIMA Gold, PerkinElmer, Solingen, Germany) and subse-
quently measured by a Tri-Carb® 3110TR LSC counter (PerkinElmer,
Solingen, Germany). These experiments showed that 66 and 99% of
initially supplied 33P was incorporated in algal cells in the two cultures,
respectively. At the end of the cultivation period, labeled algae were
then centrifuged at 12500×g for 20min, and washed once using
deionized water to remove 33P that was not incorporated within the
algae. Labeled biomass was dried at 40 °C for 48 h and ground in a
mortar for soil incubation experiments and used in suspension for rhi-
zotron experiments. The algae contained 47.6 ± 0.0% C; 9.6 ± 0.0%
N, and 1.4 ± 0.1% P (n=6).

Labeled mineral fertilizer was prepared in triplicate by mixing N
(calcium ammonium nitrate), P (triple super phosphate; TSP), and K
(potassium oxide) at the same proportions measured in the algal bio-
mass. For the soil incubation experiment, prior to mixing the three
single components we labeled the TSP with 33P using 6.1MBq 33PO4

3−

added to 22mg TSP that was dissolved in 300mL deionized water. This
labeled TSP solution was dried in an oven at 60 °C for 3 days, allowing
the TSP to recrystallize. Finally, the crystals were ground for an evenly
distribution of 33P and applied to the soil as NPK fertilizer. The con-
centration measured by 33P activity was 1736 ± 76 Bq g−1 soil.
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2.2. Imaging polyphosphate reserves by Raman microscopy

Raman microscopy was used to identify the dynamics of Poly-P
accumulation and to determine when to harvest cells having high Poly-
P. Specimen preparation for Raman measurements, the experimental
workflow, and the data analysis methodology are described in detail in
Moudříková et al. [21]. Briefly, harvested algal cells were immobilized
in 1% w/v solution of low-gelling agarose (T=39 °C), spread between
a quartz slide and coverslip, and sealed with a CoverGrip sealant
(Biotium) to prevent cell movement and evaporation of water during
the course of observations.

Raman maps were acquired using a confocal Raman microscope
(WITec alpha300 RSA, WITec, Germany), an oil-immersion objective
(UPlanFLN 100×, NA 1.30, Olympus, Japan), and 532 nm excitation
(20mW power at the objective focal plane). The scanning step in in the
x and y directions was 220 nm, with an integration time of 0.1 s per
pixel. Acquisition of a Raman map for a single cell of the size of
Chlorella vulgaris CCALA256 requires about 150 s. To prevent chlor-
ophyll autofluorescence, a wide-area, low-power photobleaching was
applied prior to the mapping, as described previously [22].

For each sample, Raman maps of 30–50 randomly chosen cells were
acquired to capture the natural heterogeneity of the cultures. Fig. 2
illustrates the transient Poly-P accumulation observed in four arbi-
trarily chosen pre-starved cells (blue) that occurred after addition of
orthophosphate. Significant transient modulation of neutral lipids (red)
and starch (green) accompanied the emergence of large Poly-P reserves.
These observations demonstrated that 2 h after adding orthophosphate,
cells with large Poly-P depots are available for harvest.

2.3. Soil sampling and general characteristics

The potential for using algae as an alternative fertilizer may be
particularly relevant in the tropics or subtropics because uptake of P
from wastewaters by algae is maximized with abundant solar radiation
and stable temperatures throughout the year. Therefore, we used

samples from the upper A horizon of a Vertisol (7.45°S, 111.61°E,
80m a.s.l.), an Alisol (6.54°S, 106.52°E, 250m a.s.l.), and an Andosol
(6.88°S, 106.94E, 900m a.s.l.) from the tropical island of Java,
Indonesia, as described in Winkler et al. [25] and Lehndorff et al. [26].
All soils were obtained from lands managed with upland crops. For
comparison to a widespread soil group typical of temperate climates,
we additionally sampled the Ap horizon (0–10 cm) of a Cambisol [27]
from Germany (6.45°S, 50.87°E, 108m a.s.l.). General soil character-
istics are shown in Table 1.

2.4. Soil incubation experiments and analyses

For incubation experiments, we used 15 g air-dried topsoil
(0–30 cm) from each soil type, adjusted the soil moisture to 50% water
holding capacity (WHC) and introduced it to the lower half of 250mL
Nalgene® vessels (Thermo Fisher Scientific, Waltham, Massachusetts,
USA). The vessels were not completely filled in order to maintain a
sufficient reservoir for soil aeration, and were opened twice a week for
at least 1 h to compensate for oxygen consumption. Three replicates of
each soil type were prepared. Samples were pre-incubated at 25 °C for
one week prior to fertilizer addition. To ensure an equal distribution of
the very small amount of 33P-labeled fertilizer in the soil, we homo-
genized the amount of fertilizer needed (corresponding to an applica-
tion rate of 35 kg P ha−1) for each replicate in 1 g quartz sand and
added this mixture to the soil sample with a vortex mixer. Samples were
then further incubated at 25 °C for 10 weeks.

After one, two, three, five, seven, and ten weeks of incubation, 0.5 g
of dry soil equivalent was sampled from each replicate (n= 3), added
to 50mL centrifugation tubes, and sequentially fractionated according
to Hedley et al. [28]. Briefly, samples were serially treated with solu-
tions of increasing extractant strength: Resin (Resin-P), 0.5 M NaHCO3

(NaHCO3-P), 0.1 M NaOH (NaOH-P), 1M HCl (HCl-P), and Aqua regia
(Residual-P). The 33P activity of each fraction was analyzed by LSC.

Fig. 1. The upper panel shows growth approximated
by optical densities of Chlorella vulgaris C1 after P-
starved cultures were added into a high-P medium
with 2mM KH2PO4 (thick line) and into low-P
medium with 0.03mM KH2PO4 (thin line). The
maximal specific growth rate was 0.21 h−1 in the
high-P medium and 0.14 h−1 in the low-P medium.
The lower panels show dynamics of phosphate in the
respective medium: 2mM KH2PO4 (full squares) and
0.03mM KH2PO4 (open squares). The curves ap-
proximate the uptake dynamics by numerical fits:
0.03mM·exp(-time/0.25 h) for the low-P concentra-
tion and 0.16mM·exp(-time/1.1 h)+ 1.8mM·exp
(-time/110 h) for the high-P concentration. Only the
results of one experiment (n= 1) are shown, as even
though all five replicates yielded qualitatively iden-
tical results however variably long lag phases (be-
tween 4 and 8 h, data not shown). Therefore, calcu-
lating the mean of all replicates would mix statistical
and systematic deviations and obscure the basic bi-
phasic character.
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2.5. Rhizotron experiments

To support the soil incubation data by visualizing P uptake from
algal fertilizer, we compared the performance of 33P-labeled algal fer-
tilizer with 33P-labeled conventional NPK fertilizer in a rhizotron study
using spring wheat (Triticum aestivum cv, Cornetto, S.G.L GmbH,
Erftstadt-Gymnich, Germany). For these experiments we used self-
constructed rhizotrons, each built from a black polyvinyl chloride
(PVC) frame supporting a 10mm thick transparent poly-
methylmethacrylate (acrylic glass) plates, with a volume of 5.25 L
(50× 30×3.5 cm inner dimensions).

To simulate top- and subsoil, rhizotrons were filled with a 30 cm
layer of sand (RBS GmbH, Inden, Germany; particle size: ≤1mm)
covered by a 10 cm layer of a 1:1 Sand:Cambisol [27] mixture, and
finally a 5 cm layer of a 3:1 sand:Cambisol mixture. The Cambisol
originates from a P-depleted plot (no P fertilization since 1942) of the
long-term experiment at a former experimental research station of the
University of Bonn at Dikopshof (50°48′27.8″N 6°57′10.8″E; as de-
scribed in Mertens et al. [29]), and which was left over from a study by

Bauke et al. [20]. Both soils were air-dried at 40 °C for 5 days and
passed through a 2mm sieve before introduction into the rhizotrons.
After introduction into the rhizotrons each soil was re-compacted to a
bulk density of 1.4 g cm−3 and separately moisture-adjusted to 50%
water holding capacity and left for settlement for several days.

We performed four replicates of each treatment (algal and mineral
fertilizer), applying the equivalent of 35 kg P ha−1, thus utilizing 8
rhizotrons. In contrast to the incubation experiment, we added the
mineral fertilizer as a solution and the algal fertilizer as a suspension in
150mL H2O, again adjusting the N-P-K ratio of the mineral fertilizer to
match the nutrient content of the algal fertilizer. This allowed us to test
whether fresh algal fertilizer (with intact cell walls) can quickly release
P in a plant-available form. In these experiments, the elemental content
of the algae was 9.2% N, 2.6% P, and 1.1% K (m/m dry weight) and
thus the applied amount of added algae equaled 1.4 g dry weight (0.2 g
33P-labeled and 1.2 g non-labeled algae) per rhizotron. The fertilizer
solution/suspension was applied on the upper soil layer, incorporated
with a fork, and covered with a 5 cm thick layer of the topsoil to prevent
the release of radiolabeled material to the air. Spring wheat seeds were

Fig. 2. Raman images of four (n= 4) cells Chlorella vulgaris CCALA256 representing the P-starved culture (row A), cells collected 2 h after adding 0.4 mM ortho-
phosphate (row B), in early exponential phase (row C), and in rapidly growing and dividing cells (row D). The images represent Raman spectral signatures of neutral
lipids (red) and of starch (green) that represent the major reserves of organic carbon while the blue color shows the Raman spectral signature of polyphosphates. (For
interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
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pre-germinated for 3 days and one healthy seedling with three roots
was planted in each rhizotron after fertilizer addition, 1 cm deep in the
upper soil layer. Rhizotrons were then placed at an angle of 45° in a
climate chamber with a day-length of 16 h and a light intensity of
320 μmol m−2 s−1 PAR. Day and night temperatures were set to 20 °C
and 12 °C, respectively, at a relative air humidity of 60%.

2.6. 33P imaging

For weekly 33P imaging, the front plate of one rhizotron per treat-
ment was opened to ensure direct contact between roots, shoots, and
soil with the image plates (IPs). All IPs were covered with a thin pro-
tective foil to prevent contamination or damage by water or soil. In the
first three weeks we used one large IP (35×43 cm, DÜRR NDT GmbH
& CO, KG. Bietigheim-Bissingen, Germany), later combining images
from a large IP (roots) and a small IP (20× 40 cm, DÜRR NDT GmbH &
CO, KG, Bietigheim-Bissingen, Germany) (plant) for each rhizotron. To
ensure close contact between IPs and rhizotrons/wheat plants, the
imaging assemblies were compressed with small tungsten weights. The
IPs on the soil surface and the shoots were exposed for 4 h. After ex-
posure, the IPs were scanned in sensitive mode, with a resolution of
100 μm, using an Image Plate Scanner (CR35 Bio, Raytest, Germany).

No quantitative analysis of the 33P activity was performed, nor was
longer cultivation attempted because rhizotron cultivation was sub-
optimal and all treatments, including the control, developed fungal
infestations with signs of the stem rust and reduced biomass pro-
ductivity progressing with increasing time of growth.

2.7. Data treatment and statistical analyses

Statistical analyses were performed in SPSS (IBM SPSS Statistics,
Version 22.0, Armonk, NY). We tested for normal distribution using the
Shapiro-Wilk test (P < 0.05) and for homogeneity of variance using
the Brown-Forsythe test (P < 0.05). To test for the effects of different
fertilization treatments we performed one-way ANOVA. We considered
the sampling times of the incubation study as paired samples. To ac-
count for this, we performed Repeated Measures ANOVA, with sam-
pling times treated as repeated measures. If significant differences oc-
curred we used the Tukey HSD test for post-hoc separation of means
(P < 0.05). To test for the effect of fertilization within one sampling
time, we performed a paired t-test separately (P < 0.05).

The evaluation software AIDA (AIDA Biopackage, Raytest,
Germany), was used to convert the scans of the rhizotron images to
rainbow-color images.

3. Results

3.1. Dynamics of growth, P-uptake, and 33P labeling by starved algal
culture

Addition of orthophosphate to the P-prestarved culture produced bi-
phasic P uptake dynamics (Fig. 1). Here, the fast component was
shorter than the lag phase observed in the culture growth. This fast
uptake phase occurred during lag phase at both high and low ortho-
phosphate concentrations; always leading to a rapid transient accu-
mulation of large P-reserves because the cells were not growing during
the lag phase.

In order to identify the chemical forms of the incorporated P, par-
ticularly Poly-P granules, We performed Raman microscopy. These
experiments utilized Chlorella vulgaris CCALA265, whose cells are larger
than the C. vulgaris IPPAS C1 cells used elsewhere in this study. These
larger C. vulgaris CCALA265 cells were easier to image than C. vulgaris
IPPAS C1 without having any effects on the dynamics of the Poly-P as
confirmed by enzymatic analysis (Tabea Mettler-Altmann, un-
published). No Poly-P granules were detected in the initial P-starved
culture (Fig. 2, row A). Substantial Poly-P reserves were detected 2 h
after adding orthophosphate (Fig. 2, row B), and during early ex-
ponential growth phase (Fig. 2, row C). Rapidly growing cells (Fig. 2,
row D) were typically somewhat smaller than lag phase cells and con-
tained only traces of polyphosphate and small amounts of starch and
neutral lipids representing organic C reserves. These experiments con-
firmed the effectiveness of our method for rapid labeling of P-starved
culture with 33P. Based on the results shown in Figs. 1 and 2 we expect
that a large proportion of added 33P will be incorporated into Poly-P
granules during lag and early exponential phases, and that this P stored
in form of Poly-P granules will subsequently be used for cell growth
after conversion to other chemical forms during prolonged cultivation.

3.2. Sequentially extracted P fractions

The different soil groups contained different distributions of P: total
P concentration (Pt) is described in Table 1 and was highest in the

Table 1
General soil characteristics of the soils used; Alox, Fet, FeDCB/Fet, and Feox/FeDCB data were obtained from Winkler et al. [25] for the Vertisol, Andosol, and Alisol
being the same soil samples as used in this study. Phosphorus fractions determined using sequential fractionation for the different soils studied with proportions of
total P (Pt) in parentheses. (Data are shown as mean ± standard deviation (SD), n=3).

Cambisol Andosol Alisol Vertisol

Soil Orthic Cambisol Dystric silandic Andosol Chromic abruptic Alisol Pellic Vertisol
pH (CaCl2) 5.9 ± 0.0 4.6 ± 0.0 4.9 ± 0.0 5.7 ± 0.0
Sand (%) 23.9 ± 0.9 76.3 ± 0.0 10.4 ± 0.0 5.6 ± 0.0
Silt (%) 58.1 ± 0.5 23.7 ± 0.6 19.6 ± 0.0 20.8 ± 0.2
Clay (%) 14.9 ± 0.3 3.9 ± 0.1 71.5 ± 0.4 77.3 ± 0.2
SOC (%) 1.90 ± 0.03 2.37 ± 0.01 1.62 ± 0.08 1.30 ± 0.07
N (%) 0.18 ± 0.00 0.27 ± 0.00 0.17 ± 0.01 0.1 ± 0.00
C/N 10.4 8.9 9.8 12.6
Alox (g kg−1) < 0.4 2.9 ± 0.2 < 0.4 < 0.4
Fet (g kg−1) 19.0 ± 0.5 96.4 ± 1.4 85.8 ± 2.1 68.5 ± 1.3
FeDCB/Fet 0.41 0.44 0.67 0.09
Feox/FeDCB 0.50 0.38 0.06 0.58
Resin-P 92 ± 1.9 (6) 3.0 ± 2.2 (0) 3.2 ± 0.3 (0) 19 ± 0.5 (5)
NaHCO3-Pi (mg kg−1) 86 ± 0.8 (6) 30 ± 0.2 (1) 11 ± 1.0 (1) 11 ± 0.2 (3)
NaHCO3-Po (mg kg−1) 245 ± 0.8 (16) 10 ± 2.6 (0) 11 ± 1.4 (1) 12 ± 0.5 (3)
NaOH-Pi (mg kg−1) 275 ± 14.9 (18) 803 ± 12 (32) 149 ± 46 (17) 35 ± 0.2 (9)
NaOH-Po (mg kg−1) 95 ± 24.5 (6) 499 ± 54 (20) 76 ± 2.5 (8) 6.9 ± 0.6 (2)
HCl-Pi (mg kg−1) 133 ± 2.0 (7) 44 ± 1.2 (2) 5.1 ± 1.1 (1) 23 ± 0.6 (5)
HCl-Po (mg kg−1) 11 ± 2.8 (1) 69 ± 0.0 (3) 8.8 ± 1.3 (1) 12 ± 1.0 (3)
Residual-P (mg kg−1) 603 ± 15.2 (39) 1070 ± 91 (42) 642 ± 8.0 (71) 286 ± 125 (70)
Pt (mg kg−1) 1540 ± 79 2528 ± 204 906 ± 77 405 ± 16
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Andosol, at 1.9 times higher than in the Cambisol, 2.8 times higher than
in the Alisol, and 6.1 times higher than in the Vertisol (Table 1). The
concentration of easily extractable P (Resin-P and NaHCO3-P) was low
in the Andosol, Alisol, and Vertisol, but 10 to 17 times larger in the
Cambisol. This trend was reversed for the NaOH-P pool, especially for
the Andosol; however, it was not as pronounced as for Resin-P and
NaHCO3-P pools. The Residual P fraction contributed most to Pt with
proportions ranging between 42 and 70% (Table 1).

Due to the inhomogeneous distribution of the 33P label within the
TSP and the labeled algae, the replicates and variants exhibited dif-
ferent initial 33P activities (Supplementary information, Table S1).
Thus, a direct comparison of 33P activities between replicates and
variants was not possible. Therefore, we estimated the proportions of
the 33P activity in relation to the total 33P activity applied
(Supplementary information, Table S2). The typical 33P distribution
among the P fractions was similar, whether it was delivered as NPK
fertilizer or as algal biomass. The HCl-P and Residual P pools received
the lowest proportions of applied 33P label (4 to 21% of the applied
amount), whereas label was distributed variably into the other frac-
tions, i.e., Resin-P, NaHCO3-P, and NaOH-P (contributing between 12
and 82% of the applied 33P) (Fig. 3, Supplementary information, Table
S2). This large variation reflected the different ability of the soils to
bind P to its constituents, whereas the fertilizer form affected this P pool
distribution less drastically, and, intriguingly, not even consistently.
Generally, the dissolution of NPK resulted in larger 33P activities in the
Resin- and NaHCO3-extractable P pools, particularly in the Cambisol
and Vertisol. In contrast, Algal fertilizer 33P mainly accumulated in the
NaOH-extractable P pool, commonly described as moderately labile P
[30]. The lowest 33P activities were found in the HCl-extractable P
fraction (< 6% of applied 33P), with comparable contributions from the
algal and the NPK fertilizers (Fig. 3; Supplementary information, Table
S2).

In respect to temporal trends, P release patterns were reflected in
the changing proportions of 33P activity of sequential fractionation P-
pools over time of the incubation. The trends in NPK and algae treat-
ments exhibited similar release patterns (Fig. 3). In the Cambisol and

Vertisol, the proportions of the Resin-P and NaHCO3-extractable P
fractions (“labile” P according to Negassa and Leinweber [30]) in-
creased rapidly, peaking after 2 weeks and then slowly decreasing. The
proportions of the 33P activity in the moderately labile, NaOH-ex-
tractable P pools showed the opposite trend: a slight decrease soon after
fertilizer application with a minimum after two weeks of incubation,
followed by a slight increase (P < 0.05). The stable fraction did not
follow a pronounced temporal pattern (Fig. 3; Supplementary in-
formation, Table S1).

3.3. 33P imaging

Autoradiographic imaging enabled qualitative tracing of 33P re-
leased from the fertilizers within the Cambisol soil and plants (Fig. 4).
Images on the left-hand side of Fig. 4 demonstrate that after one week
of incubation a large proportion of the applied 33P still occupied a layer
at the soil surface where the NPK fertilizer and algal biomass were
applied. This NPK fertilizer layer was slightly broader than that of the
algal fertilizer treatment, indicating increased mobility, most likely due
to the larger proportion of labile 33P (the Resin-P pool) in the Cambisol
also visible in Fig. 3. A slight infiltration of the fertilizers also occurred
at the rhizotron sidewalls, revealed by vertical streaks of radioactivity
(Fig. 4). However, there was no apparent leaching of 33P through the
soil matrix in the course of plant growth, from either the NPK or the
algal fertilizer. A small amount of 33P radioactivity was visible in the
wheat shoots after the first week.

After three and six weeks of incubation, respectively, similar pat-
terns were observed for both fertilizer forms (images on the right-hand
site of Fig. 4): 33P was clearly detectable in all above-ground wheat
shoots. This finding suggests that comparable amounts of radioactivity
were taken up by the wheat plants from both types of fertilizer.
Radioactivity was evenly distributed within the shoots. This 33P accu-
mulation in leaves occurred at the expense of fertilizer layers at the soil
surface that became much weaker compared to images that were taken
after the first week of incubation. Remarkably, visible 33P activity was
also detected in the roots. Again, no visually noticeable differences in

Fig. 3. Development of 33P activity in different P fractions, i.e., labile P comprising Resin-P and NaHCO3-P, moderately labile P comprising NaOH-P, and stable P
comprising HCl-P and Residual-P, throughout 10weeks of incubation after NPK and algae fertilizer application. (Data are shown as mean ± standard deviation (SD),
n= 3).
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the roots between NPK and algae fertilization could be observed.

4. Discussion

4.1. Algae P release kinetics affected by soil group

The higher 33P activities in the labile P fraction of the Cambisol and
Vertisol after mineral fertilizer dissolution are caused by the high so-
lubility of TSP (e.g., [31,32]). The main component of TSP is Ca
(H2PO4)2, which has a high solubility [33]. This is different for the
algae treatment, as Chlorella vulgaris stores P as complex compounds in
cells as a P reservoir (e.g., [34,35]). The experiments depicted in Figs. 1
and 2 show that it is possible to prepare algal biomass in which P is
incorporated largely in the form of Poly-P granules or, as done here for
the soil incubation and rhizotron experiments, with Poly-P already
largely converted to other biochemical compounds containing P. In any
case, the organic P compounds have to be mineralized before being
plant-available.

Due to their lower total Fe contents, the readily released P of the

NPK fertilizer may remain in easily-extractable, i.e., bioavailable forms
in the Cambisol and Vertisol. The situation is different in the Andosol
and Alisol. As with other tropical and subtropical soils, these soils are
highly weathered and exhibit elevated contents of Fe/Al-oxides com-
bined with lower pH values (Table 1). While initial release of P from
NPK and algae likely occurred at similar rates, the distribution of the
released mineral P is thus increasingly superimposed by a con-
temporaneous sorption at and fixation of the dissolved P by the oxidic
soil matrix [36–39]. In addition, the high Alox content and the low pH
value of the Andosol favor the precipitation of P with Al3+, resulting in
mineral phases such as variscite [40], the formation of which ad-
ditionally reduces P availability.

The high initial proportions of HCl- and aqua-regia extractable, i.e.,
stable P (Table 1; [30]) in these soils confirm these fixation processes
and are in agreement with earlier findings stating that stable P gen-
erally comprises> 30% of the stable P fraction in moderately weath-
ered soils and>80% of the stable P fraction in soils that are strongly
weathered or derived from volcanic parent material [41,42]. Never-
theless, we barely detected 33P in these Residual-P pools (Fig. 3),

Fig. 4. 33P-autoradiographic images of rhizotrons with wheat plants after fertilization using previously labeled 33P-labeled algae and 33P-labeled mineral NPK
fertilizer after one, three, and six weeks of growth. The exposure time of the image plates was 4 h; n=1.
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possibly reflecting limited transfer into these residual pools during the
short incubation time of 10 weeks. Bauke et al. [43] argued that “al-
though surplus P from fertilizers may remain available in the short to
medium term, it will eventually be transformed to unavailable forms of
P over a period of a few decades”, which was also suggested by Koch
et al. [44] detecting increased Residual-P concentrations after long-
term compost fertilization.

By contrast to the stable P pools, P forms that are more easily ex-
tracted showed a temporal dynamics. Particularly the peak of labile P
after 2 weeks of incubation is accompanied by a nadir of the propor-
tions of moderately labile P fraction (Fig. 3) and thus also for the re-
spective total 33P activity (Table S1, Table S2) as well as for the pro-
portions (Fig. 3). The moderately labile P fraction dynamics are fast and
this fraction is still in equilibrium with the labile P fraction [30]. Thus,
increasing moderately labile P observed after two weeks reflects the
shift of the labile P fraction to more stable forms.

It is remarkable that 35–55% of algal-P can already be found in the
labile P fraction after only one week of incubation in the Cambisol and
Vertisol. This indicates that algal P is readily usable after microbial
degradation of the cell wall of Chlorella vulgaris. The phospholipids
present in cell membranes as well as sugar-phosphates are rapidly de-
graded within seconds to minutes after cell lysis [45,46]. This de-
gradation likely involves phosphatases. According to Hui et al. [47],
phosphatases operate at the scale of minutes to hours, similar to pyr-
ophosphates, which also potentially release orthophosphate within
several hours [48]. The remaining P that is released less rapidly likely
originates from that stored in DNA/RNA, the degradation of which is
further slowed when the DNA/RNA released after cell lysis is bound to
the soil matrix [49].

4.2. Algae-P uptake by plants

The overexpression of 33P activity observed in the imager during the
first weeks of the experiment, using only 4 h of exposure, was caused by
the high amount of 33P initially applied to the rhizotrons, which was
necessary to account for its half-life of 25.6 days, shorter than the
growth period of the plants of 6 weeks. 33P autoradiography demon-
strated that algal P was being taken up by plants one week after ferti-
lizer application at a rate visually comparable that of NPK fertilizer.
Thus the results of our rhizotron experiments support the findings from
our soil incubation experiments that algae decomposition was rapid and
increased the labile P fraction in the Cambisol, if at a slightly lower rate
than that provided by the NPK fertilizer. They also support the findings
from a previous study showing that algal-P is available to plants [19].

In contrast to the incubation experiments the algal biomass in the
fertilizer experiments was not dried but applied intact in order simulate
practice-orientated conditions as a pre-treatment. The results never-
theless clearly showed that P from fresh, living algae (applied as a
suspension in water) was quickly mineralized and taken up by wheat
roots. We therefore conclude that in practice algal biomass does not
need to be dried and granulated prior to application as a fertilizer,
saving energy costs. Instead, application of algal biomass jointly with
liquid manure or using a slurry applicator appears feasible at minimal
extra costs. The combined application with a grubber should allow a
direct incorporation into soil, which in turn minimizes wind erosion. If
slower mineralization is desired (e.g., for perennial or more time-in-
tensive cultures) granulation of algal biomass will likely delay miner-
alization.

5. Conclusion

In the soils under study, P release from algal biomass was rapid and
increased the concentrations of labile and moderately labile P fractions
in soil in a pattern comparable to that of mineral fertilizer, although at a
rate 1–9% lower than P release from NPK. These findings thus support
our two hypotheses that Chlorella vulgaris is capable of incorporating

sufficient P into its biomass to act as P fertilizer, releasing P when in-
corporated into the soil to support or even sustain plant nutrition.
Future work should now be performed to bring this fertilizer into the
field under economically viable, practice-relevant conditions.
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Nitrogen (N) is an essential macronutrient for microalgae, influencing
their productivity, composition, and growth dynamics. Despite the
dramatic consequences of N starvation, many free-living and endo-
symbiotic microalgae thrive in N-poor and N-fluctuating environ-
ments, giving rise to questions about the existence and nature of
their long-term N reserves. Our understanding of these processes re-
quires a unequivocal identification of the N reserves in microalgal cells
as well as their turnover kinetics and subcellular localization. Herein,
we identified crystalline guanine as the enigmatic large-capacity and
rapid-turnover N reserve of microalgae. The identification was unam-
biguously supported by confocal Raman, fluorescence, and analytical
transmission electron microscopies as well as stable isotope labeling.
We discovered that the storing capacity for crystalline guanine by the
marine dinoflagellateAmphidinium carteraewas sufficient to support
N requirements for several new generations. We determined that N
reserves were rapidly accumulated from guanine available in the en-
vironment as well as biosynthesized from various N-containing nutri-
ents. Storage of exogenic N in the form of crystalline guanine was
found broadly distributed across taxonomically distant groups ofmicro-
algae from diverse habitats, from freshwater and marine free-living
forms to endosymbiotic microalgae of reef-building corals (Acropora
millepora, Euphyllia paraancora). We propose that crystalline guanine
is the elusive N depot that mitigates the negative consequences of
episodic N shortage. Guanine (C5H5N5O) may act similarly to cyanophy-
cin (C10H19N5O5) granules in cyanobacteria. Considering the phyto-
plankton nitrogen pool size and dynamics, guanine is proposed to be
an important storage form participating in the global N cycle.

nitrogen cycle | nutrient storage | phytoplankton | guanine | coral

Planktonic algae represent an essential driver of the global
carbon cycle, which may be constrained by low or fluctuating

nitrogen (N) availability (1–3). At another extreme, high levels of
bioavailable N, often from anthropogenic sources, may result in
harmful algal blooms (4) or deterioration of coral reefs (5). The
highly optimized nutrient interactions with symbiotic algae are
also essential for reef corals that thrive in nutrient-poor waters and
paradoxically form among the most productive and diverse eco-
systems. Both high and low N availability may perturb the stability
of individual organisms or entire ecosystems especially when not
in proportion to other biogenic elements, such as phosphorus (6).
N shortages trigger extensive changes in algal metabolism (7),

including cessation of cell division, reduction of photosynthesis,
and accumulation of C- and energy-rich N-free compounds. Un-
like cyanobacteria, eukaryotic microalgae do not possess N-rich
cyanophycin to manage N deficiency (8, 9). N-deprived microalgae
mobilize intracellular inorganic N; low-molecular organic N
compounds, such as polyamines, amino acids, and chlorophyll (7);
and polymeric N compounds, such as proteins and nucleic acids
(10). However, none of these reserves may be sufficient to bridge
long periods of N starvation. Thus, a pool capable of storing large

amounts of N during periods of abundance and ensuring survival
and growth of algae during deficiency remains to be identified.
Among candidate N storage pools in microalgae, crystalline

inclusions were considered, although later, alternative roles, such
as processing of metabolic wastes (11) and light modulation (12)
were also suggested. The chemical identity of crystals from the
free-living marine dinoflagellate Gonyaulax polyedra was proposed
to be guanine (13). Other crystalline inclusions hypothesized of
being guanine were also observed in symbiotic dinoflagellates of an
anemone Aiptasia sp. (14), but their chemical nature was not ex-
perimentally confirmed (11, 14). Other earlier studies suggested
the inclusions were calcium oxalate (15, 16) making the N-storage
function of the inclusions unlikely. Subsequent analysis of symbiotic
dinoflagellate extracts from Aiptasia sp. identified them as crys-
talline uric acid (17). This identification has since been adopted for
microalgal inclusions in many recent publications (18–21).
In contrast with this proposed identity (17–21) and consistent

with earlier studies (13, 14), recent direct in situ analyses identified
inclusions as guanine in several marine dinoflagellates (12, 22), a
freshwater chlorophyte and a eustigmatophyte (23). Guanine, sim-
ilar to other purines, has the potential to serve as a large-capacity N
pool, but this function has never been previously confirmed, nor was
its in situ chemical identity explored in diverse algal species. Gua-
nine is widespread and, thus, widely available in nature. It is an
essential component of DNA and RNA, one of the end products of
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nucleic acid degradation in some organisms, and utilized by some
for functional purposes, such as light scattering by silvery scales of
fish and bio-optical systems of many invertebrates (reviewed in ref.
24). It is widely available from decomposing fish tissues and scales,
from ciliates and some phytoplankton, barnacles, and other aquatic
organisms and forms part of suspended and dissolved organic N
pools in the ocean. Along with other purines, guanine can serve as a
N source for algae (reviewed in ref. 1). We propose that crystalline
guanine and other purines (17) play a more prominent role in the N
cycle than recognized to date.
To test this hypothesis, we used the unique potential of Raman

microscopy and analytical transmission electron microscopy (TEM)
and identified the chemical nature and the dynamics of microalgal
crystal inclusions. We confirm the occurrence of crystalline guanine
in free-living and symbiotic dinoflagellates and other diverse
microalgal species. Our research demonstrated widespread occur-
rence, large N-storage capacity, and prominent dynamics of guanine
in the form of crystalline inclusions in microalgae.

Results
Fast Kinetics of Uptake and Large Storage Capacity of Intracellular
Guanine Inclusions in Amphidinium carterae. We first characterized
the uptake of guanine by the widespread potentially toxic marine
dinoflagellate A. carterae. Details of cultivation are provided in SI
Appendix, section II.1A. Cells were kept in N-free medium (SI
Appendix, section II.1.Aa.) for approximately 2 wk before resus-
pension in a saturated solution of guanine (SI Appendix, section II.
1.Ab.). We recorded a rapid uptake rate of dissolved guanine from

the medium (dashed line, Fig. 1A) and its concurrent accumulation
in cells (box plot, Fig. 1A). Dynamics and localization of guanine
inclusions inside cells (in pink, Fig. 1 C and D) on the background
of other cellular components was identified by the spectral signature
of Raman confocal microscopy (Fig. 1B) (23). The rapid accumu-
lation of the optically active guanine crystals was also documented
via polarization microscopy (SI Appendix, section II.1.D. and
Movie S1).
The dependence of uptake kinetics of dissolved guanine (Fig. 2

and SI Appendix, section I.2.) on cell density displayed an initial
linear uptake phase (solid lines, the coefficient of determination
RSQR ≥ 0.995) and its interpolation yielded an initial cellular
uptake rate of 16 ± 4 fg (guanine)·s−1·cell−1, i.e., 6.3 ± 1.5 × 107

molecules·s−1·cell−1.* Uptake kinetics (Fig. 2) were used to quan-
tify intracellular guanine accumulation inside cells (SI Appendix,
Fig. S2A) resulting in a maximum storage capacity of 143 ± 37 pg
of crystalline guanine cell−1, that corresponded to 68 ± 17 pg
(nitrogen)·cell−1. Details of these calculations are provided in SI
Appendix, section I.2. The N pool created by starvation and
refeeding was significantly larger than 17–44 pg (nitrogen)·cell−1

that was previously suggested to be the total N content in A. carterae
under stationary conditions (25). Guanine storage pools may, thus,
ameliorate N deficiency that occurs sporadically in a fluctuating
environment.

Fig. 1. Rapid uptake of guanine by N-starved A. carterae led to the accumulation of intracellular guanine inclusions. Cells were suspended in a saturated
solution of guanine (∼35 μM at 20 °C) in N-deficient f/2 medium at a density of 1.7 ± 0.3 × 105 cells·mL−1. The dashed line in A shows the declining con-
centration of guanine in the medium as measured by ultraviolet absorption (SI Appendix, section II.1.B). The simultaneous accumulation of guanine in the
cells was assessed using Raman microscopy (SI Appendix, section II.1.C) and is shown in the boxplot. Raman spectra in B were used to generate the Raman
maps in C–E that represent: (C) a typical cell after 2 wk without a N source and (D and E) cells during progressive guanine accumulation. Color legend: guanine
(pink), lipids (yellow), chloroplast (green), and starch (white/gray). (Scale bar, 2 μm.) Raman maps showing separate cellular constituents in C–E are constructed
as described in SI Appendix, section I.1 and presented in SI Appendix, Fig. S1.

*Numbers following the ± sign represent, in this work, standard deviation.
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Cells with new guanine reserves can, after a short lag period,
resume normal cell division and growth. The exponential growth
phase halted only after the reserves were once again exhausted
(SI Appendix, Fig. S2B). The number of cells that grew on these
reserves was a linear function of the initially available guanine

(inset in Fig. 2). The number of cells that accumulated maximum
N storage (△) increased 8.1 ± 3.1 times without N addition.
The resolution of the in situ localization of guanine crystals in

A. carterae (Fig. 1) was increased via ultrastructural TEM im-
aging (Fig. 3 and SI Appendix, section II.1.E.) (26, 27). The
solubility of guanine is known to be extremely low, and pieces of
undissolved crystalline material (Fig. 3A, three white arrows)
were confirmed via EDX (SI Appendix, section II.1.F.) to cor-
respond to the elemental composition of a N-rich compound,
likely to be guanine (Fig. 3D). A. carterae has a special organelle,
the pusule, which is connected to the flagellar channel (28, 29).
We found large globules in pusules (Fig. 3 B and C) and small
crystals in vacuoles that consistently displayed typical EDX point
spectra of guanine crystals (Fig. 3 E and F). Our results were
inconclusive with respect to whether the guanine particles had
been taken up into the pusules by phagocytosis (30) and/or via an
active transport of guanine molecules dissolved in the medium
from the added crystals. Guanine globules in pusules and vacu-
oles had irregular shapes, but the comparison of Raman spectra
(Fig. 1B) with those in refs. 12, 31 confirmed that the molecules
were organized in a regular anhydrous crystal structure. We
hypothesized that algae may take up guanine microcrystals and,
possibly, guanine-rich marine particulate fish debris via endocy-
tosis or via the pusule (SI Appendix, sections I.3 and II.1.Ac and
Fig. S3).

Uptake of Solid Guanine by A. carterae Involves Crystal Decomposition
and Recrystallization.Guanine microparticles or guanine-rich debris
might be taken up by dinoflagellates and directly deposited inside
their cells without first dissolving or changing the original crys-
talline structure, similar to an engulfing mechanism proposed for
algal feeding on bacteria (32). In an alternative scenario, the
engulfed particles may be first dissolved within pusules or vacuoles
into individual molecules. Globules of guanine may then be as-
sembled at target intracellular locations by new crystallization (Figs.
1 and 3). Guanine crystals may also be dissolved extracellularly,

Fig. 2. Uptake of dissolved guanine from the medium by N-starved A.
carterae and the number of generations supported by accumulated reserves
(inset). The rate of guanine disappearance from the medium decreased with
reduced cell density (±SD): from (122 ± 31) (◇) to (93 ± 23) (□), to (61 ± 15)
(◯), and to (31 ± 8) (△) × 103 cells·mL−1. The most dilute culture (△) reduced
guanine concentration in the medium from 35 to ∼4 μM, revealing the
maximum storage capacity of cells of 143 ± 37 (SD) pg of crystalline guanine
cell−1. Inset shows the correlation between the number of cells grown on
guanine reserve and the reserve size. Details of calculations for this figure
are described in SI Appendix, section I.2 and Fig. S2.

Fig. 3. TEM of semithin sections (A–C) and energy-dispersive X-ray spectroscopy (EDX) (D–F) analysis of A. carterae 6 h after refeeding N-starved cultures
with guanine. Typical EDX point spectra of guanine crystals (D–F) indicating a high N content were obtained in the scanning TEM (STEM) mode from semithin
cell sections. Arrows point to guanine particles outside (A) and inside cells (B and C). (Scale bars, 1 μm.) Ch, chloroplast; GG, globules with microcrystalline
guanine; P, pyrenoid; V, vacuole.
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subsequently taken up via active constitutive transport through their
cell walls and reassembled into crystalline structures inside the cells.
Raman microscopy offers a unique opportunity to discrimi-

nate between the uptake mechanisms using the spectral contrast
between fully (d5) and partially (d1) deuterated guanine (Fig. 4
and SI Appendix, sections I.3 and II.2.A and Fig. S7). The con-
version of d5-guanine to d1-guanine requires that the molecules
are directly exposed to an aqueous environment so that the four
deuterium atoms bound to N can be exchanged by hydrogen from
water, leaving only deuterium bound to C8 (33). Thus, if the
guanine particle remained in its original crystalline form during
the uptake by a cell, the N-D groups of d5-guanine would have
been protected from isotope exchange. Confirming this, a grain of
guanine crystal outside of a cell (Fig. 4B) was found to remain in
the d5-guanine form (dark blue, white arrow).
The Raman spectra proved that the new reserves of intracel-

lular guanine that appeared inside the N-starved A. carterae were
in the d1 form (Fig. 4, magenta). Only 30 min after the crystalline
d5-guanine was added to the cell suspension, both the d5-guanine
grain (dark blue, white arrow) outside the cell and the trans-
formed d1-guanine globules inside the cells (magenta) were
captured simultaneously in Fig. 4 A and B. Crystalline d1-guanine

was also found in the cells 5–12 h after feeding (Fig. 4 D and F).
The large guanine globules were preferentially located at the cell
center 5 h after N feeding (Fig. 4 C andD), and, subsequently, some
in the form of smaller particles moved toward the cell periphery
(Figs. 4 E and F and 3C).
Our analyses suggest that the guanine microcrystals were dis-

solved outside cells and taken up as individual molecules. Al-
ternately, if they were engulfed as intact microcrystals, they were
then dissolved intracellularly before reassembling into new crys-
tals. In either case, the original crystalline structure was released,
deuterium atoms bound to N in the d5-form were exchanged for
hydrogen from water, and the d1-guanine molecules were reas-
sembled into much larger inclusions in the vacuoles and/or pusules
(Figs. 3 and 4).

Guanine Crystals Are Biosynthesized in A. carterae de Novo from
Diverse Exogenic N Sources. Raman spectroscopy can also easily dis-
tinguish between 14N- and 15N-guanine (SI Appendix, sections I.3 and
II.2.B and Fig. S8), thus, making it useful for determining the source
of N. Feeding N-starvedA. carteraewith 15N-guanine, 15N-nitrate, 15N-
ammonium (Top in Fig. 5), or 15N-urea (SI Appendix, Fig. S10)
restored the culture’s growth and, regardless of the N source,

Fig. 4. Uptake of guanine includes exchange of deuterium for hydrogen atoms. Bright-field images overlaid by guanine (A, C, and E) and multicomponent
Raman maps (B, D, and F) of N-starved A. carterae after the addition of solid crystalline fully deuterated d5-guanine to N-depleted medium. Images collected
30 min (A and B), 5 h (C and D), and 12 h (E and F) after d5-guanine addition. Data for d5-guanine and partially deuterated d1-guanine are presented in blue
and magenta, respectively, in both the Raman spectrum and the images. G shows their respective Raman spectra. Other colors: yellow, neutral lipids; green,
chloroplasts; white/gray, starch. (Scale bars [A–F], 2 μm.) More spectra of isotopically labeled guanine are shown in SI Appendix, Fig. S7. Raman maps showing
separate components from data represented in B, D, and F are provided in SI Appendix, Fig. S9.
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considerable amounts of crystalline 15N-guanine appeared in-
side the cells during the lag phase that lasted ∼24 h (Fig. 5,
Bottom). On feeding A. carterae with nitrate, ammonium, or
urea, no crystalline inclusions of other purines were observed.
The accumulated or biosynthesized guanine crystals were later
used to support growth until their complete disappearance in
the new stationary phase. Regardless of the chemical identity of
the N source, the total amount of N needed to produce a new
A. carterae cell, estimated from the data in Fig. 5, was 14 ± 2 pg
(N)·cell−1. The calculation procedure was the same as in SI
Appendix, section I.2. This amount corresponded theoretically
to 30 ± 4 pg (guanine)·cell−1 of the presumed reserve, which
was close to 23 ± 4 pg (guanine)·cell−1 obtained from the data
presented in the graph inset in Fig. 2.
Interestingly, the intracellular guanine reserves generated by

the assimilation of nitrate (middle graph in Fig. 5), ammonium,
or urea were detected largely at the periphery of cells close to the
chloroplasts (Fig. 6). This was in agreement with the earlier re-
sults obtained for nitrate (12). In contrast, the rapidly accumu-
lated guanine was first located centrally in large globules
(Fig. 4 C and D and SI Appendix, Fig. S11), which were later
partially fragmented and moved to the cell periphery (Fig. 4E).
This result obtained by Raman microscopy was confirmed with
significantly higher spatial resolution by the combination of
TEM and EDX methods (Figs. 3 and 6). We tentatively propose
that the aforementioned differences in localization and storage
dynamics indicate differences in transport and biochemical
pathways following guanine biosynthesis from nitrate, ammo-
nium, and urea compared with the direct uptake of guanine.

In Situ Chemical Identification of Inclusions in Algal Species of Diverse
Taxonomical Classification and from Diverse Habitats. The chemical
identity of inclusions in 14 microalgal species listed in Table 1 was
examined by Raman microscopy as described in SI Appendix,
section II.1.C. The selected species (SI Appendix, sections I.4. and
II.3 for cultivation conditions) represent contrasting habitats, such
as oligotrophic to mesotrophic marine species including both free-
living (A. carterae and Microchloropsis gaditana) and coral endo-
symbiotic algae (Chromera velia and Symbiodiniaceae), oligotro-
phic to eutrophic freshwater (Synura petersenii andHaematococcus
pluvialis, respectively), extremophilic/acidophilic (Dunaliella acid-
ophila), terrestrial (Lobosphaera incisa, Vischeria sp., and Kleb-
sormidium flaccidum), and algae from artificial anthropogenic
environments (Vacuoliviride crystalliferum and K. flaccidum), their

distribution ranging from tropical/subtropical regions (A. carterae,
C. velia, and Symbiodiniaceae) and temperate zones (Vischeria sp.)
to the cosmopolitan species extending to the Arctic (K. flaccidum).
Some of the tested species were established model organisms
(Chlamydomonas reinhardtii and Microchloropsis gaditana), others
were important production species in algal biotechnology (M.
gaditana, D. acidophila, H. pluvialis, and L. incisa). The diverse
phylogeny among the selected species is shown in Table 1. Spectral
signatures of inclusions found in the selected algal species were
compared with the spectra of multiple purines (SI Appendix, Fig.
S4) and with calcium oxalate and calcite (SI Appendix, Fig. S6).
Guanine inclusions were found in 13 out of 14 tested species cul-
tivated in commonly used media (SI Appendix, section II.3). Only
one of the tested species K. flaccidum was found to contain uric acid
in its inclusions. This identification was completed in situ, thus,
eliminating the potential artifacts caused by extraction and chemical
analyses. Differences between Raman spectral signatures of gua-
nine and uric acid are large (SI Appendix, Fig. S4), enabling accurate
discrimination needed in light of alternatives proposed in recent
literature (12, 17, 23). We cannot rule out, however, that under
specific cultivation conditions, stress factors, or feeding by other
organic nutrients, crystalline inclusions of other purines may not be
present. Furthermore, the abundance of guanine inclusions depen-
ded not only on the availability of N nutrients (Fig. 1 C–E), but also
on cultivation factors, such as CO2 availability for Desmodesmus
quadricauda (23) or on the cell cycle phase in C. reinhardtii (SI
Appendix, section I.4 and Fig. S12). We also cannot exclude possible
transformation of different purine forms with some perhaps occur-
ring transiently or even simultaneously. Nevertheless, our experi-
ments reliably confirm that guanine is the dominant N-storage form
in the investigated microalgal species, and uric acid is found only in
K. flaccidum, a single representative of the Streptophyta lineage.
However, many more species of this lineage must be tested in the
future to conclude that the Streptophyta lineage deviates from other
taxonomical groups.

Coral Symbiotic Microalgae Accumulate and Store Guanine. Of par-
ticular interest in relation to guanine cell storage are the photo-
synthetic Symbiodiniaceae dinoflagellates (zooxanthellae) that live
in mutualistic symbiosis with reef-building corals. The finely tuned
exchange of nutrients between the coral host and the symbionts
forms the foundation of healthy coral reef ecosystems (5, 21, 34,
35). However, much remains poorly understood regarding the
mechanisms of nutrient uptake and storage that allow corals to

Fig. 5. N in guanine inclusions originated directly from the supplied guanine, nitrate, and ammonium. A. carterae cell density stagnated in controls without
N feeding (black lines) and divided after addition of 15N-labeled guanine, nitrate, and ammonium (all at 0.882-mM N). Intracellular crystalline guanine per cell
is shown in the bottom graphs representing Raman measurements (n = 5–12 cells). The corresponding graph representing uptake of urea is shown in
SI Appendix, Fig. S10.
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survive in the N-poor waters of tropical seas or cope with pulses of
excessive nutrients due to upwelling or rainfall (5, 34, 35).
We demonstrated in this study that the numerous crystalline

inclusions of endosymbiotic Symbiodiniaceae consist of guanine
and that the external guanine is rapidly assimilated into the
symbionts (Fig. 7 and SI Appendix, section I.5.). According to
Raman microscopy (SI Appendix, Fig. S14), Symbiodiniaceae
cells in the tissue of the scleractinian coral Euphyllia paraancora
(SI Appendix, sections I.5 and II.4.A) exhibited similar guanine
pool dynamics (Fig. 7 A–C) as the free-living dinoflagellate A.
carterae (Figs. 1–4). Symbiodiniaceae from corals grown under
optimal conditions always contained large guanine reserves
(Fig. 7A). After 4 mo of N starvation of corals, guanine reserves
were found depleted (Fig. 7B), the polyps shrank and became
partially bleached. Upon refeeding with 15N-NaNO3, the newly
synthesized 15N-guanine inclusions appeared within 24 h inside
Symbiodiniaceae cells (Fig. 7C and SI Appendix, Fig. S14).

The dynamic uptake of guanine was further confirmed in the
Symbiodiniaceae-hosting coral Acropora millepora, which is wide-
spread on the GBR, Australia, by using a combination of confocal
fluorescence and reflection imaging (Fig. 7 D–F and SI Appendix,
sections I.6 and II.1.C). A. millepora that was freshly collected
from the GBR (Marine Parks Authority Permit G17/39943.1 to
A.Sa., method in SI Appendix, section II.4.B) contained varying
quantities of guanine crystals scattered peripherally among chlo-
roplast lobes (Fig. 7D and SI Appendix, Fig. S15). Prolonged N
starvation resulted in complete depletion of the guanine reserves
(Fig. 7E). When the N-starved Symbiodiniaceae cells isolated from
A. millepora were fed by a small amount of guanine powder added
directly to the medium, the highly reflective guanine particles that
were first visualized outside Symbiodiniaceae cells, began to ac-
cumulate inside cells after ∼1 h (Fig. 7F). A similar direct uptake
of guanine was observed in Symbiodiniaceae extracted from the
zoanthid Zoanthus sp. (SI Appendix, Fig. S16, Bottom) and in free-
living A. carterae (in SI Appendix, Fig. S16, Top and Movie S1).
The same dynamics of appearance and disappearance of guanine

inclusions were observed for Symbiodiniaceae of four other cnidarian
species—the anemone Aiptasia sp., corallimorpharian, Rhodactis
indosinensis, leather soft coral, Sinularia asterolobata, and Zoanthus
sp., cultivated in an experimental aquarium (method in SI Appendix,
section II.4.A). This is an in situ identification of the crystalline
guanine within the intact symbiotic zooxanthellae from multiple
anthozoan species.

Discussion
Guanine (C5H5N5O) holds 1.9-fold higher amounts of N per unit
molecular weight than a monomer of N-storing cyanophycin
(C10H19N5O5), known to be the long-term N reserve in cyano-
bacteria. The ratio is even higher when the hydration of cyano-
phycin is considered. As it is uncharged and almost insoluble at
physiological pH, crystalline guanine is less metabolically active
than various ionic N-containing compounds, enabling its accu-
mulation in large quantities and its long-term storage inside cells
without the risk of metabolic disorder. In comparison with other
purines, guanine is one order of magnitude less soluble than uric
acid or xanthine and two orders of magnitude less soluble than
adenine or hypoxanthine. It is also more chemically stable than
uric acid (1). Yet guanine can be easily mobilized from the solid
state by changing pH of its aqueous environment. Although al-
most insoluble at neutral pH, its solubility in water increases
greatly at acidic or basic pH (31). Algal metabolic activity is
highly pH dependent: photosynthesis increases the pH during
the day, respiration decreases it at night, and a variety of cellular
pH controls alter it in response to environment and stress (36).
Thus, it is possible that guanine’s solubility is under cellular pH
control, facilitating its transport and assimilation. In coral-algal
symbiosis, pH influences the flow of N between the host and its
symbionts (35) and guanine’s pH solubility dependence may make
it a perfect metabolic N-storage molecule. Importantly, our find-
ing that the size of the guanine reserve in planktonic microalgae
can be much higher than the N amount required for cell repro-
duction indicates that it is a major N pool of global importance,
being proportional to the phytoplankton biomass and matching its
contributions to global carbon and N cycles (2, 37).
Biogenic guanine forms a highly compact crystal structure,

namely, the β-form of the anhydrous monoclinic polymorph,
consisting of vertically stacked planes of hydrogen-bonded mol-
ecules (12, 38). This crystal structure explains its unique optical
properties, including birefringence and an extremely high index of
refraction, leading to high light scattering as recorded in our confocal
reflective imaging analysis. Consequently, guanine’s storage function
does not exclude other possible functions, e.g., light scattering in
microalgae to enhance the efficiency of photosynthesis, photo-
protection from UV radiation, or the formation of photonic mirrors
(12, 38).

Fig. 6. Localization of guanine inclusions in A. carterae fed by nitrate by
TEM. Bright-field images overlaid by guanine (pink) (A) and multicomponent
Raman maps (B) of A. carterae cells 24 h after refeeding N-starved cells with
nitrate. False color coding is the same as that in Fig. 1. (Scale bar, 2 μm.) TEM
of ultrathin (C–E) and semithin (F) sections as well as EDX (G); (F and G)
analysis of A. carterae cells and surrounding cells 26 h after refeeding
N-starved cultures with nitrate. Typical EDX point spectra of guanine crystals
(G) indicating high N content were obtained in the STEM mode from
semithin cell sections. Arrows point to guanine crystals. (Scale bars, 2.5 [C],
1 [D and E], and 0.5 μm [F]. Ch, chloroplast; V, vacuole.)

6 of 9 | www.pnas.org/cgi/doi/10.1073/pnas.2005460117 Mojzeš et al.

D
ow

nl
oa

de
d 

at
 F

yz
io

lo
gi

ck
y 

U
st

av
 A

V
 C

R
 o

n 
D

ec
em

be
r 

9,
 2

02
0 



N is limiting to phytoplankton primary productivity in many
marine ecosystems and is often associated with sporadic or sea-
sonal reintroduction from deeper waters by mixing via upwelling or
storms, from organic matter remineralization and from land-based
sources (1–3). N stimulates phytoplankton growth, and the con-
nection of N metabolism to photosynthesis has long been recog-
nized (1, 6). The ability to assimilate N from nitrate, ammonium,
urea, or guanine dissolved in seawater, or, alternatively, from par-
ticulate N sources, and to rapidly sequester N as crystalline guanine
for redeployment under conditions of N limitation has emerged as
an important survival strategy of free-living phytoplankton algae. N
storage is also a critical component of cnidarian-dinoflagellate
symbiosis. Natural or anthropogenic N eutrophication is known to
disrupt the N-limited state of coral symbionts, disturbing the host’s
control over them thereby exacerbating the damage following mass
coral bleaching (5, 19). By locking excessive N in insoluble crystals
and mobilizing them when required, symbiotic microalgae may ef-
fectively mitigate the negative effect of N excesses or deprivations
and maintain stable nutrient stoichiometry (C:N and N:P ratios).
Given the major nutritional role of the symbionts to corals and
many other reef animals and the dependence of the reef ecosys-
tem’s health on efficient nutrient uptake and storage, our research
addressed a critical knowledge gap regarding the mechanisms by
which corals acquire and store inorganic nutrients. Such knowledge
is increasingly important under escalating eutrophication and cli-
mate-induced warming of marine and freshwater ecosystems.
N storage and other diverse vital biological and biochemical

functions underscore the versatility of crystalline guanine con-
cerning symbiosis and phytoplankton dynamics. Its shared occur-
rence among microalgal species over the phylogenetic tree suggests
the involvement of guanine in these roles early in evolution, a
hypothesis consistent with the potential role of this purine close to
the origins of life and its presumably prebiotic occurrence on early
Earth (39). Analogous to polyphosphate, which was regarded as a
molecular fossil (40) and was, subsequently, revealed to have a
multitude of functions (41), the crystalline guanine can also be
considered as an evolutionary old, overlooked, and forgotten
multifunctional tool of nature popping up from oblivion.

Materials and Methods
Chemicals and Media. References for chemicals and protocols used for pre-
paring cultivation media and stable isotope labeling are listed or described in
detail in SI Appendix, section II.

Algal Strains, Corals, and Cultivation Protocols. The origins and cultivation
conditions for the microalgal species in Table 1 are listed in SI Appendix, sec-
tions I.4. and II.3. Cnidarian species anemone, Aiptasia sp., corallimorpharian,
R. indosinensis, scleractinian coral, E. paraancora, leather coral, S. asterolobata,
and anthozoan Zoanthus sp., were purchased from a local marine aquarium
shop. A. millepora was collected from the GBR, Australia, and studied imme-
diately after collection or as explants cultivated in experimental aquaria. De-
tails of the laboratory cultivation and methods to study the kinetics of guanine
assimilation and turnover are provided in SI Appendix, sections I, II.1.A, II.3,
and II.4.

Confocal Raman Microscopy. The samples for Raman measurements were
prepared and treated according to the methodology described in detail
elsewhere (23, 42, 43) and summarized in SI Appendix, section II.1.C. The
inverted Raman microscope LabRam Evolution (Horiba Scientific, Long-
jumeau, France) and upright Raman microscope WITec alpha 300 RSA
(WITec, Ulm, Germany) were used with laser excitation at 532 nm in the
study. To remove interference by autofluorescence of chlorophyll, wide-area
low-power photobleaching of entire cells using a defocused 532-nm laser
beam was employed before mapping. No differences that would affect data
interpretation were observed between measurements on the Horiba and
WITec systems.

Confocal Reflection Microscopy. Symbiodiniaceae cells of A. carterae and
Zoanthus sp. confirmed by Raman microscopy to include guanine crystals
were concurrently imaged using a confocal fluorescence microscope Leica
TCS SP8 (Leica Microsystems, Germany) in the reflection mode using laser
excitation at 488 nm. The guanine inclusions were seen in the reflection as
crystal-like highly light-scattering objects. Further details are provided in
SI Appendix, sections I.6, II.1.C, and II.4.

Analytical Electron Microscopy. The protocol of specimen preparation for TEM
is described in SI Appendix, section II.1.E. Ultrathin sections were cut with a
LKB-8800 (LKB, Sweden) ultratome, stained with lead citrate according to
the method described by Reynolds (44) and examined under a JEM-1011
(JEOL, Tokyo, Japan) electron microscope. Samples for nanoscale elemental
analysis using analytical TEM with EDX were fixed, dehydrated, and em-
bedded as above, except that sections were stained with uranyl acetate and
lead citrate. Semithin sections were examined under a JEM-2100 (JEOL,
Japan) electron microscope. Point EDX spectra were recorded using a JEOL
bright-field STEM module and an X-Max X-ray detector system (Oxford In-
struments, United Kingdom). Further details are provided in SI Appendix,
sections II.1.E and II.1.F.

Data Availability. All study data are included in the article and supporting
information.
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Table 1. Microcrystalline purines identified by Raman microscopy in various algal strains

Species Habitat Phylogeny Purine

Symbiodiniaceae E-S Alveolata–Dinoflagellata Guanine
Amphidinium carterae S Alveolata–Dinoflagellata Guanine
Chromera velia S Alveolata–Chromerida Guanine
Microchloropsis gaditana S Stramenopiles–Eustigmatophyceae Guanine
Vacuoliviridecrystalliferum U Stramenopiles–Eustigmatophyceae Guanine
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Klebsormidium flaccidum T Archaeplastida–Streptophyta–Klebsormidiophyceae Uric acid

The screened species represent diverse habitats: Acid, acidophilic; E, endosymbiotic; F, freshwater; S, marine;
T, terrestrial/aerophytic; U, unspecified. The origins of the examined species as well as cultivation approach are
described in SI Appendix, sections I.4 and II.3.
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also apply for hydroxyl and superoxide radicals’ generators. 









10uM  3-(3,4-dichlorophenyl)-1,1-dimethylurea  S8409-3KU, SIGMA 

few grains sodium dithionite  CAT85,617-7, ALDRICH 

56mM glucose/100nM glucose oxidase/1.5mM catalase  NA 

glucose G8270-1KG, SIGMA 

glucose oxidase G7141-10KU, SIGMA 

1.5mM catalase C1345-1G, SIGMA 

20ug/mL superoxide dismutase  S8409-309-3KU,  SIGMA 

1mM methyl viologen  856177-250MG, SIGMA 

2.50% or 0.05% hydrogen peroxide #607-094-00-8, PENTA 

1% glutaraldehyde  G5882-50ML, SIGMA 

4% Formalin  F8775-500ML, SIGMA 

1% glutaraldehyde + 0.05% hydrogen peroxide NA 

2mg/mL rose bengal  MKCC4630, ALDRICH 

 



fast (ca. within 20 s), 

completely pale cells 

carbohydrates, carotenoids, guanine-rich 

slow (ca. 5-min), Chl left carbohydrates, little or no guanine  

fast (ca. within 20 s), Chl 

might be left 

carbohydrates, carotenoids, guanine-rich 

slow (ca. ≥ 10-min) ca. only carbon backbone (C-H) to reveal 

cell structures 

slow (ca. ≥ 10-min) no available signal 

slow (ca. ≥ 10-min) ca. only carbon backbone (C-H) to reveal 

cell structures 
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I. Supplementary Information Text 
I.1. Localization of guanine, lipids, chloroplasts, and starch by Raman microscopy (Fig. 1 
in the main text). The images in Fig. S1 are complementary to those in Fig. 1 in the main text 
and show Raman maps of individual cell components in separate panels (D-O). The separate 
maps in Fig. S1 provide a more detailed information than the overlays in Fig. 1C–E (here 
repeated in Fig. S1 A-C). The method to obtain these maps is described in detail in SI II.1.C 
 
I.2. Kinetics of guanine accumulation and maximum storage capacity (Figs. 2 in the main 
text). The mean amount of guanine accumulated per cell can be calculated from the drop in the 
guanine concentration in the supernatant (Fig. 2) and by normalization to cell density. We 
assumed that during the short uptake periods of our experimental treatments, the guanine was 
neither used for growth nor transformed into other chemical forms. This assumption was 
supported by the guanine accumulation analysis shown in Fig. 1. 
Fig. S2 shows data used to calculate the guanine storage capacity of A. carterae. The most 
diluted experimental algal suspension (triangles in Figs. 2 and S2) took up only a fraction of the 
available guanine and by dividing this amount by the number of cells present, the resultant 
estimated maximal storage capacity of A. carterae cells was 143 ± 37 (SD) pg (guanine)·cell−1. 
 
I.3. Raman spectra of various purines and stable-isotope-labelled guanines (Figs. 4 and 5 
in the main text). Identification. The chemical nature of the crystalline inclusions within cells was 
determined by comparing their Raman spectra with Raman spectra of reference samples (SI 
II.1.C.). Raman spectra of several purines, including crystalline guanine and uric acid, are shown 
in Fig. S4. Fig. S5 presents a comparison with various forms of uric acid. Raman spectra of 
calcite, calcium oxalate monohydrate, and calcium oxalate dihydrate that were earlier suspected 
to be present in algal inclusions are shown in Fig. S6. 
Deuterium-labelling. Deuterated crystalline d1-guanine, d4-guanine, and d5-guanine were used as 
reference samples. The materials and preparation are described in SI II.2.A. Raman spectra of 
these isotopically-labeled deuterium-guanine forms can be easily distinguished due to their 
distinct spectral fingerprints (Fig. S7). 
15N-labelling. To distinguish the N-source of guanine biosynthesized de novo from the 
compounds constituting N-sources in the media commonly used for microalgal cultivation (i.e., 
nitrate, ammonium, urea), and to eliminate any doubt about the origin of the endogenous 
guanine, isotopically labeled 15N-compounds were used as the alternative N-sources. 
Consequently, 15N-guanine newly biosynthesized from specific exogenous 15N-sources was 
easily distinguished from the preexisting 14N-guanine or from 14N-guanine recycled from degraded 
cellular components. Spectral differences between Raman spectra of crystalline 14N- and 15N-
guanine are highlighted in Fig. S8. 
 
I.4. In situ chemical identification of inclusions in diverse algal species (Tab.1 in the main 
text). Diverse algal species listed in the table below together with their origin were tested in 
cultivation media and under conditions recommended for their cultivation by the source 
collections (Table S1) as further specified in SI II.3. 
 

Species Origin.  Code 

Symbiodiniaceae 

Isolates. Symbiodiniaceae cells were isolated from tissues of 
various cnidarian species (Aiptasia sp., Euphyllia 
paraancora, Rhodactis indosinensis, Sinularia asterolobata, 
Zoanthus sp.) purchased from the local marine aquarium 
shops. Regardless of their origin, all Symbiodiniaceae cells 
contained crystalline guanine unless their host was exposed 
to long-term (at least 3 months) nitrogen deficiency. 

 

Amphidinium 
carterae 

MCNA - National Center for Marine Algae and Microbiota, 
Bigelow, USA CCMP1314 

Chromera velia MCNA - National Center for Marine Algae and Microbiota, 
Bigelow, USA CCMP2878 

Microchloropsis 
gaditana 

NIES - National Institute for Environmental Studies, 
Tsukuba, Japan NIES-2587 
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Vacuoliviride 
crystalliferum 

NIES - National Institute for Environmental Studies, 
Tsukuba, Japan NIES-2860 

Vischeria sp. CAUP - Culture Collection of Algae of Charles University, 
Prague, Czech Republic Q202 

Trachydiscus 
minutus 

CCALA - Culture Collection of Autotrophic Organisms of 
the Institute of Botany of the Czech Academy of Science, 
Třeboň, Czech Republic 

838 

Synura petersenii CAUP - Culture Collection of Algae of Charles University, 
Prague, Czech Republic Q13 

Lobosphaera 
incisa 

CAUP - Culture Collection of Algae of Charles University, 
Prague, Czech Republic H4301 

Desmodesmus 
quadricauda 

CCALA - Culture Collection of Autotrophic Organisms of 
the Institute of Botany of the Czech Academy of Science, 
Třeboň, Czech Republic 

463 

Chlamydomonas 
reinhardtii 

CRC - Chlamydomonas Resource Center, University of 
Minnesota, St. Paul, USA CC-1690 

Dunaliella 
acidophila 

CAUP - Culture Collection of Algae of Charles University, 
Prague, Czech Republic G301 

Haematococcus 
pluvialis 

CAUP - Culture Collection of Algae of Charles University, 
Prague, Czech Republic G1002 

Klebsormidium 
flaccidum 

NIES - National Institute for Environmental Studies, 
Tsukuba, Japan 

NIES-2285 

 
 
I.5 Detection of guanine in symbiotic dinoflagellates in intact corals and in extracted algae 
(Fig. 7 in the main text). Following the enrichment of the artificial seawater (prepared from Reef 
Crystals sea salt, Aquarium Systems, Sarrebourg, France) in aquaria by 0.3 mM 15N-NaNO3 as a 
sole source of N, the newly synthesized 15N-guanine crystals re-appeared within 24 hours inside 
endosymbionts of Euphylia paraancora as was documented by the respective Raman spectra (SI 
II.1.C.) that precisely distinguished between 14N- and 15N-guanine (Fig. 6C, Fig. S14C). To the 
best of our knowledge, this is the first in situ identification of crystalline guanine within the intact 
symbiotic zooxanthellae directly in tissues of several anthozoan species. 
Symbiodiniaceae within cnidarians obtained from a commercial marine store and maintained 
under optimal nutrient conditions contained a considerable amount of guanine crystals (Fig. 7A, 
Fig. S14). When whole organisms (e.g,, Euphyllia paraancora) were subjected for four months to 
N-starvation under N-depleted conditions (combined nitrate, nitrite and ammonium concentration 
< 1 μM) with only autotrophic feeding, their symbiotic algae lost all guanine reserves, while the 
coral polyps showed a pronounced reduction in size and became pale (i.e., bleached). N 
limitation is known to cause an increased accumulation of lipid bodies and floridean starch 
granules (1, 2), as well as the reduction of chloroplast volume in symbiotic dinoflagellates (Fig. 
6B, Fig. S14B). 
We also explored the presence of guanine in symbiotic dinoflagellates of Acropora millepora, a 
common coral species from the Great Barrier Reef (Australia), in colonies freshly collected from 
the reef (Heron Island, GBR) and in their explants, prepared from colony fragments, maintained in 
small closed-system seawater aquaria. Symbionts were analyzed either in situ, in the host tissue, 
or as extracted cells cultivated in natural seawater (Fig. 7 D-F). The crystalline guanine inclusions 
were identified in both types of samples characterized by confocal Raman microscopy and 
correlated with the highly reflective properties of guanine visualized by confocal reflection 
microscopy (Figs. S15, and S16). Similar to observations of the free-living A. carterae and to 
symbiotic dinoflagellates from the store aquarium kept corals, the crystals of guanine were 
observed in very large quantities inside the guanine-fed Symbiodiniaceae of A. millepora, were 
almost absent in the N-starved samples and were present in low to moderate amounts in the 
extracted symbionts of corals freshly collected from the reef (Fig. S15).  
 
I.6 Confocal fluorescence and reflection imaging. Confocal fluorescence microscopy is far 
more widely available in biological laboratories than Raman microscopy. Confocal imaging is fast, 
with high-throughput, and confocal reflection images can be acquired along with the confocal 
fluorescent ones. Since Raman microscopy enables the precise in situ identification of the 
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chemical nature of crystalline inclusions, we first tested the validity of (SI II.1.C) of the confocal 
reflection microscopy to image and quantify crystalline inclusions by corresponding measurement 
of the same samples by Raman imaging. By being more reflective/light scattering than other cell 
components, we showed that crystalline inclusions such as guanine can be easily visualized in 
reflection mode using a confocal fluorescence microscope. Thus, the inclusions in 
Symbiodiniaceae cells were first identified by Raman microscopy as guanine crystals and 
immediately after, cells from the same algal extracts were imaged by the confocal fluorescence 
microscope Leica TCS SP8 (Leica Microsystems, Germany) in reflection mode. Guanine 
accumulations were seen as crystal-like, highly light-scattering inclusions. All other organelles, 
e.g., the nucleus, the pyrenoid, the lipid droplets, the chloroplasts, and the accumulation bodies 
did not produce a reflection signal (Figs. S15 and S16). 
Importantly, the reflection imaging technique enabled the visualization of crystalline deposits 
much faster than by Raman microscopy, however, this technique could not differentiate between 
crystalline guanine and other light scattering crystalline inclusions, e.g., calcite, calcium oxalate or 
uric acid. A combination of both techniques would therefore be desirable for rapid, high-
throughput studies. 

II. Supplementary Information: Materials and Methods 
All chemicals were used for the preparation of media, the stable-isotope labeled 15N-NaNO3, 15N-
KNO3, urea-15N2, ND4OD, and DCl, as well as the crystalline nucleobases (adenine, guanine, 
xanthine, hypoxanthine and uric acid) were purchased from Sigma-Aldrich (St. Louis, MO, USA), 
unless other supplier was specified. 
 
II.1. Uptake kinetics of dissolved guanine and intracellular guanine inclusions of A. 
carterae (Figs. 1- 3 in the main text). 
II.1.A. Cultivation of A. carterae 
The marine dinoflagellate Amphidinium carterae was obtained from the National Center for 
Marine Algae and Microbiota (NCMAS, CCMP1314), Bigelow, USA. First, 1 L culture was grown 
in the closed photobioreactor FMT150 (PSI, Drasov, Czech Republic) in a full f/2 medium 
(composition shown below in SI II.1.Aa). The suspension was sparged by 0.2 L·min-1 filtered 
ambient air passed through a humidifier. The cultivation regime was 12 h light / 12 h dark 
illumination. The irradiance was 40 µmol (photons)·m-2·s-1 generated by blue- and red-light 
emitting diodes. The temperature of the suspension was kept constant at 20 °C. Minor losses of 
medium volume due to evaporation were replenished with distilled water. The culture growth was 
monitored spectrophotometrically and checked by cell counting. 
N-starvation. A stationary culture grown with nitrate was harvested by centrifugation (2000 ×g, 3 
min), washed by and suspended in N-deficient f/2 medium (composition in II.1.Aa.) and filtered 
through sintered glass filter (P100, Schott-Duran, Germany) to remove clumps of cells. 
The culture remained largely synchronous and was N-starved for approximately one week. The 
suspension was split into equal 20 mL batches, transferred to 100 mL flasks (Schott-Duran), and 
placed on an orbital shaker in the growth chamber 350H (Sanyo, Osaka, Japan) at T= 20°C, 
illumination 40 µmol (photons) m-2 s-1. The cells were maintained in this N-free environment for 
additional five days to degrade all remaining guanine crystals. The absence of crystalline guanine 
was checked by Raman microscopy (SI II.1.C.) and by polarization microscopy (II.1.D.). 
 
II.1.Aa. ASW f/2 medium with and without N-source 
The f/2 medium was prepared from artificial seawater (ASW) according to (3) and its N-deficient 
variant contained: 400 mM NaCl, 10 mM KCl, 9 mM CaCl2·2H2O, 20 mM MgCl2·6H2O, 20 mM 
MgSO4·7H2O and 1.85 mM KBr, 3.62 × 10-5 M NaH2PO4·H2O, 1.06 × 10-4 M Na2SiO3·9H2O, 1.17 
× 10-5 M FeCl3·6H2O, 1.17 × 10-5 M Na2EDTA·2H2O, 3.93 × 10-8 M CuSO4·5H2O, 2.60 × 10-8 M 
Na2MoO4·2H2O, 7.65 × 10-8 M ZnSO4·7H2O, 4.20 × 10-8 M CoCl2·6H2O and 9.10 × 10-7 M 
MnCl2·4H2O. The final concentrations of vitamins added into the autoclaved ASW f/2 from the 
stock solution were 2.96 × 10-7 M thiamine HCl (vitamin B1), 2.05 × 10-9 M biotin (vitamin H) and 
3.69 × 10-10 M cyanocobalamin (vitamin B12). 
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The full ASW f/2 medium used for cultures grown on nitrate as a sole source of N was prepared 
from the N-deficient f/2 by adding 0.882 mM NaNO3. The media were stored in amber glass 
bottles at 20 °C and used for no more than 30 days after preparation. 
 
II.1.Ab. Medium with saturated guanine as a sole N-source 
The saturated solution (~35 μM, (4)) of neutral guanine without visible solid particles was 
obtained by dissolving a slightly excessive amount of solid guanine in N-deficient f/2 at 60°C 
(stirred for 30 min) that was cooled to 20°C and filtered through a 0.22 µm Millipore membrane 
filter (Merck, Kenilworth, NJ, USA). The f/2 medium saturated with dissolved guanine was stored 
in amber glass bottles at 20 °C and used for no more than 5 days after preparation. 
II.1.Ac. Feeding N-starved A. carterae by ground fish scales 
The f/2 medium enriched by fish scales was prepared by leaching 100 mg of ground dry fish 
scales (rainbow trout, Atlantic salmon) in 100 mL of the N-deficient f/2 medium (SI II.1.Aa.) at 
25°C for 24 hours. The remaining large pieces of fish scales were removed in the form of 
precipitate. 
 
II.1.B. Determination of soluble guanine by UV-absorption spectrophotometer 
The dissolved guanine concentration in f/2 medium was determined spectrophotometrically using 
the absorption spectrophotometer Specord 250 (Analytik Jena, Jena, Germany) and its published 
extinction coefficient value (5). Standard spectroscopic quartz cuvettes (Hellma Analytics, Jena, 
Germany) with optical lengths of 10, 50 and 100 mm were used depending on the measured 
concentrations. Spectra between 210 – 400 nm were recorded to avoid artifacts that can occur 
with single wavelength measurements. For each measurement, aliquots of 5, 10, or 20 mL were 
centrifuged (14000 ×g, 1 min) and the supernatant was filtered through the 0.22 µm Millipore 
membrane filter (Merck, Kenilworth, NJ, USA) to remove suspended nanoparticles. We used N-
deficient f/2 medium as a blank reference. 
 
II.1.C. Confocal Raman and confocal fluorescence - reflection microscopies  
Sample preparation. The specimens for all Raman measurements were prepared and treated 
according to the methodology described in detail elsewhere (6-8). The algal cells were harvested 
by centrifugation (2000 ×g, 10 – 30 s) of 1 – 2 mL of cell culture and excess medium was 
discarded. Each cell pellet and a small amount of remaining medium were mixed with an 
approximately equal volume of 2% w/v solution of low-gelling agarose (T = 30 – 40°C) in the 
respective medium. The agarose solution was used to prevent movement of cells during 
measurements and was prepared using the low melting/gelling agarose (melting T = 65°C, gelling 
T=28°C) purchased from Carl Roth (Karlsruhe, Germany). Several microliters of the suspension 
were spread as a thin layer between a quartz slide and a quartz coverslip; wet edges were dried 
with blotting paper and sealed with a CoverGrip sealant (Biotium, Fremont, CA, USA). 
To remove the autofluorescence of chlorophyll that obscured the Raman spectra, a wide-area 
low-power photobleaching of the entire cell by a defocused 532 nm laser beam was applied prior 
to the mapping, as described previously (6). The mean guanine content per cell was quantified by 
Raman microscopy by measuring 5 – 12 randomly selected cells for each time point. 
For confocal analysis the symbiotic algae were extracted from Zoanthus sp and A. millepora by 
excising and abrading tissues with a brush into filtered seawater (FSW). They were first cleaned 
of debris by passing through a fine nylon mesh and were further cleaned by repeated 
centrifugation and resuspension of the pelleted algae in FSW. A drop of microalgal suspension 
(A. carterae, Zoanthus sp, A. millepora) was placed on a glass slide under a glass coverslip for 
confocal analysis and for each, several slides were analysed with a total of 28-34 cells analysed 
from each culture or organism, and per treatment for A. millepora.  
Raman microscopy. The quantitative dynamic studies of guanine biosynthesis and uptake by N-
starved A. carterae were carried out using an inverted Raman microscope LabRam Evolution 
(Horiba Scientific, Longjumeau, France) with 532 nm laser excitation (10 mW power at the focal 
plane) and using the water-immersion objective Plan Apo VC 60×, NA 1.20 (Nikon, Minato, 
Japan). The spectrograph was equipped with a 150 gr/mm grating providing spectral resolution of 
9 cm-1. Raman mapping was conducted with 500 nm steps in both directions, and with two 
accumulations, each of 0.3 s integration time at each voxel. The apparatus was controlled by a 
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LabSpec 6 software (Horiba Scientific, Longjumeau, France). Further details of the apparatus 
were described elsewhere (6). After the format conversion, spectra were treated and analyzed by 
a home-made GNU Octave software (9) as described previously (8). 
All other Raman measurements were conducted using an upright Raman microscope WITec 
alpha 300 RSA (WITec, Ulm, Germany) with a 532 nm laser excitation (20 mW power at the focal 
plane), an oil-immersion objective UPlanFLN 100×, NA 1.30 (Olympus, Shinjuku, Japan) and the 
spectrograph providing spectral resolution of 6 cm-1. Scanning step in x- and y-direction was 200 
nm, with an integration time of 0.1 s per voxel. Further details on the apparatus can be found in 
(8). 
The acquired Raman spectra were treated, and the Raman chemical maps constructed by 
multivariate decomposition of the baseline-corrected spectra into the spectra of pure chemical 
components by using WITec Project Plus 5.1 software (WITec, Ulm, Germany). No differences 
that could affect data interpretation were observed between the results obtained with Horiba and 
with WITec Raman microscopes. 
Confocal microscopy. For each analysis, we used Leica TCS SP5 or Leica TCS SP8 (Leica 
Microsystems, Heidelberg, Germany) inverted microscopes. Fluorescence imaging was by 63x 
water immersion objective (Plan-Apo, 1.2 NA) at excitation by Argon laser 488nm line and 
capturing the emission bands at 500 – 560 nm for organelles as the accumulation body and at 
670-700nm for chlorophyll in two photomultiplier tubes (PMTs). Reflection from guanine was 
simultaneously imaged by excitation at 488nm, with the third PMT detection range centered on 
the laser line at 485-489nm to capture scattered wavelengths from crystals. Images were taken at 
approximately mid-depth into each cell at 512x512 pixel resolution. 
 
II.1.D. Polarization microscopy 
To acquire images and videos in polarized light, a polarizing accessory of the upright Raman 
microscope WITec alpha 300 RSA (WITec, Ulm, Germany) was used. The videos visualizing the 
fast formation of crystalline guanine within A. carterae cells were taken by WITec Project Plus 5.1 
software (WITec, Ulm, Germany). 
The N-starved A. carterae cells were immobilized between a glass slide and a glass coverslip by 
low-melting agarose (SI II.1.C
edges. Several drops of guanine-enriched f/2 medium (II.1.Ab.) were placed at the coverslip 
edges and the microalgae located near the edges were monitored through the crossed polarizes. 
As the dissolved guanine diffused towards the nearby algae, its uptake was confirmed by a 
considerable amount of crystalline guanine appearing inside them. The rapid accumulation was 
visualized by the strong light depolarization by newly formed crystals as early as within 14 
minutes after the guanine solution was added (Movie S1). 
 
II.1.E. Ultrastructural transmission electron microscopy (TEM) 
The microalgae for TEM were fixed in 2% v/v glutaraldehyde solution in culture medium at room 
temperature for 0.5 h and then post-fixed for 4 h in 1% (w/v) ОsО4 in the 0.1 М sodium 
cacodylate buffer. The samples, after dehydration through graded ethanol series including 
anhydrous ethanol saturated with uranyl acetate, were embedded in araldite. Ultrathin sections 
were made with an LKB-8800 (LKB, Sweden) ultratome, mounted to the formvar-coated TEM 
grids, stained with lead citrate according to Reynolds (10) and examined under JEM-1011 (JEOL, 
Tokyo, Japan) microscope. 
 
II.1.F. Energy-dispersive X-ray spectroscopy (EDX) 
The samples for nanoscale elemental analysis in analytical TEM using EDX were fixed, 
dehydrated and embedded in araldite as described above, excepting the staining with uranyl 
acetate and lead citrate. Semi-thin sections were examined under JEM-2100 (JEOL, Japan) 
microscope equipped with a LaB6 gun at the accelerating voltage 200 kV. Point EDX spectra 
were recorded using JEOL bright-field scanning TEM (STEM) module and X-Max X-ray detector 
system (Oxford Instruments, UK). The energy range of recorded spectra was 0–10 keV with a 
resolution of 10 eV per channel. At least ten cells per specimen were analyzed. Spectra were 
processed with INKA software (Oxford Instruments, UK) and presented in a range 0.1-4 keV. 
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II.2. Combining isotopic-labelling with Raman microscopy (Fig.4 and 5 in the main text). 
II.2.A. Deuterated guanine for uptake solid guanine experiments (Fig. 4 in the main text). 
Heavy water (D2O, 99.9%) used in the experiments was purchased from Silantes (München, 
Germany). Deuterated d1-guanine (8)D, d4-guanine (1,2,2,9)D and d5-guanine (1,2,2,8,9)D were 
prepared from crystalline guanine (Sigma-Aldrich) according to the procedure described in (11). 
The isotopic purity of d1-, d4-, and d5-guanine was checked by Raman microscopy (SI II.1.C.) and 
compared with the corresponding spectra reported in (11). 
The base media and studied organisms were the same as described above in relation to Figs. 1-
3. The methodological approach is described in the main text, and in further detail in SI. II.1.A for 
cultivation and SI II.1.C. for Raman measurements. 
 
II.2.B. 15N-sources for cell growths and guanine dynamics (Fig. 5 in the main text). 
For de novo biosynthesis experiments, various 15N-labeled compounds constituting N-sources in 
the media commonly used for microalgae cultivation were tested. The stable-isotope labeled 15N-
NaNO3, 15N-KNO3 and urea-15N2 were purchased from Sigma-Aldrich (St. Louis, MO, USA). The 
15N-NH4Cl was acquired from Silantes (München, Germany). The stable-isotope fully-labeled 
crystalline 15N-guanine was prepared from commercially available guanosine-15N5 5′-
monophosphate, sodium salt, (Sigma-Aldrich) by acid hydrolysis of the N-glycosidic bond (12) 
and subsequent neutralization by NaOH. The precipitated neutral 15N5-guanine (15N-guanine) was 
washed by deionized water and dried. The isotopic purity was checked by Raman microscopy (SI 
II.1.C.) and compared with the corresponding spectrum reported in (11). The spectral differences 
between 15N- and 14N-guanine are shown in Fig. S8. The frequency downshifts by 5 – 20 cm-1 
caused by the heavier 15N atoms largely exceeded the experimental error (< ±1 cm-1) and 
enabled a straightforward and an unambiguous identification of the respective species. 
The media and the organisms used for the biosynthesis and uptake experiments were as 
described above in relation to Figs. 1-3. The 20 mL batches (in triplicate) of the N-starved 
A. carterae cells (II.1.A.) were supplemented with various 15N-sources. 
To provide the same amounts of N atoms regardless of the N-source, we added either 15N-nitrate 
to the final concentration of 0.882 mM corresponding to the full f/2 medium (54.69 mg·L-1), or 
0.882 mM 15N-ammonium (15.91 mg·L-1), or 0.441mM 15N-urea (26.48 mg·L-1) or 0.1764 mM 15N-
guanine as the sole N sources. Nitrate, ammonium and urea were added in the form of 1000-fold 
concentrated solution. Guanine was added as a solid powder (0.53 mg per 20 mL cell 
suspension) because of its limited solubility. 
The cell density and average cell size were measured in triplicate by the Coulter counter 
Multisizer 3 (Beckman Coulter, Brea, CA, USA) with a 100 µm aperture or by using Bürker 
counting chamber (n=9). 
The mean guanine content per cell was quantified by Raman microscopy measuring 5–12 
randomly selected cells for each time point. 
In other methodological aspects, our approach is further described in detail in the main text, in SI 
II.1.A for cultivation and SI II.1.C. for Raman measurements. 
 
II.3. Source and maintenance of free-living microalgae (Tab. 1 in the main text). 
The free-living marine algal species were cultivated in a full ASW f/2 medium prepared from N-
deficient f/2 (SI II.1.Aa.) enriched by 8.82 × 10-4 M NaNO3 as a sole source of N (3). 
The freshwater microalgae were cultivated in the Bold’s Basal Medium (BBM) (13), ½SŠ medium 
(14), BG-11 medium (15) or media recommended by the supplier of the algal strain. None of the 
media used for basic screening was enriched with guanine or other purines. 
 
II.4. Source and maintenance of symbiotic microalgae (Fig. 7 in the main text). 
II.4.A. Symbiodiniaceae from aquaria-kept anthozoans (Fig. 7 A–C in the main text). 
Various cnidarian species, e.g., anemone Aiptasia sp., corallimorpharian Rhodactis indosinensis, 
scleractinian coral Euphyllia paraancora, leather coral Sinularia asterolobata, and Zoanthus sp. 
were obtained from a marine aquarium store. 
They were maintained in small experimental aquaria (8 L, closed circulation of filtered water, 25 
°C, 12h/12h light/dark cycle, 100 µmol(photons)·m-2·s-1 illumination by white- and blue-light 
emitting diodes) under controlled nutrient conditions in the artificial marine water prepared from 
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the Reef Crystals sea salt (Aquarium Systems, Sarrebourg, France) according to the 
manufacturer’s instructions and supplemented with trace elements by a weekly dosage of 
commercially available solutions Coral Colours (Red Sea, Eilat, Israel). 
Commercially available colorimetric Profi Test kits (Salifert, the Netherlands) were used to test 
and maintain the pH, carbonate hardness/alkalinity, concentrations of nitrate, nitrite, ammonia, 
and phosphate according to the manufacturer’s instructions. The resultant color changes were 
quantified by the absorption spectrophotometer Specord 250 (Analytik Jena, Germany) and via 
calibration based on the concentration series of the respective compounds. 
The chemical nature of the crystalline inclusions of anthozoan endosymbionts were first analysed 
immediately after acquisition, and subsequently, at regular intervals, by excising a small piece of 
soft tissue, positioning it between glass microscope slide and coverslip, and immediately 
analyzing by Raman microscopy (SI II.1.C.). 
 
II.4.B. Symbiodiniaceae from reef collected coral Acropora millepora (Fig. 7 D–F in the main text). 
Replicate explants from four A. millepora colonies were starved in N-depleted artificial seawater 
in experimental aquaria for 4 weeks. Dinoflagellate symbionts were extracted by repeated 
centrifugation and filtering, cultured in nutrient depleted media for additional 4 days, analyzed by 
confocal reflection microscopy and compared to cells one day later following the addition of 
crystalline guanine to the artificial seawater and to symbionts extracted from three A. millepora 
that were used for analysis immediately after reef collection and transportation to the laboratory.  
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III. Supplementary Information: Results 

 
 
Fig. S1 (complementing Figs. 1C–E). Rapid uptake of guanine by N-starved A. carterae led 
to accumulation of intracellular guanine inclusions. The combined Raman maps (A–C) 
represent typical cells after two weeks of N-starvation (first row) and cells during progressive 
guanine accumulation (second and third rows). Intracellular distribution of crystalline guanine (D–
F), neutral lipids (G–I), chloroplasts (J–L) and floridean starch (M–O) are shown in separate 
panels for clarity. The corresponding Raman spectra are shown in Fig. 1B. Scale bar: 2 μm. 
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Fig. S2 (complementing Fig. 2). Rapid uptake of guanine by N-starved A. carterae and 
subsequent growth of the culture at the expense of accumulated stocks. (A) Accumulation 
of guanine reserves inside cells estimated from the uptake kinetics shown in Fig. 2. The cell 
densities were (12.2 ± 3.1*) × 104 cells·mL−1 (◇), (9.3 ± 2.3) × 104 cells·mL−1 (□), (6.1 ± 1.5) × 104 
cells·mL−1 (◯), and (3.1 ± 0.8) × 104 cells·mL−1 (△). The cells of the most diluted culture (△) did 
not take all of the dissolved guanine from the medium, thus indicating that their maximum storage 
capacity was 143 ± 37 pg of crystalline guanine. 
(B) Growth of cell cultures influenced by guanine reserves generated by the rapid uptake shown 
in A. Cultures were cultivated under identical conditions until they reached a new stationary 
phase. Their growth was monitored by cell counting (Bürker counting chamber; 2 replicates, 18 
readouts). From the initial cell densities (12.2 ± 3.1) × 104 cells·mL−1 (◇), (9.3 ± 2.3) × 104 
cells·mL−1 (□), (6.1 ± 1.5) × 104 cells·mL−1 (◯), and (3.1 ± 0.8) × 104 cells·mL−1 (△), the final cell 
densities increased by 3.7 ± 1.1, 4.2 ± 1.4, 5.3 ± 1.7 and 8.1 ± 3.1 times, respectively. The 
growths were fitted to five-parameter logistic function (RSQR ≥ 0.985). 
*a number that follows the ± sign is a standard deviation (SD) in this work. 
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Fig. S3. N-starved A. carterae fed by ground fish scales. Bright field image (A) overlaid by 
guanine Raman map which is shown separately in panel C. Multicomponent Raman chemical 
map (B). Individual Raman maps of crystalline guanine (C), neutral lipids (D), chloroplasts (E) and 
floridean starch (F). 
Outside the cell, a piece of fish scale containing a small amount of guanine is indicated by the 
pink arrows in (A) and (C). The cell was mapped 60 min after leachate from the fish scales was 
added. Raman mapping was conducted in dozens of replicates; a representative cell is shown. 
Scale bar: 2 μm. 
The f/2 medium enriched with leachate from fish scales was prepared by maintaining 100 mg of 
ground dry fish scales (rainbow trout, Atlantic salmon) in 100 mL of the N-deficient f/2 medium at 
25°C for 24 hours. The N-starved cells were transferred to the leachate cleaned free of coarse 
pieces of sediments. The presence of guanine was confirmed by Raman microscopy of 5 or more 
of randomly selected cells. 
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Fig. S4. Comparison of Raman spectra of crystalline anhydrous guanine (G) and crystalline forms 
structurally related purine bases (adenine – A; xanthine – X; hypoxanthine – hX; uric acid – UA, 
UAD). The spectrum UA shows uric acid detected in microalgae (e.g., Klebsormidium flaccidum) 
and UAD shows the most similar spectrum of a single crystal of uric acid dihydrate for a specific 
crystal orientation. Uric acid present in some microalgae species could not be easily identified by 
means of the reference spectrum of polycrystalline anhydrous uric acid (see Fig. S5 for details). 
For the sake of clarity, only the range of characteristic vibrations (360 – 1850 cm-1) is shown. 
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Fig. S5. Comparison of Raman spectra of different crystalline forms of uric acid. Uric acid was 
commercially available as an anhydrous polycrystalline powder (UAA pwd, blue line) from which it 
can be recrystallized under specific conditions to anhydrous or dihydrate single crystals (16). 
Unlike the polycrystalline UAA powder, the relative intensities of the Raman bands of single 
crystals were sensitive to the orientation of their flat plate faces with respect to the electric vector 
of the excitation beam, as was evidenced by the spectra of dihydrate uric acid single crystal 
oriented parallelly (UAD par, magenta line) and perpendicularly (UAD per, red line). Raman 
spectra of uric acid detected in microalgae (UA in algae, black line) were most similar to the 
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spectrum of UAD per., nevertheless, Raman bands were broader, indicating a less strict crystal 
packing of the molecules. 
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Fig. S6. Raman spectra of calcite, calcium oxalate monohydrate, and calcium oxalate dihydrate. 
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Fig. S7 (complementing Fig. 4). Raman spectra of normal guanine and its deuterium-labeled 
derivatives. 
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Fig. S8 (complementing Fig. 7). Direct comparison of Raman spectra of crystalline 14N- and 15N-
guanine. To highlight the specific isotopic frequency shifts between both isotopic guanine 
species, the difference spectrum is shown for clarity. The differences in wavenumbers of 
individual bands of the 14N- and 15N-guanine were found sufficiently large for a reliable 
discrimination by Raman spectroscopy. In fact, the shifts were as large as 5–20 cm-1, while the 
spectral resolution of our Raman spectrometer was better than ± 1 cm-1. 
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Fig. S9 (complementing Fig. 4). Uptake of guanine includes the exchange of deuterium for 
hydrogen atoms. Bright field images overlaid by guanine Raman maps (A, B, C), 
multicomponent Raman maps (D, E, F) and Raman maps of the most important components (G–
R) of the N-starved A. carterae after the addition of solid crystalline d5-guanine into N-depleted 
medium. Images collected 30 min, 5 hours and 12 hours after d5-guanine addition. Raman maps 
of d5- and d1-guanine (G–I) are represented in blue and magenta, respectively, both in the 
corresponding Raman spectrum (Fig. S7) and in the images. Other colors: yellow – neutral lipids, 
green – chloroplasts, gray – floridean starch. Scale bars (D–F): 2 μm. 
  



 
 

19 
 

 
 
 

 
 
Fig. S10 (complementing Fig. 5). Nitrogen in 15N-guanine inclusions originated directly 
from the supplied 15N-labelled urea. A. carterae cell density stagnated in the control samples 
without N-feeding (black line, upper graph) and resumed growth after the addition of 15N-labelled 
urea at concentration of 0.882 mM (N) (yellow line, upper graph). The corresponding intracellular 
crystalline guanine contents per cell are shown in the bottom graph representing Raman 
measurements of 5–12 cells. 
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Fig. S11 (complementing Fig. 6). Localization of guanine inclusions in A. carterae fed by 
nitrate (top row) or guanine (bottom row) after 24 hours. Bright field images overlaid by 
guanine Raman maps (A, B). Separate Raman maps of guanine (C, D), neutral lipids (E, F), 
chloroplast (G, H), and floridean starch (I, J). Combined multicomponent Raman chemical map 
(K, L). Scale bar: 2 μm. 
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Fig. S12. Crystalline guanine inclusions in the dividing Chlamydomonas reinhardtii. Bright 
field image (A), multicomponent Raman chemical map (B), separate Raman map of guanine (C), 
neutral lipids (D), chloroplasts (E), and starch (F). Scale bar: 2 μm. 
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Fig. S13 (complementing Fig. 7). Raman spectra of pure components identified in 
Symbiodiniaceae cells re-fed with 15N-NaNO3. The full–range Raman spectra of crystalline 15N-
guanine, neutral lipids, chloroplasts, floridean starch, accumulation body, and seawater 
surrounding the cell were used for multivariate decomposition of Raman maps of 
Symbiodiniaceae cells and construction of chemical maps shown in Fig. 7. 
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Fig. S14 (complementing Fig. 7). Raman chemical maps of Symbiodiniaceae cells 
extracted from the tissue of the coral Euphylia paraancora. Algae from corals cultivated 
under optimal nutrient conditions in an aquarium shop contained guanine crystals (D, G). After 
four-month cultivation of the entire holobiont in N-depleted seawater, they lost their guanine 
reserves (E, H). When corals were transferred into seawater enriched by 0.3 mM 15N-NaNO3, 
newly synthesized 15N-guanine crystals appeared within 24 h (F, I) in algae as documented by 
the highly specific Raman spectra clearly distinguishing between 14N- and 15N-guanine (Fig. S8). 
Raman mapping was replicated (n=12 or more cells) and conducted on three holobiont replicates; 
representative cells are shown. Scale bar: 2 μm. 
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Fig. S15 (complementing Fig. 7). Confocal fluorescence and reflectance images of 
Symbiodiniaceae cells extracted from the coral A. millepora. Combined images (A–C), 
chlorophyll fluorescence 670 – 700 nm (D–F), fluorescence at 500 – 560 nm assigned 
predominantly to accumulation body (G–L), and 488 nm reflection of guanine microcrystals (M–O) 
of cells extracted from freshly reef collected corals (left column), from N-depleted corals (middle 
column) and from the N-depleted symbionts 24 h after the supplementation by guanine powder 
(right column). Combined images (P–R) illustrate the time evolution of the uptake showing the 
same cell 10 min (P), 30 min (Q) and 50 min (R) after the addition of guanine. Gradual bleaching 
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of the fluorescence is visible due to laser scanning. Red arrow in images C and O indicate 
undissolved crystalline guanine outside the cell. Scale bar: 2 μm. 
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Fig. S16. (complementing Fig. 7D-F and Fig. S15). Confocal images of A. carterae and 
Symbiodiniaceae cells after N feeding. Confocal images of free-living A. carterae cells (A, C, E, 
G) and Symbiodiniaceae cells (B, D, F, H) extracted from reef Zoanthus sp. and fed with guanine 
powder highlighting the crystalline inclusions in a reflection mode of 488 nm laser line (C, D); 
fluorescence emission at 500 – 560 nm from accumulation bodies and other organelles (E, F); 
fluorescence emissions of chlorophyll from chloroplasts 670 – 700 nm (G, H); and overlaid 
combined image (A, B). The presence of crystalline guanine within cells from the same batch was 
confirmed by Raman microscopy. Scale bar: 5 μm. 
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Movie S1 (separate file, complementing Fig. 1) shows a sequence captured in real time by 
polarization microscopy. The cover figure shows bright field (A, C) and polarization images (B, 
D) of an N-starved A. carterae cell before (A, B) and 14 minutes after feeding with dissolved 
guanine (C, D). The video will start upon clicking the cover figure. 
 
 
  



 
 

28 
 

SI References 
 

1. S. Rosset, C. D'Angelo, J. Wiedenmann, Ultrastructural Biomarkers in Symbiotic Algae 
Reflect the Availability of Dissolved Inorganic Nutrients and Particulate Food to the Reef 
Coral Holobiont. Frontiers in Marine Science 2, 103 (2015). 
2. S. Rosset, J. Wiedenmann, A. J. Reed, C. D'Angelo, Phosphate deficiency promotes 
coral bleaching and is reflected by the ultrastructure of symbiotic dinoflagellates. Marine 
Pollution Bulletin 118, 180-187 (2017). 
3. R. R. L. Guillard (1975) Culture of phytoplankton for feeding marine invertebrates. in 
Culture of Marine Invertebrate Animals, eds W. L. Smith, M. H. Chanley (Plenum Press, New 
York, USA), pp 26-60. 
4. S. H. Yalkowsky, Y. He, P. Jain, Handbook of Aqueous Solubility Data (CRC Press, New 
York, U.S.A., ed. Second, 2010). 
5. D. B. Dunn, R. H. Hall, "Purines, Pyrimidines, Nucleosides, and Nucleotides: Physical 
Constants and Spectral Properties" in Handbook of Biochemistry and Molecular Biology. 
(CRC Press, 2018), 10.1201/b21846-50 chap. Purines, Pyrimidines, Nucleosides, and 
Nucleotides: Physical Constants and Spectral Properties. 
6. Š. Moudříková et al., Raman and fluorescence microscopy sensing energy-transducing 
and energy-storing structures in microalgae. Algal Research 16, 224-232 (2016). 
7. Š. Moudříková, L. Nedbal, A. Solovchenko, P. Mojzeš, Raman microscopy shows that 
nitrogen-rich cellular inclusions in microalgae are microcrystalline guanine. Algal Research 
23, 216-222 (2017). 
8. Š. Moudříková et al., Quantification of polyphosphate in microalgae by Raman 
microscopy and by a reference enzymatic assay. Analytical Chemistry 89, 12006-12013 
(2017). 
9. J. W. Eaton, D. Bateman, S. Hauberg, R. Wehbring (2015) GNU Octave version 4.0.0 
manual: a high-level interactive language for numerical computations.  (CreateSpace 
Independent Publishing Platform). 
10. E. S. Reynolds, The use of lead citrate at high pH as an electron-opaque stain in electron 
microscopy. Journal of Cell Biology 17, 208-212 (1963). 
11. J. M. Delabar, M. Majoube, Infrared and Raman-spectroscopic study of N-15 and D-
substituted guanines. Spectrochimica Acta Part a-Molecular and Biomolecular Spectroscopy 
34, 129-140 (1978). 
12. H. Ishikawa, Hydrolysis of nucleotides by acid. The Journal of Biochemistry 22, 385-395 
(1935). 
13. H. W. Bischoff, H. C. Bold, Some soil algae from Enchanted Rock and related algal 
species, Phycological studies (University of Texas Publication, Austin, Texas, 1963), vol. IV. 
14. V. Zachleder, I. Šetlík, Effect of irradiance on the course of RNA-synthesis in the cell 
cycle of Scenedesmus quadricauda. Biol Plantarum 24, 341-353 (1982). 
15. R. Rippka, J. Deruelles, J. B. Waterbury, M. Herdman, R. Y. Stanier, Generic 
assignments, strain histories and properties of pure cultures of cyanobacteria. Journal of 
General Microbiology 111, 1-61 (1979). 
16. F. Liu, D. E. Hooks, N. Li, N. A. Mara, J. A. Swift, Mechanical properties of anhydrous 
and hydrated uric acid crystals. Chem. Mat. 30, 3798-3805 (2018). 

 
 







Bottom-illuminated orbital shaker for microalgae cultivation

Jakub Nedbal a,⇑, Lu Gao b,c, Klaus Suhling a

aDepartment of Physics, King’s College London, Strand, London WC2R 2LS, UK
b Institute of Bio- and Geosciences/Plant Sciences (IBG-2), Forschungszentrum Jülich, Wilhelm-Johnen-Straße, D-52428 Jülich, Germany
c Faculty of Mathematics and Natural Sciences, Heinrich Heine University, Universität Straße 1, D-40225 Düsseldorf, Germany

a r t i c l e i n f o

Article history:
Received 01 May 2020
Received in revised form 24 July 2020
Accepted 7 September 2020

Keywords:
Orbital shaker
Shaking incubator
Growth chamber
Cultivation
Microalgae
Algae
Cyanobacteria
Cell culture
Desmodesmus quadricauda
Chlorella vulgaris
3D printing
Open source hardware
Open hardware
Open source
Free and open source
FOSS
Free
Education
Teaching
Electronics

a b s t r a c t

A bottom-illuminated orbital shaker designed for the cultivation of microalgae suspensions
is described in this open-source hardware report. The instrument agitates and illuminates
microalgae suspensions grown inside flasks. It was optimized for low production cost, sim-
plicity, low power consumption, design flexibility, consistent, and controllable growth light
intensity.
The illuminated orbital shaker is especially well suited for low-resource research labora-

tories and education. It is an alternative to commercial instruments for microalgae cultiva-
tion. It improves on typical do-it-yourself microalgae growth systems by offering
consistent and well characterized illumination light intensity. The illuminated growth area
is 20 cm � 15 cm, which is suitable for three T75 tissue culture flasks or six 100 ml
Erlenmeyer flasks. The photosynthetic photon flux density, is variable in eight steps
(26� 800 lmol �m�2 � s�1) and programmable in a 24-h light/dark cycle. The agitation
speed is variable (0� 210 RPM). The overall material cost is around £300, including an
entry-level orbital shaker. The build takes two days, requiring electronics and mechanical
assembly capabilities. The instrument build is documented in a set of open-source proto-
cols, design files, and source code. The design can be readily modified, scaled, and adapted
for other orbital shakers and specific experimental requirements.
The instrument function was validated by growing fresh-water microalgae Desmodesmus

quadricauda and Chlorella vulgaris. The cultivation protocols, microalgae growth curves, and
doubling times are included in this report.
� 2020 The Authors. Published by Elsevier Ltd. This is an open access article under the CC BY

license (http://creativecommons.org/licenses/by/4.0/).
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1. Hardware in context

Microalgae, like plants, use photosynthesis as the primary energy source for their metabolic needs [1]. In laboratory con-
ditions, microalgae are grown using dedicated instruments in growth media, which provide the nutrients and water [2,3].
These instruments vary in size between microfluidic [4,5] and industrial scale implementations [3,6]. Their purpose is to agi-
tate and illuminate the cultures. Agitation is done by shaking, stirring or gas sparging to ensure microalgae mixing, nutrient,
and gas exchange. The illumination typically covers the photosynthetically active spectral range 400 nm–700 nm (white),
which excites a range of endogenous fluorophores required for full metabolic activity. Their illumination intensity is variable
and programmable for daily (diurnal) light/dark cycle.

The instrument described in this report is an orbital shaker with a bottom-mounted light source for growing 10 s� 100 s
ml of microalgae suspensions in flasks (Fig. 1A). The instrument offers consistent and controllable illumination with low
power consumption at a fraction of the cost of a commercial instrument. Laboratory microalgae cultivation is typically done
in photobioreactors, illuminated cabinets or on shakers. Closed system photobioreactors (Fig. 1B) offer controlled cultivation
conditions for high biomass production [7,8]. Illuminated cabinets with controlled environment (temperature, humidity, gas
composition) are used to grow microalgae inside flasks on orbital shakers (Fig. 1C). In the simplest case, this specialized cab-
inet is replaced by a common top-mounted lamp illuminating the microalgae culture grown at room temperature on an orbi-
tal shaker (Fig. 1D).

Closed system bioreactors (Fig. 1B) and temperature-controlled illuminated growth cabinets (Fig. 1C) are designed to
offer regulated and versatile conditions for microalgae cultivation [2,3]. However, these specialized machines are expensive
ð£1000s� £10000sÞ, can have large power ð> kWÞ and space requirements, and operating costs. Yet, these commercial sys-
tems are not always essential and do-it-yourself (DIY) solutions to microalgae cultivation are therefore common [9–12,8].
However, the technical and design details of DIY cultivation systems are seldom published and open source hardware
(OSHW) publications on microalgae cultivation remain rare. An OSHW photobioreactor design, build instructions, and appli-
cation protocols were published recently in a peer-reviewed article [8]. ‘NinjaPBR’ is another photobioreactor for microalgae
cultivation with its design files, assembly instructions, and control software made available on Github [13]. ’Bioreactor’ is a
device for the cultivation of bacteria, currently under development, released on GitHub [14]. It lacks a light source required
for phototrophic cultivation of microalgae, but it lends itself to this modification. A suitable light source with programmable
power, spectrum, and period is described in [15]. Another exemplary OSHW device is an automated turbidostat, which mon-
itors and maintains optimal microalgae culture density to maximize photobioreactor production yield [16,17].

According to Büchs, over 90% of all culture experiments in biotechnology are performed in shaking bioreactors [18]. Sim-
ilarly, in laboratory cultivation of microalgae, orbital shakers are widely used. Typically, flasks with microalgae are placed on
top of an orbital shaker (Fig. 1D) with a light source illuminating the culture from the top [9,10]. This solution is cheap and
simple to implement. However, it cannot ensure consistent and predictable illumination of the microalgae suspensions
inside the flasks. The flask lids may cast shadows, screening off the light, and the lamp illumination may not be homogeneous
across the area of the shaker. Bottom-illuminated orbital shaker systems for microalgae cultivation offer more consistent
illumination [11,12], but are not widely used. This manuscript describes an open hardware design for a bottom-

Fig. 1. Different cultivation systems for microalgae and a summary of their strengths and weaknesses. A) Illuminated orbital shaker described in this
manuscript. B) Closed system bioreactor for high biomass volume; C) Culture cabinet for large number of different cultures; D) Low-cost DIY shaker under
top-mounted lights. T stands for temperature, $ for low cost, and $$$ for high cost.
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illuminated orbital shaker for the cultivation of microalgae (Fig. 1A). It was optimized for production cost simplicity, low
power consumption, design flexibility, and consistent and controllable growth light intensity to create reproducible exper-
imental conditions.

2. Hardware description

This work describes an illuminated orbital shaker built around a commercial orbital shaker. A custom light-emitting
diode (LED) [19,20] array illuminator and an electronic LED controller are placed on top of the shaking platform. An elevated
transparent platformmade of clear acrylic is fixed over the LED illuminator. The microalgae cultures are placed on top of this
elevated platform, being illuminated from the bottom by the LEDs, and agitated by the rotational motion of the orbital
shaker.

The LED illuminator is a light source with a rectangular area of 20 cm � 15 cm, positioned only 15 mm below the microal-
gae culture. The close proximity of the light source and its positioning below the culture flasks is highly beneficial. The illu-
mination of the culture is consistent over time, regardless of the type of culture flask used, and requires comparably low
power consumption ð� 29WÞ to achieve irradiance sufficiently high for majority of microalgae cultivation requirements.
The light/dark cycle is set by programming a 24-h socket timer, which regularly turns the light on and off. The irradiance
at the bottom interface of the microalgae culture is reproducibly adjustable in eight steps, using a custom electronics con-
troller described in Section 5. The brightness of the light can be regulated by manual switches or an external microcontroller.
Excess heat generated by the LEDs is removed by a fan-cooled aluminium heatsink. The cooling ensures that the temperature
at the top of the illuminated shaker platform does not increase more than 1�C above the ambient temperature even at the
highest light output.

The bottom-illuminated orbital shaker function was validated by successful cultivation of freshwater microalgae,
described in Section 7.2. However, its design is more versatile and should support wider range of applications than described
in this report:

� Different species of freshwater and seawater suspension microalgae and cyanobacteria can be cultivated in the appropri-
ate growth medium [9,21,10].

� Thermophilic or psychrotrophic microalgae and cyanobacteria can be cultivated with the orbital shaker placed inside a
temperature-controlled space [22–24].

� Seed cultures can be cultivated for inoculation into high-volume bioreactors [9].
� The design can be modified for different orbital shaker models and types. A readily available shaker can be substituted for
the model described here. The design can be modified to feature larger illuminator and orbital shaker to support larger
culture volumes.

� The peak brightness of the illuminator can be changed by altering the spacing of the LED strips1.
� The spectral properties of the light source can be modified to suit different experimental regimes [25]. The white LED
strips, described here, can be swapped for multi-color LED strips [15]. Multiple copies of the described LED controller
can be built to independently control the output of the three colors of the multicolor LED strip, and thus vary the spectral
properties and timing of the light source.

� The illumination light intensity and cycle can be controlled using a microcontroller or a computer for advanced growing
protocols. The described LED controller is prepared for such external control. It has 0:30 V� 1:25 V analog input regulat-
ing the LED current between 25% and 100%. Arduino DUE, Zero or the MKR-family feature in-built digital-to-analog con-
verters for direct voltage control of LED illuminator brightness.

� Pulse width modulation (PWM) can be used to control the brightness with most microcontrollers or microcomputers,
including all members of the Arduino and Raspberry Pi families using the same external input of the LED controller.

� The light/dark cycle can be upgraded to longer and more complex illumination patterns by a straightforward replacement
of the basic 24-h plug-in timer with a more advanced weekly programmable plug-in timer.

� The orbital shaker can be used in education. It could be an educational engineering project focusing on the instrument
development, and a tool for learning about population biology and photosynthesis [26].

3. Design files

Design files are provided for readers to use them directly or modify them according to their specific needs. The design files
and the associated assembly steps can be grouped into four areas:

� LED controller electronics.
� 3D printed case for the LED controller electronics.

1 Any changes to the total length of the LED strip must be accompanied by verifying that the maximum current delivered by the LED controller does not
exceed the maximum current rating for the given length of the LED strip. Replace LED driver DC1 (Supplementary Fig. S1) with LDU2430S700, LDU2430S600 or
LDU2430S500 for maximum LED current of 700mA, 600mA or 500mA, respectively. With longer LED strips, offering higher maximum current rating, wire
them into two or more parallel sections, each powered by its own LED controller.
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� Cooled LED illuminator.
� Transparent orbital shaker platform.

The electronic circuit and the printed circuit board (PCB) have been designed in KiCAD electronic design automation suite.
The 3D and 2D computer aided design (CAD) models of the electronics circuit case and the transparent orbital shaker plat-
form were designed in Onshape CAD software system.

3.1. Design files summary

The design files are listed in Table 1 and are briefly described in the list below. Their use in the build of the illuminated
orbital shaker in explained later in Section 5 and the accompanying protocols.

� LEDcontroller.zip The archive contains KiCAD project source files with the electronics schematics, printed circuit
board (PCB), bill-of-materials list, and PCB production files. The latest version is available at rebrand.ly/etuuxu. The
schematics of the LED controller is in Supplementary Fig. S1.

� LEDcontroller_PCB.zip Gerber files for LED controller PCB production are in this archive. The latest version is avail-
able at rebrand.ly/xhsc9i.

� LEDcontroller_Case.zip STL files for 3D printing the parts of the custom LED controller case are in this archive. The
Onshape 3D CAD project with the 3D models of the electronics and the case is available at rebrand.ly/hvjd1o.

� Acrylic_Sheet.dxf This DXF file is for the use with laser cutters to produce the secondary transparent orbital shaker
platform from clear acrylic. The Onshape 3D CAD project with the latest DXF file, technical drawing and 3D model of the
shaker platform is available at rebrand.ly/9nqpar.

4. Bill of materials

The materials, required to build the bottom-illuminated orbital shaker for microalgae cultivation, include an orbital sha-
ker, mechanical fasteners and fixings, clear acrylic sheet, electrical, and electronics components. A number of workshop tools
and stationaries are used in the process of building the illuminated orbital shaker. Both the components and tools are orga-
nized in a spreadsheet at osf.io/tqhy9 and are also listed in Supplementary Tables S3 to S7.

The spreadsheet is divided into five tabs named:

� Electronics Parts: Electronics components are soldered to the PCB to complete the LED controller circuit. Their total cost
is £38

� Laboratory Parts: The orbital shaker forms the basis of this project. A commonly available low cost orbital shaker (£95) is
described in this manuscript. However, other makes and models can be substituted – including used ones.

� Fixings: Widely available screws, nuts, washers, and standoffs are required. The total cost is £9.
� LED Illuminator Parts: Electrical and electromechanical components required to build the LED illuminator include self-
adhesive LED strips, heatsink, cooling fans, cables, power supply, 24-h socket time switch, and a clear acrylic sheet. The
total cost is £155.

� Tools: A number of commonly available workshop tools and office stationaries are required during the assembly of the
orbital shaker. The total cost of brand new tools used in the assembly would be £436, excluding the 3D printer. The tools
are organized into five categories:
– Workshop Tools: Common mechanical workshop tools, thread tap set, tap wrench, and a digital multimeter.
– Stationaries: Multipurpose glue, scissors, fine-tip marker pen, and a ruler.
– Soldering equipment: Soldering station with solder and flux, electrical tape, and PCB-cleaning supplies (isopropyl

alcohol, tub, and brush).
– 3D Printing: Fused deposition modeling 3D printer with consumables or a commercial 3D printing service.
– Cutting and Drilling Tools: Either a drill, drill bit, hacksaw, and a sandpaper, or a laser cutter capable of cutting acrylic

sheets.

The electronics circuit PCB manufacture can be outsourced. The total cost of the manufacture, including shipping, is £10.
The instructions for ordering the custom PCB are in the following Section 5.

Table 1
List of design files used in the build of the illuminated orbital shaker for microalgae cultivation.

Design filename File type Open source license Location of the file

LEDcontroller.zip KiCAD project CC BY-SA 4.0 osf.io/b4wph
LEDcontroller_PCB.zip Gerber PCB files CC BY-SA 4.0 osf.io/vejbw
LEDcontroller_Case.zip 3D CAD files CC BY-SA 4.0 osf.io/dsmk7
Acrylic_Sheet.dxf Laser cutter file CC BY-SA 4.0 osf.io/qwh6t
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The total cost of the bill of materials, including surplus electronics parts and fixings, is approximately £300. This price
includes a basic shaker for � £100.

5. Build instructions

Building the bottom-illuminated orbital shaker for microalgae cultivation requires electronics and mechanical assembly
skills. The build is thoroughly documented in a series of protocols listed below. The protocols are published online using pro-
tocols.io platform under CC BY 4.0 license. The links to the protocols and their brief summaries are in Table 2. Their more
detailed description follows.

� Protocol 1: Illuminated Orbital Shaker for Microalgae Culture (osf.io/hd2c6) [27] This is a high-level protocol summa-
rizing the steps in building the illuminated orbital shaker. It starts with procuring parts and tools and finishes with the
final assembly. Links to the sub-protocols, explaining each step in detail, are provided.

� Protocol 2: Procuring Parts for Algal Shaker (osf.io/jy7gc) [28] Number of tools, equipment and parts are required to
build the illuminated orbital shaker. Detailed bills of electronics and mechanical materials are provided. The process of
ordering the printed circuit board for the LED controller is also detailed here.

� Protocol 3: Assembling LED Controller Electronics (osf.io/bftxm) [29] The LED controller is an electronics circuit, which
regulates the illuminator power by varying LED current and drives the cooling fans, which prevent overheating of the
LEDs and microalgae cultures. The function of the LED controller electronics circuit, step-by-step assembly, and testing
instruction are detailed in this protocol. A 3D render of the assembled electronics circuit is shown in Fig. 2A.

� Protocol 4: 3D Printing Case for LED Controller (osf.io/7ycnr) [30] The design files to produce a custom housing for the
LED controller electronics by 3D printing are introduced. The process of the assembly of the LED controller is explained in
this protocol. A 3D render of the assembled LED controller inside the case is shown in Fig. 2B.

� Protocol 5: Assembling Cooled LED Illuminator (osf.io/hywec) [31] The cooled LED illuminator consists of a heatsink
holding the illuminating LED strips, cooling fans, and the LED controller. Instructions for the mechanical and electrical
assembly of the cooled LED illuminator are provided in this protocol. The initial testing of the LED controller circuit is also
outlined here. A photograph of the assembled LED illuminator is shown in Fig. 2D.

� Protocol 6: Cutting and Drilling Clear Acrylic Sheet (osf.io/69f8t) [32] A clear acrylic sheet is used as a secondary trans-
parent shaking platform holding the microalgae culture flasks. Two sets of instructions are provided in this protocol: One
for the manual cutting of the clear acrylic sheet using workshop tools; the second for automatic cutting using a laser cut-
ter. A 3D render of the cut and drilled acrylic sheet is in Fig. 2C.

� Protocol 7: Assembling Algal Shaker (osf.io/ewc87) [33] Once all components of the illuminated orbital shaker are built,
the final instrument is assembled by mounting the parts to the orbital shaker platform and connecting them electrically.
These last assembly steps are detailed in this protocol. A photograph of the assembled illuminated orbital shaker is shown
in Fig. 2E.

� Protocol 8: Measuring PPFD on Algal Shaker (osf.io/va54p) [34] The light output is characterized by measuring the pho-
tosynthetic photon flux density (PPFD), as described in this protocol. Experimental details are in Section 7.1.

The above protocols explain in detail the steps required to build and test the illuminated orbital shaker.

Table 2
List of protocols with instructions on building and calibrating the illuminated orbital shaker platform. All protocols are licensed under CC BY 4.0 license. The
URL links to the protocols in this table lead to their static snapshots current at the time of this publication. The bibliographic citations point to entries on
protocols.io, which may be updated with new versions in the future.

Designator Protocol Summary Protocol URL

Protocol 1 Illuminated Orbital Shaker for Microalgae
Culture

High level summary of build instructions osf.io/hd2c6
[27]

Protocol 2 Procuring Parts for Algal Shaker List of components and tools; PCB order instructions osf.io/jy7gc
[28]

Protocol 3 Assembling LED Controller Electronics Description of the electronics circuit and its assembly steps osf.io/bftxm
[29]

Protocol 4 3D Printing Case for LED Controller 3D printing of a case for electronics; instructions for LED controller
assembly

osf.io/7ycnr
[30]

Protocol 5 Assembling Cooled LED Illuminator Electromechanical assembly instructions for illuminator osf.io/hywec
[31]

Protocol 6 Cutting and Drilling Clear Acrylic Sheet Transparent orbital shaker platform build instructions osf.io/69f8t
[32]

Protocol 7 Assembling Algal Shaker Final assembly and testing steps osf.io/ewc87
[33]

Protocol 8 Measuring PPFD on Algal Shaker Light output calibration protocol osf.io/va54p
[34]
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6. Operation instructions

The illuminated orbital shaker offers three variable parameters: (1) platform shaking frequency, (2) growth light inten-
sity, and (3) daily ratio of light and dark periods. These parameters can be operated independently. Their meaning and use is
explained in the rest of this section.

The platform shaking frequency is set on the orbital shaker as described in its instruction manual. Usually, this would be
done by turning a knob with a scale calibrated in revolutions per minute (RPM). The orbital shaker described in this manu-
script supports frequencies between 0 and 210RPM. The shaking speed needs to be high enough to keep the cell culture sus-
pended and well mixed. Frequency higher than required unnecessarily increases the power consumption, heat generation,
noise, and the risk of fall of flasks from the shaking platform. The validation experiments in this paper had the orbital shaker
operating at 100RPM.

The growth light intensity is controlled through the LED controller. There are two modes of operation: the trickle current
and variable current modes, selected by a toggle switch. In the trickle current mode, a current of 26 mA is flowing through
the LEDs, which creates photosynthetic photon flux density (PPFD) of � 26 lmol �m�2 � s�1 inside a glass Erlenmeyer flask
containing deionized water (Fig. 3). The trickle current setting is used for maintaining slow growing cultures of cells or
for microalgae species requiring low light conditions. The variable current mode allows adjusting the LED current between
240mA and 1A and PPFD between 220 and 800 lmol �m�2 � s�1. In the variable current mode, the LED current, and thus
PPFD, are adjusted in seven steps by the rotary switch on the LED controller (Fig. 3). The LED current is set by the resistors
in the LED controller circuit and will remain the same irrespective of the implementation of the illuminated orbital shaker.
The PPFD will depend on the geometry of the orbital shaker platform, the material of the anti-slip mat holding the culture
flasks, spacing of the LED strips, and the type of the LED strips. It can therefore vary significantly in different implementations
of the illuminated orbital shaker and will have to be calibrated individually.

The operation of the illuminated orbital shaker requires several safety considerations. The main risks are associated with
the mains electricity, fire, and bright light. Ensure that the mains electrical leads are away from the orbital shaker to prevent
the orbital platform from cutting through the insulation material of the cables. Make sure that mains socket connections are
away from the orbital shaker. This will minimize the risk of fire or electrocution in case any flask containing the liquid cul-
ture falls from the orbital and spills its content. Ensure the orbital shaker is placed in a tidy space, away from splashing
water. Allow enough space for sufficient airflow to prevent overheating and increased risk of fire. Regularly check that
the electrical cables and connections are sound and reliable. Check that the heatsink is not becoming clogged with dust,
impeding good airflow. Fix unreliable or failing wiring and brush any dust off the heatsink whenever problems are identified.

Fig. 2. Progress of building the illuminated orbital shaker. A) LED controller electronics circuit; B) 3D printed case for LED controller; C) Clear acrylic sheet
for transparent shaker platform; D) LED illuminator; E) Assembled illuminated orbital shaker.
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The orbital shaker must not move during operation even at the highest speed setting. In case of any movement, change its
placement or place a sticky mat underneath to minimize the risk of falling. The illuminated orbital shaker is a source of
bright light. Avoid staring at the illuminator. Use protective glasses if eye irritation occurs or if it is required by local regu-
lations. Further safety instruction are listed in Supplementary Section S2.

7. Validation and characterization

The illuminated orbital shaker has been characterized and validated by measuring produced photosynthetic photon flux
density (PPFD) and successful growth of microalgae cell cultures. PPFD has been measured using a calibrated light detector at
randomly selected positions on the surface of the illuminated shaking platform and submerged in water inside glass Erlen-
meyer flasks. Cell counting was done regularly to assess the increase in the density of the culture. The validation by microal-
gae growth was performed with two commonly used species of freshwater microalgae, D. quadricauda and C. vulgaris. The
microalgae cultures were grown in different media at two different LED current settings and regularly evaluated by counting
the cell density. The average cell doubling time was estimated for each species and growth condition. The experiments ver-
ified that the illuminated orbital shaker can be used for reliable cultivation of microalgae (Section 7.2 and Supplementary
Section S1).

7.1. Photosynthetic photon flux density

This section discusses the calibration measurements of the light source in the illuminated orbital shaker. The light source
is an array of white LEDs. The spectral density of a white LED is a compound of blue LED emission and green–red phospho-
rescence [19]. The white LED spectrum spans most of the photosynthetically active radiation (PAR) spectral range
ð400nm� 700nmÞ [35], meaning it can efficiently drive photosynthesis. The photosynthetic quantum yield in microalgae
is a complex function of the wavelength. The combined complexity of the LED emission spectrum and the photosynthetic
quantum yield spectral dependence requires specialized techniques for quantifying light sources for their ability to drive
photosynthesis. Photosynthetic photon flux density (PPFD) is a measure of the number of photons, with the wavelength
between 400 nm and 700 nm, crossing a unit area per unit of time [35]. PPFD is measured using a quantum sensor, which
is a spectrally corrected light sensor with constant spectral sensitivity in the PAR region and a zero response outside. PPFD is
typically expressed in lmolðphotonsÞ �m�2 � s�1.

A spherical micro quantum sensor (US-SQS, Waltz) was used in conjunction with a light meter (LI-250A, Li-COR). PPFD
was measured in air, on the surface of the illuminated orbital shaker platform, and submerged in deionized water inside
a glass Erlenmeyer flask, normally used for microalgae cultivation. The LED controller setting was switched between all eight
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Fig. 3. Calibration graph of photosynthetic photon flux density (PPFD) in water in relation to eight different LED current settings. For each setting, PPFD
measurement was repeated in twelve different randomly selected positions on the illuminated platform. (inset) The light sensor was fixed vertically in
deionized water inside 100 ml glass Erlenmeyer flask, to mimic the light conditions experienced by the microalgae culture. The graph shows the twelve
measurements ( ) for each LED current setting, their average values ( ), and standard deviations ( ).
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supported LED current settings. The measurement was taken at twelve different randomly chosen positions to sample the
PPFD across the illuminated orbital shaker platform area. The average value and the standard deviation were calculated
for each medium and LED current setting (Table S2). The dependence of PPFD on the LED controller setting, measured in
water, is plotted in Fig. 3 and, measured in air, is in Supplementary Fig. S2. The measurements show the expected increase
in PPFD with the growing LED current as the power settings were changed. For each power setting, the twelve measurements
are spread around their average value. The spread is due to the spatial inhomogeneity of the illumination, with local maxima
right above the LEDs and minima in between the LEDs. This variation should have negligible effect on the microalgae cul-
tures. The cell suspensions are being continuously mixed and therefore individual cells experience the same average PPFD
over time. PPFD was slightly lower in water than air, which is consistent with the absorption and reflection losses introduced
by the extra layers of glass and water (Supplementary Table S2). The PPFD can be set between 26 and 800 lmol �m�2 � s�1 (in
water), which covers a broad range of radiant fluxes comparable to a wide range of natural daylight conditions. The protocol,
detailing the experimental execution of the PPFD measurements and the data analysis steps, is at osf.io/va54p [34]. The raw
measurement data, Matlab code for their analysis, and the resulting figures are available at osf.io/zamnf and in a GitHub
repository at rebrand.ly/fmkm7hv.

7.2. Microalgae cultivation

This section discusses microalgae cultivation using the bottom-illuminated orbital shaker. The objectives were to demon-
strate the successful and consistent growth of microalgae at different PPFDs, to test microalgae growth in different media,
and to find optimal cultivation conditions for future experiments. Two commonly used freshwater species, Chlorella vulgaris
(#256, CCALA, Třeboň, Czech Republic) and Desmodesmus quadricauda (#463, CCALA), were cultivated. The experiments are
described in further detail in Supplementary Section S1, introducing the experimental steps, protocols (Supplementary
Table S1), and data analysis. This section reports on the results of an experiment, in which microalgae were grown at two
different LED illuminator settings (PPFD of 26 and 220 lmol �m�2 � s�1) and in different growth media. Self-prepared med-
ium 1/2SŠ [36] and a commercial Bold’s basal medium [37,38] (BBM) (B5282, Merck, Gillingham, UK) were used. The 1/2SŠ
medium was supplemented with 0.83 mm NaHCO3, as an additional source of carbon. The BBM medium was used both with
10 mm NaHCO3 and without any NaHCO3. Two light settings of 26 and 220 lmol �m�2 � s�1 were used. Cultures were seeded

into fresh medium at the starting density of 2� 105ml�1 for D. quadricauda and 1� 106ml�1 for C. vulgaris. The cell densities
were regularly obtained by counting using a Neubauer hemocytometer until saturation was reached (Supplementary
Section S1.2).

7.2.1. Cell growth rate results
The cell density time evolution data for D. quadricauda are in Fig. 4A and of C. vulgaris in Fig. 4B. The graphs show the

repeats of cell density counts for each day and experimental condition in the form of univariate scatter clouds
(�,�,r,M). The average values of the cell densities are plotted as horizontal lines ( ). The linear regression of the quasi-
linear part of the plot for each condition are marked by the dotted lines (� � �). The quasi-linear parts of the growth data were
automatically identified and their linear regressions were calculated by a Matlab script (osf.io/52348 and on GitHub at
rebrand.ly/t4zwgz1). The resulting doubling times during the exponential growth phase for each species and cultivation con-
dition are listed in Table 3. The data show that doubling times shorten, and thus the growth rates become faster, for both
species with brighter light (higher PPFD). The doubling times for C. vulgaris were similar in all three media (1/2SŠ, BBM,
and BBM with NaHCO3). D. quadricauda grown in the 1/2SŠ medium had shorter doubling time and faster growth compared
to when grown in the BBM medium2.

The increase of the cell density over time did not follow perfect exponential model (linear increase on the semi-
logarithmic plot) in these cultures. This had two reasons. Towards the saturation of the culture density, the growth naturally
slowed down due to less light reaching the optically dense culture and the gradual exhaustion of nutrients. The second phe-
nomenon was the daily fluctuation away from the ideal exponential growth model. We speculate, that the fluctuations were
caused by a combination of hemocytometer loading errors and cell cycle oscillations in the synchronized cultures. After a
period of stress3, the cultures did not exhibit steady exponential growth. Instead, the culture density increased considerably
the first day after inoculation into fresh growth medium. This was followed by a day of subdued growth. These oscillations
of faster and slower growth gradually evened out over the course of a week under stress-free conditions. Despite the cultures
being conditioned for a week before the start of the experiments, the dilution to the initial inoculation density may have con-
tributed to the observed daily fluctuations away from the ideal exponential growth model.

8. Capabilities of the illuminated orbital shaker

� Growth area: 20 cm� 15 cm

2 D. quadricauda was not cultured in BBM with NaHCO3 during these experiments, as large proportion of coenobia were malformed or had non-canonical cell
number, when grown in this medium (data not shown).

3 Growth to saturation, large step change in the illumination light PPFD, more than 10-fold dilution with fresh medium.
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� 100 ml Erlenmeyer flask capacity: 6
� T75 plastic tissue culture flask capacity: 2
� T25 plastic tissue culture flask capacity: 8
� Light source PPFD: 26� 800 lmol �m�2 � s�1 (in eight steps, see Supplementary Table S2)
� Light source peak power consumption: 29W (excluding the shaker)
� Shaking speed: 0� 210RPM

9. Conclusions and discussion

Protocols for building, testing, and using the bottom-illuminated orbital shaker for microalgae culture are presented. The
protocols are accompanied by design files, which are editable using free-of-charge software. To encourage third-party cus-
tomization for different purposes or experimental requirements, the design files, protocols, and code are released under min-
imally restrictive licenses4.

The illuminated orbital shaker light output was calibrated by measuring the photosynthetic photon flux density (PPFD).
Its function for the intended purpose was verified by culturing C. vulgaris and D. quadricauda. The manuscript is accompanied
by a set of protocols detailing the process of microalgae cultivation (Supplementary Section S1 and Table S1). The protocols

Fig. 4. Growth data of (A) D. quadricauda and (B) C. vulgaris on semi-logarithmic plots. Cells were grown in ( ) 1/2SŠ medium at the trickle current
setting (26 lmol �m�2 � s�1), ( ) 1/2SŠ at switch position 6 (220 lmol �m�2 � s�1), ( ) BBM at switch position 6, and ( ) BBM with NaHCO3 at
switch position 6. The average values of the cell density for each day and condition are marked by the colored horizontal bars ( ). The cell density counted
in each segment of the hemocytometer is plotted as a univariate scatter plot surrounding the average value (�,�,r,M). The linear regression of the quasi-
linear part of the growth curve is marked by the colored dotted lines (� � �).

Table 3
List of doubling periods for D. quadricauda and C. vulgaris grown at PPFD of 26 lmol �m�2 � s�1 and 220 lmol �m�2 � s�1 in 1/2SŠ with 0.83 mm NaHCO3, BBM,
and BBM with 10 mm NaHCO3. The listed doubling time values are the slopes of the linear regressions through the quasi-linear part of the logarithm of the cell
culture density growth data. The stated uncertainties are the errors of the linear regression slope.

Species PPFD
½lmol �m�2 � s�1	

Growth Medium Doubling Time
½hours	

D. quadricauda 26 (trickle current) 1/2SŠ + 0.83 mm NaHCO3 46
 3
D. quadricauda 220 (switch position 6) 1/2SŠ + 0.83 mm NaHCO3 19
 3
D. quadricauda 220 BBM 30
 2
C. vulgaris 26 1/2SŠ + 0.83 mM NaHCO3 44
 2
C. vulgaris 220 1/2SŠ + 0.83 mM NaHCO3 34
 2
C. vulgaris 220 BBM 37
 2
C. vulgaris 220 BBM + 10 mM NaHCO3 33
 3

4 The restrictions on the CC BY and BSD licenses require crediting the authors in any future use. The CC BY-SA license additionally mandates sharing any
derivatives under a similar license.
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introduce the growth media, the cultivation process, and the assessment of culture growth. The raw data from counting cell
density and the Matlab code for their analysis are also openly shared.

The bottom-illuminated orbital shaker for microalgae culture was found perfectly suitable for our research on photosyn-
thesis. Any suitably equipped workshop should be able to reproduce it within days, once all components are purchased, at a
cost of around £300. All adopters are encouraged to openly share their applications, implementations, and changes to the
illuminated orbital shaker. The remaining discussion covers possible improvements and modifications.

The design is flexible and well suited to alteration. A different orbital shaker can be used instead of the one described in
this manuscript. The illuminated growth area and the maximum PPFD can be modified for specific needs. This requires scal-
ing to a different-sized heatsink and/or changing the spacing and length of the LED strips. The light source color could be
varied by choosing triple-color LED strips with three copies of the LED controller regulating each color separately. Longer
than 24-h light cycles can be achieved by using a weekly, rather than daily programmable timer. Alternatively, flexible con-
trol of timing and brightness can be done by driving the LED controller input from a microcontroller, as described below.

To support advanced and programmable growth protocols, the LED controller features an external control input. This
allows the control of the growth light brightness by a microcontroller or microcomputer (e.g. Arduino or Raspberry Pi).
The external input accepts either an analog voltage (0:30 V� 1:25 V), or a pulse-width modulation (PWM) with the ampli-
tude of 1.25 V. The rotary switch can be conveniently used to match the maximum input voltage of the LED controller
(1.25 V) to different microcontroller output voltages5 (e.g. 3.3V or 5V).

The illuminated orbital shaker could be placed inside a growth cabinet to allow temperature, humidity, and/or CO2 con-
trol for experiments or species requiring particular environmental conditions. ’OpenTCC’ is an OSHW temperature-controlled
cabinet that could be built to house the illuminated orbital shaker and maintain the flasks with microalgae cultures at a set
temperature [39]. ’Polar Bear’, a temperature- and humidity-controlled environmental chamber, is described in [40]. For
microalgae cultivation, the humidity control could be left out of the ’Polar Bear’ for simplicity. A well described guide to
repurposing a refrigerator into a temperature-controlled environmental chamber is described on the commercial ’BrewPi’
project website [41]. The design instructions and source code for the ’BrewPi’ are open source. The company offers compo-
nents for sale, which could simplify and speed up its the customization for microalgae cultivation. A large scale temperature-
controlled walk-in space made from inexpensive parts is described in [42]. This could accommodate many illuminated orbi-
tal shakers for mass batch cultivation.

There are a number of OSHW solutions for CO2 control. A temperature- and CO2-controlled tissue culture cabinet,
described by Pelling et al. [43], could be repurposed to house the illuminated orbital shaker. The described system lacks cool-
ing capability, which limits its application without further redesign. A related company was started with the promise to sell a
refined low-cost open source incubator based on the design by Pelling et al. It currently provides open source Arduino code
for CO2 and temperature control on GitHub [44]. Another implementation of a temperature- and CO2-controlled incubator
with design files and source code is described in a thesis by Al-Sayagh [45]. This device is too small to house the illuminated
orbital shaker, but its low-cost closed-loop CO2 regulator can be potentially adapted for use with a larger cabinet and gas
cylinder. A small temperature- and CO2-controlled incubator is described as a part of a live-cell imaging system in [46].
The manuscript discusses the regulation in detail, however the design files and source code are not open source and are
available upon request only. A different implementation uses a decommissioned neonatal infant incubator [47]. Finally, a
temperature- and CO2-controlled cabinet, using chemically generated CO2 rather than compressed gas, is described in an
entry to the IGEM 2019 competition [48]. To the best of our knowledge, there is no existing OSHW cooled and CO2-
controlled cabinet, which would be ideal for housing the illuminated orbital shaker.

The calibration between the LED controller setting and the PPFD at the surface of the LED illuminator was measured using
a commercial PAR meter. This, or a similar device, may not be universally available, requiring an alternative solution for its
accurate calibration. PARduino is an OSHW data logger combining a commercial quantum PAR sensor with an Arduino [49].
Kuhlgert et al. published an advanced portable OSHW plant phenotyping station, which incorporates a PAR sensor [50]. They
used a low-cost 4-channel spectrally-resolved photodiode array instead of a quantum sensor and derived a transformation to
convert its output voltages into PPFD. They verified the accuracy of their PAR sensor under different experimental conditions
using a calibrated quantum sensor. Kutschera and Lamb simplified their design to build a stand-alone PAR meter based on an
Arduino and the same photodiode array [51]. There are many other non-scientific PAR detector projects created by aquarium
enthusiasts and hydroponic growers available online. Among them, one suggests using a particular low-cost lux meter as an
approximate PAR meter after this was calibrated against a proprietary quantum sensor with different types of light sources
[52]. PARmeters that do not rely on calibrated quantum sensors may offer a suitable low-cost alternative to proprietary solu-
tions. However, their calibration, reproducibility, and accuracy need to be evaluated, given the specific experimental require-
ments and lighting conditions.

Human and animal rights

Not applicable.

5 Switch position 5 allows connecting the LED controller to a 3.3 V microcontroller and position 6 to a 5 V microcontroller.
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