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Summary

Higher organisms such as animals and land plants host diverse communities of microor-

ganisms which are collectively designated as microbiota. There is a growing body of

evidence that establishes links between these microbial assemblages and the fitness of

their host, for example via indirect protection against pathogens or enhanced nutrient

acquisition. Additionally, host-microbiota systems can be used as models to investigate

the principles underlying microbial community structure and assembly and the dynam-

ics of co-adaptation between multiple organisms.

The aim of this work was to develop and apply computational methods for the analysis

of sequence data obtained from environmental samples of plant-associated microbes

as well as genomic sequences of cultured isolates in a comparative framework. Em-

ploying culture-independent community profiling techniques (e.g. 16S rRNA gene am-

plicon surveys or shotgun-metagenomics) we were able to describe and characterize

the taxonomic structure and functional potential of the plant microbiota across mul-

tiple hosts, including the model Arabidopsis thaliana and relatives, the crop barley

(Hordeum vulgare) or the legume Lotus japonicus. In addition, we have developed a

number of culture-dependent methods to study the plant microbiome, including the

characterization of a large collection of cultured bacterial microbiota members using

a sequence-indexed library of more than 5,000 colony-forming units. Whole-genome

sequencing of a taxonomically representative subset of 400 isolates from this collection

revealed a large overlap of functional capabilities between leaf- and root-derived bacte-

ria as well as few significant differences at the level of individual functional categories.

A targeted, large-scale isolation and sequencing effort focused on the Rhizobiales order,

a taxonomic group of particular interest which includes members that are capable of

engaging in highly adapted and beneficial symbiotic interactions with legumes resulted

in the generation of a dataset of more than 900 draft genomes, which includes a large

number from previously uncharted branches of the species tree of rhizobia. Phyloge-

nomic analysis of these sequences provided evidence of an ancestral form of association

between rhizobia and flowering plants that predates the capacity for nodulation and

nitrogen fixation, which ancestral reconstruction of relevant genomic features suggests

was acquired in multiple subsequent events, most likely via horizontal gene transfer, in

an example of convergent evolution.

Finally, we developed a novel phylogenetic approach for determining clusters of co-

evolving genes and their network organization by modeling gene gain and loss as a

continuous process along the branches of the species tree. This method accounts for



uncertainty in the reconstruction of the ancestral states as well as in the inference of

the species tree and robustly identifies clusters of co-evolving genes that significantly

enrich for functional categories and pathways and which are relevant for adaptation to

diverse environments. We demonstrate the potential of this approach to detect biologi-

cally meaningful gene family interactions and predict genotype-phenotype relationships

by analyzing a total of 2,737 bacterial genomes from diverse environments, including

plant commensals and symbionts as well as human pathogens.

In summary, we have generated and analyzed large quantities of sequencing data that

provide a taxonomic and functional characterization of the plant microbiota, consti-

tuting a large dataset and a valuable resource for future research. Additionally, novel

methodology for the analysis of collections of microbial genomes provides tools for the

identification of sets of genes involved in relevant biological processes as well as links

to corresponding phenotypes. Extending these datasets and the available number of

sequenced genomes, together with further development of phylogenenomic methods

has the potential to greatly improve our understanding of the processes that drive the

adaptation of microbes in the context of the complex communities which they form.



Zusammenfassung

Höhere Organismen wie Tiere oder Landpflanzen beherbergen vielfältige Gemeinschaften

von Mikroorganismen, die in ihrer Gesamtheit als Mikrobiota bezeichnet werden. Es

gibt immer mehr Hinweise darauf, dass diese mikrobiellen Zusammenschlüsse mit der

Fitness ihrer Wirte in Verbindung stehen, beispielsweise durch indirekten Schutz gegen

Pathogene oder durch verbesserte Nährstoffaufnahme. Des Weiteren dienen Wirt-

Mikrobiota Systeme als Modelle für die Untersuchung der Prinzipien, die der mikro-

biellen Gemeinschaftsstruktur und des Gemeinschaftsaufbaus zugrundeliegenden, sowie

der Dynamik der Co-Adaption zwischen zahlreichen Organismen.

Das Ziel dieser Arbeit war die Entwicklung und Anwendung bioinformatischer Meth-

oden für die Analyse von Sequenzdaten, die aus Umweltproben pflanzenassoziierter

Mikroben gewonnen wurden, und von genomischen Sequenzen im Labor kultivierter

Isolate, in einem vergleichbaren Rahmen/Struktur. Kultur-unabhängige Techniken zur

Profilbildung/Profiling von Gemeinschaften (z.B. 16S rRNA Amplikon-Untersuchung

und Shotgun-Metagenomics) ermöglichten uns die Beschreibung und Charakterisierung

der taxonomischen Struktur und des funktionellen Potentials der Pflanzenmikrobiotia

mehrerer verschiedener Wirte, darunter die Modellpflanze Arabidopsis thaliana und

verwandte Arten, die Nutzpflanze Gerste (Hordeum vulgare) und die Leguminose Lo-

tus japonicus. Zusätzlich haben wir einige Kultur-abhängige Methoden entwickelt, um

das Pflanzenmikrobiom zu untersuchen, wie zum Beispiel die Charakterisierung einer

großen Kollektion von kultivierbaren bakteriellen Mikrobiotamitgliedern, wofür wir eine

Barcode-basierte Sequenzierungsbibliothek mit mehr als 5,000 kolonieformenden Ein-

heiten verwendet haben. Whole Genome Sequencing eines taxonomisch repräsentativen

Anteils von 400 Isolaten aus dieser Kollektion hat eine große überlappung funktioneller

Fähigkeiten zwischen Blatt- und Spross-stämmigen Bakterien ergeben, sowie wenige

signifikante Unterschiede bezüglich einzelner funktioneller Kategorien. Eine gezielte

großangelegte Isolierungs- und Sequenzierungsaktion konzentrierte sich auf die Ord-

nung Rhizobiales. Zu dieser taxonomische Gruppe von speziellem Interesse gehören

Arten, die hoch angepasste und nutzbringende symbiotische Interaktionen mit Legumi-

nosen eingehen können. Ein Datenset von mehr als 900 Genomen wurde generiert, unter

diesen viele von bisher nicht kartierten ästen des Rhizobien-Artenbaums. Die phylo-

genetische Analyse dieser Sequenzen lieferte den Beweis für eine Urform des Verbands

zwischen Rhizobien und Blütenpflanzen, die noch vor der Fähigkeit zur Nodulation und

zur Stickstofffixierung datiert ist. Letztere wurde der Abstammungsrekonstruktion von

relevanten Genomeigenschaften zufolge in mehreren aufeinanderfolgenden Vorgängen



erworben, höchst wahrscheinlich durch horizontalen Gentransfer, als Beispiel konver-

genter Evolution.

Schließlich haben wir einen neuen phylogenetischen Ansatz entwickelt, um die Clus-

ter von co-entwickelnden Genen und deren Netzwerkorganisation zu bestimmen, indem

wir Gengewinn und Genverlust als kontinuierlichen Prozess entlang der äste des Arten-

baumes modelliert haben. Diese Methode bezieht die Unsicherheit der Rekonstruktion

der Urzustandes mit ein, wie auch der Interferenz des Artenbaumes, und identifiziert

robust Cluster von co-entwickelnden Genen, die signifikant mit funktionellen Kate-

gorien und Signalwegen angereichert sind, welche relevant für die Anpassung an unter-

schiedliche Umgebungen sind. Wir demonstrieren das Potential dieses Ansatzes, indem

wir Interaktionen von biologisch bedeutsamen Genfamilien ermitteln und Genotyp-

Phänotyp Beziehungen anhand der Analyse von 2,737 Bakteriengenomen aus ver-

schiedenen Umgebungen vorhersagen, darunter sowohl Pflanzensymbionten als auch

Menschenpathogene.

Zusammengefasst haben wir große Mengen an Sequenzierungsdaten generiert und analy-

siert, die eine taxonomische und funktionelle Charakterisierung der Pflanzenmikrobiota

bereitstellen, was eine wertvolle Ressource für die zukünftige Forschung darstellt. Weit-

erhin liefert solch eine neuartige Methodik für die Analyse von mikrobiellen Genom-

sammlungen Werkzeuge für die Identifizierung von Gensets, die in relevanten biologis-

chen Prozessen eine Rolle spielen, sowie die Verbindungen zu den korrespondierenden

Phänotypen. Die Erweiterung dieser Datensets und der Anzahl verfügbarer sequen-

zierter Genome hat, zusammen mit der Weiterentwicklung der phylogenetischen Meth-

oden, das Potenzial, unser Verständnis der Prozesse stark zu verbessern, welche die

Anpassung von Mikroben im Kontext der von ihnen gebildeten komplexen Gemein-

schaften vorantreiben.



Acknowledgements

First, I would like to thank my advisors Paul Schulze-Lefert and Alice C. McHardy. It

has been an honor and a privilege to be their student.

It was Alice who first gave me the opportunity to conduct the work presented in this

thesis and who trained me with generosity and patience during the earlier stages of my

doctorate; for that I will always be in debt. I have the deepest admiration for her keen

intellect and her ability to get to the core of any problem while quickly discarding the

unimportant details. I am very grateful for all the time and effort she has invested in

me despite of ever-changing personal and professional circumstances.

I find myself lacking the words to thank my mentor, Paul, for his unwavering support.

From the very first day he has done nothing other than encourage me and help me grow

as a scientist. The enthusiasm and joy with which he approaches research have been

a constant source of motivation during my years as a doctoral student. I am perhaps

most of all grateful to him for keeping the door of his office always open –sometimes at

the risk of getting caught in hours-long discussions– no matter how late in the evening

or how busy the day. It is still hard for me to come to terms with all the time and

effort and all the trust that he has deposited in me. I genuinely believe that it is not

well deserved. I should very much hope to one day have the opportunity to prove him

right.

Most of the projects that constitute the chapters of this thesis are the result of close

collaborations and joint work with various people, sometimes shoulder-to-shoulder and

over many months. I would like to give special thanks to these fantastic colleagues and

co-first authors: Davide Bulgarelli, Yang Bai, Rafal Zgadzaj, Nina Dombrowski and

Thomas Nakano. I was very lucky to be able to benefit so much from their hard work

and expertise.

I would also like to thank the members of the former Algorithmic Bioinformatics group

at the HHUD and of the Innate Immunity and the Plant Microbiota group at the

MPIPZ for creating such great working environments. I have spent several years in

constant awe at the amazingly high scientific and personal caliber of my colleagues,

many of which I also have the pleasure to call my friends.

Without the help and love of my family I would not have come all this way. Every-

thing that I have accomplished, including this thesis, I owe to them. I also want to

aknowledge my little niece, Valeria, and my little nephew, Ernesto, for being patient

in their own way with my long absences. I hope some day I can make it up to them.

Finally, I want to thank my partner Julian for all of his patience and support. I am

truly fortunate to have such a kind and loving person by my side.





Contents

List of Figures xix

List of Tables xxiii

1 Introduction 1

1.1 Motivation and research aim . . . . . . . . . . . . . . . . . . . . . . . . 1

1.2 Outline . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 2

1.3 The plant microbiota . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 3

1.3.1 Compartment-specific microbial assemblages . . . . . . . . . . . 3

1.3.2 The robust structure of the root microbiota . . . . . . . . . . . . 5

1.3.3 Factors driving community diversity . . . . . . . . . . . . . . . . 6

1.3.4 Host-microbiota co-evolution . . . . . . . . . . . . . . . . . . . . 8

1.4 Computational methods in microbiome studies . . . . . . . . . . . . . . 10

1.4.1 Marker gene amplicon data . . . . . . . . . . . . . . . . . . . . . 10

1.4.2 Diversity assessment and statistical analyses . . . . . . . . . . . . 11

1.4.3 Shotgun metagenomics . . . . . . . . . . . . . . . . . . . . . . . . 11

1.4.4 Phylogenomic analyses of microbiota members . . . . . . . . . . 12

1.5 Outlook . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 13

2 Personal bibliography 17



xii CONTENTS

I The structure of the plant root microbiota 19

3 First publication — Microbiota and host nutrition across plant and ani-

mal kingdoms 21

3.1 Abstract . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 22

3.2 Physiological functions of the vertebrate gut and plant roots . . . . . . . 22

3.3 Compartmentalization of the gut and root microbiota . . . . . . . . . . 25

3.4 Community structure of the vertebrate gut and plant root microbiota . 26

3.4.1 Where do they come from? . . . . . . . . . . . . . . . . . . . . . 26

3.4.2 Who are they? . . . . . . . . . . . . . . . . . . . . . . . . . . . . 27

3.4.3 Are there structural similarities across diverse host-associated mi-

crobial communities? . . . . . . . . . . . . . . . . . . . . . . . . . 28

3.4.4 Do they fluctuate over time? . . . . . . . . . . . . . . . . . . . . 30

3.5 Major factors driving community establishment and composition . . . . 31

3.5.1 Environmental factors . . . . . . . . . . . . . . . . . . . . . . . . 31

3.5.2 Nutritional drivers . . . . . . . . . . . . . . . . . . . . . . . . . . 34

3.5.3 Microbe-microbe interactions . . . . . . . . . . . . . . . . . . . . 37

3.5.4 Host genotype . . . . . . . . . . . . . . . . . . . . . . . . . . . . 37

3.6 Host immune systems and microbiota homeostasis . . . . . . . . . . . . 38

3.7 Co-diversification of host-microbe communities . . . . . . . . . . . . . . 40

3.8 Metagenome analysis-inferred functions of the gut and the plant microbiota 41

3.9 Concluding remarks and perspectives . . . . . . . . . . . . . . . . . . . . 42

3.10 Author contributions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 43

3.11 Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 43

3.12 Supporting material . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 43

4 Second publication — Quantitative divergence of the bacterial root mi-

crobiota in Arabidopsis thaliana relatives 45

4.1 Significance . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46

4.2 Abstract . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46

4.3 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 47

4.4 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 49

4.4.1 Defining abundant community members . . . . . . . . . . . . . . 50

4.4.2 Community composition is defined more strongly by environmen-

tal parameters than by host species . . . . . . . . . . . . . . . . 51



CONTENTS xiii

4.4.3 Naturally grown A. thaliana and C. hirsuta host a taxonomically

narrow root microbiota . . . . . . . . . . . . . . . . . . . . . . . 52

4.4.4 Phylogenetic distance of host species contributes to microbiota

diversification . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54

4.4.5 Members of the Actinomycetales, Burkholderiales, and Flavobac-

teriales are stable across host species and environments . . . . . 57

4.5 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 59

4.5.1 A conserved core root microbiota? . . . . . . . . . . . . . . . . . 59

4.5.2 Root microbiota interactions with the environment . . . . . . . . 61

4.5.3 Host microbiota co-evolution . . . . . . . . . . . . . . . . . . . . 62

4.6 Materials and methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . 63

4.7 Author contributions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 63

4.8 Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 64

4.9 Supporting material . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 64

5 Third publication — Structure and functions of the bacterial root micro-

biota in wild and domesticated barley 65

5.1 Summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 66

5.2 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 66

5.3 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 67

5.3.1 The structure of the barley bacterial microbiota . . . . . . . . . 67

5.3.2 The barley rhizosphere microbiome . . . . . . . . . . . . . . . . . 74

5.3.3 Comparison of SSU rRNA genes and metagenome taxonomic

abundance estimates . . . . . . . . . . . . . . . . . . . . . . . . . 74

5.3.4 Enrichment of biological functions in root- and rhizosphere-associated

bacterial taxa . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 76

5.3.5 Positive selection in the barley rhizosphere . . . . . . . . . . . . 78

5.3.6 Microbial elicitors and effectors of plant immunity under positive

selection . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 79

5.3.7 Positive selection acting on phages and CRISPR systems . . . . 81

5.4 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 83

5.5 Experimental procedures . . . . . . . . . . . . . . . . . . . . . . . . . . . 87

5.5.1 Experimental design . . . . . . . . . . . . . . . . . . . . . . . . . 87

5.5.2 16S data analysis . . . . . . . . . . . . . . . . . . . . . . . . . . . 87

5.5.3 Metagenome data analysis . . . . . . . . . . . . . . . . . . . . . . 88

5.6 Author contributions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 88



xiv CONTENTS

5.7 Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 89

5.8 Accession numbers . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 89

5.9 Supporting material . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 89

6 Fourth publication — Root nodule symbiosis in Lotus japonicus drives

the establishment of distinctive rhizosphere, root, and nodule bacterial

communities 91

6.1 Abstract . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 93

6.2 Significance . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 93

6.3 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 93

6.4 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 96

6.4.1 Characterization of the Lotus japonicus root, nodule and rhizo-

sphere microbiota . . . . . . . . . . . . . . . . . . . . . . . . . . 96

6.4.2 Parallel selection of nodule- and root-specific bacteria from the

rhizosphere compartment . . . . . . . . . . . . . . . . . . . . . . 99

6.4.3 Impairment of nitrogen-fixing symbiosis dramatically alters bac-

terial community structure in the Lotus root and rhizosphere

compartments . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 99

6.4.4 The symbiosis pathway drives root and rhizosphere differentiation

across multiple bacterial orders . . . . . . . . . . . . . . . . . . . 105

6.4.5 Comparable immune- and symbiosis-related metabolic responses

in soil-grown WT and symbiotic mutant roots . . . . . . . . . . . 107

6.4.6 Lotus japonicus and various Brassicaceae species assemble highly

diverged root-inhabiting bacterial communities . . . . . . . . . . 107

6.4.7 Symbiosis-impaired mutants maintain an altered community struc-

ture in nitrogen-supplemented soil . . . . . . . . . . . . . . . . . 110

6.5 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 110

6.6 Materials and methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . 114

6.6.1 Soil and plant material . . . . . . . . . . . . . . . . . . . . . . . . 114

6.6.2 Sample and 16S rRNA library preparations . . . . . . . . . . . . 115

6.6.3 Quantitative RT-PCR . . . . . . . . . . . . . . . . . . . . . . . . 115

6.6.4 Computational analyses . . . . . . . . . . . . . . . . . . . . . . . 115

6.6.5 Metabolite analyses . . . . . . . . . . . . . . . . . . . . . . . . . 117

6.7 Author contributions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 117

6.8 Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 117

6.9 Supporting material . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 117



CONTENTS xv

II Functions of root- and leaf-associated microbes 129

7 Fifth publication — Functional overlap of the Arabidopsis leaf and root

microbiota 131

7.1 Abstract . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 133

7.2 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 133

7.3 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 134

7.3.1 Bacterial culture collections from roots and leaves . . . . . . . . 134

7.3.2 At-RSPHERE and At-LSPHERE culture collections . . . . . . . 135

7.3.3 Comparative genome analysis of the culture collections . . . . . . 137

7.3.4 Synthetic community colonization of germ-free plants . . . . . . 141

7.3.5 Niche-specific microbiota establishment with SynComs . . . . . . 144

7.4 Conclusions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 145

7.5 Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 146

7.5.1 Sampling of A. thaliana plants and isolation of root-, leaf- and

soil-derived bacteria . . . . . . . . . . . . . . . . . . . . . . . . . 146

7.5.2 Culture-independent bacterial 16S rRNA gene profiling of A.

thaliana leaf, root and corresponding soil samples . . . . . . . . . 147

7.5.3 High-throughput identification of leaf-, root- and soil-derived bac-

terial isolates by 454 pyrosequencing . . . . . . . . . . . . . . . . 148

7.5.4 Preparation of A. thaliana leaf, root and soil bacterial culture

collections . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 149

7.5.5 Preparation of bacterial genomic DNA for whole-genome sequenc-

ing . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 149

7.5.6 Genome assembly and annotation . . . . . . . . . . . . . . . . . 150

7.5.7 Analyses of phylogenetic diversity within sequenced isolates . . . 151

7.5.8 Analyses of functional diversity between sequenced isolates . . . 151

7.5.9 Recolonization experiments of leaf-, root- and soil-derived bacte-

ria on Arabidopsis . . . . . . . . . . . . . . . . . . . . . . . . . . 151

7.5.10 Accession numbers . . . . . . . . . . . . . . . . . . . . . . . . . . 154

7.5.11 Code availability . . . . . . . . . . . . . . . . . . . . . . . . . . . 154

7.6 Author contributions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 154

7.7 Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 154

7.8 Supporting material . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 155



xvi CONTENTS

III Comparative genomics of Rhizobia 159

8 Sixth publication — Assessment of functional diversification and adap-

tation in Rhizobia by comparative genomics 161

8.1 Abstract . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 162

8.2 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 162

8.3 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 164

8.3.1 Rhizobia are important components of the core root microbiota

across a wide taxonomic variety of plant hosts . . . . . . . . . . 164

8.3.2 Comparative analysis of sequenced isolates reveals a large pan-

genome with high functional diversity . . . . . . . . . . . . . . . 169

8.3.3 Convergent evolution of nitrogen-fixing symbiosis in Rhizobia . . 173

8.3.4 The majority of rhizobial species engage in root-growth promot-

ing interactions with non-legume hosts . . . . . . . . . . . . . . . 175

8.4 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 177

8.5 Materials and methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . 179

8.5.1 Isolation and sequencing of strains . . . . . . . . . . . . . . . . . 179

8.5.2 Genome assembly . . . . . . . . . . . . . . . . . . . . . . . . . . 181

8.5.3 Annotation and orthology inference . . . . . . . . . . . . . . . . 181

8.5.4 Natural community amplicon sequencing meta-analysis . . . . . 181

8.5.5 Comparative genomics and ancestral character reconstruction . . 182

8.5.6 Binary association experiments with germ-free Arabidopsis plants 183

8.6 Author contributions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 184

8.7 Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 184

8.8 Supporting material . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 184

IV Evolutionary profiles 185

9 Seventh publication — Clustering of functionally related genes reveals

novel symbiosis-relevant genes in Rhizobia 187

9.1 Abstract . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 188

9.2 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 188

9.3 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 190

9.3.1 Network of co-evolving genes and functional modules in Rhizobia 190

9.3.2 Modules enrich for functionally related genes . . . . . . . . . . . 197

9.3.3 Identification of novel symbiosis-related genes in Rhizobia . . . . 198



CONTENTS xvii

9.3.4 Functional modules in the Arabidopsis root and leaf microbiota . 199

9.3.5 Predicting the genetic basis of antibiotic resistance in S. aureus . 202

9.4 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 205

9.5 Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 208

9.5.1 Genome assembly . . . . . . . . . . . . . . . . . . . . . . . . . . 208

9.5.2 Inference of homology relationships between genes . . . . . . . . 209

9.5.3 Maximum likelihood inference of ancestral characters . . . . . . . 209

9.5.4 Modeling gene gains and losses . . . . . . . . . . . . . . . . . . . 210

9.5.5 Clustering of evolutionary profiles into functional modules . . . . 211

9.5.6 Statistical analyses of module functional enrichment . . . . . . . 214

9.5.7 Code availability . . . . . . . . . . . . . . . . . . . . . . . . . . . 214

9.6 Author contributions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 214

9.7 Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 215

9.8 Supporting material . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 215

References 217

A Journal versions of the published articles 253



xviii CONTENTS



List of Figures

1.1 Plant microbiota members visualized by fluorescence in situ hybridization 5

3.1 Physiological functions of the plant roots and human gut . . . . . . . . 23

3.2 Alpha- and beta-diversity analyses . . . . . . . . . . . . . . . . . . . . . 28

3.3 3D PCoA plots . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 30

3.4 Cumulative abundance plots (Caption) . . . . . . . . . . . . . . . . . . . 32

3.4 Cumulative abundance plots (Figure) . . . . . . . . . . . . . . . . . . . . 33

3.5 Phylogenetic analysis of OTU abundances (Caption) . . . . . . . . . . . 35

3.5 Phylogenetic analysis of OTU abundances (Figure) . . . . . . . . . . . . 36

4.1 Phylogeny of Arabidopsis thaliana and relative species . . . . . . . . . . 48

4.2 Hierarchical clustering of samples . . . . . . . . . . . . . . . . . . . . . . 52

4.3 Root microbiota comparisons of A. thaliana and C. hirsuta at the natural

sites Cologne and Eifel. . . . . . . . . . . . . . . . . . . . . . . . . . . . 54

4.4 Root microbiota comparisons of A. halleri, A. lyrata, A. thaliana, and

C. hirsuta . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 56

4.5 Identification of the Arabidopsis thaliana and relative species core mi-

crobiota . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 57

5.1 The barley rhizosphere and root microbiota are gated communities . . 68

5.2 Constrained PCoA on the soil and barley bacterial microbiota . . . . . . 70



xx LIST OF FIGURES

5.3 OTU enrichment at the barley root/soil interface (Figure) . . . . . . . . 71

5.3 Barley OTU enrichment analysis (Caption) . . . . . . . . . . . . . . . . 72

5.4 Taxonomic representation of the barley and Arabidopsis root-enriched

bacterial taxa . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 73

5.5 Comparison of 16S rRNA amplicon and metagenome abundances . . . . 75

5.7 Proteins under selection in the barley rhizosphere microbiome (Cont.) . 80

5.6 Proteins under selection in the barley rhizosphere microbiome . . . . . . 82

6.1 Images depicting L. japonicus WT and mutant plants. . . . . . . . . . . 96

6.2 Constrained PCoA analyses of beta-diversity . . . . . . . . . . . . . . . 98

6.3 Root- rhizosphere- and nodule-enriched OTUs in wild-type L. japonicus 100

6.4 Compartment-enriched OTUs in WT and mutant Lotus japonicus . . . 102

6.5 Manhattan plots showing root- and rhizosphere-enriched OTUs in WT

and mutant Lotus (Caption) . . . . . . . . . . . . . . . . . . . . . . . . . 103

6.5 Manhattan plots showing root- and rhizosphere-enriched OTUs in WT

and mutant Lotus (Figure) . . . . . . . . . . . . . . . . . . . . . . . . . 104

6.6 Differentially enriched OTUs between WT and mutant Lotus . . . . . . 106

6.7 Comparison between Arabidopsis and Lotus root bacterial communities. 108

6.8 Comparison between Arabidopsis and Lotus root bacterial communities

(Cont.). . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 109

6.9 Harvesting procedures applied to Lotus plants . . . . . . . . . . . . . . . 119

6.10 Analysis of alpha-diversity . . . . . . . . . . . . . . . . . . . . . . . . . . 120

6.11 PCoA analysis of beta-diversity by soil batch . . . . . . . . . . . . . . . 121

6.12 CPCoA analysis after in silico depletion of nodule-enriched OTUs. . . . 122

6.13 Manhattan plots showing differentially abundant OTUs in WT and mu-

tant Lotus (Figure) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 123

6.13 Manhattan plots showing differentially abundant OTUs in WT and mu-

tant Lotus (Caption) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 124

6.14 Phylum-level relative abundances in WT and mutant Lotus roots . . . . 124

6.15 Expression of immune- and symbiosis-related marker genes in WT and

mutant . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 125

6.16 Concentration of soluble proteins and nitrate in Lotus roots . . . . . . . 126

6.17 Macroscopic phenotypes of L. japonicus WT and mutant plants grown

under nitrogen-supplemented conditions . . . . . . . . . . . . . . . . . . 127

6.18 Beta-diversity analyses of nitrogen-suplemented L. japonicus WT and

mutant plants . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 128



LIST OF FIGURES xxi

7.1 Taxonomic distribution of At-RSPHERE and At-LSPHERE (Caption) . 135

7.1 Taxonomic distribution of At-RSPHERE and At-LSPHERE (Figure) . . 136

7.2 Analysis of functional diversity between sequenced isolates . . . . . . . . 138

7.3 Functional analysis of sequenced isolates (Figure) . . . . . . . . . . . . . 140

7.3 Functional analysis of sequenced isolates (Caption) . . . . . . . . . . . . 141

7.4 SynCom colonization of germ-free A. thaliana plants . . . . . . . . . . . 142

7.5 SynCom competition supports host-organ-specific community assemblies 143

7.6 Culture-dependent coverage of A. thaliana root- and leaf-associated OTUs

identified in several cultivation-independent studies . . . . . . . . . . . . 156

7.7 At-RSPHERE, At-LSPHERE and soil bacterial culture collections . . . 157

8.1 Rhizobia are important components of the core root microbiota across a

wide taxonomic variety of hosts (Figure) . . . . . . . . . . . . . . . . . . 166

8.1 Rhizobia are important components of the core root microbiota across a

wide taxonomic variety of hosts (Caption) . . . . . . . . . . . . . . . . . 167

8.2 Non-metric Multidimensional Scaling (NMDS) of Bray-Curtis distances

between rhizobial abundances . . . . . . . . . . . . . . . . . . . . . . . . 168

8.3 Analysis of functional diversity between sequenced genomes of rhizobia . 170

8.4 Accumulation curves displaying the estimated pan-genome size of the

Rhizobia and At-SPERE collections . . . . . . . . . . . . . . . . . . . . 172

8.5 Whole-genome phylogeny of Rhizobia and Maximum Likelihood recon-

struction of ancestral symbiotic genotypes . . . . . . . . . . . . . . . . . 174

8.6 Binary interaction experiments between rhizobia and germ-free Ara-

bidopsis plants grown on agarose media . . . . . . . . . . . . . . . . . . 176

9.1 Network of co-evolving genes in Rhizobia . . . . . . . . . . . . . . . . . 191

9.2 Relationship between network proximity and functional similarity . . . . 192

9.3 Adjacency matrix showing the highly clustered structure of the co-evolution

network of Rhizobia . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 193

9.4 Co-evolution of genes in the symbiosis module in Rhizobia . . . . . . . . 194

9.5 Co-evolution of genes in the T6SS module in Rhizobia (Figure) . . . . . 195

9.5 Co-evolution of genes in the T6SS module in Rhizobia (Caption) . . . . 196

9.6 Co-evolution of genes in the exopolisaccaride biosynthesis module in Rhi-

zobia . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 197

9.7 Co-evolution of genes in the flaggelar apparatus module in theAt-SPHERE

genomes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 200



xxii LIST OF FIGURES

9.8 Co-evolution of genes in the methane metabolism module in the At-

SPHERE genomes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 201

9.9 Significantly correlated genes with patterns of gain and loss of antibiotic

resistance in S. aureus (Figure) . . . . . . . . . . . . . . . . . . . . . . . 202

9.9 Significantly correlated genes with gain and loss of antibiotic resistance

phenotypes in S. aureus (Caption) . . . . . . . . . . . . . . . . . . . . . 203

9.10 Species tree and phylogenetic distribution of antibiotic resistance in S.

aureus . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 204



List of Tables

3.1 Percentage of shotgun metagenome reads assigned to each kingdom of

life across metagenome studies . . . . . . . . . . . . . . . . . . . . . . . 25

4.1 Numerical overview of the experimental setup . . . . . . . . . . . . . . . 50

5.1 Functional categories significantly enriched in taxonomic bins correspond-

ing to RR OTUs found in the barley rhizosphere metagenome . . . . . . 77

9.1 Significant functional enrichment of large clusters . . . . . . . . . . . . . 198



xxiv LIST OF TABLES



CHAPTER 1

Introduction

1.1 Motivation and research aim

Healthy higher organisms, such as animals and land plants are colonized by vast num-

bers of diverse microbes, which are collectively designated as microbiota. These mi-

crobes assemble into complex communities that are established and persist in close

contact with their host according to organizing principles that only in recent years we

are beginning to understand. The link between these microbial assemblages and the

health and ecological performance of their host are the focus of a rapidly growing inter-

disciplinary field of research that lies at the intersection of molecular biology, ecology

and computational biology.

The aim of this work was to develop and apply computational approaches to the analy-

sis of sequence data obtained from environmental samples of plant-associated microbes

as well as genomic sequences of cultured isolates in a comparative framework. In

particular, the computational analyses performed should aid in answering questions

such as what is the composition of the plant microbiota in terms of taxonomic af-

filiation and functions and what are the underlying principles governing microbiota

establishment. Furthermore, by generating large collections of sequenced and anno-

tated genomes of cultured community members (in total >1,400 newly assembled and



2 CHAPTER 1. INTRODUCTION

annotated genomes), I aimed at providing a valuable resource to be used for future

research. Finally, a novel phylogenomic approach based on the reconstruction of the

evolutionary histories of gene families (evolutionary profiles) was designed and imple-

mented with the goal of inferring genotype-phenotype relationships and identifying

modules of genes that are involved in the same biological processes, with a focus on

mechanisms of interaction between plant-associated microbes and their host.

1.2 Outline

This work is a cumulative dissertation that contains five peer-reviewed articles pub-

lished in international journals as well as two articles which are presented here before

submission for scientific review (see Personal Bibliography). The author of this thesis

has made a significant contribution to all of the articles included (either as a joint or

sole first author), the nature of which is detailed in the title page leading each chapter.

The different chapters are sorted not by chronological order but rather by theme, with

descriptive studies taking precedence over culture-dependent analyses and methodolog-

ical approaches, which are presented at the end. The first two chapters consist of a

general introduction (Chapter 1) followed by a list of all authored scientific articles

published during the length of this doctorate (Chapter 2). The first part of the thesis

(Chapter 3, Chapter 4, Chapter 5 and Chapter 6) consists of studies that describe

and characterize the taxonomic structure or functional potential of the plant micro-

biota across various hosts using culture-independent community profiling techniques

(i.e. marker-gene amplicon or shotgun-metagenomics). The second part (Chapter 7)

focuses on culture-dependent approaches to study of the plant microbiome, including

the characterization of a large collection of cultured bacterial microbiota members and

a comparative analysis of their sequenced genomes. The third part of this thesis (Chap-

ter 8) analyzes the data obtained from a targeted, large-scale isolation and sequencing

effort focused on the Rhizobiales order, a taxonomic group of particular interest which

includes members that are capable of engaging in beneficial symbiotic interactions and

improve host plant growth and ecological performance. Lastly, the forth part (Chapter

9) presents a novel computational method designed for the inference of functional inter-

actions between genes and the analyses of functional modules that might be relevant for

phenotypic traits of interest such as microbe-host symbiotic interactions or pathogen

antibiotic resistance.

Each article has been adapted to fit the formatting requirements for publication in this

thesis but the content (main text, figures and tables) has not been significantly altered.
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Furthermore, the published articles extracted from the respective scientific journals

(when applicable) are provided in chronological order of publication as an Appendix.

Supplementary materials such as raw and intermediate data, supplementary figures and

tables as well as the scripts necessary to reproduce each of the figures and statistical

tests presented in the published articles can be accessed from links provided at the end

of each chapter and are also provided along with the original journal publications.

1.3 The plant microbiota

The surface and interior of the plant leaf and root organs are colonized by bacterial

communities, collectively referred to as the plant microbiota, which are characterized

by a remarkably robust taxonomic structure and consist chiefly of members of the

Proteobacteria, Actinobacteria, Bacteroidetes and Firmicutes phyla. These microbial

communities (whose composition recent evidence suggests also extends to other king-

doms of life, such as fungi and protists) are believed to provide a number of functions

to the host, including defense against pathogens, nutrient acquisition and enhanced

tolerance to abiotic stresses. Thus, the plant microbiota can be considered as an ad-

ditional plant trait that affects its ecological performance, raising the possibility of

host-microbial community co-adaptation. In this section, a brief introduction to key

findings concerning the plant leaf and root microbiota is presented.

1.3.1 Compartment-specific microbial assemblages

The microbial communities that inhabit soil are among the most complex and diverse

found in the biosphere (Schloss and Handelsman, 2006). They constitute the start in-

noculum of the root microbiota (Lundberg et al., 2012; Bulgarelli et al., 2012) and, to a

lesser extent, of a portion of the leaf microbial community (Bai et al., 2015; Zarraonain-

dia et al., 2015; Wagner et al., 2016). Despite of a partially shared source of microbial

diversity, there are clear differences between the communities associated to these two

plant organs, with distinguishable contrasting taxonomic profiles (Bodenhausen et al.,

2013; Bai et al., 2015) that account for the most significant source of variation within

the plant microbiota. In the case of roots it is possible to define four additional and

distinct niches along a gradient of decreasing complexity. From soil to the root interior,

these are the soil, rhizosphere, rhizoplane, and endosphere compartments (Hacquard

et al., 2015). The rhizosphere corresponds to the portion of soil that is influenced

by the action of root exudates, the rhizoplane is constituted by microbiota members

that colonize the surface of the organ, and the endospheric compartment consists of
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microbes that inhabit the root interior. (Bulgarelli et al., 2012; Lundberg et al., 2012;

Edwards et al., 2015). In the case of legumes, which are generally capable of engaging

in symbiotic relationships with nitrogen-fixing bacteria this distinction can be extended

to the nodule compartment, which corresponds to microbes capable of colonizing the

interior of these specialized organs and are largely dominated by compatible symbionts

(Zgadzaj et al., 2016). These niches can be clearly separated in terms of their bac-

terial taxonomic profiles. The extent of the variation, however, changes with respect

to the soil and host species. For example, whereas some hosts such as barley have a

rhizosphere which is clearly separated from soil (Bulgarelli et al., 2015), in others, like

Arabidopsis, these two environments are barely distinguishable. The decreasing gradi-

ent in microbial diversity from soil to the root interior strongly suggests a sequential

differentiation process, by virtue of which a subset of the microbial species present in

one compartment is selected for and colonizes the subsequent niche (Bulgarelli et al.,

2013). However, recent evidence obtained from culture-independent community pro-

filing of the model legume Lotus japonicus indicates that selection of microbial taxa

that colonize the highly restrictive environment of the root nodule occurs in parallel

to selection of the rhizoplane and endosphere compartments from the rhizosphere (see

Chapter 6). This finding suggests that a consecutive selection process in which each

compartment is assembled from a subset of the taxa present in the previous one is likely

to explain only part of the process of root microbiota stablishment, and that parallel

as well as sequential assembly of compartment-specific communities takes place in a

concerted manner. Of note, despite of the abundant data that allows us to characterize

these distinct root-associated communities, it is currently not known to what extent

each compartment represents a heterogeneous rather than homogeneous environment,

and how spatial distribution of community members further subdivides each niche into

multiple micro-habitats.

A synthesis of recent literature indicates that factors driving the differentiation from the

soil community into the rhizosphere, rhizoplane and endosphere compartments include

the following four broad categories: i) soil chemical and structural properties, ii) soil

biome start innoculum characteristics, which determines a complex network of microbe-

microbe interactions, iii) root exudates and cell wall features and iv) host-genotype

mediated control, e.g. by means of the host innate immunity or the legume-rhizobia

symbiosis pathway. Although the underlying principles governing how these variables

determine community stablishment are poorly understood, recent studies that employ

plant genetics have begun to dissect the effect of the host in community differentiation

(Lebeis et al., 2015; Zgadzaj et al., 2016).
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Figure 1.1: Plant microbiota members visualized by fluorescence in situ hy-
bridization. (A-C) and confocal laser scanning microscopy. (A) Phyllosphere of a Sphag-
num leave, (B) bacteria on pumpkin pollen, (C) bacteria in the rhizosphere of lettuce,
and (D) root of an oilseed rape inoculated with the DsRed-labelled biocontrol agent Pseu-
domonas trivialis 3Re2-7. Adapted from Berg et al. (2015)

1.3.2 The robust structure of the root microbiota

The process of microbiota acquisition takes place at very early stages of host develop-

ment. Time course profiling of rice root-associated compartments indicates that estab-

lishment begins 24h after germination and that within 2 weeks the process is already

completed (Edwards et al., 2015). Successive changes occurring throughout the plant

life-cycle, e.g. during flowering, appear to have no influence in the taxonomic composi-

tion of the root community (Lundberg et al., 2012; Dombrowski et al., 2016). However,

time course data obtained from long-lived perennials that captures seasonal dynamics
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over a period of years has not so far been obtained and our knowledge of long term

variation remains limited. Comparative analyses of diversity across various host species

demonstrate the presence of shared features that can be robustly identified in the root

microbiota irrespective of the soil and host genotype (Schlaeppi et al., 2014; Bulgarelli

et al., 2015; Hacquard et al., 2015; Zgadzaj et al., 2016). At a broad taxonomic rank,

these communities are defined by members of a relatively small number of phyla, which

includes Proteobacteria, Actinobacteria, Bacteroidetes and Firmicutes. Within these

phyla there are several lower taxonomic groups that are identified as ’core’ members of

the root microbiota due to their consistent enrichment with respect to unplanted soil

controls. These are the bacterial orders of Actinomycetales, Burkholderiales, Flavobac-

teriales and Rhizobiales (Schlaeppi et al., 2014; Hacquard et al., 2015). An extensive

record in the literature concerning isolates from these bacterial clades that present plant

growth promoting capabilities (Manter et al., 2010; Johansen et al., 2009; Kolton et al.,

2012) antagonistic activity toward soil-borne fungal and oomycete pathogens (Benitez

and Gardener, 2009) or nutrient mobilization (Schmalenberger et al., 2008; Yoshimoto

et al., 2002) indicates that the consistent and robust enrichment of these core commu-

nity members might provide the host with beneficial functions. Fine-tuned recruitment

of particular members within these bacterial orders shows considerable variation be-

tween plant species and even genotypes, e.g. in the case of Rhizobiales (see Chapter

8), and thus constitutes a host trait of ecological relevance whose genetic basis is the

focus of ongoing research.

In spite of this robust and conserved taxonomic structure, multiple questions concern-

ing microbiota stablishment and persistence remain unanswered. In particular, little is

known about the necessary features that are required for pioneer microbes to stablish

mature communities and to what extent succession of these early colonizers plays a

significant role. Furthermore, the lack of time course data covering seasonal dynamics

of perennial plants precludes us from drawing any conclusions concerning long-term

dynamics of the plant root microbiota. Similarly, how plants influence the microbial

composition of soil as well as successive generations of plants grown in the same area

(often from multiple distinct species), a process which might have important practical

repercussions, e.g. for the practice of crop rotation or for the development of efficient

bio-fertilizers, is currently not known.
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1.3.3 Factors driving community diversity

Modeling community structure (based on diversity estimates such as Bray-Curtis dis-

similarity or UniFrac distances) as a function of environmental variables allows us to

determine the proportion of the overall variance of the data that can be attributed to

each factor (Peiffer et al., 2013; Schlaeppi et al., 2014; Bulgarelli et al., 2015; Wagner

et al., 2016; Dombrowski et al., 2016; Zgadzaj et al., 2016). A synthesis of the available

data suggests that the major sources of variation in community structure are, in order

of decreasing importance: host organ, followed by compartment, host species, soil /

geographic location and host genotype. Whereas the former factors typically explain

between 10-30% of the variance and their effects can be robustly measured, the effect of

the host genotype is much smaller and ranges between 5-10% (see Chapter 4, Chapter

5 and Chapter 6). These observed differences in community composition are related to

various modulating factors, which include environmental features, such as soil physical

and chemical characteristics or climate, microbe-microbe interactions (e.g. soil biota

composition) as well as host-microbe interactions (e.g. the host innate immune system

or the legume symbiosis pathway).

The environmental factors contributing to microbiota variation are estimated to ex-

plain approximately 20-30% of the variance of the data when correcting for technical

factors (Peiffer et al., 2013; Schlaeppi et al., 2014; Dombrowski et al., 2016; Wagner

et al., 2016). However, these variables are generally not fully independent and it is

exceedingly difficult to disentangle their effects and interactions. For instance, sam-

pling of plants grown in natural sites confounds the effect of the climate with the soil

characteristics, which are often modeled together as the same variable (’site’) (Wagner

et al., 2016). Perhaps more importantly, profiling of natural communities either in the

wild or in the greenhouse under controlled conditions makes it impossible to distinguish

between the soil physical and chemical characteristics (such as pH, nutrient availability,

etc.) and the features of its endemic microbiota. These caveats impose a fundamental

limit to our ability to extract causal relationships between individual environmental

factors using culture-dependent approaches to microbial community analysis.

Microbes that successfully colonize plant roots and leaves and assemble into communi-

ties form complex webs of interactions. These interactions are not limited to associa-

tions of individual microbial species with their plant host but also include interactions

between microbes, likely even across different microbial kingdoms of life (Agler et al.,

2016). Analysis of co-occurrence and co-exclusion patterns in microbial communities,

including but not limited to those associated to eukaryotic hosts, reveal the impor-
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tance of microbe-microbe in structuring and maintaining stability (Edwards et al.,

2015; Zhang et al., 2014; Heijden and Hartmann, 2016; Faust et al., 2012; Coyte et al.,

2015; Lima-Mendez et al., 2015). Furthermore, analysis of (meta)genomic sequences

obtained from the human gut (Qin et al., 2010) and the plant root and rhizosphere

(Ofek-Lalzar et al., 2014; Bulgarelli et al., 2015) suggest that genes relevant for com-

petition and interaction with other microbes (such as secretion systems) are important

for adaptation to these host-associated environments. Additionally, the identification

of ’hub’ microbes that occupy a central position in association networks derived from

community data (Agler et al., 2016) suggest that a few members may play a pivotal

role in the overall structure of the community by directly interacting with other mi-

crobes. Estimates of diversity between genomes of the same host species indicates that

host genotype has a much smaller influence in community variation compared to host

organ (root or leave), root fraction (soil, rhizosphere, rhizoplane or endosphere) and

smaller than soil type (or natural site). Variance deconvolution of beta-diversity esti-

mates between maize genotypes (Peiffer et al., 2013), 6 rice cultivars (Edwards et al.,

2015), 3 barley accession representing different stages along the domestication process

of this crop (Bulgarelli et al., 2015), and several Arabidopsis thaliana accessions and

ecotypes (Schlaeppi et al., 2014) reveals that only ∼5% of the variation in community

structure can be attributed to host genotype. Further exploration of this genotype

contribution to microbiota diversity requires an experimental setup with higher repli-

cability and lower technical noise. At the same time, the large functional variation

observed between exemplars within the same species (even between strains with iden-

tical 16S rRNA sequences; see Chapter 7 and Chapter 8), indicates that even small

differences in community taxonomic structure may correspond to large variation in

terms of function. An alternative approach designed to address this question consists

on deep shotgun metagenome sequencing of the plant microbiome, which has the poten-

tial to provide high-resolution taxonomic profiles as well as functional data (Bulgarelli

et al., 2015; Mendes et al., 2014; Ofek-Lalzar et al., 2014).

1.3.4 Host-microbiota co-evolution

The concept of heritability is related to the amount of phenotypic variation of a partic-

ular trait can be explained by naturally occurring genetic variation within a population.

In the case of the plant microbiota, variations can be measured using the taxonomic

profiles of communities associated to genotypes of the same host species. By asking the
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question of whether beta-diversity estimates among individuals within a genotype are

significantly lower than between individuals of different genotypes we are able to assess

the level of heritability of the microbiota. Comparison of rhizosphere community struc-

ture of 27 maize inbred lines points to a very low but statistically significant heritability

(Peiffer et al., 2013). A similar study conducted on three barley accessions, including

a wild-type genotype, a variety used by subsistence farmers and a modern cultivar,

which represent three stages along a domestication spectrum identified a slightly larger

heritable component in both the root (rhizoplane and endophitic compartment) and

rhizosphere communities (see Chapter 5). This lack of a strong correlation between

the genetic resemblance of the genotypes (kinship matrix) and the microbiota diversity

profiles might indicate that the effect of the host genes are indirect and interact with

other (environmental) factors. A recent study of the diversification of the root and leaf

microbiota associated to a wild perennial Arabidopsis relative within the Brassicaceae

family (Boehera stricta) that sampled individuals from different ecotypes grown in nat-

ural sites revealed that the correlation between the kinship matrix and community

variation is site-dependent (Wagner et al., 2016). This finding supports the hypothesis

that heritability of the microbiota can be mediated by other factors, such as features of

the soil endemic community and that host-genotype fine-tuning is restricted to certain

environments. Large-scale field studies, where ecotypes of the same host species are

reciprocally transplanted across natural habitats, or grown under controlled laboratory

conditions, e.g. using collected soils and climate chambers, have the potential to un-

cover some of these interactions but remain challenging due to the potentially large

number of genotypes and samples required to attain enough statistical power.

If heritability is sustained over sufficiently long periods of time, it becomes possible to

observe a significant correlation between patterns of inter-species community structure

variation and the host phylogeny. In the presence of interactions between the host and

its community members, changes in each party imposes selective pressures on the other,

and adaptation occurs in a concerted manner, in a process known as co-evolution. This

pattern has for example been observed in primates and their gut microbiota, where the

structure of the host species tree was found to be concurrent with patterns of microbiota

diversification (Ochman et al., 2010). A network analysis of amplicon data comparing

60 different species of mammals indicated that similar patterns can be also observed

for taxonomically diverse groups of hosts (Ley et al., 2008a). A previous attempt to

contrast inter-species host phylogeny for a small subset of Bassicaceae plant species,

including Arabidopsis thaliana, that share a common ancestor approximately 35 My

ago revealed incongruences in the patterns of microbiota diversity that do not match
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the species tree, perhaps caused by the existence of ecological adaptations or due to

the small number of samples species (see Chapter 4). To date, there is no direct and

conclusive evidence of co-adaptation between the plant host and its microbiota at the

whole community level. Surprisingly, a systematic meta-analysis of co-evolution that

combines the large amounts of profiling data generated over the previous 5 years has

not been conducted. It is important to note that the lack of heritability at the whole

community level does not exclude the possibility of co-diversification between the plant

and individual community members or microbial consortia. This is might be the case,

e.g., for legumes and their nitrogen-fixing rhizobial symbionts, whose interactions are

highly specific and restricted only to certain compatible species. This illustrates the

importance of not restricting the analysis of co-evolution to the whole community level

but also explore the possibility of heritability and co-adaptation between the host and

individual microbiota members.

1.4 Computational methods in microbiome studies

Advances in large-scale sequencing of environmental samples have enabled researchers

to ask questions regarding the taxonomic composition (SSU rRNA genes and ITS ampli-

con data), the functional potential (shotgun metagenomics) and the activity (metatran-

scriptopmics) of microbial communities, including those associated with the roots and

leaves of healthy plants. The task of integrating these potentially very large datasets

and extracting meaningful biological insights from them has seen in recent years the de-

velopment years of numerous computational tools and pipelines and remains a vibrant

area of research.

1.4.1 Marker gene amplicon data

Owing to the widespread use of bacterial 16S rRNA and fungal ITS amplicon sequenc-

ing, bioinformatic pipelines designed for analyzing marker gene data have been critical

to advance our understanding of the diversity of microbes associated with plants grown

in natural environments. Commonly used toolkits for amplicon data include Mothur

(Schloss et al., 2009) and QIIME (Caporaso et al., 2010) and allow the pre-processing of

sequencing data (de-noising and error correction, merging of paired-end reads, demul-

tiplexing, etc.) as well as calculating diversity estimates. Analysis of marker gene data

often requires the use of large collections of reference data in order to perform taxonomic

classification of representative sequences. Among them, the most widely used databases

are Greengenes (DeSantis et al., 2006) the Ribosomal Database Project (Cole et al.,
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2009), Silva, which includes 16S and also eukaryotic 18S sequences (Pruesse et al., 2007)

and the fungal and oomycete ITS UNITE database (Koljalg et al., 2005; Abarenkov

et al., 2010). Despite of their fast growth and regular updates, these databases contain

’blind spots’ that make them inadequate for the analysis of certain taxonomic groups

of microbes, such as viruses, protists or fungi, and taxonomic classification of marker

gene fragments at low ranks (genus or species) remains highly unreliable.

An important step during the processing of amplicon data is the grouping of sequences

estimated to originate from the same microbial species into Operational Taxonomic

Units (OTUs), generally using a fixed threshold of sequence similarity (e.g. 97% for

bacteria and archaea). There are three main strategies for OTU inference: those that

do not depend on a reference database of sequences (de novo OTU clustering), such as

UCLUST (Edgar, 2010) or UPARSE (Edgar, 2013), reference-based methods (Edgar,

2010), and hybrid approaches, which typically perform a first pass reference iteration,

followed by de-novo clustering of left-out sequences, such as SortMeRNA (Kopylova

et al., 2012). The OTU clustering step is necessary to reduce the amount of sequences

to be processed to a manageable quantity by picking representatives of each OTUs in

order to allow downstream analyses of diversity and taxonomic classification. However,

this approach imposes severe limitations to amplicon-based studies, most importantly

a resolution limit (typically 3% of sequence identity), the inclusion of data artifacts

(OTUs that consist exclusively of PCR amplification or sequencing errors) and the

need to base further diversity analyses on the assumption that OTUs are functionally

and ecologically homogeneous units, despite of abundant contrary evidence, e.g. in the

case of plant-associated bacteria (Bai et al., 2015). Unlike culture-independent profiling

of natural communities, where it is exceedingly difficult to differentiate between real

and erroneous sequences, experiments with synthetic communities have the advantage

of a simplified setup that can vastly reduce the complexity associated with processing of

individual raw reads without the need to cluster them into taxonomic units. Unfortu-

nately, current toolkits and computational pipelines are not designed to take advantage

of this simplified experimental setup.

1.4.2 Diversity assessment and statistical analyses

Downstream analyses of abundance data typically include the inference of ecological

networks, generally based on co-occurrence of OTUs across samples (Faust et al., 2012),

calculation of alpha-diversity (within sample) estimates such as the Shannon, Chao or

Phylogenetic Diversity (PD) indices and beta-diversity (between samples), e.g. Bray-
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Curtis or UniFrac (Lozupone et al., 2011) distances. A common step to explore di-

versity estimates consists on performing a dimensionality reduction step in order to

compare groups of samples from diverse environments (Analysis of Principal Coor-

dinates, Non-metric Multidimensional Scaling, perMANOVA, ANOSIM, etc.) or to

assess the contribution of individual environmental factors by variance deconvolution

(e.g., Linear Mixed Models, Canonical Correspondence Analyses). Another important

step in the analysis involves testing of differentially abundant OTUs between varying

conditions, which usually require statistical tests designed for count data. A variety

of toolkits and libraries have been developed for this purpose, such as vegan (Oksanen

et al., 2015), phyloseq (McMurdie and Holmes, 2013) or DESeq (Anders et al., 2013)

and their applicability for hypothesis testing in different experimental setups has been

explored using simulated data (McMurdie and Holmes, 2014).

1.4.3 Shotgun metagenomics

An alternative to sequencing marker genes to explore the taxonomic diversity of a

microbial community is to sequence all genomes contained in an environment, an ap-

proach known as shotgun metagenomics. Unlike marker gene metagenomics, shotgun

metagenomics has the advantage of providing insights into the functions as well as the

taxonomy of a microbial assemblage, thus moving beyond a mere catalogue of species

present in an environment and into a mechanistic view of a community. However,

the complexity of the computational analyses required for shotgun metagenome data

far exceeds that of amplicon-based studies, especially for diverse communities such as

those associated to plants for which de novo metagenome assembly difficult and where

only a small percentage of protein-coding genes can be reliably annotated [∼41% of

predicted reading frames; (Delmotte, 2009; Bulgarelli et al., 2015; Zarraonaindia et al.,

2015; Ofek-Lalzar et al., 2014)].

There are three important and challenging steps required prior to data interpretation,

which are tackled by a variety of computational tools: 1) shotgun metagenome as-

sembly, performed by standard assemblers such as SOAP (Li, 2010; Luo et al., 2012)

or specially designed for environmental data, like MetaVelvet (Namiki et al., 2012),

Meta-IDBA (Peng et al., 2011), Ray Meta (Boisvert et al., 2012) or Snowball (Gregor

et al., 2016), 2) binning of sequence fragments [e.g. MEGAN (Huson et al., 2007, 2016),

PhyloPytiaS+ (Gregor et al., 2016), taxator-tk (Droege et al., 2015), Kraken (Wood

and Salzberg, 2014)], and 3) annotation and classification of metagenomes, which typ-

ically consists of prediction of open-reading frames [MetaGeneMark (Zhu et al., 2010),



1.4 Computational methods in microbiome studies 13

PRODIGAL (Hyatt et al., 2010)] followed by homology searches against annotation

databases, such as KEGG (Kanehisa et al., 2016), SEED (Overbeek, 2005), PFAM

(Finn et al., 2016) or eggNOG (Powell et al., 2014). Alternative methods seek to

estimate taxonomic abundances from shotgun metagenome data by generating clade-

specific sets of marker genes (Segata et al., 2012), an approach that can potentially

be adapted to be used on synthetic communities to allow intra-species and strain level

resolution, provided that a sufficiently high ratio of microbial to plant reads can be

obtained.

1.4.4 Phylogenomic analyses of microbiota members

Phylogenomics refers to the reconstruction of relationships between organisms based

on their genomic sequences and of the study within this context of gene function and

genome evolution. Most commonly, the inference of a phylogeny or species tree is

required as the basis of a wide variety of analysis, generally with the goal of under-

standing a biological process by reconstructing its evolutionary history. This approach

constitutes one of the most versatile and commonly used computational methods for

the analysis of sequence data, but suffers from several caveats that limit their applica-

bility. First, some of the steps typically involve pairwise sequence comparisons between

all genomes, for example during the process of determining homology relationships be-

tween gene-coding genes (inference of orthologous groups or gene families) (Li et al.,

2003; Sonnhammer and Ostlund, 2015; Emms and Kelly, 2015), which scale very poorly

(generally quadratic cost) with the number of organisms included in the study. This

imposes a limit to the size of the dataset with which high-quality de novo inference of

homology can be taken advantage (see Chapter 8 and Chapter 9) that is effectively on

the order of the hundreds of genomes. Second, sampling biases (e.g. non-culturable

organisms, experimental preference in favor of model organisms or clinical sources, etc.)

often lead to unbalanced dataset that contain uncharted gaps and do not capture the

true diversity present in a community or a population and may lead to incorrect phy-

logenetic inferences (Kumar et al., 2012). Finally, the predominantly clonal method of

microbial reproduction prevents mutations affected by selection to be found in multiple

genetic backgrounds, as it is the case e.g. in plants or vertebrates, and makes it difficult

to distinguish between the effect of a mutation and its homogeneous genetic background

(Falush and Bowden, 2006; Chen and Shapiro, 2015). Phylogenomic analysis of traits

of interest in datasets with strong population structure are at risk of detecting a large

number of false positives and fail to pinpoint true causal genetic determinants (Earle
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et al., 2016). One alternative that is robust with respect to the effects of relatedness

consists on focusing not on the genomic features present in the extant genomes, which

is affected by clonal structure, but rather in their changes during their evolutionary

histories, (see Chapter 9 and Chapter 8).

In the case of microbiome studies, it is of additional interest to study the evolution-

ary history of a microbial community (or their integrating members) in the context

of the host phylogeny. The goal of this analysis is to identify if and how adaptation

occurred in a concerted manner between the host and its associated microbes. Testing

this hypothesis is not possible by assessing the extant microbial taxonomic or genomic

diversity between a set of host species, as observing significant differences does not

allow distinguishing between niche adaptation and true co-evolution Furthermore, al-

though significant correlation between community member phylogenies and the host

species tree can be taken as an evidence of co-diversification, it does not provide in-

sight into the mechanistic or genetic basis of the interactions. Systematic isolation and

sequencing of community members from taxonomically unrelated hosts could allow us

to perform whole-genome comparative analyses of adapted microbiota members and

has the potential to provide further insights into the process of co-evolution.

1.5 Outlook

Despite of substantial progress, much is still unknown about the processes involved in

plant-microbiota interactions. Moving past a purely descriptive analysis consisting of

correlations and observational data alone towards an experimental framework where

specific hypothesis can be tested and models generated from sequence data falsified or

validated, remains a great challenge for microbiome studies. In particular, the work

here presented (see Chapter 7) constitutes some of the earlier steps taken in this di-

rection. The generation of culture collections of isolates, together with their associated

libraries of sequenced genomes and their use in synthetic community reconstitution

experiments provide the possibility to engineer communities guided by models inferred

from culture-dependent data and test outcomes in terms of output community struc-

ture or plant macroscopic phenotypes, such as growth promotion. Efforts to extend

this experimental approach to other plant hosts (e.g. Lotus japonicus) and soil types

(e.g. nutrient-poor calcareous soils) are currently ongoing. These culture collections

will constitute an unprecedented resource to perform comparative experiments and

analyses in order to extract basic guiding principles behind microbiota stablishment

conserved across hosts and conditions.
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One of the main limitations of the use amplicon data to microbial ecology lays on the

fact that sequencing errors and PCR artifacts impose a limit in the resolution that can

be achieved, typically up to 97% sequence identity over several hundred basepairs of

conserved markers such as 16S rRNA. Given the large genomic and phenotypic variation

observed within the same taxonomic unit (see e.g. Chapter 8 and Chapter 7), this lack

of resolution constitutes an important caveat in interpreting amplicon data. Whereas

de-noising and chimera removal are steps generally performed prior community data

analyses in most microbiome studies, there is the possibility for further improvement,

particularly in the case of reduced-complexity synthetic community experiments with

germ-free hosts for which accurate reference sequences are available. Furthermore, ap-

plying phylogenomics to error correction within the 3% sequence identity threshold

typically used, i.e. by placing new sequences in a reference tree and discarding errors

that deviate substantially from what a model of DNA evolution would predict, has the

potential to improve accuracy and resolution.

Another promising avenue of research consists of taking advantage of the large quan-

tities of available data by integrating it into large-scale meta-analyses (see Chapter 3

for a proof of principle). In particular, inference of networks of ecologically meaningful

interactions (e.g. from co-occurrence matrices) in a host phylogenetic framework could

allow researchers to analyze specific microbiota features (such as the presence of hub

organisms and their impact) by applying the comparative method across plant hosts.

This work would require a fundamentally new approach to traditional network-enabled

microbial ecology analyses and constitutes an exciting challenge for computational and

experimental plant microbiota studies.

In Chapter 9, a novel approach designed to extract biologically meaningful links be-

tween protein families was presented. These results, however, underline the finding

that a large proportion of the predicted coding sequences in bacterial genomes are

poorly annotated (see e.g. Chapter 8). When the number of genomes included in a

comparative analysis or association study increases over a certain number (in the order

of hundreds of genomes), inference of orthology relationships based on sequence alone

is no longer feasible and homology-based approaches using models from databases of

annotated sequences is required. This greatly limits our ability to discover the true

genetic basis of traits of interest or meaningful gene family clusters to previously anno-

tated sequences while ignoring previously uncharacterized genes. A possible extension

of the computational framework which is presented in the last chapter of this thesis

(clustering of functionally related genes using evolutionary profiles) consists on moving

beyond presence or absence of inferred orthologous groups and using more generic ge-
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nomic features instead, such as k-mers of arbitrary size, that do not rely on annotation

and can capture other sequence variants. The major obstacle facing this methodologi-

cal update is the need to handle potentially vast matrices of features, a task that may

prove to be computationally intractable despite of being easily parallelized.
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3.1 Abstract

Plants and animals each have evolved specialized organs dedicated to nutrient acquisi-

tion, and these harbor specific bacterial communities that extend the host’s metabolic

repertoire. Similar forces driving microbial community establishment in the gut and

plant roots include diet/soil-type, host genotype, and immune system as well as microbe-

microbe interactions. Here we show that there is no overlap of abundant bacterial taxa

between the microbiotas of the mammalian gut and plant roots, whereas taxa overlap

does exist between fish gut and plant root communities. A comparison of root and

gut microbiota composition in multiple host species belonging to the same evolution-

ary lineage reveals host phylogenetic signals in both eukaryotic kingdoms. The reasons

underlying striking differences in microbiota composition in independently evolved, yet

functionally related, organs in plants and animals remain unclear but might include dif-

ferences in start inoculum and niche-specific factors such as oxygen levels, temperature,

pH, and organic carbon availability.

3.2 Physiological functions of the vertebrate gut and plant

roots

The vertebrate gut and plant roots evolved independently in animal and plant kingdoms

but serve a similar primary physiological function in nutrient uptake (Figure 3.1).

One major difference between plant and animal nutritional modes is their distinct

energy production strategy. Plants are autotrophs, producing their own energy through

photosynthesis (carbohydrate photo-assimilates), while animals rely entirely on the

energy originally captured by other living organisms (heterotrophs). Long-distance

transport mechanisms ensure the distribution of carbohydrate photo-assimilates from

chloroplasts in leaves to all other body parts, including roots. Nutrient acquisition

by roots to support plant growth is therefore almost exclusively limited to uptake of

mineral ions and water from soil. In contrast, the mammalian gut has evolved to

facilitate the uptake of simple sugars, amino acids, lipids, and vitamins in addition

to ions. It is typically compartmentalized into sections with low microbial biomass

in which the products of host enzymatic activity are absorbed (i.e., the human small

intestine, SI) and a section for the uptake of microbe-derived fermentation products

(human large intestine or hindgut, LI).
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Figure 3.1: Physiological functions of the plant roots and human gut in nu-
trient uptake, spatial aspects of microbiota composition, and factors driving
community establishment. (A and B) Spatial compartmentalization of the plant root
microbiota (A) and the human gut microbiota (B). Upper panels: the major nutrient
fluxes are indicated, as well as pH and oxygen gradients in relation with the bacterial den-
sity. Lower panels: compartmentalization of the microbiota along the lumen-epithelium
continuum in the gut or along the soil-endosphere continuum in the root. For each com-
partment, the bacterial density, the bacterial diversity, and the major represented phyla
are represented for both the gut and the root organs. The main factors driving commu-
nity establishment in these distinct compartments are depicted with black bars. The gut
drawing is adapted from Tsabouri et al. (2014) with permission from the publisher.
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A significant fraction of the soil nutritive complement and of the dietary intake re-

mains unavailable for plants and animals, respectively, and this defines their dietary

constraints. Critical nutrients for plant growth and productivity in soil are nitrogen and

phosphorus. However, plant roots can absorb only inorganic nitrogen and orthophos-

phate (Pi), although phosphorus is abundant in soil both in inorganic and organic

pools. Pi can be assimilated via low-Pi-inducible (high-affinity) and constitutive Pi up-

take systems (low-affinity) (Lambers et al., 2008; Lopez-Arredondo et al., 2014). Plant

species adapted to neutral or higher soil pH, and more aerobic soils have a preference

for nitrate and deploy two nitrate uptake and transport systems that act in coordi-

nation. By contrast, plants adapted to low pH (reducing soil) as found in forests or

the arctic tundra appear to assimilate ammonium or amino acids (Maathuis, 2009).

Similarly, a fraction of normal human dietary intake remains undigested and there-

fore non-bioavailable (fiber). These non-digestible components include plant cell wall

constituents such as cellulose, hemicellulose, xylan, and pectin, and certain polysac-

charides such as β-glucan, inulin, and oligosaccharides that contain bonds that cannot

be cleaved by mammalian hydrolytic enzymes (Tungland and Meyer, 2002).

Plant roots and animal guts are colonized by diverse microbial classes, including bac-

teria and archaea, fungi, oomycetes, as well as viruses (Table 3.1). These communities

can be regarded as the host’s extended genome, providing a huge range of potential

functional capacities (Berendsen et al., 2012; Gill et al., 2006; Qin et al., 2010; Turner

et al., 2013). Here we focus on bacterial microbiotas because these were shown to form

reproducible taxonomic assemblies in animal and plant individuals with well-defined

functions.

In plant roots, the microbiota mobilizes and provides nutrients by increasing nutri-

ent bioavailability from soil (Bulgarelli et al., 2013). Non-nutritional functions include

increased host tolerance to biotic stresses, e.g., against soil-borne pathogens (Mendes

et al., 2011), and likely abiotic stresses. In addition, the root microbiota can also affect

plant fitness by impacting flowering plasticity (Panke-Buisse et al., 2015; Wagner et al.,

2014).

Similarly, the gut microbiota has a major role in host nutrition. It contributes nutri-

ents and energy to the host via fermentation of indigestible polysaccharides into short-

chain fatty acids (SCFAs) in the colon (Martins dos Santos et al., 2010; Tremaroli and

Baeckhed, 2012). The human LI has incomplete peristalsis and a longer retention time,

allowing fermentative microbiota to break down complex glycan bonds and liberate

additional energy from the diet (Stevens and Hume, 1998). Additionally, gut micro-

biota provide essential vitamins to the host and modulate the absorptive capacity of
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the intestinal epithelium. An additional common feature of the gut and root micro-

biota is their protective role by competitive exclusion against invasion by opportunistic

pathogens (Kamada et al., 2013).

Cucumber Wheat Soybean Wheat Oat Pea Barley Gut
(a) (a) (b) (c) (c) (c) (d) (e)

Bacteria 99.36 99.45 96 88.5 77.3 73.7 94.04 99.1
Archaea 0.02 0.02 < 1 < 0.5 < 0.5 < 0.5 0.054
Eukaryotes 0.54 0.48 3 3.3 16.6 20.7 5.90 < 0.1

Table 3.1: Percentage of shotgun metagenome reads assigned to each kingdom
of life across metagenome studies.

a: Ofek-Lalzar et al. (2014)
b: Mendes et al. (2014)
c: Turner et al. (2013)
d: Bulgarelli et al. (2015)
e: Qin et al. (2010)

Homeostatic balance between both microbe-microbe and host-microbe interactions is

critical for a healthy host-microbiota relationship. Alteration of this balance via per-

turbation of the gut or the plant microbiota composition (microbial dysbiosis) may

represent an important mechanism of disease (Martins dos Santos et al., 2010; Kemen,

2014; Sekirov et al., 2010). In plants, a healthy status is the norm, and soil-resident

microbes contribute to plant health. This is illustrated by a higher disease severity

following pathogen inoculation when plants are grown in pasteurized compared to non-

pasteurized soils (Weller et al., 2002). In addition, so-called disease-suppressive soils

protect plants against particular soil-borne pathogens. For example, specific bacterial

genera belonging to gamma-Proteobacteria were associated with a high level of soil

disease suppressiveness. The underlying mechanisms comprise competition between

soil-borne microbes for plant-derived nutrients and antimicrobial compound produc-

tion (Berendsen et al., 2012; Mendes et al., 2011). In the gut, commensal microbes

can also suppress pathogen invasion through secretion of antimicrobial compounds,

alteration of local pH, or stimulation of host immunity (Kamada et al., 2013).

3.3 Compartmentalization of the gut and root microbiota

Relevant biotic and abiotic gradients exist in both the gut and root, leading to microbial

compartmentalization (Figure 3.1). Along the soil-root continuum, four compartments

can be distinguished: soil, rhizosphere, rhizoplane, and endosphere (Figure 3.1A). Bac-
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terial diversity in soil is high, with estimates suggesting that >2,000 species populate

0.5 g of soil (Schloss and Handelsman, 2006). The rhizosphere corresponds to the

zone of soil directly influenced by root exudation, while the root compartment can be

separated in two distinct niches, rhizoplane and endosphere. The rhizoplane harbors

a suite of microbes that tightly adhere to the root surface, while the endosphere is

composed of microbes inhabiting the interior of roots. Microbial density is high in the

rhizosphere, and species richness gradually decreases along the soil-endosphere contin-

uum (Bulgarelli et al., 2012, 2015; Edwards et al., 2015; Lundberg et al., 2012) (Figure

3.1A). Therefore, the bacterial community shifts from a dense and diverse soil-borne

community to a host-adapted community with reduced diversity.

A spatial heterogeneity of microbial density exists along the digestive track (Stearns

et al., 2011). Densities are lowest in the stomach and duodenum (proximal SI) (101-103

bacteria per gram of content) and increase along the length of the SI with a higher den-

sity in the distal ileum (104-107 bacteria per gram). Cell densities in the LI can reach

1012-1013 bacteria per gram of content, representing the highest density recorded so far

in any environment and exceeding the density detected in the rhizosphere by 2-3 orders

of magnitude. Although the density is high, the diversity is relatively low (Stearns

et al., 2011; Walter and Ley, 2011). Using low-error 16S rRNA gene sequencing (LEA-

seq) of the human fecal gut microbiota (low depth coverage), the number of bacterial

species is estimated at 101 ± 27, which is in alignment with estimates of culture-based

techniques (Faith et al., 2013; Mitsuoka, 1992) Compartmentalization exists also from

the inside to the outside of the intestinal tube, defined by the intestinal lumen, mucus,

and epithelial surface. Similar to the compartmentalization in the root, a decrease

in bacterial density is observed from the lumen to the epithelial surface (Swidsinski

et al., 2005; Abbeele et al., 2011; Zhang et al., 2014) (Figure 3.1B). In the LI, the

mucus is subdivided into an inner firmly adherent layer largely devoid of bacteria and

an outer layer that is looser and non-adherent and allows some microbial colonization

(Johansson et al., 2008).

3.4 Community structure of the vertebrate gut and plant

root microbiota

3.4.1 Where do they come from?

A relevant difference for experimentation on the plant root and vertebrate gut micro-

biota is the ease with which the start inoculum of the root microbiota can be defined.
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This is due to a predominant horizontal acquisition of root endophytes from the sur-

rounding soil biome, although in some plant species there is evidence for additional

vertical transmission of seed-borne endophytes Barret et al. (2015). These endophytes

mainly belong to Proteobacteria and can colonize seeds via different colonization routes,

including flowers, fruits as well as roots, leaves, and stems (Truyens et al., 2015). Even

though vertical transmission in mammals is not as explicit as in plants (none are trans-

ferred with the germline), vertical transmission nevertheless occurs. The transmission

from parent to offspring results from the birth process itself, from milk, and from the

close contact that comes from parental care (Unger et al., 2015). In humans, vaginal

birth inoculates the newborn with a set of strains that can be matched to the mother,

whereas caesarean section results in colonization with skin microbes originating from

various caregivers (Dominguez-Bello et al., 2010). Breast milk is also an important

source of microbiota and antibodies that shape the gut microbiome (Newburg and

Morelli, 2015), and introduction of solid foods brings rapid shifts in the bacterial com-

munity composition toward an adult-like microbiome (Koenig et al., 2011). Vertical

transmission from mother to infant gut microbiota is sometimes behaviorally increased

in mammals by feeding mother’s fecal matter to their infants. In koalas, for instance,

this transmission is believed to participate in the digestion of eucalyptus (Osawa et al.,

1993). Additionally, group living is known to aid the transmission of commensal mi-

crobes between members of family groups (humans), troupes (primates), and most

likely herds as well. Co-habitation in humans leads to sharing of microbiota, which is

enhanced when dogs also co-habit in the same house (Song et al., 2013). Ironically,

hygiene measures aimed at reducing pathogen transmission may have had broad nega-

tive impacts on the transmission of commensals and may underlie the loss of diversity

observed in the West (Blaser and Falkow, 2009).

3.4.2 Who are they?

Despite the vast prokaryotic biodiversity found in the biosphere (currently>80 bacterial

phyla are described), the host-associated microbiota is dominated numerically by a

few phyla. The rhizosphere and the root endophytic compartment of unrelated plant

species is often enriched for bacteria belonging to three main phyla (Proteobacteria,

Actinobacteria, and Bacteroidetes). In contrast, abundant soil bacteria belonging to

the phylum Acidobacteria are excluded from the endophytic compartment (Bulgarelli

et al., 2013). Compared with the surrounding soil, microbiota members belonging

to the phylum Proteobacteria are consistently enriched in the rhizosphere/endosphere
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compartments of monocotyledonous and dicotyledonous plants, including perennial and

annual plants (Bulgarelli et al., 2012, 2015; Edwards et al., 2015; Lundberg et al., 2012;

Ofek-Lalzar et al., 2014; Peiffer et al., 2013; Schlaeppi et al., 2014; Shakya et al., 2013;

Zarraonaindia et al., 2015). This likely reflects niche adaptation (nutrient availability,

oxygen levels) and the ability to efficiently invade and persist inside or outside the

roots of divergent plant species. Firmicutes and Bacteroidetes are by far the two most-

abundant phyla detected in adult human and mouse feces. Other phyla represented

include the Actinobacteria, Verrucomicrobia, and a number of less-abundant phyla such

as the Proteobacteria, Fusobacteria, and Cyanobacteria (Eckburg et al., 2005). Similar

to the rhizosphere compartment, the mucus layer of the gut represents a particular

niche favoring the proliferation of specialized inhabitants. It has been estimated that

at least 1% of the gut microbiota can degrade mucins as a source for carbon and nitrogen

(Hoskins and Boulding, 1981). Select types of bacteria can also attach to mucins, such

as Bifidobacterium bifidum, which has the ability to stimulate mucin production via

butyrate-induced expression of MUC2, while others can degrade the nine-carbon sugar

sialic acid found in host glycoconjugates (Almagro-Moreno and Boyd, 2009; Gaudier

et al., 2004; Leitch et al., 2007).

3.4.3 Are there structural similarities across diverse host-associated

microbial communities?

Striking physiological (dis-)similarities exist between organs dedicated to nutrient ac-

quisition in hosts belonging to different taxonomic lineages. However, the extent to

which microbial communities living in association with phylogenetically divergent hosts

overlap with each other is largely unknown. In an attempt to unravel host-specific and

conserved signatures in the microbiota, we retrieved and re-analyzed the raw sequenc-

ing data contributed by 14 previous large-scale 16S rRNA gene survey studies (Table

S1). These comprise >3,200 samples from more than 40 different host species, includ-

ing human, other mammals, and fish gut, as well from the root and rhizosphere of

the flowering plant Arabidopsis thaliana and relative species, maize, rice, barley, and

grapevine. In addition, we included samples from several species of cnidarian hydra, a

freshwater basal animal featuring a gut forming a hollow cavity within the body with

one opening, the mouth.

To analyze the data, we followed the QIIME (Caporaso et al., 2010) closed-reference

protocol and used SortMeRNA (Kopylova et al., 2012) to cluster the sequences into

operational taxonomic units (OTUs) at 97% sequence similarity (see Supporting Ma-
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Figure 3.2: alpha- and beta-diversity Analyses. (A) Principal coordinate analysis
(PCoA) of pairwise unweighted UniFrac distances between samples. The color and shape
of each point represent the host and compartment, respectively. (B) Comparison of alpha-
diversity between hosts based on the whole tree phylogenetic diversity index (PD), sorted
by ascending order of complexity. See Table S1 for more information about the individual
host species included in each study.

terial). Analyses of beta-diversity using principal coordinate analysis (PCoA) revealed

a clear clustering of samples according to their respective host species (Figure 3.2A).

Although all samples are derived from organs with a dedicated function in nutrient

uptake, we found striking qualitative differences between their associated microbial

communities. This disparity can be explained by the increased abundance of mem-

bers of the Bacteroidetes phylum in the mammalian stool samples (particularly those

belonging to the orders Bacteroidales and Clostridiales) and the enrichment of mem-

bers of the families Pseudomonadaceae, Streptomycetaceae, and Comamonadaceae in

the rhizosphere and plant root compartments (Figure 3.3). Intriguingly, the bacterial

communities in the fish gut are more closely related to those in the root and rhizo-

sphere samples than to the mammalian gut, partially due to an increased abundance
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in Proteobacteria (45.08% and 54.44% in root-associated samples and fish gut, respec-

tively, compared with 4.20% in the case of the human gut; Figure 3.4). In addition,

the microbial communities from infant gut (from Koenig et al., 2011) are more closely

related to those of plant roots (and therefore soil microbiota) than those associated to

adults Figure S1). Together, this suggests that shared environmental and physiological

features, rather than phylogenetic relatedness of the hosts, are decisive for community

establishment.

Analysis of alpha-diversity (Figure 3.2B and Figure 3.3B). show that the bacterial

richness is low in the gut of aquatic organisms and higher in the root and in the rhi-

zosphere of different plant species, consistent with the bacterial diversity detected in

their respective surrounding environments (aquatic versus soil environments) Curtis

et al. (2002). For all plant species surveyed, the bacterial diversity is lower in the en-

dosphere compartment (root) compared to the rhizosphere compartment (Figure 3.2),

in concordance with previous studies Bulgarelli et al. (2012); Edwards et al. (2015);

Lundberg et al. (2012). The extent of this gradient in diversity, as well as the differen-

tiation between the two compartments, appears to be dependent on the plant species,

indicating a strong host-dependent effect on community establishment.

A phylogenetic comparison of the abundant community members across hosts (OTUs,

with a relative abundance higher than 0.1% on average) reveals clear qualitative struc-

tural differences between mammalian gut and plant root and rhizosphere samples (Fig-

ure 5). These distinct sets of bacterial communities show virtually no overlap even at

high taxonomic levels. Samples obtained from human and mammalian guts are dom-

inated by OTUs belonging to the orders Bacteroidales and Clostridiales (34.55% and

51.26% relative abundances, respectively), while these are almost completely absent in

the root and rhizosphere samples (0.70% and 0.80%, respectively). This striking dif-

ference in community composition in independently evolved, yet functionally related,

gut and root organs might be explained by adaptations to specific host and environ-

mental needs, including niche-specific factors such as oxygen levels, pH, and organic

carbon availability. Our findings also make a direct transfer and persistence of micro-

biota members from numerous root-derived dietary plant products in the human gut

unlikely.

3.4.4 Do they fluctuate over time?

Despite the fact that infancy or the seedling stage for plants are critical windows for

microbiota assembly, very little is known about the earliest steps driving host colo-
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Figure 3.3: 3D PCoA plots. (A) Biplots depicting the taxa with the largest contri-
bution to the ordination space (order Clostridiales; families Ruminococcaceae, Rikenel-
laceae, Lechinospraceae, Comamonadaceae; genera Streptomyces, Pseudomonas, Bac-
teroides, Blautia, Faecalibacterium). (B) PCoA plot showing the alpha-diversity variation
as measured by the PD index across all samples included in the study.

nization by pioneer bacteria. Assembly of the infant gut microbiome begins at birth

(early reports described it as chaotic), and diversity levels slowly increase until ∼2-3

years of age (Koenig et al., 2011; Palmer et al., 2007; Yatsunenko et al., 2012). Sam-

pling from birth to 2.5 years of age revealed the following: (i) community richness

increased gradually over time, (ii) the use of antibiotics, changes in diet, and infections

led to jumps from one stable consortium of species to another, and (iii) members of

the Bacteroidetes phylum were co-dominant with members of the Firmicutes phylum

after the introduction of solid foods (Koenig et al., 2011). The adult-like microbiota

is characterized by a greater stability (David et al., 2014a; Spor et al., 2011). About

60% of the bacterial strains in the intestine are detected over a 5-year time frame,

and Bacteroidetes and Actinobacteria were identified as the most stable phyla (Faith

et al., 2013). In contrast to the chaotic microbial succession described for the infant

gut, the structure of the root microbiota during the plant life cycle appears rather sta-

ble. Despite a higher variability observed during the seedling stage (Chaparro et al.,

2014), microbiota acquisition from soil appears to occur relatively rapidly, initiating

within 24 hr after sowing and approaching a steady state within 2 weeks (Edwards

et al., 2015). Once established, there is little evidence for dramatic changes even late

in the life cycle of annual A. thaliana plants, when organic carbon and nitrogen are

spatially re-allocated during the transition from vegetative to reproductive growth for
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seed formation (Lundberg et al., 2012). This surprising stability might be explained by

the sessile nature of plants, together with a rather stable soil-borne inoculum source,

which prevents extreme fluctuations in input communities throughout a rapid annual

plant’s life cycle. Whether this also applies to longer-lived perennials and to repeated

croppings of the same species at the same location remains to be further substantiated

(Donn et al., 2015).

3.5 Major factors driving community establishment and

composition

Inter-individual differences in the gut and the plant microbiota are likely to be dictated

by many modulating factors, including environmental parameters but also diet/soil-

type, microbe-microbe interactions, host genotype, and host immune system (Figure

3.1).

3.5.1 Environmental factors

pH

Bacterial community composition is strongly correlated with differences in soil pH, with

soils at near-neutral pH showing the highest microbial diversity (Fierer and Jackson,

2006). Roots can acidify the rhizosphere up to two pH units compared to the surround-

ing soil through release of protons, bicarbonate, organic acids, and CO2 (Hinsinger

et al., 2003). Along the digestive tract, the increase in bacterial titer can be attributed

to several factors, such as pH and bile acids. The pH is very low in the stomach (pH

1.5-5), restricting bacterial growth, increases in the SI (duodenum pH 5-7, jejunum 7-9,

ileum 7-8) and drops in the colon (pH 5-7) (Walter and Ley, 2011) (Figure 3.1B). Many

types of bacteria, in both the gut and the soil, are sensitive to pH, and this is thought

to structure communities to a large degree (Duncan et al., 2009), although it is difficult

to disentangle the exact contribution of pH on the overall community structure due to

likely interaction with many other factors.

Figure 3.4: Cumulative abundance plots. (Figure on next page).
Relative abundances grouped at the phylum or class taxonomic level for each sample in-
cluded in the meta-analysis. The bar plots have been arranged along the x axis separating
different host groups as well as different species and compartments.
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Figure 3.4: Cumulative abundance plots. (Caption on previous page).
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Oxygen

Although both gut and root systems are dedicated for nutrient uptake, O2 levels are

controlled in opposing directions. In the vertebrate gut, luminal microbes generally

face anaerobic conditions favoring fermentative metabolism, while in soil and along

the root (micro-)aerobic conditions are found (Figure 3.1). This might be a major

factor explaining structural and functional differences between the microbiota of the

vertebrate gut and plant roots (Figure 5). The gut microbiota of healthy individuals is

dominated by anaerobic bacteria, which outnumber aerobic and facultative anaerobic

bacteria by a factor of 100-1,000:1 (Quigley and Quera, 2006), while the root microbiota

is enriched for Proteobacteria, a phylum dominated by aerobic species. Consistent with

this, genes encoding high-affinity oxidases that use O2 as a terminal electron acceptor

are overrepresented in gut metagenomes, whereas those encoding low-affinity oxidases

are enriched in soil metagenomes (Morris and Schmidt, 2013). It is arguably in the

host’s interest to limit respiration, because (i) limiting respiration will control bacterial

growth and (ii) promoting fermentation will result in SCFA availability. Nonetheless,

there is a biologically relevant gradient of oxygen levels in both the soil and the gut

that is likely to influence microbial community structure at the micro-levels. Despite

the fact that plant roots generally face (micro-)aerobic conditions, soil O2 levels can

also fluctuate as a function of soil wetting/drying (Noll et al., 2005), with anoxic niches

in the center of soil aggregates. Similarly, a higher O2 concentration is found at the

surface of the epithelium compared with the lumen. Some facultative aerobes can grow

along this oxygen gradient by respiring O2 close to the epithelium using flavins and

thiols as electron shuttles to respire at ’long distance’ (Khan et al., 2012).

Temperature

While thermal stability exists in the gut of mammals (endotherm), higher temperature

fluctuation is observed for plants or ectothermic animals that rely on the external

temperature to regulate their internal body temperature. It has been reported that

the bacterial community in soil is modulated by temperature (Barcenas-Moreno et al.,

2009), although plant microbiota functions must remain stable under a wide range of

temperatures.

3.5.2 Nutritional drivers

For both plant roots and vertebrate guts, diet (for plants, soil type defines the diet)

is a major driver for microbial community structure (Bulgarelli et al., 2012; Cotillard
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et al., 2013; Carmody et al., 2015; David et al., 2014b; Edwards et al., 2015; Ley et al.,

2008a; Lundberg et al., 2012; Muegge et al., 2011; Schlaeppi et al., 2014; Peiffer et al.,

2013; Turnbaugh et al., 2009).

Organic carbon is widely considered to be the most important factor limiting bacterial

growth in different soils (Demoling et al., 2007). Isotope probing experiments using

different plant species revealed that an average of 17% of all photosynthetically fixed

carbon is transferred to the rhizosphere through root exudates (Nguyen, 2003), high-

lighting a considerable organic carbon deposition in soil. Low molecular weight carbon

substrates such as dicarboxylic acids, exuded by roots in large quantities to acidify the

rhizosphere, also enhance the availability of Pi and micronutrients such as manganese,

iron, and zinc. These dicarboxylic acids are an important driver mediating soil com-

munity shifts, leading to an increase in the relative abundance of beta-Proteobacteria,

gamma-Proteobacteria, and Actinobacteria (Eilers et al., 2010).

The evolution of the mammalian gut microbiota has been greatly influenced by host

diet. Mammals, their gut microbiota, and their diet types are part of a dynamic tri-

partite coevolution (Ley et al., 2008b). The majority (80%) of extant mammals are

herbivorous, which stands in contrast to the early mammals that were most likely car-

nivorous based on their tooth morphology. The rise in herbivory could only have been

accomplished with the necessary changes in gut microbes, since mammalian genomes

lack the necessary genes encoding plant cell wall degrading enzymes. Comparisons of

microbiomes between host species highlight the specific adaptations of the microbiota to

the host diet, such as an increased abundance of genes encoding the necessary enzymes

and their respective pathways (Eilam et al., 2014), as exemplified in a comparison be-

tween the termite hindgut and the bovine rumen metagenome (Brulc et al., 2009). The

latter is enriched for genes encoding glycoside hydrolases, cellulosome enzymes, and

nitrogen-related uptake proteins. In contrast, the termite hindgut microbiome showed

an enrichment for genes involved in the degradation of the cellulose backbone and ni-

trogen fixation. This clearly reflects the differences in diet of the hosts (forages and

legumes versus nitrogen-poor wood).

Figure 3.5: Phylogenetic analysis of OTU abundances. (Figure on next page).
(A) Phylogeny inferred from the representative sequences of all OTUs that had at least 0.1%
relative abundance on average for all samples of a host species (1,133 in total). The color
of each leaf depicts the taxonomic classification of its corresponding OTU. (B) Average
relative abundances of abundant OTUs across all samples of each host (log-transformed).
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Figure 3.5: Phylogenetic analysis of OTU abundances. (Caption in prev. page)
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3.5.3 Microbe-microbe interactions

The role of microbe-microbe interactions is also critical for shaping microbiota structure

in both plant and animal systems (Bulgarelli et al., 2015; Fraune et al., 2015; Hacquard

and Schadt, 2015; Trosvik et al., 2009). The combination of synergistic, beneficial, and

antagonistic interactions among microbiota members colonizing the gut and plants is

likely to have a major impact on overall community structure. Therefore, individual

members of a community may contribute to the overall stability of the system, and

consequently, each community member must be viewed as a potential internal driver of

microbial community assemblage. Microbial co-occurrence and co-exclusion patterns

are now emerging as important concepts for understanding the rules guiding microbial

community assembly (Cardinale et al., 2015; Faust et al., 2012; Zhang et al., 2014).

3.5.4 Host genotype

Intra-species plant genetic diversity explains less variation in community structure than

soil type and root fraction (soil, rhizosphere, and endosphere). Surveys of the bacterial

community structure of 27 maize inbred lines, 6 cultivated rice varieties, 3 barley acces-

sions, and several A. thaliana accessions each point to a small (∼5%-6% of variation)

but significant role of the host genotype on community composition (Bulgarelli et al.,

2012, 2015; Edwards et al., 2015; Lundberg et al., 2012; Peiffer et al., 2013; Schlaeppi

et al., 2014). This suggests a link between host diversification and microbial community

establishment (see below).

In humans, family members are often observed to have more similar microbiotas than

unrelated individuals (Tims et al., 2013; Turnbaugh et al., 2009; Yatsunenko et al.,

2012). Familial similarities are usually attributed to shared environmental influences,

such as dietary preference, a powerful shaper of microbiome composition (Cotillard

et al., 2013; David et al., 2014b; Wu et al., 2011). However, host genetics also play

a small but statistically significant role in shaping the composition and structure of

the gut microbiome. Studies comparing microbiota between human subjects differing

at specific genetic loci have shown gene-microbiota interactions (Khachatryan et al.,

2008; Rehman et al., 2011). A more general approach to this question has linked ge-

netic loci with abundances of gut bacteria in mice (Benson et al., 2010; McKnite et al.,

2012), although diet effects outweigh the host genotype effects (Parks et al., 2013). In

humans, earlier twin studies failed to reveal significant genotype effects on microbiome

diversity (Turnbaugh et al., 2009; Yatsunenko et al., 2012). However, a recent report

by Goodrich et al. (2014) comparing monozygotic (MZ) with dizygotic (DZ) twin
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pairs identified specific taxa as heritable (i.e., the variability in the relative abundances

of these taxa across the population was partially driven by host genotype variation).

These taxa include health-associated Faecalibacterium and Bifidobacterium and lean

phenotype-mediating Christensenella (Goodrich et al., 2014).

3.6 Host immune systems and microbiota homeostasis

Plants and animals each engage structurally related pattern recognition receptors (PRRs)

for recognition of evolutionarily conserved non-self microbial structures (i.e., lipopolysac-

charides [LPS], lipopeptides, flagellin, chitin) at the cell surface, and activation of these

is typically sufficient to halt microbial proliferation. However, successful plant and

animal pathogens have evolved mechanisms to dampen or escape PRR-mediated host

responses to foster virulence. In response, members of the NLR (nucleotide-binding do-

main leucine-rich repeat containing) family of intracellular immune receptors in plants

and animals are activated by the action of pathogen virulence factors or by direct bind-

ing of the virulence factors themselves (Boller and Felix, 2009; Jones and Dangl, 2006;

Maekawa et al., 2011). Active animal PRRs and NLR inflammasomes each can in-

struct the mammalian adaptive immune system and cause spatially dispersed response

in plants, as detailed below.

Detection of microbial patterns via PRRs constitutes the first layer of immunity in

plants and animals and triggers a variety of output responses. In animals, these in-

clude instruction and either activation or suppression of the adaptive immune system

via cytokine signaling and cell migration to and from infection sites and lymphoid

organs. Because there are no circulating cells in plants, PRR- and NLR-dependent sig-

naling can lead to differential local and systemic signals that result in adequate defense

outputs at and directly surrounding the site of infection and a poised defense in distal

organs. Analogous to cytokines, plants deploy a handful of defense phytohormones that

have variable domains of signaling and instruct cells neighboring an infection site, and

even systemically to distal organs, to be ready to respond to infection (Pieterse et al.,

2012).

The lack of circulating immunocytes also demands that each plant cell in an organ be ca-

pable of recognizing all pathogens adapted to that organ. This drives a complicated re-

quirement for coordination of normal cellular functions, mediated by growth-regulating

hormones, and immune output mediated by the defense phytohormones. This co-

ordination is manifested as trade-offs between growth and immunity (Belkhadir and

Jaillais, 2015). Thus, systemic acquired resistance in above-ground organs is triggered
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by biotrophic pathogens and mediated by salicylic acid (SA), while induced systemic

resistance, also active in leaves, is triggered in roots by rhizobacteria and is mediated

by jasmonic acid (JA) and ethylene (Spoel and Dong, 2008; van Loon et al., 1998).

Because plant defense phytohormones are key signaling molecules between microbial

perception and immune system outputs, their production and perception are common

pathways targeted by both potential pathogens and beneficial microbes. Hence, there is

evidence that during the early stages of colonization both arbuscular mycorrhizal (AM)

and Rhizobium species locally suppress SA signaling (Garcia-Garrido and Ocampo,

2002; Stacey et al., 2006), suggesting that defense phytohormones normally act to in-

hibit microbial survival in the root. Indeed, culture-dependent studies in A. thaliana

have demonstrated a significantly lower load of culturable bacteria in rhizospheres of

plants with either defective JA signaling or, conversely, constitutive SA production

(Doornbos et al., 2010). Beyond defense phytohormones, other immune outputs have

also been implicated by recent studies. In particular, metagenomic studies in rice un-

covered genes present in root endophytic bacteria, notably detoxification of reactive

oxygen species (Sessitsch et al., 2012).

The overall structure of the Arabidopsis root microbiota remains largely robust to

host mutations leading to hypo- or hyper-immunity. However, sets of mutants with

altered defense phytohormone biosynthesis and/or perception had specifically altered

root microbiome taxonomic compositions compared to wild-type. These alterations

were congruent with the known effects of the mutants on immune system outputs in

leaves. Experiments using both wild soil and its natural community or synthetic soil

microcosms in the presence of a synthetic bacterial community demonstrated that SA

and/or SA-dependent processes are major contributors to root microbiome composition

(S.L., unpublished data). Together, these studies represent some of the insights into

mechanisms used by the plant immune system to shape its microbiota.

In the animal gut, a first line of defense consists of the secretion of antimicrobial pep-

tides that are produced deep within the crevices of the epithelial layer, in the crypts

between the villi. While some antimicrobial agents are continuously secreted, others

are secreted in response to bacterial triggering of specific PRRs (Toll-like receptors,

TLRs) on the epithelial cell surfaces. The mucus layer is crucial to prevent system-

atic activation of these immune responses. When the inner mucus layer is removed

chemically (i.e., with dextran sodium sulfate [DSS]) or through gene mutation (MUC2

mutants), bacteria come into contact with epithelial cells and cause an inflammatory

response (Johansson et al., 2010; Van der Sluis et al., 2006). In contrast to plants,

the adaptive immune system also plays a role for sequestering symbiotic bacteria in the
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lumen through the secretion of immunoglobin A (IgA) that target epitopes of intestinal

bacteria. Like the antimicrobial activity of the innate immune system, the adaptive

immune system can be regulated in parts by TLR signaling (Iwasaki and Medzhitov,

2010). Together, the adaptive and innate immune systems have mechanisms for de-

tecting surface-associated bacteria and work together to reduce inflammation. Because

the adaptive immune system is (largely) unique to vertebrates, and based on the obser-

vation that vertebrates, notably mammals, harbor microbial communities with much

greater complexity than do invertebrates, McFall-Ngai et al. (2013) have proposed that

the adaptive immune system itself is important in the shaping and maintenance of high

microbial diversity.

3.7 Co-diversification of host-microbe communities

By comparing the bacterial communities associated with maize genotypes or other

grasses, a significant correlation between rhizobacterial communities and the host phy-

logenetic distance has been detected, suggesting that the host’s evolutionary history

can be a good predictor of root microbiota structure (Bouffaud et al., 2014). A compar-

ison of inter-species host phylogeny and microbiota diversification in four Brassicaceae

plant species, including A. thaliana, which diverged ∼35 Ma revealed only quantitative

differences. This diversification cannot be explained solely by the phylogenetic distance

of these hosts but likely includes plant species-specific ecological adaptations (Schlaeppi

et al., 2014). However, qualitative differences can be observed when comparing more

distantly related plant species such as A. thaliana and barley (dicotyledonous versus

monocotyledonous plants), which diverged ∼150 Ma (Bulgarelli et al., 2015). Marked

differences in microbiota composition were also reported for Hydra vulgaris and Hydra

oligactis, cnidarian animal groups that diverged approximately 100 Ma and have been

cultivated under identical laboratory conditions for decades (Franzenburg et al., 2013).

In mammals, similarities in microbial community composition between members of the

same species raise the question of whether the bacterial communities track mammalian

phylogeny. This would be expected if the bacteria are passed vertically from parent to

offspring, which some mammal species encourage behaviorally. Patterns of relatedness

of the bacterial communities were compared to the mammalian phylogeny (Ley et al.,

2008a). For subsets of the mammalian phylogeny, the trees matched at a rate that

is greater than expected by chance. For instance, this pattern was observed in the

case of bears, which are an animal group candidate for mother-offspring transmission

due to prolonged contact between the cub and the mother, implying that an ancestral
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microbial population diversified at the same time that bears speciated. A comparison

of the microbial communities associated to great ape species, including Homo sapiens,

also revealed that the host species phylogeny was congruent to the pattern of related-

ness of their gut microbial communities, which diverged in a manner consistent with

vertical inheritance (Ochman et al., 2010). However, a comparative analysis of the

gut microbiota of humans with the ape species indicates an accelerated change in the

microbiota composition of humans that cannot be explained by evolutionary distance

(Moeller et al., 2014). A recent study of one isolated Amazonian tribe revealed the

highly diverse gut microbiota, in both composition and functions, including a broad

range of antibiotic resistance genes, suggesting that the Western lifestyle has dramati-

cally reduced bacterial diversity (Clemente et al., 2015).

Taken together, these data indicate generally that a correlation between microbiota

and host phylogeny can be explained by co-diversification from common ancestors.

Nonetheless, the hugely different generation times of bacteria compared to their as-

sociated eukaryotic hosts together with the high density of microbes in the gut or

surrounding the root system suggest that the evolution of host-microbe communities

is mainly determined by other selective forces, including microbe-microbe and host-

microbe-environment interactions.

3.8 Metagenome analysis-inferred functions of the gut and

the plant microbiota

The gut microbiota is dominated by a few bacterial phyla, but more variation is ob-

served when focusing on lower taxonomic levels. The relative abundance of individual

species can vary over a 10-fold range among individual humans Spor et al. (2011). In

contrast, at the level of gene functions, less variability is observed among individuals,

pointing to functional redundancy within the bacterial microbiota and the existence of

a conserved functional core (Huttenhower et al., 2012; Turnbaugh et al., 2009).

Given the critical function in nutrient acquisition, it is not surprising that gene func-

tions found in the gut microbial community are influenced by both long- and short-term

changes in diet (David et al., 2014b; Muegge et al., 2011; Suez et al., 2014; Wu et al.,

2011) Pathways found over all human body parts (’core’ pathways) include transla-

tional machinery, nucleotide charging, ATP synthesis, and glycolysis (Huttenhower et

al., 2012). The functional categories found specifically enriched in the gut microbiota

are related to metabolism categories (genes involved in starch, sucrose, and monosac-

charide metabolism, including many glycoside hydrolase families). More specifically,
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functions related to fermentation of complex sugars and glycans to SCFAs, methano-

genesis, synthesis of essential amino acids and vitamins, and hydrolysis of phenolic

glycosidic conjugates are enriched (Gill et al., 2006; Huttenhower et al., 2012; Qin

et al., 2010; Turnbaugh et al., 2009). Some of these functions, such as fermentation

and carbohydrate metabolism and vitamin biosynthesis, are also highly expressed in the

gut microbiome, as assessed by metatranscriptome analysis (Turnbaugh et al., 2010).

For plant studies, experimental design is more standardized across individuals, which

often allows for direct or indirect tests of functional enrichment (Bulgarelli et al., 2015;

Mendes et al., 2014; Ofek-Lalzar et al., 2014), in contrast to the human gut micro-

biome. Shared functional categories found across at least two plant rhizosphere studies

relate to iron transport and metabolism, nitrogen metabolism, transport and secretion

systems, as well as chemotaxis and motility (Mendes et al., 2014; Ofek-Lalzar et al.,

2014; Sessitsch et al., 2012). Similar functions were also found in a metaproteoge-

nomics study of the rice rhizosphere, although in addition, a major role for one-carbon

compound recycling could be identified (Knief et al., 2012). However, considerable

differences were found in these studies, and additionally no specific function can be

assigned for a large proportion of annotated genes in metagenomic studies (42%-86%

in the gut; 59% in the plant rhizosphere) (Gill et al., 2006; Ofek-Lalzar et al., 2014; Qin

et al., 2010). A striking commonality between the gut and root metagenome studies is

the significant enrichment/high abundance of phage-related functions (Bulgarelli et al.,

2015; Qin et al., 2010), but the exact role of these functions is not known.

To gain further insight into the evolutionary forces acting on genes in relation to their

functional roles, natural selection was assessed using dN/dS ratios for gene families in

the barley rhizosphere and human gut microbiomes (Bulgarelli et al., 2015; Schloissnig

et al., 2013). Positive selection is a hallmark of protein families implicated in molecular

arms races between two competing organisms. In the rhizosphere, proteins involved

in host-pathogen interactions showed significant signs of positive selection, such as the

type III secretion system and its associated effectors, phage elements, and microbial

CRISPR proteins (Bulgarelli et al., 2015). Similarly, CRISPR-related families, as well

as transposases and families related to antibiotic resistance, showed signatures of pos-

itive selection in the human gut microbiome (Schloissnig et al., 2013).

3.9 Concluding remarks and perspectives

To complement large-scale community profile and metagenome studies, reference collec-

tions of several hundred isolates from different human body sites and their correspond-
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ing genome sequences have been generated (Goodman et al., 2011). For plant-associated

microbial communities, similar projects aiming to maximize phylogenetic diversity of

cultured bacteria through cross-referencing with culture-independent community pro-

filing experiments are about to be concluded (P.S.-L. and J.L.D., unpublished data).

In the future, these genome collections may allow determination of multi-locus refer-

ence gene collections for the identification of individual strains within a community,

as an alternative to lower-resolution 16S rRNA-based taxon identification, as well as

comparative analyses of thousands of genomes for association-based analyses, to link

genes and genetic variants to particular phenotypes. The construction of defined (syn-

thetic) communities and their assessment under controlled environments with germ-free

eukaryotic hosts allows studies of community resilience and responses to perturbation

at the level of individual members and simplifies testing of specific hypotheses relat-

ing to individual attributes of other community members and the host (Faith et al.,

2014; Guttman et al., 2014). Controlled experimental systems will reduce the noise

inherent to any natural environmental sample and will drive the next phase of plant

and gut microbiota research in which scientific conclusions are based on causation

rather than correlations. For a detailed description of the meta-analysis, see Support-

ing Material. The OTU count matrices and taxonomic information as well as the

scripts used to analyze the data and generate the figures of this study are available at

http://www.mpipz.mpg.de/R_scripts.
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4.1 Significance

All plants carry distinctive bacterial communities on and inside organs such as roots

and leaves, collectively called the plant microbiota. How this microbiota diversifies in

related plant species is unknown. We investigated the diversity of the bacterial root

microbiota in the Brassicaceae family, including three Arabidopsis thaliana ecotypes,

its sister species Arabidopsis halleri and Arabidopsis lyrata, and Cardamine hirsuta.

We show that differences in root microbiota profiles between these hosts are largely

quantitative and that host phylogenetic distance alone cannot explain the observed

microbiota diversification. Our work also reveals a largely conserved and taxonomically

narrow root microbiota, which comprises stable community members belonging to the

Actinomycetales, Burkholderiales, and Flavobacteriales.

4.2 Abstract

Plants host at the contact zone with soil a distinctive root-associated bacterial micro-

biota believed to function in plant nutrition and health. We investigated the diver-

sity of the root microbiota within a phylogenetic framework of hosts: three Arabidop-

sis thaliana ecotypes along with its sister species Arabidopsis halleri and Arabidopsis

lyrata, as well as Cardamine hirsuta, which diverged from the former ∼35 Mya. We sur-

veyed their microbiota under controlled environmental conditions and of A. thaliana

and C. hirsuta in two natural habitats. Deep 16S rRNA gene profiling of root and

corresponding soil samples identified a total of 237 quantifiable bacterial ribotypes, of

which an average of 73 community members were enriched in roots. The composi-

tion of this root microbiota depends more on interactions with the environment than

with host species. Interhost species microbiota diversity is largely quantitative and

is greater between the three Arabidopsis species than the three A. thaliana ecotypes.

Host species-specific microbiota were identified at the levels of individual community

members, taxonomic groups, and whole root communities. Most of these signatures

were observed in the phylogenetically distant C. hirsuta. However, the branching order

of host phylogeny is incongruent with interspecies root microbiota diversity, indicating

that host phylogenetic distance alone cannot explain root microbiota diversification.

Our work reveals within 35 My of host divergence a largely conserved and taxonom-

ically narrow root microbiota, which comprises stable community members belonging

to the Actinomycetales, Burkholderiales, and Flavobacteriales.
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4.3 Introduction

Plants host distinct bacterial communities associated with roots and leaves (Vorholt,

2012; Bulgarelli et al., 2013). Both the leaf and root microbiota contain bacteria that

provide indirect pathogen protection, but root microbiota members appear to serve ad-

ditional host functions through the acquisition of nutrients from soil supporting plant

growth (Bulgarelli et al., 2013). The plant-root microbiota emerges as a fundamental

trait that includes mutualism enabled through diverse biochemical mechanisms, as ex-

emplified by previous studies on numerous plant growth and plant health-promoting

bacteria (Bulgarelli et al., 2013).

Recent deep profiling of the root microbiota of Arabidopsis thaliana ecotypes, grown

under controlled environments, confirmed soil type as major source of variation in root

microbiota membership and provided evidence for limited host genotype-dependent

variation (Bulgarelli et al., 2012; Lundberg et al., 2012). Using four soil types on two

continents and based on two 16S rRNA gene PCR primer sets, these replicated experi-

ments revealed a similar phylogenetic structure of the root-associated microbiota at high

taxonomic rank, including the phyla Actinobacteria, Bacteroidetes, and Proteobacte-

ria. In addition, these studies revealed a minor ’rhizosphere effect’ in A. thaliana, i.e., a

weak differentiation of the bacterial communities in the rhizosphere (soil that is firmly

attached to roots) compared with the corresponding unplanted bulk soil.

The genus Arabidopsis consists of the four major lineages Arabidopsis thaliana, Ara-

bidopsis lyrata, Arabidopsis halleri and Arabidopsis arenosa. The former is the sole

self-fertile species and diverged from the rest of the genus ∼13 Mya whereas the other

three species radiated approximately ∼8 Mya ((Beilstein et al., 2010); (Figure 4.1).

Cardamine hirsuta diverged from the Arabidopsis species ∼35 Mya and often shares

the same habitat with A. thaliana. A. thaliana has a cosmopolitan distribution whereas

the other species occur in spatially restricted populations or developed even endemic

subspecies, indicative of their adaptation to specific ecological niches (Hoffmann, 2005).

The two diploid species, A.halleri and A. lyrata, co-occur in Eurasia, but, in contrast

to A. lyrata (Northern rock-cress), the geographical distribution of A. halleri rarely

extends into northern latitudes. A. lyrata primarily colonizes, similar to A. thaliana,

low-competition habitats as, for example, tundra, stream banks, lakeshores, or rocky

slopes, whereas A. halleri (Meadow rock-cress) is tolerant of shading and competition,

growing in habitats such as mesic meadow sites (Clauss and Koch, 2006). In contrast

to its sister species, A. halleri can grow on heavy metal-contaminated soils and serves

as a model species for metal hyperaccumulation and associated metal hypertolerance
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and for extremophile adaptation (Kraemer, 2010).

Figure 4.1: Phylogeny of Arabidopsis thaliana and relative species. Phylogenetic
placement of the Arabidopsis species A. halleri, A. lyrata, and A. thaliana and relative
species Cardamine hirsuta. The relationships and divergence time estimates are based
on molecular systematics using combined data of NADH dehydrogenase subunit F and
phytochrome A sequences anchored by four fossil age constraints (Beilstein et al., 2010).

The bacterial root microbiota of plants –’plants wear their guts on the outside’ (Janzen,

1985)– is conceptually analogous to the gut microbiota of animals owing to a shared

primary physiological function of root and gut organs for nutrient uptake. The idea of

a core microbiota within a species has been initially explored in humans by revealing

an extensive array of shared microbial genes among sampled individuals, comprising

an identifiable gut core microbiome at the gene, rather than at the level of organismal

lineages (Turnbaugh et al., 2009; Qin et al., 2010). However, using a phylogroup- and

tree-independent approach, two prevalent core phylogroups belonging to the clostridial

family Lachnospiraceae were identified in the human colon among a total of 210 human

beings with widespread geographic origin, ethnic background, and diet (Sekelja et al.,

2011). These phylogroups were also detected in a wide range of other mammals and are

thought to play a conserved role in gut homeostasis and health. The findings of a core

set of species in the human gut microbiota remain contentious as a wider set of samples

including developing countries and a broader age range becomes available (Lozupone

et al., 2012). However, spatial stratification of the gut microbiota, which is normally

missing in fecal samples, led to the definition of a crypt-specific core microbiota in the

mouse colon, dominated by aerobic Acinetobacter, regardless of the mouse line used or

breeding origin of these mice (Pedron et al., 2012). Finally, evidence for a shared core
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gut microbiota was found in domesticated and recently caught zebrafish, dominated by

Proteobacteria, some Fusobacteria, and Firmicutes (Roeselers et al., 2011). This shared

core is believed to reflect common selective pressures governing microbial community

assembly within this intestinal habitat. Although root microbiota profiles of numerous

plant species, including crops, have been examined (Peiffer et al., 2013; Inceoglu et al.,

2011; Hardoim et al., 2011; Sharma et al., 2005), different sampling protocols and low-

resolution profiling methods make it difficult to reexamine and compare these for the

existence of a conserved core microbiota between plant species.

Here, we present a systematic investigation of host-microbiota diversification within

a phylogenetically defined plant species framework, combined with replicated experi-

ments under controlled conditions and sampling in natural habitats. Using deep 16S

rRNA gene profiling of root and corresponding soil samples of four host species of the

Brassicaceae family, together with rigorous statistical analysis, we show that interhost

species microbiota diversity is largely quantitative, and we discuss a possible microbiota

coevolution with these hosts. We also compared bacterial community structure varia-

tion within and between the tested host species. We provide evidence for the existence

of a largely conserved and taxonomically narrow root microbiota between the tested

host species, which remains stable in natural and controlled environments. This identi-

fied core comprises Actinomycetales, Burkholderiales, and Flavobacteriales. Members

of each of these bacterial families are known to promote plant growth and plant health.

It is possible that the conserved microbiota represents a standing reservoir of retriev-

able host services independent of environmental parameters and host species-specific

niche adaptations.

4.4 Results

We collected side-by-side growing A. thaliana and C. hirsuta plants at two natural

sites, designated ’Cologne’ and ’Eifel’, and prepared quadruplicate root and rhizosphere

samples for bacterial 16S rRNA gene community profiling (Table 4.1; Supporting Mate-

rial). In parallel, we conducted two replicate greenhouse experiments using two seasonal

batches of natural experimental Cologne soil (SI Appendix, Table S1) on which we cul-

tivated A. halleri (Auby), A. lyrata (Mn47), and C. hirsuta (Oxford), together with

the three A. thaliana accessions Shakdara (Sha), Landsberg (Ler) and Columbia (Col),

and prepared triplicate root samples for microbiota analysis (Table 4.1; Supporting

Material). Rhizosphere samples are defined as firmly root-adhering soil particles re-

moved by a washing step and collected by centrifugation. Root samples were washed a
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second time and treated with ultrasound to deplete root surface-associated bacteria and

to enrich for endophytic bacteria (Bulgarelli et al., 2012) (Supporting Material). To

quantify the start inoculum for the root-associated bacterial communities, we prepared

triplicate samples from unplanted pots of each greenhouse experiment, as well as four

samples from bulk soil collected at each natural site (Table 4.1; Supporting Material).

Barcoded pyrosequencing of bacterial 16S rRNA gene amplicon libraries generated with

the PCR primers 799F (Chelius and Triplett, 2001) and 1193R (Bodenhausen et al.,

2013) was used to display bacterial communities (Supporting Material).

We generated 2,110,506 raw reads from 77 samples of the replicated natural-site and

greenhouse experiments (Dataset S1). For subsequent analysis, we included 1,567,657

quality sequences (Supporting Material), resulting in a median of 15,603 quality se-

quences per sample (range 6,339-58,150 sequences per sample). Quality sequences were

binned at >97% sequence identity using QIIME (Caporaso et al., 2010) to define oper-

ational taxonomic units (OTUs), corrected for differences in sequencing depth between

samples by rarefaction to 6,000 sequences per sample. OTU representative sequences

were taxonomically classified based on the Greengenes database (McDonald et al., 2012)

(Supporting Material) and we identified a total of 88,731 unique bacterial OTUs and

a single archea OTU across all samples.

Sample Species Cologne Eifel GH 1 GH 2

Soil 4 4 3 3
Rhizosphere A. thaliana 4 4 - -
Root A. thaliana 4 4 8 9
Rhizosphere C. hirsuta 4 3 - -
Root C. hirsuta 4 3 3 3
Root A. halleri - - 3 2
Root A. lyrata - - 2 3

Table 4.1: Numerical overview of the experimental setup. Numerical overview of
biological replicate samples per sample type, plant species, and experiments. See Support-
ing Material for the detailed experimental design, including the sequencing effort.

4.4.1 Defining abundant community members

Technical reproducibility of community profiles was determined by repeated library

sequencing, and we defined a minimum of 20 sequences per OTU for reproducible

quantification of OTU abundance (Figure S1). This reproducibility threshold is similar

to previous studies Bulgarelli et al. (2012); Pedron et al. (2012); Roeselers et al. (2011).

We noted a low reproducibility for soil microbiota profiles and found that OTU richness

does not reach a plateau even at a sequencing depth of 50,000 quality sequences per
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sample (Figure S2A), These observations, together with the exclusion of low-abundant

(<20 sequences) and nonreproducible OTUs for rarefaction analysis (Figure S2B), sug-

gested that OTU richness in soil is the result of a vast number of low-count OTUs.

In the root samples, the richness of the abundant community members (OTUs with

>20 sequences) was sufficiently captured at a sequencing depth of 6,000 sequences per

sample. Consequently, we focus our analyses on the abundant community members

(ACMs) of the dataset, which we define to comprise OTUs reaching the threshold of 20

quality sequences in at least one sample. Without application of this abundance thresh-

old, we refer to community profiles rarefied to 6,000 sequences as threshold-independent

communities (TICs; Supporting Material).

The ACM, including soil, rhizosphere, and root samples, was represented by 237 bacte-

rial OTUs comprising 55.3% of rarefied quality sequences. Soil and rhizosphere samples

contained fewer sequences after thresholding compared with root samples, likely due to

increased richness by low-count OTUs in the former two compartments. We normalized

the counts of the ACM OTUs per sample, expressed their relative abundance as per

mille, and used log2-transformed values for statistical comparisons.

4.4.2 Community composition is defined more strongly by environ-

mental parameters than by host species

We first examined taxonomic composition and ecological diversity parameters in the

whole dataset consisting of samples from two natural sites and two greenhouse experi-

ments. (Figure S4). All OTUs of the ACM belonged to the domain of bacteria. In root

samples, the majority of OTUs belonged to Proteobacteria (4.2%, 33.6%, 6.4%, and

1.8% in the Alpha-, Beta-, Gamma-, and Deltaproteobacteria subphyla, respectively),

Bacteroidetes (27.5%), Actinobacteria (22.1%), and Chloroflexi (2.2%). Soil samples

also contain Proteobacteria (52.2%) and Actinobacteria (26.8%), but few Bacteroidetes

(3.5%) and, characteristic for this compartment, Firmicutes (10.1%) and Nitrospirae

(2.4%). Similar taxonomic characteristics of soil and root samples were also found

for TICs. We noted the dominance of a single Flavobacterium (OTU162362) in root

communities of natural-site and greenhouse experiments, representing, in some of the

samples, more than half of the total community. A high OTU diversity in family-rich

phyla, such as the Proteobacteria (128 OTUs in 24 families) or Actinobacteria (67

OTUs in 17 families), contrasts with a low taxonomic diversity within the root-specific

Bacteroidetes (20 OTUs), all belonging to the family of the Flavobacteriaceae.

To compare community diversity between samples, we used the weighted UniFrac met-
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ric (Lozupone and Knight, 2005). Consistent with previous studies (Bulgarelli et al.,

2012; Lundberg et al., 2012; Peiffer et al., 2013), the hierarchical clustering of UniFrac

distances revealed that compartments and environmental conditions (soil types/soil

batches, controlled/noncontrolled climates) are the major sources of variation both in

the ACMs (Figure 4.2) and TICs (Figure S5). Due to independent library preparation

and sequencing, we validated that the variation in the replicate greenhouse experiments

reflects biological rather than technical variation (Figure S6). For both natural-site

and controlled environment samples, we did not detect a consistent clustering by host

species, evidencing that the present sample-to-sample variation obscures a possible host

species effect on beta diversity.

We estimated OTU diversity within samples based on the number of OTUs detected

(richness) and Faith’s Phylogenetic Diversity (PD) metric (Faith, 1992). Root TICs

are of lower richness and diversity compared with the soil and rhizosphere microbiota

(Figure S7). Of note, roots of plants grown under natural conditions host bacterial

communities of increased richness and Faith’s PD compared with greenhouse-grown

plants. Root TICs and root ACMs did not differ in richness and Faith’s PD among the

tested host species in natural and greenhouse experiments (Figure S7). This finding fur-

ther supports the existence of qualitatively similar root-associated bacterial assemblies

among A. thaliana relatives.

Figure 4.2: Hierarchical clustering of samples. Beta diversity of the ACM. Between-
sample similarities were estimated on 1,400 sequences per sample using the phylogeny-based
UniFrac distance metric. Weighted UniFrac is sensitive to the sequence abundances. The
A. thaliana ecotype Col (nonshaded red) was used in the greenhouse experiments.
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4.4.3 Naturally grown A. thaliana and C. hirsuta host a taxonomi-

cally narrow root microbiota

In a second step, we investigated the variation in root microbiota composition between

the plant species A. thaliana and C. hirsuta from both natural-site experiments. We

compared the root bacterial communities using ANOVA-based statistics to detect tax-

onomic groups of OTUs (’community modules’) and individual OTUs (’community

members’) that differ quantitatively between sites and/or host species (Supporting

Material). The community member analysis was performed on the ACM, and, for the

community module analyses, we prepared abundance matrices at phylum and family

rank of all ACM OTUs representing 9 and 51 taxa, respectively.

We searched the abundance matrices at phylum and family rank for modules that differ

between the root communities as a function of the variables site and host species (Sup-

porting Material). The taxonomic structure of the root communities varies mainly by

site (six phyla, 35 families) and less by host species (two phyla, two families; ANOVA,

P < 0.1) At both sites, A. thaliana and C. hirsuta root communities displayed similar

relative distributions of bacterial phyla, except for an increased abundance of Bac-

teroidetes in C. hirsuta at the Eifel site (Figure S8; Tukey, P < 0.1). The single

dominant Flavobacterium OTU mentioned earlier (OTU162362) was more abundant in

C.hirsuta compared with A. thaliana root communities. We conclude that A. thaliana

and C. hirsuta root microbiota consist of similar community modules and that the root

communities differ quantitatively by their biogeography.

Next, we identified individual community members that differ quantitatively between

the two host species. For this analysis, we initially defined for both natural sites the

’RootOTUs’, which represent 70 OTUs that are enriched in A. thaliana or C. hirsuta

roots compared with the corresponding soil communities (Tukey, P < 0.1; Figure 4.3;

Figure S9). Spearman rank correlation coefficients of the RootOTU communities be-

tween these two hosts are 0.89 and 0.74 for the Cologne and Eifel sites, respectively,

indicating an overall similar RootOTU composition. The RootOTUs in root communi-

ties vary mainly by the variable site (50 of the 70 RootOTUs) followed by host species

(18 RootOTUs; ANOVA, P < 0.1) The comparison of RootOTUs between sites revealed

a taxonomically narrow and shared set of 14 RootOTUs, consisting of seven Actinomyc-

etales, three Burkholderiales, three Flavobacteriales, and a Myxococcales OTU Figure

S10). These shared RootOTUs were validated by parametric Tukey and nonparametric

Mann-Whitney and Bayesian statistics (Supporting Material). and represent in their

abundance half of the community. At the Eifel site, quantitative differences between
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the two plant species were found in 9 of the 70 RootOTU members, where 7 RootOTUs

were more abundant in A. thaliana compared with C. hirsuta and 2 RootOTUs were

less abundant (Tukey, P < 0.1; Figure S11). This finding and the few aforementioned

host species-differentiating community modules point to the existence of largely shared

bacterial root communities with similar relative abundances in A. thaliana and C. hir-

suta.

Previous studies revealed a weak rhizosphere effect for A. thaliana (Bulgarelli et al.,

2012; Lundberg et al., 2012). To quantify the rhizosphere effect, we determined for

both sites the OTUs that are enriched in the rhizosphere of A. thaliana or C. hirsuta

compared with the corresponding soil (termed ’RhizoOTUs’). Similar to these studies,

we detected only few RhizoOTUs at the Cologne site (Tukey, P < 0.1; Figure S12).

The occurrence of a rhizosphere effect was found to be site-dependent: 6 (A. thaliana)

and 11 RhizoOTUs (C. hirsuta) discriminated the rhizosphere from soil communities

at the Cologne site whereas no RhizoOTUs (both host species) were found at the Eifel

site. We conclude that the magnitude of the rhizosphere effect is site-dependent but

independent of the tested host species.

Figure 4.3: Root microbiota comparisons of A. thaliana and C. hirsuta at the
natural sites Cologne and Eifel. The ternary plots depict the relative occurrence of
individual OTUs (circles) in root samples of A. thaliana and C. hirsuta compared with
the respective soil samples for the Cologne (A) and the Eifel site (B). RootOTUs (OTUs
enriched in roots compared with soil; Tukey, P < 0.1) are colored by taxonomy, and OTUs,
which are not enriched in root communities, are plotted in gray. The size of the circles
is proportional to the mean abundance in the community. (C) Variation in mean relative
abundance (RA) of individual OTUs (circles) across species and sites, where axes depict
logtwofold variation.
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4.4.4 Phylogenetic distance of host species contributes to microbiota

diversification

Next, we examined the bacterial root communities retrieved from the A. thaliana and

the relative species A. halleri, A. lyrata, and C. hirsuta grown under controlled en-

vironmental conditions in replicated greenhouse experiments. A similar overall rank

abundance profile of the ACMs in root communities between these four hosts reveals

qualitatively similar community structures, indicating that variation in root microbiota

is largely quantitative (Figure 4.4A). We used ANOVA-based statistics to detect com-

munity modules and members that vary in abundance between the tested host species

(Supporting Material). A few taxonomic modules differed in relative abundance be-

tween the root microbiota of the tested plant species (Figure S13), exemplified by

significantly lower Bacteroidetes levels in A. halleri (Tukey, P < 0.1) This phenotype

was again due to the differential abundance of the dominant Flavobacterium mentioned

above (OTU162362). At family rank, A. halleri and A. lyrata display a species-specific

quantitative reduction of Flavobacteriaceae and Oxalobacteriaceae, respectively (Fig-

ure S13).

Analogous to the community member analysis of the natural-site experiments, we iden-

tified 76 RootOTUs enriched in roots of at least one plant species compared with soil

(Tukey, P < 0.1) Analogous to the community member analysis of the natural-site

experiments, we (Figure S14). We then examined the between-sample (beta diver-

sity) variation in the composition of RootOTUs among the host species using canon-

ical analysis of principal coordinates (CAP) (26). CAP analysis constrained for the

variable species revealed that 17% of the variation in beta diversity, as measured by

Bray-Curtis distance metric, was explained by the host species (Figure S15; P < 0.005;

95% confidence interval = 12%, 25%). The samples clustered by host species and dis-

tances between host species revealed that the root communities of A. thaliana were

more similar to A. lyrata than to A. halleri and that the root microbiota of the three

Arabidopsis species are more similar to each other than to the root microbiota of C.

hirsuta. Thus, within the genus Arabidopsis (A. thaliana, A. halleri, and A. lyrata),

microbiota diversification is incongruent with the phylogenetic distance of these hosts

(compare Figure 4.1 and Figure S15) Further exploration of the CAP analysis revealed

a correspondence between the taxonomy of the RootOTUs and their contribution to

the microbial diversity between host species: RootOTUs of the phylum Actinobacteria

showed the strongest influence on the variation between the Arabidopsis species and

C. hirsuta root communities (Figure 4.4B). Similarly, the abundance of Bacteroidetes
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largely explains the differentiation between A. halleri and the other host species.

Figure 4.4: Root microbiota comparisons of A. halleri, A. lyrata, A. thaliana,
and C. hirsuta. (A) The mean abundance of individual OTUs (both replicate experi-
ments) was calculated for the indicated species and plotted ranked by average OTU abun-
dance across all species. (B) OTU scores of principal coordinate analysis of the RootOTU
community, constrained by host species and based on Bray-Curtis distances among root
samples. The arrows point to the centroid of the constrained factor. Circle sizes corre-
spond to relative abundances of RootOTUs, and colors are assigned to different phyla. The
percentage of variation explained by each axis refers to the fraction of the total variance
of the data explained by host species. (C) Pairwise Spearman rank correlation analysis of
the RootOTU communities between the indicated species.

Community similarities were confirmed by pairwise correlation analysis of the RootOTU

communities between the four host species, revealing Spearman rank coefficients rang-

ing from 0.68 to 0.90 (Figure 4.4C). The RootOTU composition of A. thaliana corre-

lated best with each of its sister species A. halleri and A. lyrata, and all three pair-wise

comparisons of C. hirsuta with the Arabidopsis species showed low correlation coeffi-

cients, suggesting that the evolutionarily most ancient plant species hosts a RootOTU

community, which is quantitatively most diversified. Thus, inclusion of the more dis-

tant C. hirsuta suggests that phylogenetic distance of host species contributes to micro-

biota diversification across all four tested hosts. These observations were supported by

the highest number of species-specific RootOTU accumulation patterns for C. hirsuta

(Tukey, P < 0.1; Figure S16) In total, we identified 14 species-specific RootOTUs that

consisted of 1, 2, 4, and 7 RootOTUs for A. thaliana, A. halleri, A. lyrata, and C.

hirsuta, respectively The lower accumulation of the A. halleri -specific Flavobacterium

(OTU162362) and the Oxalobacteriaceae member (OTU91279) in A. lyrata contributed

to the species-specific accumulation of the corresponding community modules Similarly,

the Actinocorallia RootOTU (OTU97580) contributed to the trend of lower accumula-
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tion of the Thermomonosporaceae, a distinctive feature of C. hirsuta We independently

validated the lower accumulation of Thermononosporaceae in C. hirsuta using quanti-

tative PCR with taxon-specific PCR primers Figure S17).

We assessed variation in microbiota composition between and within host species by

a direct comparison of the three A. thaliana ecotypes with the three Arabidopsis sis-

ter species. Ternary plots revealed a larger spread of abundant OTUs between the

sister species than between the A. thaliana ecotypes (Figure S18). This observation

is supported by the identification of 13 host species-dependent OTUs and one host

genotype-dependent OTU (ANOVA, P < 0.1). This direct comparison demonstrates a

greater inter- compared with intraspecies variation in microbiota composition.

Figure 4.5: Identification of the Arabidopsis thaliana and relative species core
microbiota. (A) Core members result from the intersection of the shared RootOTUs found
at the natural sites and the shared RootOTUs detected in the greenhouse experiments.
The pie chart segments are colored by the bacterial phyla of the corresponding taxa. The
taxonomic assignments of the core RootOTUs are reported at order and family rank in the
center and the first ring of the pie chart, respectively. The genera of the core members are
noted at the periphery of the pie chart. (B) OTU scores of principal coordinate analysis
of the RootOTU community, constrained by sample groups and based on Bray-Curtis
distances among soil and root samples. Sample groups include root samples by species
and soil samples. The arrows point to the centroid of the constrained factor. Circle sizes
correspond to relative abundances, colors are assigned to different phyla, and core members
are marked as solid circles. The percentage of variation explained by each axis refers to
the fraction of the total variance of the data explained by host species.
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4.4.5 Members of the Actinomycetales, Burkholderiales, and Flavobac-

teriales are stable across host species and environments

We identified in the controlled environment experiments 26 RootOTUs shared among

the four tested host species (Figure S19). These shared RootOTUs belonged to the or-

ders Burkholderiales (11 RootOTUs), Actinomycetales (7), Rhizobiales (3), Flavobacte-

riales (2), Myxococcales (1), Xanthomonadales (1), and Herpetosiphonales (1). These

OTUs were validated by parametric Tukey and nonparametric Mann-Whitney and

Bayesian statistics and constituted by their relative abundance the bulk of the root

community (∼75%). Remarkably, the most abundant orders were also recovered in

the shared RootOTUs in the natural-site experiments. The intersection of RootOTUs

shared between plant species found at natural sites and in greenhouse experiments de-

termined the core microbiota (Figure 4.5A and Figure S20). This core consisted of nine

RootOTUs assigned to the orders Actinomycetales (four RootOTUs, genus Actinoco-

rallia), Burkholderiales (three, family Comamonadaceae), and Flavobacteriales (two,

genus Flavobacterium; Figure 4.5A) This core represented a taxonomically extremely

reduced subcommunity of the microbiota in all tested host species, and together these

RootOTUs constituted by their abundance up to half of the root microbiota in all sam-

ples tested (Figure S20A). The enrichment of these core microbiota members relative

to soil across plant species and sites was identified by three statistical methods and

confirmed by a subsampling technique (i.e., bootstrapping) (Figure S20B). In addition,

bootstrapping predicted OTUs of the orders Rhizobiales and Myxococcales to be part

of the core microbiota. However, the abundance of the latter two orders was less stable

between environments, and, therefore, they did not pass the stringent identification

of significant RootOTUs in the original data set using three different statistical meth-

ods (Figure 4.5). Taken together, the core RootOTUs found across all host species and

sites belonged to only three bacterial orders: the Actinomycetales, Burkholderiales, and

Flavobacteriales. We compared the composition of this core microbiota to A. thaliana

root endophyte communities from previous studies (Bulgarelli et al., 2012; Lundberg

et al., 2012; Bodenhausen et al., 2013), which were based on different soil types, en-

vironments, and PCR primer combinations (Figure S21). The raw 16S rRNA gene

sequences of these studies were coclustered with the sequences of this study, and the

common OTU table was examined for the core microbiota in each data subset using the

statistical procedure of this study A common core at OTU level cannot be confirmed

in other A. thaliana root microbiome studies (Figure S21C). whereas, at order rank,

the presence of Actinomycetales presents the common denominator across all studies.
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Burkholderiales and Flavobacteriales were detected in three and two of the four studies,

respectively. Additionally, Rhizobiales and Sphingomonadales were each detected once

as core members.

Using CAP analysis, we finally investigated the contribution of the core RootOTUs to

the overall variation in root – compared with soil samples in all experimental condi-

tions. Therefore, we constrained the analysis for all sample groups, i.e., root samples

by species and the soil samples as additional group (Figure S22 and Figure 4.5). Con-

sistent with the unconstrained beta diversity analysis (Figure 4.2), the compartment

constituted the major source of variation We observed a clear differentiation between

soil and root samples along the first principal coordinate, which explained the largest

fraction of the variation (82.87%). We noted that the core RootOTUs (filled circles in

Figure 4.5B) –having the largest species descriptors– contributed most to the formation

of the ordination space. This observation was consistent with their definition (enriched

in root samples) and identification in all experimental conditions. Importantly, we con-

firmed the correspondence between the taxonomy of the RootOTUs and root microbiota

diversity across host species over all experimental conditions: the root microbiota of

Arabidopsis species were distinguished by RootOTUs of the phylum Actinobacteria

(open and closed red circles in Figure 4.5B) whereas root bacterial communities of C.

hirsuta were differentiated by Bacteroidetes (open and closed blue circles in Figure

4.5B). We interpreted these correspondences as evidence of a host impact on the root

microbiota at a high taxonomic rank.

4.5 Discussion

4.5.1 A conserved core root microbiota?

Here, we have examined the bacterial root microbiota of A. thaliana along with its sister

species A. lyrata and A. halleri and of C. hirsuta. This study revealed the existence of

a core root microbiota comprising members from the three bacterial orders Actinomyc-

etales, Burkholderiales, and Flavobacteriales (Figure 4.5A). Previous studies (Bulgarelli

et al., 2012; Lundberg et al., 2012; Bodenhausen et al., 2013), using different 16S rRNA

PCR primer combinations, reported that A. thaliana roots host mainly Actinobacte-

ria, Bacteroidetes, and Proteobacteria. This taxonomic structure at phylum level is

congruent with the core composition described here because the order Actinomycetales

belongs to the phylum Actinobacteria, the Burkholderiales belongs to the subphylum

Betaproteobacteria, and the Flavobacteriales to the phylum Bacteroidetes. Bootstrap-
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ping also identified the core members and revealed additional RootOTUs, expanding

the core composition These Rhizobiales and Myxococcales members became apparent

in approximately half of random subsets of the original data. Enhanced variation in

their abundance between replicate samples and tested environments could explain their

absence from the core microbiota.

The significance of our definition of the core microbiota is potentially constrained by

the PCR primer used and a low number of tested environments (Cologne and Eifel

natural sites and controlled environment). It remains to be seen whether additional

samples, also from extreme environments, modify the composition of the core. Cor-

roborating evidence for its stability in additional environments comes from a recent

A. thaliana field study comprising four disturbed sites in the United States using the

same PCR primer combination (Bodenhausen et al., 2013). In these root samples,

Actinomycetales, Burkholderiales, and Flavobacteriales were found by 16S rRNA gene

pyrosequencing among other prevalent taxa, and the taxonomic composition of the

core at order level is similar to our study (Figure S22C). Differences in the selectivity

of different 16S PCR primers and variation in 16S rRNA gene copy number likely dis-

tort the composition of the core root microbiota. The comparison across A. thaliana

root microbiome studies Previous studies (Bulgarelli et al., 2012; Lundberg et al., 2012;

Bodenhausen et al., 2013) did not reveal a common core at the (Figure S22C). How-

ever, we cannot discriminate whether PCR primer bias, the soil type/start inoculum,

or combinations thereof account for the lack of a common OTU core. Despite this lack

of clarity, we noted that, at higher taxonomic rank, the enrichment of members of the

Actinomycetales in roots was a common feature of all A. thaliana root microbiome

studies. Actinobacteria, including the Actinomycetales, appear to be enriched from

soil by cues from living A. thaliana roots (Bulgarelli et al., 2012). Our study suggests

that such host-derived assembly signal(s) are evolutionarily conserved, at least in the

Brassicaceae. Future examination of root microbiomes from additional plant species in

the same environments and using the same PCR primer combination will test whether

this core is a lineage-specific innovation of the Brassicaceae family.

The core root microbiota members accounted for up to half of the total community size.

The core consisted of both abundant and low-abundant community members, suggest-

ing that assembly and physiological function(s) depend on selective membership and

regulation of their relative abundance. In addition, we found a correspondence between

the taxonomy of the bacterial communities and the diversity pattern of the root mi-

crobiota across host species and three different environments (Figure 4.5B). The core

members largely supported this correspondence. These observations, together with the
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reduced taxonomic complexity of the core community, point to the existence of a com-

mon organizing principle for their establishment. We speculate about two potential

and mutually not exclusive mechanisms that take part in the establishment process:

(i) each bacterial lineage autonomously responds to host-derived cues and (ii) microbe-

microbe interactions enable a selective advantage for cocolonization by core members.

For example, the commensal relationship between Bacillus cereus and bacteria of the

Cytophaga-Flavobacterium (CF) group in the soybean rhizosphere is mediated by pep-

tidoglycan, which is produced by B. cereus and stimulates the growth of CF bacteria

(Peterson et al., 2006). From future root-microbiota metagenome and -transcriptome

analyses, we expect insights into the connectivity among microbes (Shade and Handels-

man, 2012). Such approaches will define the core microbiota at the level of genes rather

than taxonomic lineages and will provide a deeper understanding of host services of

the core as pioneered by human gut microbiota research (Turnbaugh et al., 2009; Qin

et al., 2010).

Members of each taxon of the core are potentially beneficial for their hosts. Grassland

rhizosphere-derived cultured strains belonging to the Burkholderiales were shown to

have antagonistic activities toward multiple soilborne oomycete and fungal pathogens

(Benitez and Gardener, 2009). Wheat rhizosphere-derived Comamonadaceae strains

appear to be functional specialists in soil sulfonate transformation as part of the bio-

geochemical sulfur cycle, likely enabling mineralization of organic sulfur for sulfate ac-

quisition by high-affinity sulfate transporters at the root surface (Schmalenberger et al.,

2008; Yoshimoto et al., 2002). Flavobacterium, a common soil and water bacterium,

was positively correlated with potato biomass and frequently isolated from barley and

bell pepper rhizospheres (Manter et al., 2010; Johansen et al., 2009; Kolton et al.,

2012). A reference Flavobacterium isolated from the rhizosphere of the latter plant

tested positive for several biochemical assays associated with plant growth promotion

and pathogen protection, and accessible genomes of soil/rhizosphere-derived Flavobac-

teria indicate that these bacteria define a distinct clade compared with Flavobacteria

from aquatic environments (Kolton et al., 2012). Finally, root-derived isolates of the

Thermomonosporaceae and other core members such as Polaromonas isolates are capa-

ble of fixing atmospheric nitrogen (Valdes et al., 2005; Hanson et al., 2012), potentially

increasing the amount of bioavailable nitrogen for plant growth.
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4.5.2 Root microbiota interactions with the environment

If the aforementioned physiological function(s) of the core hold true for isolates present

in Brassicaceae roots, then these functions could present a standing reservoir of retriev-

able host services independently of environmental parameters and host species-specific

niche adaptations (e.g., metal tolerance of A. halleri) or life history traits (perennialism

of A. lyrata and A. halleri). Although the conserved core is established in both con-

trolled and natural environments, the composition of the entire root microbiota depends

most on interactions with the environment (Figure 4.2). This dependence is consistent

with prior findings that soil type is the key determinant of root community structure

(Bulgarelli et al., 2012; Lundberg et al., 2012; Bodenhausen et al., 2013). Thus, the

whole root microbiota consists of two parts, the conserved core and an environment-

responsive subcommunity. For example, members of the order Rhizobiales represent a

root community module found only as shared RootOTUs in the controlled environment

using experimental Cologne soil In addition, the relative abundance of the family Ox-

alobacteriaceae is environment-responsive resulting in a change in rank abundance from

rank 2 in the greenhouse experiments to rank 3 at the natural sites. Likewise, dominant

Streptomycetaceae in the controlled environment (rank 3) are a low-abundant taxon at

the natural sites (rank 14). Thus, the relative abundance of these taxa is tunable by

the environment. We speculate that these environment-responsive community modules

provide services to all tested host species in an environment-dependent manner.

The strong responsiveness of the root microbiota to the environment might be ex-

plained by the fact that soil does not only define the start inoculum but also the ’diet’

for plants, e.g., bioavailability of macro- and micronutrients. Diet as a major driver

for community structure was previously reported in microbiota hosted by other eu-

karyotes. For example, the mammalian gut microbiota follows primarily the dietary

habits of the animals, where communities from herbivores, carnivores, and omnivores

clustered clearly apart from each other (Ley et al., 2008a). Dietary patterns in humans

appear to determine gut microbiota enterotypes (Arumugam et al., 2011; Wu et al.,

2011). However, it remains to be examined whether dietary effects independent of the

soil start inoculum are sufficiently strong to provoke consistent shifts in root micro-

biota community composition. A further exploration of this question would require

the modulation of individual nutrients or their composition in the same soil type/start

inoculum and subsequent determination of possible effects on community structure.
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4.5.3 Host microbiota co-evolution

A systematic investigation of host-microbiota diversification within a phylogenetically

defined plant species framework, combined with replicated experiments under controlled

conditions, has not been reported before. A major finding of our work is that the di-

versification of the root microbiota of the tested host species is largely quantitative.

This conclusion is based on abundant community members (ACM, >20 sequences per

OTU in at least one sample of the dataset), and, therefore, qualitative differences might

exist in the rare biosphere, which is currently not quantifiable. Despite an overall inter-

host species microbiota similarity, we found host species-specific community modules

and members. The host species-specific community modules are clearly part of the

environment-responsive subcommunity, as illustrated by the observation that they are

site-dependent (Figure 4.3). Both the most divergent root microbiota (Figure 4.4 and

Figure 4.5) and the highest number of species-specific community members were found

in the phylogenetically most distant C. hirsuta (Figure 4.1), suggesting that phyloge-

netic distance of the hosts could contribute to microbiota diversification. Future studies

using additional plant lineages are required to conclude whether phylogenetic distance

time correlates with microbiota diversification. For example, in primates, the branching

order of host-species phylogeny was found to be congruent with gut community com-

position (Ochman et al., 2010). The greatest similarities in root microbiota were found

between A. thaliana and A. lyrata whereas the root microbiota of A. halleri was more

dissimilar (Figure 4.4), demonstrating that, within the genus Arabidopsis (A. thaliana,

A. halleri, and A. lyrata), microbiota diversification is incongruent with the phyloge-

netic distances of these hosts (Figure 4.1). The two species A. thaliana and A. lyrata

occur in similar habitats whereas A. halleri has evolved a distinctive lifestyle enabling

growth in mesic sites and tolerance to high-competition habitats. This particularity

could imply that the recent speciation event of A. halleri, coupled to an adaptation to

a distinctive habitat, resulted in the selection of a distinctive microbiota with habitat-

specific services. Taken together, both host species-specific ecological adaptation and

phylogenetic distance might have driven microbiota diversification among the tested

hosts. Whether the proportion of species-specific community members/modules in-

creases when the host species are exposed to stressful conditions where a plant species

has an adaptive advantage (e.g., tolerance of A. halleri to metalliferous soils) (Krae-

mer, 2010) remains to be tested. Similarly, it will be interesting to examine whether the

proportion of species-specific community members/modules increases when the peren-

nials A. lyrata and A. halleri are grown according to their lifestyle for longer than 1
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year. Finally, future experimentation using synthetic bacterial communities with iso-

lates of the core microbiota members and gnotobiotic Arabidopsis plants will directly

test whether their presumed beneficial roles in plant growth and health can be repro-

duced under laboratory conditions and are retrievable by the host under normal and

stressful conditions.

4.6 Materials and methods

We collected roots of naturally occurring A. thaliana and C. hirsuta growing side by

side at the two replicate sites Cologne and Eifel. Additionally, we sampled in two

replicate experiments roots of A. thaliana and the relative species A. lyrata, A. halleri,

and C. hirsuta, which were grown under controlled conditions in the greenhouse in

pots containing natural microbe-rich soil. We used a root-sampling protocol similar

to Bulgarelli et al. (Bulgarelli et al., 2012) to examine the root-inhabiting bacterial

microbiota. For comparison, we also sampled bulk soil and rhizosphere compartments.

Bacterial communities were characterized by pyrosequencing 16S rRNA gene amplicons

derived from the PCR primers 799F (Chelius and Triplett, 2001) and 1193R (Boden-

hausen et al., 2013). The pyrosequencing reads were processed and analyzed with the

software QIIME (Caporaso et al., 2010), and custom R scripts were used for statistical

analyses. For details, see (Supporting Material).
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Recherche Scientifique 3268, UniversitÃ c© de Lille) kindly provided seeds of A. halleri.



4.9 Supporting material 65

K.S. was supported by Swiss National Science Foundation Grants PBFRP3-133544 and

PA00P3-136473. This work was supported by funds to P.S.-L. from the Max Planck

Society (M.IF.A. ZUCH8048), a European Research Council advanced grant (ROOT-

MICROBIOTA), and the ’Cluster of Excellence on Plant Sciences’ program funded by

the Deutsche Forschungsgemeinschaft.

4.9 Supporting material

The supporting material corresponding to this section, including all supplementary

tables and figures can be accessed via the online version of the published article and

have not been included in this thesis due to space limitations. All intermediate data as

well as the scripts used to analyze the data and generate the figures of this study are

available at http://www.mpipz.mpg.de/R_scripts.



66 CHAPTER 4. SECOND PUBLICATION — QUANTITATIVE
DIVERGENCE OF THE BACTERIAL ROOT MICROBIOTA IN ARABIDOPSIS
THALIANA RELATIVES



CHAPTER 5

Structure and functions of the bacterial

root microbiota in wild and domesticated

barley

Status Published

Journal Cell Host & Microbe (Impact factor 12.328)

Citation Bulgarelli, D. *, Garrido-Oter, R. *, Muench, P.C., Weimann,

A., Droege, J., Pan, Y., McHardy, A.C. †, Schulze-Lefert, P. †

(2015). Structure and function of the bacterial root microbiota

in wild and domesticated barley. Cell Host & Microbe, 17,

392-403.

* joint first authors; † joint corresponding authors

URL http://dx.doi.org/10.1016/j.chom.2015.01.011

Own contribution Analyzed the data (with co-authors)

Interpreted the data (with co-authors)

Wrote the manuscript (with co-authors)



68 CHAPTER 5. THIRD PUBLICATION — STRUCTURE AND FUNCTIONS
OF THE BACTERIAL ROOT MICROBIOTA IN WILD AND DOMESTICATED
BARLEY

5.1 Summary

The microbial communities inhabiting the root interior of healthy plants, as well as the

rhizosphere, which consists of soil particles firmly attached to roots, engage in symbiotic

associations with their host. To investigate the structural and functional diversifica-

tion among these communities, we employed a combination of 16S rRNA gene profiling

and shotgun metagenome analysis of the microbiota associated with wild and domes-

ticated accessions of barley (Hordeum vulgare). Bacterial families Comamonadaceae,

Flavobacteriaceae, and Rhizobiaceae dominate the barley root-enriched microbiota.

Host genotype has a small, but significant, effect on the diversity of root-associated

bacterial communities, possibly representing a footprint of barley domestication. Traits

related to pathogenesis, secretion, phage interactions, and nutrient mobilization are en-

riched in the barley root-associated microbiota. Strikingly, protein families assigned to

these same traits showed evidence of positive selection. Our results indicate that the

combined action of microbe-microbe and host-microbe interactions drives microbiota

differentiation at the root-soil interface.

5.2 Introduction

Land plants host rich and diverse microbial communities in the thin layer of soil adher-

ing to the roots, i.e., the rhizosphere, and within the root tissues, designated rhizosphere

and root microbiota, respectively (Bulgarelli et al., 2013). Roots secrete a plethora of

photosynthesis-derived organic compounds to the rhizosphere (Dakora and Phillips,

2002). This process, known as rhizodeposition, has been proposed as the major mech-

anism that enables plants to sustain their microbiota (Jones et al., 2009). In turn,

members of the rhizosphere and root microbiota provide beneficial services to their

host, such as indirect pathogen protection and enhanced mineral acquisition from sur-

rounding soil for plant growth (Bulgarelli et al., 2013; Lugtenberg and Kamilova, 2009).

Thus, the dissection of the molecular mechanisms underlying plant-microbe community

associations at the root-soil interface will be a crucial step toward the rational exploita-

tion of the microbiota for agricultural purposes. Recent studies performed using the

model plant Arabidopsis thaliana revealed that the soil type and, to a minor extent, the

host genotype shape root microbiota profiles (Bulgarelli et al., 2012; Lundberg et al.,

2012). The structure of the microbial communities thriving at the root-soil interface

appears to be resilient to host evolutionary changes, as indicated by a largely con-

served composition of the root bacterial microbiota in A. thaliana and related species
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that spans 35 Ma of divergence within the family Brassicaceae (Schlaeppi et al., 2014).

However, it is unclear whether microbiota divergence is greater in host species belong-

ing to other plant families and whether the process of domestication, which gave rise

to modern cultivated plants (Abbo et al., 2014) and which cannot be studied in A.

thaliana, has left a human footprint of selection on crop-associated microbiota.

Barley (Hordeum vulgare) is the fourth-most cultivated cereal worldwide (Newton et al.,

2011) and one of the earliest cereals consumed by humans, with evidence of presence of

wild barley (Hordeum vulgare ssp. spontaneum) in human diets dating back to 17,000

BC (Kislev et al., 1992). Barley was one of the first plants subjected to domestica-

tion, which culminated ∼10,000 years ago when the cultivation of domesticated barley

(Hordeum vulgare ssp. vulgare) began in the Fertile Crescent. Anthropic pressure on

barley evolution continued through diversification, which progressively differentiated

early domesticated plants into several genetically distinct accessions whose area of cul-

tivation radiated from the Middle East to the rest of the globe (Comadran et al., 2012).

Nowadays, wild and cultivated barley accessions still coexist, providing an excellent ex-

perimental framework to investigate the structure and the evolution of the microbiota

associated with a cultivated plant.

Here, we used an amplicon pyrosequencing survey of the bacterial 16S rRNA gene and

combined it with state-of-the-art metagenomics and computational biology approaches

to investigate the structure and functions of the bacterial microbiota thriving at the

barley root-soil interface. We found evidence for positive selection being exerted on a

significant proportion of the proteins encoded by root-associated microbes, with a bias

for cellular components mediating microbe-plant and microbe-microbe interactions.

5.3 Results

5.3.1 The structure of the barley bacterial microbiota

We have grown barley accessions in soil substrates collected from a research field located

in Golm, near Berlin (Bulgarelli et al., 2012), under controlled environmental conditions

(5.5). We subjected total DNA preparations from 6 bulk soil, 18 rhizosphere, and 18

root samples to selective amplification of the prokaryotic 16S rRNA gene with PCR

primers encompassing the hypervariable regions V5-V6-V7 (Schlaeppi et al., 2014), and

we generated 691,822 pyrosequencing reads. After in silico depletion of error-containing

sequences, and chimeras as well as sequencing reads assigned to plant mitochondria,

we identified 1,374 prokaryotic operational taxonomic units (OTUs) at 97% sequence
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similarity (5.5).

Figure 5.1: The barley rhizosphere and root microbiota are gated communities.
Average relative abundance (RA ± SEM) of the five most abundant (A) phyla and (B)
families in soil, rhizosphere, and root samples as revealed by the 16S rRNA gene ribotyping.
For each sample type, the number of replicates is n = 6. Stars indicate significant enrich-
ment (FDR, p < 0.05) in the rhizosphere and root samples compared to bulk soil. Vertical
lines denote a simultaneous enrichment of the given taxa in all three barley accessions.
Only taxa with a RA > 0.5% in at least one sample were included in the analysis.
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Taxonomic classification of the OTU-representative sequences to phylum level high-

lighted that Actinobacteria, Bacteroidetes, and Proteobacteria largely dominate the

barley rhizosphere and root communities, where 88% and 96% of the pyrosequencing

reads, respectively, were assigned to these three phyla. Of note, other members of

the soil biota, such as Firmicutes and Chloroflexi, were virtually excluded from the

plant-associated assemblages (Figure 5.1). The enrichment of members of the phylum

Bacteroidetes significantly discriminated rhizosphere and root samples from bulk soil

samples irrespective of the accession tested (moderated t test, false discovery rate-

adjusted, p value < 0.05; Figure 5.1). At family level, Comamonadaceae, Flavobacte-

riaceae, and Rhizobiaceae designated a conserved barley microbiota whose enrichment

differentiated the rhizosphere and root communities from bulk soil irrespective of the

accessions tested (moderated t test, FDR, p < 0.05; Figure 1). Of note, the enrich-

ment of a fourth family, Oxalobacteraceae, also significantly discriminated between root

samples and unplanted soil in wild, landrace, and modern accessions (moderated t test,

FDR < 0.05; Figure 5.1). Taken together, these results highlight a shift in community

composition at the barley root-soil interface, which progressively differentiated the rhi-

zosphere and root bacterial assemblages from the surrounding soil biota.

To gain insights into the richness of the barley microbiota we compared the total num-

ber of observed OTUs, Chao1, and the Shannon diversity indices of the communi-

ties retrieved from bulk soil and plant-associated microhabitats. All the indices re-

vealed a significant reduction of the bacterial richness and diversity in the root samples

(TukeyHSD, p < 0.05; Figure S1), while the rhizosphere microbiota displayed an inter-

mediate composition between soil and root samples (Figure S1).

To elucidate whether the composition of the bacterial communities correlated or was

independent of the sample type and the host genotype, we used the OTU count data

to construct dissimilarity matrices with the UniFrac (Lozupone et al., 2011) and Bray-

Curtis metrics. We applied a previously used relative abundances threshold (0.5%;

(Bulgarelli et al., 2012) to focus our analysis on PCR-reproducible OTUs. Permuta-

tional multivariate ANOVA based on distance matrices (ADONIS) revealed a marked

contribution of the microhabitat (Bray-Curtis R2 = 0.11584; R2 Unweighted Unifrac

R2 = 0.08851, p < 0.05) as well as phylogenetic-dependent contributions of the host

genotype to the composition of the barley microbiota (Weighted Unifrac R2 = 0.24427;

R2 Unweighted Unifrac R2 = 0.15262, p < 0.05). We used a canonical analysis of prin-

cipal coordinates (CAP) (Anderson and Willis, 2003) to better quantify the influence

of these factors on the beta diversity. CAP analysis constrained by the environmen-

tal variables of interest revealed that the microhabitat explained 22% of the variance
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(p < 0.005; 95% confidence interval = 17%, 30%). Consistently, we observed a clear

separation between plant-associated microhabitats and bulk soil samples followed by

segregation of the rhizosphere and root samples (Figure 5.2A).

Figure 5.2: Constrained PCoA on the soil and barley bacterial microbiota. (A)
Variation between samples in Bray-Curtis distances constrained by microhabitat (22% of
the overall variance; p < 5.00E-2) and (B) by accession (5.7% of the overall variance; p <

5.00E-2). In both panels, triangles correspond to rhizosphere and circles to root samples.
The percentage of variation explained by each axis refers to the fraction of the total variance
of the data explained by the constrained factor. In (B) soil samples were not included.

The host genotype alone could explain 5.7% of the overall variance of the data, and the

constrained ordination showed a clear clustering of the samples corresponding to the

wild, landrace, and modern accessions (Figure 5.2B). This proportion of the variation,

albeit small, was found significant by permutation-based ANOVA (p < 0.005; Figure

5.2). Further exploration of these analyses revealed that the OTUs with the largest con-

tribution to both constrained ordinations had a distinct taxonomic membership, mostly

belonging to the phyla Proteobacteria and Bacteroidetes, and could explain most of the

observed variation among microhabitats and genotypes (Figure S1A). Bootstrapping

analysis of the constrained ordination (5.5) indicated that the significance of the ob-

served genotype effect could not be attributed to any individual OTUs. Only after

randomly permuting the abundances of the 83 OTUs with the largest contribution

(72.23% and 65.67% of the root and rhizosphere communities, respectively), the sta-
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tistical significance was lost (Figure S1C). Consistently, CAP analyses generated using

weighted UniFrac distance matrix, sensitive to OTU phylogenetic affiliations and OTU

relative abundances, further supported the observed differentiation of the barley micro-

biota (Figure S1B). However, transformations based on unweighted UniFrac distance,

which is sensitive to unique taxa, but not to OTU relative abundances, showed a drastic

reduction of the variance explained by the microhabitat and failed to identify a signifi-

cant host-genotype-dependent effect on the barley microbiota (Figure S1B). Together,

these results further support the hypothesis that the barley rhizosphere and root are

two microhabitats colonized by communities with taxonomically distinct profiles, which

emerge from the soil biota through progressive differentiation.

Figure 5.3: Barley OTU enrichment analysis. (Caption on next page).
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Figure 5.3: Barley OTU enrichment analysis. (Figure on previous page).
Ternary plots of all OTUs detected in the data set with RA > 0.5% in at least one sample
in (A) Hordeum vulgare ssp. spontaneum, (B) H. vulgare ssp. vulgare Landrace, and
(C) H. vulgare ssp. vulgare Modern. Each circle represents one OTU. The size of each
circle represents its relative abundance (weighted average). The position of each circle
is determined by the contribution of the indicated compartments to the total relative
abundance. Dark blue circles mark OTUs significantly enriched in the root microhabitat
(Root OTUs, FDR, p < 0.05), magenta circles mark OTUs significantly enriched in the
rhizosphere microhabitat (Rhizo OTUs, FDR, p < 0.05), and cyan circles mark OTUs
significantly enriched in both microhabitats (RR OTUs, FDR, p < 0.05).

To identify bacteria responsible for the diversification between the two root-associated

microhabitats we employed a linear model analysis (Supporting Material). to determine

bacterial OTUs significantly enriched in root and rhizosphere compared to unplanted

soil. With this approach we identified three distinct bacterial sub-communities thriv-

ing at the root-soil interface Figure 5.3). One sub-community, designated Root OTUs,

was defined by bacteria significantly enriched in the root samples and discriminating

this sample type from bulk soil. Root OTUs accounted for the largest fraction of the

bacteria enriched in the barley microbiota in the wild and modern accessions. A second

sub-community was defined by bacteria enriched in both the rhizosphere and root sam-

ples and discriminating these samples from the bulk soil. This second sub-community,

designated RR OTUs, represented the largest fraction of the barley microbiota re-

trieved from the landrace accession. Finally, a third sub-community defined by the

bacteria discriminating the rhizosphere samples from bulk soil was identified. This

sub-community, designated Rhizo OTUs, represented the minor fraction of the bar-

ley microbiota irrespective of the accession tested. Consistent with the constrained

ordinations, taxonomic affiliations of the OTU-representative sequences assigned to

RR OTUs and Root OTUs were largely represented by Bacteroidetes and Proteobac-

teria members. We previously demonstrated that the root microbiota of the model

plant Arabidopsis thaliana is dominated by members of Actinobacteria, Bacteroidetes,

and Proteobacteria (Bulgarelli et al., 2012). We took advantage of the similar experi-

mental platform used for the barley and Arabidopsis surveys, including the same soil

type, to compare the bacterial microbiota retrieved from these monocotyledonous and

dicotyledonous hosts. First, we re-processed the A. thaliana data set using exactly

the same analysis pipeline we employed in the present study. Taxonomic classifica-

tion using the representative sequences of the OTUs enriched in the root microbiota

of barley and A. thaliana (Figure 5.4) revealed a similar taxonomic composition, with

few bacterial taxa belonging to a limited number of bacterial families from different
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phyla, including members of Comamonadaceae, Flavobacteriaceae, Oxalobacteraceae,

Rhizobiaceae, and Xanthomonadaceae.

Figure 5.4: Taxonomic representation of the barley and Arabidopsis root-
enriched bacterial taxa. The tree represents a subset of the NCBI taxonomy containing
all OTUs found to be enriched in the barley and Arabidopsis root samples with respect to
soil. The branches of the tree do not reflect evolutionary distances. The position of the
dots corresponds to the taxonomic placement of each OTU-representative sequence in the
taxonomy. The size of the dots illustrates the aggregated relative abundance of all OTUs
assigned to a given taxon (log scale). OTUs enriched in Arabidopsis roots are depicted
in red, whereas Barley root OTUs are shown in blue. Note that the relative abundance
of each subset of root-enriched taxa with respect to its respective root community varies
(Barley root OTUs, 45.44%; Arabidopsis root enriched OTUs, 59.02%).
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Notably, this analysis also revealed clear differences between the two host species. In

particular, the enrichment in root samples of the families Pseudomonadaceae, Strepto-

mycetaceae, and Thermomonosporaceae differentiated the Arabidopsis root-associated

communities from barley. Conversely, the enrichment of members of the Microbac-

teriaceae family appears to be a distinctive feature of the barley root microbiota in

the tested conditions. Excluding these qualitative differences, we found a very high

correlation between the two sub-communities (0.90 Pearson correlation coefficient, p =

0.005).

5.3.2 The barley rhizosphere microbiome

To gain further insights into the significance of the marked barley rhizosphere effect

detected by the 16S rRNA gene survey, we reasoned that, unlike roots, where DNA is

mostly plant derived, DNA isolated from the rhizosphere should mainly originate from

microbes, and we used the same rhizosphere DNA preparations for independent Illu-

mina shotgun sequencing. We obtained two metagenome samples per host genotype,

each corresponding to a different soil batch (Table S2), and generated an average of

75 million 100-bp paired-end reads per sample, adding up to a total of 44.90 Gb of se-

quence data. We then assembled the filtered reads of each sample independently using

SOAPdenovo (Heger and Holm, 2000); 5.5. Despite the heterogeneity of the data, an

average of 69.85% of the reads per sample were assembled into contigs (Table S2).

The partially assembled metagenome sequences (including unassembled singleton reads)

were taxonomically classified with taxator-tk (Droege et al., 2015), a tool for the taxo-

nomic assignment of shotgun metagenomes (5.5). Relative abundances were calculated

by mapping the reads back to the assembled contigs and determining the number of

reads assigned to each taxon. In total, 27.35% of all reads were assigned at least to

the domain level. Of those, 94.04% and 0.054% corresponded to Bacteria and Archaea,

respectively, and 5.90% to Eukaryotes.

5.3.3 Comparison of SSU rRNA genes and metagenome taxonomic

abundance estimates

The availability of barley rhizosphere 16S rRNA gene amplicon and shotgun metagenome

data provided an opportunity to compare both data sets. Toward this end, we classi-

fied the OTU-representative sequences onto the NCBI reference database (Sayers et al.,

2009). This allowed us to cross-reference the relative abundances of each taxonomic bin

from the rhizosphere metagenome with each OTU from the 16S rRNA gene analysis
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using the NCBI taxonomy and to directly compare the results of the two approaches

(Figure 5.5).

Figure 5.5: Comparison of 16S rRNA amplicon and metagenome abundances.
The tree represents the NCBI taxonomy for all taxonomically classified OTUs from the
rhizosphere samples of the 16S rRNA survey as well as all metagenome bins, resolved
down to the order rank. The branches of the tree do not reflect evolutionary distances. The
position of the dots in the tree corresponds to the taxonomic placement of the representative
sequences in the NCBI taxonomy. The size of the dots illustrates the average relative
abundances per sample of each taxa (log scale). Blue dots represent abundances as found
in the shotgun metagenome classification, red dots correspond to abundances from the 16S
rRNA amplicon data, and green depicts an overlap.

The analysis of the metagenome samples revealed the presence of Archaea (0.058%

relative abundance) in the rhizosphere microhabitat, as well as members of bacterial

phyla whose presence we did not detect in our 16S rRNA gene analysis, such as the

Cyanobacteria (0.024% relative abundance). Our results also indicated an overrepresen-

tation for Beta- and Gammaproteobacteria in the 16S rRNA gene taxonomic profiling,
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representing 10.12% and 9.64% of the whole community, respectively, compared with

7.73% and 5.50% as found in the metagenome samples. These quantitative differences

can be at least partially attributed to the fact that Beta- and Gammaproteobacteria

possess multiple ribosomal RNA operon copies (Case et al., 2007). The observed dif-

ferences in detected taxa can furthermore be explained by known biases of 16S rRNA

gene primers, in particular, the 799F primer was designed to avoid contamination from

chloroplast 16S sequences, a side effect of which is a strong bias against Cyanobacteria

(Chelius and Triplett, 2001).

We further assessed the variability in abundance estimates for bacterial taxa which

could be detected in both analyses (excluding Cyanobacteria) and found several dis-

crepancies, despite the overall high correlation (0.86 Pearson coefficient; p < 1.75E-12).

The largest differences were found in taxonomic groups for which 16S rRNA gene py-

rotagging was reported to be either biased or lacking in resolution, due to either copy

number variation or primer biases, especially for soil bacteria belonging to Chloroflexi,

Deltaproteobacteria, and Bacteroidetes (Hong et al., 2009; Klindworth et al., 2013).

The taxonomic classification of fragments of 16S rRNA genes found in the metagenome

shotgun reads allowed us to calculate the relative abundances of bacterial taxa not

affected by primer biases. We found a high correlation between the results obtained

for the two different 16S rRNA gene data sets (Figure 5.5; 0.89 Pearson correlation

coefficient; p < 21.55E-14), indicating that the negative impact of the 799F primer

bias on the beta-diversity estimates for the barley rhizosphere is only marginal, further

validating the results reported above.

We also retrieved and analyzed 18S rRNA sequences following the same approach, which

allowed us to compare eukaryotic and bacterial abundances in a quantifiable way. We

found an increase in the relative abundance of eukaryotes (11.06%) when comparing

16S and 18S sequences relative to the estimate obtained from taxonomically classifying

the metagenome sequences (5.90%), which could be partially explained by the high

number and variability of rRNA operon copy number in eukaryotes (Amaral-Zettler

et al., 2009). Furthermore, we were able to characterize the relative abundances of

the major taxonomic groups found in the rhizosphere (Figure S3), revealing that fungi

constitute the most abundant eukaryotic phylum in the barley rhizosphere (33.31% of

all Eukaryotes).
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Functional Category p Value

Protein secretion system type III 0.0013
Adhesion 0.0014
Regulation of virulence 0.0024
Siderophores 0.0024
Secretion 0.0072
Transposable elements 0.0177
Periplasmic stress 0.0188
Sugar phosphotransferase systems 0.0251
Bacteriophage integration excision lysogeny 0.0346
Invasion and intracellular resistance 0.0346
Protein secretion system type VI 0.0379
Detoxification 0.0379

Table 5.1: Functional categories significantly enriched in taxonomic bins cor-
responding to RR OTUs found in the barley rhizosphere metagenome. Dif-
ferentially abundances were determined using a Mann-Whitney test, controlling for false
discovery rate (FDR).

5.3.4 Enrichment of biological functions in root- and rhizosphere-

associated bacterial taxa

The 16S rRNA gene survey revealed a clear dichotomy between the taxonomic compo-

sition of soil and root bacterial communities, a differentiation which, in barley, starts

in the rhizosphere. Furthermore, a large fraction of bacterial taxa enriched in roots

(Root OTUs) was also enriched in the rhizosphere relative to unplanted soil (desig-

nated RR OTUs). To determine if this differentiation process is linked to specific

biological functions, we identified and annotated protein coding sequences (5.5) and

tested whether particular biological traits were significantly enriched in family-level

taxonomic bins corresponding to RR OTUs (containing 29.51% of all annotated pro-

tein coding sequences) with respect to soil-associated bins, i.e., bins corresponding to

OTUs which were not enriched in the root or in the rhizosphere (57.86% of the anno-

tated sequences). Genes found in contigs that could not be taxonomically assigned, as

well as those assigned to Cyanobacteria (12.81% of the total), were not included in this

analysis.

We identified 12 functional categories which were significantly enriched in root and

rhizosphere bacterial taxa (Table 5.1; These correspond to traits likely important for

the survival or adaptation in the root-associated microhabitats, such as adhesion, stress

response, and secretion. Importantly, categories relating to host-pathogen interactions

(type III secretion system T3SS, regulation of virulence, invasion, and intracellular re-

sistance) as well as microbe-microbe interactions (type VI secretion system; T6SS) and

microbe-phage interactions (transposable elements, bacteriophage integration) were
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also significantly enriched. Interestingly, root- and rhizosphere-associated taxa were

also significantly enriched in protein families related to iron mobilization (siderophore

production) and sugar transport (sugar phosphotransferase systems).

To further assess the ecological significance of these functional enrichments, we per-

formed a comparison with functional representation in sequenced isolates. We retrieved

and analyzed 1,233 genomes from the NCBI database (5.5; Supporting Material) be-

longing to the soil- and root-associated bacterial taxa found in the barley rhizosphere

and performed the same enrichment tests. We found only one functional category to be

significantly enriched in the root-associated taxa with respect to the soil background

taxa, namely, the T3SS (p = 0.044).

5.3.5 Positive selection in the barley rhizosphere

To gain further insights on the molecular mechanisms driving the functional diversifica-

tion of the barley rhizosphere microbiota, the gene families identified in the assembled

barley metagenome were annotated based on matches to TIGRFAM (Haft et al., 2013)

hidden Markov models (HMMs; Experimental Procedures), and we calculated, for each

TIGRFAM, the ratio between the number of nonsynonymous (Dn) and synonymous

(Ds) changes, a proxy for evolutionary pressure. Our analyses showed that 9% of the

gene families had on average significantly higher Dn values and lower Ds values than

the mean value calculated over all annotated sequences (one-sided Fisher test, FDR <

0.05), suggesting that they have been under positive (diversifying) selection. Interest-

ingly, a closer investigation of these gene families revealed that positive selection sig-

natures markedly characterize diverse proteins involved in pathogen-host interactions,

including bacterial secretion, as well as proteins essential for phage defense (Figures

6A and S5). Strikingly, these proteins encode for a subset of the functions enriched

in RR OTUs and Root OTUs (Table 5.1; Furthermore, we determined that 10.66%

(115) of protein families encoded by the barley metagenome displayed a Dn/Ds ratio

significantly greater than the metagenome mean Dn/Ds value in at least one of the

barley genotypes tested Table S3).

Of note, we identified significant signs of positive selection for a component of the

T3SS, which is found in most Gram-negative bacteria and is used to suppress plant

immune responses (Cornelis and Van Gijsegem, 2000). Our findings are in line with

previous studies, which reported evidence of positive selection for T3SS components in

the bacterial phytopathogens Pseudomonas syringae (Guttman et al., 2006) and Xan-

thomonas campestris Weber and Koebnik (2006). Furthermore, we detected positive
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selection for components of the T6SS, a contact-dependent transport system mediat-

ing microbe-microbe interactions (Russell et al., 2014). In particular, we found the

forkhead-associated (FHA) domain to be under strong positive selection. This do-

main is a phosphopeptide recognition domain embedded in diverse bacterial regulatory

proteins, which control various cellular processes including pathogenic and symbiotic

interactions (Durocher and Jackson, 2002).

Figure 5.6: Proteins under selection in the barley rhizosphere microbiome.
Sequence clusters of residues under positive selection in selected protein families. Top: dots
indicate ∼Dn/Ds for a given position in the protein sequence, and their color corresponds
to the proportion of gaps in the multiple sequence alignment (MSA). Gray-shaded areas
indicate significant clusters of residues under positive selection. Gray-shaded horizontal
lines indicate repetitive elements. Bottom: Jensen-Shannon divergence as a function of
the positions in the MSA.
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5.3.6 Microbial elicitors and effectors of plant immunity under posi-

tive selection

One branch of the plant immune system recognizes and is activated by a variety of

evolutionary conserved microbial epitopes, designated microbe-associated molecular

patterns (MAMPs) (Boller and Felix, 2009). The co-evolutionary arms race between

the plant host and microbial pathogens leads to reciprocal selective pressure for the

interacting proteins to change. To avoid activation of plant defenses, phytopathogens

have evolved different mechanisms such as the diversifying evolution of elicitor epitopes

by mutation or reassortment, and the injection of strain-specific pathogen effector pro-

teins into host cells to intercept intracellular immune signaling (Shames and Finlay,

2012).

To identify putative elicitors of plant immune responses at the root-soil interface, we

searched for genes that contained clusters of residues under positive selection using a

sliding window approach (Figure 5.6; 5.5). A total of 56 putative elicitors of plant

immune responses were previously identified in the genomes of six plant pathogenic

and a soil-dwelling bacterium using a similar approach (McCann et al., 2012). Re-

markably, we found a semantic overlap of nine protein families under selection in the

barley rhizosphere microbiome. For example, the GGDEF domain, a previously re-

ported putative bacterial elicitor, essential for motility and biofilm formation (Simm

et al., 2004), was under positive selection in the rhizosphere of the wild accession (p

= 0.027). Of the protein families that had a Dn/Ds ratio significantly higher than the

mean, 85.3% had such clusters, whereas they were found in only 34.9% of all detected

protein families (p < 2.2 E-16, one-sided Fisher’s exact test). On average, we found

0.66 ± 1.54 (SD) clusters for each protein family, which spanned 4.0% ± 7.9% (SD) of

their amino acid sequence among all families. For the protein families already shown to

exhibit significant signatures of positive selection, an average of 6.7 ± 9.0 (SD) clusters

were detected.

Furthermore, we identified by de novo prediction 16 putative polymorphic type III

secreted effector proteins (T3SEs), of which 30% were under positive selection. In ad-

dition, 31.5% of these candidate effector proteins contained an average of 5.2 ± 9.8 (SD)

clusters of residues under positive selection. This shows that, in the barley rhizosphere

microbiota, highly polymorphic bacterial protein families, some of which are known

to function in the suppression of plant immune responses, have similar footprints of

positive selection as the evolutionary conserved MAMPs (McCann et al., 2012).
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Figure 5.7: Proteins under selection in the barley rhizosphere microbiome
(Cont.). Top-ranking protein families under positive selection with significantly increased
Dn/Ds statistic. The distribution at the top shows the density function over all protein
families smoothed with a Gaussian kernel function. The green bar indicates the average
∼Dn/Ds over all the samples, the blue bar the average ∼Dn/Ds for all TIGFRAMS an-
notated with the term ’patho’ and/or ’secretion’. The boxplot shows the distribution of
the ∼Dn/Ds across all samples for the top 50 ranked TIGRFAM families under positive
selection, with families sorted by their median ∼Dn/Ds in descending order. TIGRFAMs
annotated with ’repeat’ or with a mean repetitive value of more than 50% were discarded.
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5.3.7 Positive selection acting on phages and CRISPR systems

Interestingly, in our Dn/Ds analysis we found that endoribonuclease gene cas2 was un-

der strong positive selection. This gene is associated with the clustered, regularly inter-

spaced short palindromic repeat (CRISPR) system, a defense mechanism composed of

an array of repeats with dyad symmetry separated by spacer sequences, which, together

with a set of CRISPR-associated (CAS) genes, provides protection against phages in

Bacteria and Archaea (Westra et al., 2014). In particular, Cas2 participates in the ac-

quisition of new spacers (Barrangou et al., 2007), indicating that the ability to develop

resistance to new phages might be an important trait for the bacterial community of

the barley rhizosphere (Figure 5.7). The enrichment of functional categories related

to interactions with bacterial phages in RR OTUs (Table 5.1) further supports this

notion. In addition, we found that the coding sequences of bacteriophage tail and head

morphogenesis genes were under positive selection. The phage tail serves as a chan-

nel for the delivery of the phage DNA from the phage head into the cytoplasm of the

bacteria. Thus, interactions between bacteria and their phages might have contributed

to the positive selection on both the CRISPR-cas adaptive immune system of bacteria

and on a subset of the bacteriophage proteins observed in the barley rhizosphere.

5.4 Discussion

Here, we characterized the rhizosphere and the root microbiota of soil-grown wild, tradi-

tional, and modern accessions of barley using a pyrosequencing survey of the 16S rRNA

gene. This revealed that the enrichment of members of the families Comamonadaceae,

Flavobacteriaceae, and Rhizobiaceae and the virtual exclusion of members of the phyla

Firmicutes and Chloroflexi differentiate rhizosphere and root assemblages from the sur-

rounding soil biota. This microbiota diversification begins in the rhizosphere, where a

marked initial community shift occurs, and continues in the root tissues by additional

differentiation, leading to the establishment of a community inside roots, which is more

distinct from the surrounding soil biota.

A comparison to the root and rhizosphere microbial assemblages retrieved from the

distantly related dicotyledonous plants Arabidopsis thaliana and A. thaliana relatives

(Bulgarelli et al., 2012; Lundberg et al., 2012; Schlaeppi et al., 2014) revealed both

striking differences as well as common features. First, we detected in each of the three

tested barley genotypes a marked ’rhizosphere effect’, i.e., a structural and phylogenetic

diversification of this microhabitat from the surrounding soil biota (Figure 5.3), which
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we failed to detect in previous studies of A. thaliana and A. thaliana relatives (Bul-

garelli et al., 2012; Schlaeppi et al., 2014). Second, taxonomic classification using the

representative sequences of the OTUs enriched in the root microbiota of monocotyle-

donous barley and dicotyledonous A. thaliana, grown in the same soil type, revealed

a similar enrichment pattern, although some clear differences were identified (Figure

5.4). On the basis of our study, the enrichment of members of the families Pseudomon-

adaceae, Streptomycetaceae, and Thermomonosporacea in root samples of Arabidopsis

is not seen in barley. Consistently, recent cultivation-independent surveys of the rhi-

zosphere of field-grown maize (Peiffer et al., 2013) and wheat (Turner et al., 2013),

two grasses like barley, also revealed almost no enrichment of the aforementioned two

actinobacterial taxa. By contrast, enrichment of members of the Microbacteriaceae

family appears to be a distinct feature of the barley root microbiota. This suggests

the existence of host lineage-specific molecular cues contributing to the differentiation

of the root-associated microbiota from the surrounding soil type-dependent bacterial

start inoculum. However, the overall conserved microbiota composition in the roots

of the monocot barley and the dicot Arabidopsis, which diverged ∼200 Ma, could be

indicative of an ancient plant trait that preceded the emergence of flowering plants.

Alternatively, but not mutually exclusive, the conserved microbiota composition might

indicate that microbe-microbe interactions serve as a dominant structuring force of the

root microbiota in flowering plants.

Our results revealed also a host-genotype-dependent stratification of both the barley

root and rhizosphere microbiota (Figure 5.2B). The host influence on the microbiota

profiles is limited, since ∼5.7% of the variance can be explained by the factor host

genotype and is entirely quantitative. Notably, the host genotype effect is manifested

by variations in the abundance of many OTUs from diverse phyla, rather than by single

OTUs. Re-analysis of root microbiota abundance data from three A. thaliana ecotypes

(Schlaeppi et al., 2014), generated with the same 16S rRNA gene primers and using the

same computational approach, failed to detect a significant ecotype-dependent effect.

By contrast, our results from barley are congruent with a recent investigation of the

rhizosphere microbiota of 27 field-grown modern maize inbreds (Peiffer et al., 2013)

This study reported a similar proportion of variation attributed to the host genotype

(5.0%-7.7% using unweighted or weighted UniFrac distances, respectively) and also a

lack of individual bacterial taxa predictive for a given host genotype. Bouffaud and

co-workers reported a stratification of the maize rhizosphere microbiota reflecting the

major genetic groups emerged during maize diversification, rather than their genetic

distance (Bouffaud et al., 2012). These results concur with our findings of accession-
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dependent microbiota differentiation (Figure 5.2B) owing to the fact that the tested

wild, landrace, and modern accessions represent three distinct phases of the domesti-

cation and diversification history of barley (Meyer et al., 2012).

The availability of barley rhizosphere microbiome sequences prompted us to compare

the taxonomic classification generated by shotgun DNA sequencing without PCR am-

plification with the 16S rRNA gene amplicon profiles. This allowed us to determine the

presence of microorganisms whose presence cannot be estimated using the 16S rRNA

gene primers we have adopted, such as Protists, Fungi, and Archaea. Furthermore, the

use of assembly as an intermediate step to improve taxonomic classification of reads

and abundance estimates is likely to introduce biases which are not fully understood. In

order to assess this effect we retrieved marker genes from the unassembled metagenome

reads to be analyzed and used as a control. Correlation tests between the abundance

estimates for bacterial taxa obtained with the two methods (0.86 Pearson correlation

coefficient; p < 1.75E-12) indicated that known 16S primer biases, differential riboso-

mal operon copy number, as well as assembly biases have a minor, but notable, impact

on the analysis of beta-diversity, further underlining the importance of using comple-

mentary methods for the study of microbial diversity.

Strikingly, we found that Bacteria dominate the annotated barley rhizosphere, whereas

the relative abundance of Eukaryotes accounted for only a small fraction. A recent

study employing metatranscriptomics to estimate microbial abundances reported a 5-

fold higher abundance of Eukaryotes in the oat and pea rhizosphere (16.6% and 20.7%,

respectively) compared to that of wheat (3.3%) (Turner et al., 2013). However, since

both metatranscriptome and metagenome abundance estimates are based on taxonomic

classification using a reference-based method, database-related biases likely play a role

in this apparent skew in the community in favor of bacterial taxa. Analysis of 18S

rRNA sequences found in the shotgun reads revealed an increased relative abundance

of Eukaryotes compared to the results obtained for the metagenome data (11.06% and

5.9%, respectively). However, given the large variation in rRNA operon copy number

in eukaryotic genomes, abundance estimates based on 18S read counts are likely to

be inflated. We conclude that further studies, combining alternative markers such as

the 18S rRNA gene or internal transcribed spacers (ITSs), targeting broader microbial

communities (e.g., Fungi and Oomycetes), are needed to better estimate the phyloge-

netic composition of the microbiota thriving at the root-soil interface.

Combining our findings from the 16S rRNA gene survey, i.e., that some bacterial

taxa are significantly enriched in root and rhizosphere samples with respect to soil

(RR OTUs), together with the functional analyses of the rhizosphere metagenome, we
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were able to map functions to root- and soil-associated taxa. Functional categories

significantly enriched in root and rhizosphere (Table 5.1) corresponded to important

traits for the survival and adaptation in these microhabitats, as well as traits related

to microbe-microbe interactions and microbe-phage interactions. Importantly, several

functions appeared to be relevant for interactions with the host (pathogenic as well as

mutualistic), such as the T3SS, regulation of virulence, siderophore production, sugar

transport, secretion, invasion, and intracellular resistance, further supporting the hy-

pothesis that the presence of the host plant triggers a functional diversification in the

rhizosphere. This is congruent with the observations that plants, through the release

of photosynthesis-derived organic compounds into soil (Dakora and Phillips, 2002), can

modify the physical, chemical, and biological properties of the rhizosphere to enhance

the acquisition of important resources such as water and minerals (McCully, 1999). The

growth of barley, like other graminaceous monocotyledons, relies on the secretion and

subsequent reuptake of iron-chelating phytosiderophores for the acquisition of scarcely

mobile iron ions from soil (Jeong and Guerinot, 2009). Therefore, the observed enrich-

ment of bacterium-derived siderophores in the barley-associated microbial communities

indicates that the combined action of microbiota- and host-derived siderophores max-

imizes the mobilization and bioavailability of the soil-borne iron micronutrient in the

rhizosphere.

Out of the 12 categories found to be significantly enriched in the root-associated

metagenome bins, only the T3SS was also detected as enriched when we analyzed

sequenced isolates. This suggests that the T3SS is a relevant feature of root-associated

bacterial taxa in general, whereas the remaining enriched functions detected only by

analysis of the metagenome data (Table 5.1) could correspond to environment-specific

features.

Analyzing the coding sequences found in the metagenome data, we observed strong

positive selection in proteins that are known to directly interact with the plant host,

such as the bacterial T3SS and other outer surface proteins, which might be related

to plant-pathogen interactions and secretion (Figure 5.6 and Figure 5.7). These signs

of positive selection are evidence of plant-microbe co-evolution in the rhizosphere and

suggest that host-microbe and microbe-microbe interactions exist in these natural com-

munity systems that are reminiscent of the arms race co-evolution model established

for binary plant-pathogen interactions. Thus, our findings predict that the innate im-

mune system of plants contributes to the selection of bacterial community structure as

early as at the root-soil interface. Interestingly, it has been recently noted that bal-

anced polymorphism of resistance genes in A. thaliana is maintained in the population
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through complex community-wide interactions encompassing many pathogen species

(Karasov et al., 2014). The substantial number of protein families and the overall scale

of positive selection which we identified indicate that metagenomic data are a sensitive

tool for studying microevolution within natural environments. However, caution must

be exercised when interpreting signatures of positive selection in this context, where the

interplay between numerous species, including pathogens, mutualists, and commensals,

creates a much more complex system than described by current models of co-evolution.

Previous comparative genomic studies of bacterial CAS genes surprisingly indicated no

signs of positive selection, which was attributed to the additional roles of these genes

in transcriptional regulation (Takeuchi et al., 2012). A high SNP density, indicative of

positive selection, was also found for the CAS proteins csy1 and cse2 in metagenome

samples of human gut microbiomes (Schloissnig et al., 2013). The strong signs of pos-

itive selection that cas2, one of the three essential proteins of the CRISPR system,

exhibited in the barley rhizosphere, along with the positive selection identified for a

subset of phage proteins, indicates that natural community systems might allow a more

sensitive detection of such effects compared to comparative studies of a relatively small

number of isolates. The role of the cas2 gene in the acquisition of resistance to new

phages might be of particular importance in a metabolically active and proliferating

bacterial community, such as the rhizosphere microbiota (Ofek et al., 2014), which

represents an ideal substrate for bacteriophage infections. Alternatively, the cas2 gene

product could be an elicitor of MAMP-triggered immunity in the host, which preferen-

tially targets indispensable, evolutionary conserved, and broadly distributed microbial

epitopes, such as flagellin or EF-Tu (McCann et al., 2012). Thus, the positive selection

on CAS genes might simultaneously reflect the pressure exerted by bacteriophages and

the host on members of the root-associated microbiota.

The observed overlap of bacterial traits under diversifying selection in the rhizosphere

and those found to be significantly enriched in RR OTUs provides direct and inde-

pendent evidence for the contribution of host-microbe interactions in the selection of

the root-associated bacterial microbiota from the surrounding soil biota (e.g., T3SS,

virulence regulation and pathogenicity, siderophore production, sugar uptake). Our

findings imply that the host innate immune system as well as the supply and demand

of functions of root metabolism are relevant host factors for bacterial recruitment. In

addition, both the analysis of the metagenome data (e.g., enrichment of T6SS) and

the existence of a largely conserved phylogenetic pattern in the root-enriched bacterial

taxa in barley and A. thaliana (Figure 5.4) imply that microbe-microbe interactions

are also a driving force in the taxonomic differentiation of the root-associated bacterial
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assemblages. Thus, collectively, our results point toward a model in which the inte-

grated action of microbe-microbe and host-microbe interactions drives root microbiota

establishment through specific physiological processes from the surrounding soil biota.

5.5 Experimental procedures

5.5.1 Experimental design

Surface-sterilized seeds of barley genotypes Morex, Rum, and HID369 were sown onto

pots filled with experimental soil collected at the Max Planck Institute of Molecular

Plant Physiology, Potsdam, in September 2010 and September 2011. For each accession

we organized three biological replicates and repeated the entire experiment using two

different samplings of soil substrate. At early stem elongation we excavated the plants

from the soil and detached the root systems from the stems. We employed a combina-

tion of washing and ultrasound treatments to simultaneously separate the rhizosphere

fraction from the roots and enrich for root endophytes. In parallel, bulk soil controls,

i.e., pots filled with the same soil and exposed to the same environmental conditions

as the plant-containing pots, were processed.

5.5.2 16S data analysis

16S rRNA gene sequences were subjected to demultiplexing, quality filtering, derepli-

cation, abundance sorting, OTU clustering, and chimera identification using UPARSE

pipeline (Edgar, 2013). Briefly, after removal of barcode and primer sequences, reads

were truncated to a length of 290 bp, and only reads with a quality score Q > 15

and no ambiguous bases were retained for the analysis. Chimeras were identified using

the ’gold’ reference database (http://drive5.com/uchime/gold.fa), and OTUs were

defined at 97% sequence identity. OTU-representative sequences were taxonomically

classified using the RDP classifier (Wang et al., 2007) trained on the Greengenes ref-

erence database. The resulting OTU table was used to determine taxonomic relative

abundances and subsequent statistical analyses of alpha- and beta-diversity (Support-

ing Material).

5.5.3 Metagenome data analysis

Paired-end Illumina reads were subjected to trimming, filtering, and quality control

using a combination of custom scripts and the CLC Workbench v5.5.1 and assembled

using SOAPdenovo (Heger and Holm, 2000). A small fraction of the partially assembled
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metagenome samples (on average 3.02% of the reads) was mapped to the annotated bar-

ley genomic sequences, and the corresponding contigs or singleton reads were removed

(Supporting Material). We used taxator-tk (Droege et al., 2015) to taxonomically clas-

sify the partially assembled metagenome sequences (including unassembled singleton

reads) using the NCBI database as a reference. Coding sequences were predicted using

MetaGeneMark (Zhu et al., 2010) and annotated using matches to HMM (HMMER

v3.0) profiles to the TIGRFAM (Haft et al., 2013) and PFAM (Punta et al., 2012)

databases as well as a k-mer-based matching using the SEED (Edwards et al., 2012)

API and server scripts. To test for a significant enrichment of functional categories in

the root-associated bins relative to the remaining bins, we assumed a correspondence

at the family level between metagenome bins and root- and rhizosphere-enriched OTUs

(RR OTUs) of these families found in the amplicon survey. To search for signatures of

positive selection we first employed HMMER to obtain multiple sequence alignments

(MSAs) of orthologous sequences found in the metagenome samples. From each MSA,

we calculated neighbor-joining trees and used them to infer Ds and Dn changes. Clus-

ters of residues with significant signs of positive selection were calculated using a sliding

window approach. A detailed description of the methods and tools used for the analysis

of the metagenome is available in the Supplemental Experimental Procedures.
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6.1 Abstract

Lotus japonicus has been employed for decades as a model legume to study the estab-

lishment of binary symbiotic relationships with nitrogen-fixing rhizobia that trigger root

nodule organogenesis for bacterial accommodation. Using community profiling of 16S

rRNA gene amplicons we reveal that in Lotus distinctive nodule- and root-inhabiting

communities are established by parallel rather than consecutive selection of bacteria

from the rhizosphere and root compartments. Comparative analyses of WT and sym-

biotic mutants in Nod factor receptor5 nfr5, Nodule inception nin and Lotus histidine

kinase1 lhk1, identified a previously unsuspected role of the nodulation pathway in the

establishment of different bacterial assemblages in the root and rhizosphere. We found

that the loss of nitrogen-fixing symbiosis dramatically alters community structure in

the latter two compartments, affecting at least 14 bacterial orders. Our findings im-

ply a role of the legume host in selecting a broad taxonomic range of root-associated

bacteria that, in addition to rhizobia, likely contribute to plant growth and ecological

performance.

6.2 Significance

Legumes are known as pioneer plants colonizing marginal soils, and as enhancers of

the nutritional status in cultivated soils. This beneficial activity has been explained

by their capacity to engage in symbiotic relationship with nitrogen-fixing rhizobia. We

performed a community profiling analysis of Lotus japonicus wild type and mutants to

investigate the role of nitrogen fixing symbiosis on the structure of the root-associated

bacterial microbiota. We found that several bacterial orders were almost entirely de-

pleted from the mutant roots, and that an intact symbiosis is needed for the estab-

lishment of taxonomically diverse and distinctive bacterial communities in root and

rhizosphere. Our findings imply that a symbiosis-linked bacterial community rather

than dinitrogen-fixing rhizobia alone contribute to legume growth and ecological per-

formance.

6.3 Introduction

The transition from aquatic to terrestrial lifestyle during plant evolution required the

formation of roots as organ for water, macro- and micro-nutrient retrieval from soil.

Nutrient-uptake systems of roots are usually specific for bioavailable forms of nutri-
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ents, e.g. inorganic nitrogen such as nitrate (NO3−) or inorganic orthophosphate (Pi)

(Maathuis, 2009). However, phosphorus per se is abundant in soil in plant-inaccessible

pools and, likewise, atmospheric dinitrogen (N2) is abundant in aerobic soil (78% v/v),

but cannot be accessed by plants. Soil-resident microbes play important roles in the

solubilization and conversion of mineral nutrients into bioavailable forms, and a subset

of these microbes have acquired the capacity to engage in mutualistic interactions with

plant roots to trade soil-derived bioavailable macronutrients for plant-derived photoas-

similates (Fierer and Jackson, 2006; Bulgarelli et al., 2013; Parniske, 2008).

It is now widely accepted that in nature all healthy, asymptomatic plants live in associ-

ation with diverse microbes including bacteria, fungi, viruses, and protists, collectively

called the plant microbiota (Bulgarelli et al., 2013; Vorholt, 2012). The bacterial root

microbiota is taxonomically structured and characterized by the co-occurrence of three

main phyla comprising Actinobacteria, Bacteroidetes, and Proteobacteria across differ-

ent soil types and divergent plant hosts (Hacquard et al., 2015; Guttman et al., 2014).

This root-associated bacterial assemblage is mostly derived from the highly diverse bac-

terial soil biome surrounding roots and is established rapidly within few days after seed

germination (Hacquard et al., 2015; Edwards et al., 2015). Soil type is the main driver

of diversification of the bacterial root microbiota at low taxonomic ranks, e.i. at genus

and species level (Edwards et al., 2015; Lundberg et al., 2012; Bulgarelli et al., 2012;

Dombrowski et al., 2016). However, root exudates are thought to play an important

role as cues to initiate a substrate-driven competition between and differential prolifer-

ation of soil-resident microbes for root colonization (Bulgarelli et al., 2013; Eilers et al.,

2010). On average, 17% of photosynthetically fixed carbon is transferred to the rhizo-

sphere, the thin layer of soil surrounding the root, through root exudation (Nguyen,

2003). These carbon substrates likely contribute to bacterial community shifts that are

often detected in the rhizosphere. A fraction of the bacterial taxa present in the rhizo-

sphere colonize roots either as epiphytes on the root surface (rhizoplane) or as bacterial

endophytes inside roots (Bulgarelli et al., 2013; Edwards et al., 2015)). In particular,

members of Proteobacteria are consistently found enriched in root and rhizosphere

compartments, and diazotrophs in this phylum have evolved the capacity to estab-

lish a sophisticated form of mutualistic interaction with plant roots, designated root

nodule symbiosis. Unlike the taxonomically diverse root- and rhizosphere-associated

bacterial communities that comprise a network of microbe-microbe and plant-microbe

associations, the root nodule symbiosis defines a highly specific binary plant-microbe

interaction where the compatible nitrogen-fixing soil bacterium is selected by the host

for intracellular infection often via plant-derived infection threads and subsequent ac-
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commodation and amplification inside nodule cells.

Decades of bacterial and legume genetics allowed a detailed dissection of the reg-

ulatory networks behind the stepwise symbiotic association with diazotroph alpha-

Proteobacteria. A two-way signal recognition initiates the interaction. Root-secreted

(iso)flavonoids are perceived by the compatible soil bacteria, which start the production

and secretion of the rhizobial symbiotic signal, the Nod factor. On the host side, LysM

receptor kinases, like NFR1 and NFR5 in Lotus japonicus, specifically recognize and

bind the compatible Nod factors (Radutoiu et al., 2007; Broghammer et al., 2012) and

initiate the symbiotic signalling cascade. Nin was identified as an early key regulator

of both nodule organogenesis and infection thread formation (Schauser et al., 1999),

while cytokinin signalling (Held et al., 2014) LHK1 in particular, controls progression

of the signalling events from root epidermis into the cortex (Murray et al., 2007). In-

side nodules, a low-oxygen, carbon-rich environment is established by the host allowing

bacteria, upon endocytosis, to start the nitrogen fixation (Udvardi and Poole, 2013).

Symbiotic nitrogen fixation reprograms the whole root transcriptional and metabolic

landscape (El Yahyaoui et al., 2004; Colebatch et al., 2004; Hogslund et al., 2009; Nak-

agawa et al., 2011). Moreover, the process is reiterative and highly asynchronous, as

rhizobia from the rhizosphere recapitulate the infection on newly formed, competent

root hairs. Nevertheless, the legume host controls the number of infection events and

nodule primordia via shoot-derived signal(s) (Krusell et al., 2002; Searle et al., 2003).

Symbiotic nitrogen fixation allows legumes to thrive in habitats with limited nitrogen

availability (Peoples et al., 2009; Batterman et al., 2013; Adams et al., 2016). However,

the beneficial effect of this symbiosis is not limited to legume hosts, but extends to sub-

sequent or concurrent plantings with non-legumes as exemplified by ancient agricultural

practices with legume cropping sequences or intercropping systems. This likely involves

a beneficial activity of legume roots and their associated microbes on the nutritional

status of the soil as well as the soil biome. However, the mechanisms underpinning

these symbiotic interactions in a community context and their impact on the complex

microbial assemblages associated with roots remain largely unknown. Integrating these

highly specific binary interactions into an ecological community context is critical for

understanding the evolution of symbiosis and efficient use of rhizobia inoculum in agri-

cultural systems.

Here, we investigated the role of symbiotic nitrogen fixation on the structure of the root-

associated bacterial microbiota of the model legume Lotus japonicus. We performed

bacterial 16S rRNA gene-based community profiling experiments of WT plants, grown

in natural soil, and symbiotic mutants impaired at different stages of the symbiotic
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process. We have found that an intact nitrogen-fixing symbiosis in WT Lotus plants is

needed outside of nodules for the establishment of taxonomically diverse and distinc-

tive bacterial communities in root and rhizosphere compartments, raising the possibility

that the influence of legumes on soil performance in agricultural and ecological contexts

is mediated by the enrichment of a symbiosis-linked bacterial community rather than

dinitrogen-fixing rhizobia alone.

Figure 6.1: Images depicting L. japonicus WT and mutant plants. Images
depicting Lotus japonicus wild-type (a) and nodule symbiosis-deficient mutant plants: lhk1 -
1 (b), nfr5 -3 (c), nin-2 (d) following harvest. For nodulating genotypes (a and b), insets
present close-up view of nodules. Scale bars correspond to 1cm.

6.4 Results

6.4.1 Characterization of the Lotus japonicus root, nodule and rhi-

zosphere microbiota

We established a root fractionation protocol for 10 week-old Lotus japonicus plants (ac-

cession Gifu, designated wild-type, or WT), grown in three batches of natural Cologne
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soil to account for batch-to-batch and seasonal variation at the soil sampling site (Fig-

ure 6.1A; 6.6). This fractionation enabled us to compare the structure of bacterial

communities present in nodules, roots without nodules (denoted hereafter ’root com-

partment’), rhizosphere and unplanted soil (Supporting Figure 6.9; 6.6). Briefly, the

’rhizosphere compartment’ defines soil particles tightly adhering to Lotus roots that

were collected after the first of two successive washing steps. Macroscopically visible

nodules and nodule initials were excised from roots with a scalpel and designated ’nod-

ule compartment’. Pooled nodules and washed roots without nodules were separately

subjected to a sonication treatment to deplete epiphytes and enrich for endophytic

bacteria. Abundant nodulation (approx. 20 nodules per plant) of healthy WT plants

demonstrates that this soil is conducive for nodule formation and contains Lotus com-

patible rhizobia (inset, Figure 6.1A). We subjected a total of 27 unplanted soil, 73

rhizosphere, 75 root and 27 nodule samples to amplification of the 16S rRNA gene

with PCR primers targeting the V5-V7 hypervariable regions (Schlaeppi et al., 2014)

(6.6). and generated ∼1M high-quality sequencing reads (4,670 reads per sample, in

average; Supplementary Data 1). After removal of low-quality reads, chimeras or se-

quences assigned to plant mitochondria, we clustered the data into 1,834 Operational

Taxonomic Units (OTUs) at 97% sequence similarity (6.6).

To assess the effect of the different compartments on the assembly of bacterial commu-

nities, we compared the beta-diversity (between samples diversity) using Bray-Curtis

distances and performed a Canonical Analysis of Principal oordinates (Anderson and

Willis, 2003) (CAP; 6.6). This revealed a clear differentiation of samples belonging to

the root, rhizosphere, nodule and soil compartments that explains as much as 19.97% of

the overall variance of the data (Supporting Figure 6.10A; P<0.001), while the effect at-

tributable to the soil batch was comparatively small (8.01% of the variance; P<0.001).

Analysis of alpha-diversity (within samples diversity) using the Shannon index indi-

cated a decreasing gradient of complexity from the soil bacterial communities (highest

richness) to the rhizosphere, root and finally the nodule microbiota (Supporting Figure

6.10).

Our finding of a bacterial community shift in the Lotus rhizosphere compared to the

bulk soil reservoir are consistent with previous reports from WT pea (Turner et al.,

2013), soybean (Mendes et al., 2014) and peanut (Chen et al., 2014), in which a sim-

ilar enrichment of members of Burkholderiales, Flavobacteriales, and Rhizobiales has

been shown, whereas information on the community structure of the root microbiota

is unavailable for other legumes.
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Figure 6.2: Constrained PCoA analyses of beta-diversity. (a) Constrained PCoA
plot of Bray-Curtis distances between samples including only the wild-type gifu constrained
by compartment (19,97% of variance, P>0.001; n=94). (b) Contrained PCoA plot of Bray-
Curtis distances constrained by genotype (9.82% of variance explained, P<0.001; n=164).
Each point corresponds to a different sample, colored by compartment and each host
genotype is represented by a different shape. The percentage of variation indicated in
each axis corresponds to the fraction of the total variance explained by the projection.
Corresponding unconstrained PCoA plots for each soil batch are shown in Supporting
Figure 6.11.
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6.4.2 Parallel selection of nodule- and root-specific bacteria from the

rhizosphere compartment

Legume nodules represent a unique environmental niche derived from differentiated

cortical root cells where both symbiotic and nonsymbiotic bacteria are allowed accom-

modation and proliferation. Laboratory studies with single WT or mutant symbiotic

strains demonstrated a step-wise, host-controlled colonization process ensuring sym-

biont selection (Suzaki et al., 2015). By contrast, little is known about the extent or

the diversity of nodule and root colonization by nonsymbionts (Zgadzaj et al., 2015).

We took advantage of the compatible symbiotic association between Lotus and rhi-

zobia present in Cologne soil and performed an analysis of the bacterial community

of epiphyte-depleted, functional nodules of WT plants grown in this soil (6.6). We

found that nodules were inhabited by a distinctive bacterial community compared to

those present in the root and rhizosphere (Figure 6.2A). Only a small number of the

1834 OTUs were identified to be nodule-enriched (12 red circles in Figure 6.3A) with

one dominant member classified as belonging to the Mesorhizobium genus, substanti-

ating that nodules represent a highly selective bacterial niche also for soil-grown Lotus

plants. Taxonomic assignments at the order level for all OTUs with RA >0.5% in the

nodule samples revealed a clear preferential enrichment for bacteria belonging to the

order Rhizobiales (23.79% average RA; Figure 6.3B), which is mainly due to a selective

enrichment of Mesorhizobium members (Figure 6.3C). Rank abundance plots revealed

Burkholderiales and Actinobacteriales as abundant orders in nodules (12.11% and 10%,

respectively) besides several other low-abundance bacterial orders (Figure 6.3B), show-

ing that nodules of soil-grown Lotus are preferentially, but not exclusively, colonized

by symbiotic rhizobia. Importantly, the nodule-enriched OTUs were found in similar

abundances in the root and rhizosphere samples (Figure 6.3A). This finding strongly

suggests a parallel rather than consecutive selection of these taxa from the rhizosphere

assemblage for enrichment in the two endocompartments, most likely via host-induced

infection threads.

6.4.3 Impairment of nitrogen-fixing symbiosis dramatically alters bac-

terial community structure in the Lotus root and rhizosphere

compartments

Next, we applied the same growth conditions, fractionation protocol and bacterial com-

munity analysis to four symbiotic Lotus mutants (nfr5 -2, nfr5 -3, nin-2, lhk1 -1) to

identify the role of the nitrogen-fixing signaling pathway on bacterial assemblages.
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Figure 6.3: Root- rhizosphere- and nodule-enriched OTUs in wild-type L.

japonicus. Ternary plot depicting compartment relative abundance of all OTUs (>
0.5%) for wild-type root, rhizosphere and nodule samples (a; n=67) across three soil
batches (CAS8-10). Each point corresponds to an OTU. Its position represents its rel-
ative abundance with respect to each compartment and its size the average cross all three
compartments. Colored circles represent OTUs enriched in one compartment compared
to the others (green in root, orange in rhizosphere and red in nodule samples). (b) Rank
abundance plot depicting relative abundances aggregated to the order taxonomic level for
the top abundant taxa found in the wild-type nodule samples (n=21). (c) Comparison
of abundances between Mesorhizobium and other Rhizobiales genera in wild-type roots
(n=48), mutant roots (n=100) and wild-type nodule samples (n=21).
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Similarly to WT, symbiotic mutant plants appeared healthy, but were smaller and had

slightly pale green leaves (Figure 6.1B-D). With the exception of occasional nodules

on lhk1 roots, no nodules were found on nfr5 or nin root systems (Figure 6.1B-D).

Remarkably, we found that communities associated to the root and rhizosphere of each

of the four symbiosis mutants were similar to each other, but significantly different from

those of WT plants (Figure 6.2B; Supporting Figure 6.11). This separation between

the mutant and WT samples was found to be robust, as indicated by unconstrained

Principal Coordinate Analysis (PCoA) performed independently for each soil batch

(Supporting Figure 6.11). Furthermore, CAP analysis performed on the entire dataset

revealed a prominent effect of the host genotype on bacterial communities, explaining

9.82% of the variance (Figure 6.2B).

Nodules are root-derived and -anchored structures, and yet the two organs host distinc-

tive bacterial assemblages (Figure 6.2A). As a consequence, despite rigorous prepara-

tion of root compartments, WT root segments might contain incipient root-concealed

nodule primordia and, vice versa, the nodule samples might be contaminated with sur-

rounding root tissue. To clarify whether these potential limitations of our sampling

protocol confound the observed host genotype-dependent community differentiation,

we performed an in silico depletion of all nodule-enriched OTUs from the WT root

dataset and repeated the PCoA and CAP analyses (Supporting Figure 6.12). This ex-

periment revealed only a negligible reduction in the portion of the community variance

explained by the host genotype (9.82% versus 9.72%), indicating that the differences in

the root-associated assemblages caused by the impairment of nitrogen-fixing symbiosis

are largely robust against residual cross-contamination between the two compartments.

To better understand how the Lotus nodulation pathway influences bacterial commu-

nity composition we identified OTUs that are specifically enriched in the root and

rhizosphere of WT or mutants compared to unplanted soil (6.6). Due to the fact that

the bacterial assemblages of the tested symbiosis mutants do not significantly differ

among each other (Figure 6.2B), we performed our analyses using the combined sam-

ples from all mutant genotypes across all soil batches (Figure 6.4). The Lotus WT

root microbiota is characterized by a large number of root-enriched OTUs, mostly

belonging to Proteobacteria, Actinobacteria and Bacteroidetes (105 green circles in

Figure 6.4A; (Supporting Figure 6.14). By contrast, only a small number of OTUs

were found specifically enriched in the WT rhizosphere samples (8 orange circles in

Figure 6.4A). Compared to WT, roots of the symbiotic mutants are dramatically de-

pleted of root-enriched OTUs (28 green circles in Figure 6.4B), whilst the number of

rhizosphere-enriched OTUs increased by a factor of eight (68 orange circles in Figure
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6.4B). This pattern was reproducible when we performed the same analysis for each

soil batch and mutant genotype independently (data not shown).

Figure 6.4: Compartment-enriched OTUs in WT and mutant Lotus japonicus.
Ternary plots depicting compartment relative abundance of all OTUs (> 0.5%) for wildtype
samples (a, wild-type; n=73) and mutant samples (b, nfr5 -2, nfr5 -3, nin-2, lhk1 -1; n=118)
across three soil batches (CAS8-10). Each point corresponds to an OTU. Its position
represents its relative abundance with respect to each compartment and its size the average
cross all three compartments. Colored circles represent OTUs enriched in one compartment
compared to the others (green in root, orange in rhizosphere and brown in root samples).
Aggregated relative abundances of each group of enriched OTUs (root-, rhizosphere- and
soil-enriched OTUs) in each compartment for the wildype samples (c, wild-type; n=73)
and mutant samples (d, nfr5 -2, nfr5 -3, nin-2, lhk1 -1; n=118).

To further characterize the bacterial community shifts, we calculated separately for

WT and symbiotic mutant plants aggregated relative abundances (RAs) of OTUs that

are specifically enriched in one compartment. As expected, this revealed a decreasing

contribution of the soil-enriched OTUs in soil, rhizosphere and root samples (69.40%,
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17.03% and 2.40% mean aggregated RA, respectively; dark brown boxplots in Figure

6.4C-D). in both, WT and mutant samples. This suggests that impairment of the

symbiosis pathway does not affect the capacity of Lotus to exclude colonization by the

majority of the detectable bacterial soil biome and to form characteristic root-associated

microbiota, fully differentiated from those present in bulk soil. We observed an inverse

pattern for the root-enriched OTUs across the three WT compartments (green box-

plots in Figure 6.4C). The steep increase in the aggregated RAs, from 8.76% in the

soil, 35.72% in rhizosphere and 72.34% in roots for WT samples was almost completely

abolished in the mutants (1.49%, 3.63% and 17.74%, respectively; green boxplots in

Figure 6.4D). Conversely, the aggregated RAs of rhizosphere-specific OTUs is simi-

larly low in the rhizosphere samples of WT plants compared to roots and soil (orange

boxplots in Figure 6.4C). but they are significantly higher in the mutant rhizosphere

samples with respect to the other compartments (3.29% average RA in soil, 22.09%

in rhizosphere and 9.94% in root samples; orange boxplots in Figure 6.4D). Taken to-

gether, these data support the hypothesis that the Lotus symbiosis pathway is a key

component for the progressive enrichment/selection of specific soil-derived OTUs and

the establishment of fully differentiated microbiota in rhizosphere and root compart-

ments.

Figure 6.5: Manhattan plots showing root- and rhizosphere-enriched OTUs in
WT and mutant Lotus. (Figure on next page).
Manhattan plots showing root-enriched OTUs in wild-type (a) or in the mutants (b) with
respect to the rhizosphere and rhizosphere-enriched OTUs in wild-type (c) or in the mutants
(d) with respect to root. OTUs that are significantly enriched (also with respect to soil) are
depicted as full circles. The dashed line corresponds to the FDR corrected P-value threshold
of significance (α=0.05). The color of each dot represents the different taxonomic affiliation
of the OTUs (order level) and their sizes to their relative abundances in their respective
samples (a, gifu root samples; b, mutant root samples; c, wild-type rhizosphere samples;
d, mutant rhizosphere samples). Grey boxes are used to denote the different taxonomic
groups (order level).
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Figure 6.5: Manhattan plots showing root- and rhizosphere-enriched OTUs in
WT and mutant Lotus. (Caption on previous page).
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6.4.4 The symbiosis pathway drives root and rhizosphere differentia-

tion across multiple bacterial orders

We dissected the observed bacterial community shifts by arranging OTUs according

to their taxonomy and displaying their enrichment in root or rhizosphere of WT and

symbiotic mutants in a set of Manhattan plots (6.6). The results revealed unexpectedly

nuanced taxonomic alterations underlying the community shifts in the plant-associated

compartments (Figure 6.5A-B). Whereas WT plants host root-enriched OTUs belong-

ing to a wide range of bacterial orders, mutants roots fail to enrich any member of

the order Flavobacteriales, Myxococcales, Pseudomonadales, Rhizobiales, and Sphin-

gomonadales above a threshold of significance (FDR corrected P-values; α=0.05). In

addition, a striking enrichment of more than 15 Burkholderiales OTUs in WT roots con-

trasts with a marginal enrichment of this order in the symbiotic mutants. However, the

mutant roots retain the capacity to enrich OTUs belonging to the orders Actinobacteri-

dae, Rhodospirilalles, Sphingobacteriales and Xanthomonadales (Figure 6.5A-B). Strik-

ingly, we found an almost inverse pattern when we consider the rhizosphere-enriched

OTUs in WT and mutant plants: both the number and the taxonomic diversity of

significantly enriched OTUs increased dramatically in the mutants compared to WT

(Figure 6.5C-D).

Next, we compared directly the WT and mutants to identify OTUs differentially abun-

dant in root or rhizosphere (Figure 6.6A and Supporting Figure 6.13). We found that

the community shift that separates host genotypes (Figure 6.2B). is largely caused by

numerous OTUs that are specifically enriched (n=45) or depleted (n=15) in WT roots

with respect to mutant root samples (Figure 6.6A) belonging to at least 14 bacterial

orders (Supporting Figure 6.13A-B). We observed a parallel effect on OTUs of a similar

taxonomic profile when comparing rhizosphere samples across genotypes, and identi-

fied numerous OTUs enriched (n=27) or depleted (n=6) in the WT rhizosphere (Figure

6.6B and Supporting Figure 6.13C-D).

Next, we examined whether the complex community shifts observed at the order taxo-

nomic rank were also detectable at the higher phylum rank. Interestingly, we found only

minor differences between the roots of WT and mutant Lotus plants for Actinobacteria

(15.07% and 11.91% average RA, respectively) and Bacteroidetes (7.56% and 11.06%

RA, respectively) in the root samples, whereas the aggregated RAs of OTUs assigned

to Proteobacteria (∼70%) and Firmicutes (∼2%) were almost indistinguishable (Sup-

porting Figure 6.14A). Similarly, we found no significant differences between WT and

mutant rhizosphere analyzed for these four dominant phyla (Supporting Figure 6.14B).
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Figure 6.6: Differentially enriched OTUs between WT and mutant Lotus. (a)
Heatmaps showing relative abundances of all OTUs found to be significantly enriched in
the root samples of wild-type plants grown in CAS10 soil with respect to the symbiosis-
impaired mutants (top panel) or significantly enriched in the root samples of the mutants
compared to gifu (bottom panel). (b) Heatmaps showing relative abundances of all OTUs
found to be significantly enriched in the rhizosphere samples of wild-type plants grown in
CAS10 soil with respect to the symbiosis- impaired mutants (top panel) or significantly
enriched in the rhizosphere samples of the mutants compared to gifu (bottom panel). Labels
at the bottom of each column correspond to biological (numbers) and technical replicates
(letters). Enrichment tests were performed using the negative binomial generalized log-
linear model and P-values were FDR adjusted.
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6.4.5 Comparable immune- and symbiosis-related metabolic responses

in soil-grown WT and symbiotic mutant roots

The extensive changes of root microbiota structure across multiple bacterial orders in

the symbiosis mutants prompted us to investigate whether mutant roots display al-

tered immune- or symbiosis-related metabolic responses that, indirectly, perturb an

orderly microbiota establishment. We quantified relative transcript levels for a panel

of defense and symbiotic marker genes using WT and mutant root tissue samples that

were processed as for the 16S rRNA gene community profiling. Analysis of eight genes

induced during pathogen defense in Lotus or likely representing Lotus orthologs of Ara-

bidopsis defense marker genes revealed that WT and mutant roots accumulate similar

transcript levels, indicative of a comparable immune status (Supporting Figure 6.15A).

We also tested whether WT and mutant roots differed in expression levels of genes

that have been reported to contribute to the metabolic state established between host

and nitrogen-fixing symbiont (Szczyglowski et al., 1998; Hwang et al., 2010; Flemetakis

et al., 2003; Welham et al., 2009). We found comparable transcript levels of Nodulin26,

Nodulin70, Sucrose transporter4, and Invertase1 in the tested genotypes, suggesting

similar metabolic responses in the WT and mutants roots (Supporting Figure 6.15B).

On the other hand, early symbiotic genes like Nin, Peroxidase and Thaumatin were

induced in WT or lhk1 and nin-2 mutants, but not in nfr5 -2 roots, indicating that

soil-grown symbiotic mutants maintain their previously described, gradually impaired,

root response to nitrogen-fixing rhizobia (Schauser et al., 1999; Murray et al., 2007;

Hogslund et al., 2009; Madsen et al., 2003) (Supporting Figure 6.15C). Direct measure-

ments of total protein content revealed comparable levels in WT and symbiotic mutants

(Supporting Figure 6.16). while quantification of nitrate levels revealed significant dif-

ferences between nfr5, nin and lhk1 or WT, indicating that regulation of nitrate uptake,

which has a known inhibitory effect on nodulation (Carroll and Gresshoff, 1983; Reid

et al., 2016), operates downstream of Nin (Supporting Figure 6.16). Together, these

results suggest that a nitrogen sufficient status is reached in all tested genotypes, but

that the nitrogen source, N2 or nitrate, might differ among them.

6.4.6 Lotus japonicus and various Brassicaceae species assemble highly

diverged root-inhabiting bacterial communities

We have previously shown that Arabidopsis thaliana and three other Brassicaceae

species (Cardamine hirsuta, A. halleri and A. lyrata), grown in Cologne soil, assemble

a highly similar root microbiota, characterized only by small quantitative differences
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of community profiles (Schlaeppi et al., 2014). We retrieved the corresponding raw

16S sequence reads and performed de novo OTU clustering together with the amplicon

data of WT and symbiotic Lotus mutants (Figure 6.7). PCoA of Bray-Curtis distances

revealed a clear separation of root and soil samples, but also a marked distinction be-

tween all Lotus and Brassicaceae samples (Figure 6.7), indicating that both WT and

symbiosis-impaired Lotus plants harbor strikingly distinctive root microbiota compared

to those of the four tested Brassicaceae species.

Figure 6.7: Comparison between Arabidopsis and Lotus root bacterial com-
munities. PCoA plot of Bray-Curtis distances for root an soil samples showing a clear
separation between the roots of all Lotus genotypes (circles) compared to those of Ara-
bidopsis and relative species (hollow shapes) grown in Cologne soil and sequenced using
the same primer set.
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Figure 6.8: Comparison between Arabidopsis and Lotus root bacterial com-
munities. Relative abundances aggregated to the phylum (b) and order taxonomic levels
(b; 10 most abundant orders) showing a comparison between Arabidopsis thaliana (n=26)
and Lotus japonicus root samples (n=74).

Quantitative analysis of WT Lotus japonicus and Arabidopsis thaliana root-enriched

OTUs revealed significant and contrasting differences already at the phylum level pri-

marily reflected in the abundances of Proteobacteria and Actinobacteria (Figure 6.8A).

Similar rank abundance analysis performed at the order level identified particular

taxonomic lineages contributing to the differences between these two plant species;

Burkholderiales and Caulobacterales are more abundant in Lotus roots, while Actino-

mycetales, Myxococcales and Sphingomonadales have higher abundances in Arabidopsis

roots (Figure 6.8B).
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6.4.7 Symbiosis-impaired mutants maintain an altered community struc-

ture in nitrogen-supplemented soil

Nitrogen-fixing symbiosis is nitrogen-sensitive, and already from 2 mM KNO3 concen-

tration, reduced nodulation and infection were observed in Lotus (Reid et al., 2016). To

determine if the community shifts observed in Lotus mutant roots and the rhizosphere

were caused by a potentially differential nitrogen status, we performed a similar com-

munity analysis using plants grown in Cologne soil (different soil batch) supplemented

with 10 mM KNO3 . In these conditions, the symbiotic mutants no long had a pale leaf

phenotype as observed in non-supplemented soil (Supporting Figure 6.17) and the WT

plants developed no functional nodules, based on their low number and small and white

appearance at the time of harvest. Despite similar nitrogen content in WT and mutant

roots (Supporting Figure 6.17) we found that the differential phenotypes (stature and

fresh weight) seen in non-supplemented soil were retained under nitrogen-supplemented

conditions (Supporting Figure 6.17) indicating that an intact symbiosis pathway pro-

motes plant growth irrespective of the presence of functional nodules. Based on the

similar macroscopic phenotypes of the symbiotic mutants in response to the nitrogen

supplementation, we then analyzed the composition of bacterial communities in WT

and two Nod factor receptor mutants, nfr5 -2 and nfr5 -3. Remarkably, the PCoA re-

vealed a similar shift in the root and rhizosphere communities of the mutants relative to

the corresponding WT compartments for plants grown in nitrogen-supplemented soil

(21.20% of the variance, P < 0.001; Supporting Figure 6.18A) as in the nonsupple-

mented Cologne soil (21.80% of the variance, P < 0.001; (Supporting Figure 6.18B).

Finally, no detectable differences in soil biome composition were seen between nitrogen-

supplemented and non-supplemented unplanted soil samples (Dataset S4). Together,

these results provide evidence for a direct impact of the disabled symbiosis pathway on

the root-associated community structure rather than an indirect effect resulting from

abolished symbiotic nitrogen fixation.

6.5 Discussion

Here, we have characterized the root microbiota of the model legume L. japonicus

using a 16S rRNA amplicon survey. By employing a panel of nitrogen-fixing symbiosis-

impaired mutants we have investigated the role of host genes with known functions in

the establishment of a highly specific and binary symbiotic plant-microbe association

in the context of the root-associated bacterial community. Our study reveals that key
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symbiotic genes play a major role in the establishment of taxonomically structured

bacterial communities in the root and rhizosphere of L. japonicus (Figure 6.4). which

extends their role beyond the perception and selection of nitrogen-fixing rhizobia for

intracellular accommodation in nodules. The observed impact of disenabling symbiosis

in Lotus seemingly differs from analogous perturbations in insects and mammals, where

impairment of symbiosis in the gut leads to the accumulation of pathogens and dra-

matic consequences for the health of the host (Brandl et al., 2008; Dessein et al., 2009;

Round and Mazmanian, 2009). Cologne soil-grown Lotus symbiotic mutants showed

no signs of disease or altered immune response in comparison to WT (Figure 6.1 and

Supporting Figure 6.15). However, it remains possible that the observed reduced plant

growth (Figure 6.1) leads to lower reproductive fitness of the mutant plants in a natural

ecosystem.

Genetic disruption of nitrogen-fixing symbiosis resulted in depletion of six bacterial or-

ders from the root compartment, including the most abundant order identified in WT,

Burkholderiales (Figure 6.5A-B and Figure 6.7B). Rhizobium acts therefore as a bac-

terial ’hub’ for Lotus roots, in analogy to the Albugo oomycete pathogen that largely

affected the phyllosphere microbiome of Arabidopsis after infection (Agler et al., 2016).

Two mutually non-exclusive scenarios could account for the observed dramatic commu-

nity shift inside roots: i) cooperative microbe-microbe interactions between symbiotic

nitrogen-fixing bacteria and a subset of root microbiota members or ii) direct use of

the nodulation pathway by soil-borne bacteria other than nodulating rhizobia for en-

try and proliferation inside legume roots. Quantification of selected transcripts in WT

and mutant roots provided evidence for a similar immune status and symbiosis-specific

metabolic responses, but as expected, differential expression of the symbiotic genes

(Supporting Figure 6.15). These results support the hypothesis of a direct rather than

indirect engagement of the nitrogen-fixing symbiosis pathway in the selection of spe-

cific bacterial taxa other than nodulating rhizobia. The beneficial association with

Burkholderiales is habitual for legumes. For example, Mimosa genera within South

America and legumes from the Papilionoideae subfamily in South Africa are known to

form an ancient and stable symbiosis with nitrogen-fixing Burkholderia lineages inside

nodules (Bontemps et al., 2010; Garau et al., 2009; Angus and Hirsch, 2010). Members

of the order Burkholderiales, which are dramatically depleted in the Lotus mutants,

are also known for potent plant growth promotion activities in non-leguminous plants

(Touceda-Gonzalez et al., 2015). The inclusion of legumes in a cropping rotation se-

quence in agriculture generally enriches the soil, but the symbiotic nitrogen fixation

alone cannot explain the productivity increase in the subsequent crop (Peoples et al.,
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2009). Thus, our study raises the intriguing possibility that, besides the activity of

nitrogen-fixing bacteria, the selective enrichment of other symbiosis-linked root mi-

crobiota members influences the soil biome and, consequently, soil bio-fertilization by

legumes might involve a much wider taxonomic range than currently thought.

Our statistical analyses revealed a major impact of the host genotype on the Lotus

root microbiota, which explains 9.82% of the variance of the data (Figure 6.2B). This

genotype effect is almost two-fold larger than that identified when comparing the root-

associated communities of WT and severely immunocompromised A. thaliana mutants

(Lebeis et al., 2015) or between A. thaliana and three Brassicaceae species that diverged

up to 35 Mya (Schlaeppi et al., 2014). These findings demonstrate that the early nodu-

lation signaling pathway, besides its established role for the onset of nitrogen-fixing

symbiosis, exerts a major influence on the composition of Lotus root- and rhizosphere-

associated bacterial communities. Interestingly, the community shifts detected in nfr5,

nin and lhk1 mutant roots are very similar (Figure 6.2B), despite differences in nitrate

content (Supporting Figure 6.16B). and colonization phenotypes with nitrogen-fixing

rhizobia (Figure 6.1). In nfr5 and nin mutants the infection process is either not initi-

ated, or terminated at the microcolony stage, respectively, whereas lhk1 plants develop

a large number of root hair infection threads that subsequently fail to infect cortical

cells (Schauser et al., 1999; Murray et al., 2007; Madsen et al., 2010). The similarity

in community shifts between all three tested mutants is likely related to our stringent

root fractionation protocol, which is based on a combination of washing and sonication

treatments and is known to damage the integrity of the root epidermis (Bulgarelli et al.,

2012; Dombrowski et al., 2016), depleting both epiphytes and epidermal endophytes.

Since the three mutants had comparable shoot appearance and protein levels, while

differing in nitrate content, this suggests that the similar community shifts are unlikely

to be caused by nitrogen stress.

Recent studies have shown that, upon microbiota acquisition, the root-associated bac-

terial assemblage remains robust against major changes in plant stature and source-sink

relationships, i.e. in non-flowering and flowering mutants of the Arabidopsis thaliana

relative Arabis alpina (Dombrowski et al., 2016). This microbiota stability is also ob-

served here, where a clear separation between the root and rhizosphere of WT and

symbiosis-impaired Lotus plants is retained when plants are grown under different ni-

trate conditions (Figure 6.18). The latter observation is also strong evidence that the

root-associated community shift in the symbiotic mutants is a direct consequence of

the disabled symbiosis pathway rather than an indirect effect resulting from abolished

symbiotic nitrogen fixation.
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Previous controlled co-inoculation experiments with Mesorhizobium loti and various

root endophytes have shown that Lotus can selectively guide various endophytic bac-

teria towards nodule primordia via symbiont-induced infection threads, and that en-

dophyte and symbiont can promote each other’s infection of the host (Zgadzaj et al.,

2015). These experiments focused on nodule colonization and were conducted using

a gnotobiotic plant system with a limited number of endophytes. Our bacterial com-

munity profiling data obtained with soil-grown symbiotic mutants allowed testing the

contribution of infection thread-dependent root colonization by natural populations of

compatible endophytes present in soil. Indeed, the large number of bacterial taxa found

depleted in nfr5, nin and lhk1 genotypes (Supporting Figure 6.13) suggests that infec-

tion threads arrested in WT root epidermis or cortex may facilitate root colonization by

endophytes. This finding implies additional functions of these host genes, besides rhi-

zobial infection, for efficient root cortex colonization by a subset of the root microbiota.

Our community profiling data also identified some bacterial orders that are enriched in

the roots of the soil-grown symbiotic mutants, thus their root colonization takes place

independently of nitrogen-fixing symbiosis. This suggests that these endophytic taxa

employ alternative entry routes for root infection. One of these mechanisms is crack

entry, which occurs at the base of emerging lateral roots and is likely also an impor-

tant entry portal for root endophytes in non-leguminous plants (Patriquin et al., 1983;

Egener et al., 1998; Chi et al., 2005).

Our study revealed that Lotus growth in Cologne soil did not interfere with the host-

symbiont compatibility described previously in mono-associations with plants grown

in artificial media (Handberg and Stougaard, 1992). This high selectivity is evidenced

by only 12 nodule-enriched OTUs among a total of 1,834 OTUs in our dataset and by

Mesorhizobium members representing the most abundant OTUs inside nodules (Fig-

ure 6.3A). Remarkably, nodule-enriched OTUs had a similar relative abundance in

root and rhizosphere compartments, suggesting linked selection process(es) in all three

compartments. Furthermore, nodule-enriched OTUs were depleted from the mutant

root samples, which corroborates our hypothesis that the intact symbiotic pathway

is selecting rhizobia during infection in both root cortex and nodules. Interestingly,

the remaining portion of the nodule community contained representatives from more

than 20 bacterial orders (OTUs > 0.05% RA; Figure 6.3B), showing that nodules de-

fine a selective, but not exclusive, niche for rhizobia. The overlap between root- and

nodule-inhabiting OTUs could be explained by the root-derived origin of nodules or by

a specific capacity of these taxa to infect both organs via crack entry (Madsen et al.,

2010).
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Interestingly, nodule-enriched Mesorhizobium OTUs were not only depleted from sym-

biotic mutant roots but also from their rhizosphere, indicating that root-derived dif-

fusible compounds, produced by WT plants with the intact symbiotic pathway, exert a

role in enriching symbionts in soil that adheres to the legume root surface. Thus, our

findings support previous observations that maintenance of highly symbiotic isolates in

the soil is not only a function of rhizobia release from decaying nodules, but is also de-

pendent on persistent host selective pressure (Triplett et al., 1993; Thies et al., 1995). A

likely scenario for this enrichment is a positive feedback mechanism in which symbiont-

initiated signaling leads to further enrichment of symbionts in the rhizosphere. Legume

root-derived flavonoids are candidate diffusible signaling molecules in such a feedback

mechanism as their profile was shown to change during root-nodule symbiosis (Zuanazzi

et al., 1998; Rispail et al., 2010) and their broad impact on soil bacterial communities

(White et al., 2015; Szoboszlay et al., 2016), especially on symbiotic rhizobia, has been

documented (Hartwig et al., 1991; Dakora and Phillips, 1996).

Our comparative analyses of the root microbiota from L. japonicus and four Brassi-

caceae species grown in Cologne soil (Schlaeppi et al., 2014) revealed a highly distinctive

community composition irrespective of an intact or dysfunctional symbiosis pathway

(Figure 6.7). Lotus and Arabidopsis ancestors diverged ∼118 MYA (Magallon et al.,

2015) and two major evolutionary events took place soon after their separation: loss

of arbuscular mycorrhiza (AM) symbiosis in the Brassicaceae (Delaux et al., 2014) and

gain of nitrogen-fixation predisposition in the legume predecessor (Werner et al., 2014)).

Thus, our findings suggest that the marked distinctiveness of the Lotus-specific root

microbiota is not governed by the evolved functions of Nfr5, Nin or Lhk1, despite their

major effect on root microbiota composition, but is possibly linked to the loss of AM

symbiosis in the Brassicaceae lineage. This can be tested by future experiments with

mutants affecting Lotus ’common symbiosis genes’ that fail to establish both symbiotic

relationships with AM fungi and nodulating rhizobia (Stracke et al., 2002; Kanamori

et al., 2006; Charpentier et al., 2008).

6.6 Materials and methods

6.6.1 Soil and plant material

Seeds of L. japonicus WT, ecotype Gifu B-129 and the corresponding symbiosis-deficient

mutants nfr5 -2, nfr5 -3, lhk1 -1 and nin-2 were grown in soil batches collected from an
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agricultural field located at the Max Planck Institute for Plant Breeding Research

in Cologne, Germany (50.958N, 6.865E) in the following seasons: CAS8-spring 2013,

CAS9-fall 2013, CAS10-spring 2014. For each genotype and soil batch, 3 biological

replicas were obtained, and the samples were harvested from 10 weeks-old plants grown

in the greenhouse (day/night cycle 16/8h, light intensity 6000 LUX, temperature: 20

degrees C, relative humidity: 60%).

6.6.2 Sample and 16S rRNA library preparations

Fragments of the root systems (4 cm-long starting 1 cm below hypocotyl) were washed

and ultrasound treated to separate the rhizosphere, root and nodule compartments.

First wash containing the root-adhering soil layer defined the rhizosphere compart-

ment. Nodules and visible primordia, were separated from washed root fragments of

nodulating genotypes (WT and lhk1 -1) with a scalpel. Root samples were exposed to

10 cycles of 30’ ultrasound treatment, and the nodules to 3 cycles in order to avoid

tissue out-burst. Homogenized samples were transferred to lysis buffer and DNA ex-

traction was performed following the manufacturer’s protocol (MP Bioproducts). DNA

concentrations were measured fluorometrically (Quant-iT PicoGreen dsDNA assay kit,

Life Technologies, Darmstadt, Germany), and finally adjusted to 3,5 ng/μl. Primers

targeting the variable V5-V7 regions of bacterial 16S rRNA genes (799F and 1193R)

(Bulgarelli et al., 2012; Chelius and Triplett, 2001) were used for amplification. For

each sample, triplicate amplifications were performed using three independent PCR

mixtures (9 replicates per sample in total, along with no template controls). Amplifi-

cation products were combined, purified and subjected to 454 sequencing.

6.6.3 Quantitative RT-PCR

WT and mutant root samples were used for mRNA isolation using oligodT DYNA

beads following the protocol of the manufacturer (Invitrogen). The mRNA was sub-

sequently used as template for cDNA synthesis using an oligodT primer. The same

cDNA pool was used for amplification of all tested transcripts in each sample. Quanti-

tative PCR was performed on the LightCycler (Roche Molecular Biochemicals) using

FastStart DNA master SYBR greenI kit (Roche). The relative quantification software

(Roche) was used to determine the efficiency-corrected relative transcript concentra-

tion, normalized to a calibrator sample. ATP, UBC, PP2A were used as housekeeping

genes. For each genotype, normalized relative ratios of the target genes and the three

independent housekeeping genes have been calculated using the Relative Quantification
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Software (Quant) from Roche. The geometric mean of the relative expression ratios for

the three biological and three technical replicates and the corresponding 95% intervals

of confidence have been calculated.

6.6.4 Computational analyses

The 16S rRNA gene sequences were processed using a combination of custom scripts

as well as tools from the QIIME (Caporaso et al., 2010) and USEARCH (Edgar, 2010)

pipelines. First, reads were truncated to an even length (290 bp) using the trun-

cate fasta qual files.py QIIME script. Libraries were demultiplexed (split libraries.py)

and only reads with a quality score Q > 25 were retained for subsequent analy-

sis. After dereplication and removal of singletons we conducted de novo clustering

of sequences into OTUs using the UPARSE algorithm (Edgar, 2013) at 97% iden-

tity. Next, chimeric sequences were filtered using the UCHIME algorithm (Edgar

et al., 2011) implemented in the USEARCH pipeline and the ’gold’ database (http:

//drive5.com/uchime/gold.fa) as a reference. An additional filtering step was per-

formed by first aligning all OTU representative sequences to the greengenes database

(DeSantis et al., 2006) using PyNAST (Caporaso et al., 2010) (align seqs.py script in

QIIME) and subsequently discarding sequences not aligned to the database at least at

75% identity. OTU representative sequences were classified taxonomically using the

RDP classifier (Wang et al., 2007) and the uclust algorithm (Edgar, 2010) trained on

the greengenes database. The resulting OTU table was used in all subsequent statistical

analyses of differentially abundant taxa as well analyses of alpha- and beta-diversity.

Indices of alpha-diversity indices (Shannon, chao1 and number of observed OTUs)

were calculated after subsampling to an even depth of 1,000 reads (QIIME script

alpha diversity.py). Measures of beta-diversity (Bray-Curtis and weighted and un-

weighted UniFrac) (Lozupone et al., 2011) were calculated on a normalized OTU table

(CSS method with QIIME script function beta diversity.py). Principle Coordinate

Analysis (PCoA) was done by classical multidimensional scaling of beta-diversity dis-

tance matrices using the cmdscale function in R. Canonical Analysis of Principle Com-

ponents Coordinates (Anderson and Willis, 2003) was computed using the capscale

function implemented in the ’vegan’ R library, by constraining for the variable of inter-

est and conditioning for the remaining factors. Statistical significance was determined

using a permutation-based ANOVA test implemented in anova.cca function using 5,000

permutations. Statistical analyses of differentially abundant OTUs were performed us-

ing the edgeR library (Robinson et al., 2010). Briefly, we first obtained normalization
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factors using the function calcNormFactors and subsequently estimated common and

tag-wise dispersions for a Negative Binomial Generalized Linear Model (GLM) using

the estimateGLMCommonDisp and estimateGLMTagwiseDisp functions, respectively.

In order to test for differential OTU abundances, we then fit a negative binomial gener-

alized log-linear model to the read counts for OTU using the glmFit function. P values

were corrected for multiple tests using the approach of (Benjamini and Hochberg, 1995)

with α=0.05.

6.6.5 Metabolite analyses

Root nitrate contents were determined by ion chromatography method as previously

described (Koprivova et al., 2014). Approximately 20 mg plant tissue was homogenized

and extracted in 1 mL of sterile water for 1 hour at 4 degrees C. The extracts were

heated for 15 min at 95 degrees C and centrifuged for 15 min at 13,000 rpm. Ten μL of

the extracts were analysed on Dionex IonPac AS22 RFIC 4x250 mm analytical column

(Thermo Scientific) using a carbonate buffer (4.5 mM Na2CO3, 1.4 mM NaHCO3) as

eluent at 1 mL/min in an isocratic mode and a Dionex ICS-1100 ion chromatography

system. Proteins were extracted in 10 mM Tris/HCl buffer, pH 8 and determined with

a Bio-Rad Protein Assay Kit using bovine serum albumin as standard.
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Figure 6.9: Harvesting procedures applied for compartment separation of nodulating (a)
and non-nodulating (b) genotypes of Lotus japonicus.
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Figure 6.10: Analysis of alpha-diversity. Analisys of alpha-diversity (within sample
diversity) based on the Shannon index in the soil (n=27), rhizosphere (n=38), root (n=62)
and nodule (n=18) compartments. Each dot corresponds to an individual sample, colored
by compartment and each host genotype is represented by a different shape. Each sample
was rarefied to an depth of 1,000 reads before the analysis.
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Figure 6.11: PCoA analysis of beta-diversity by soil batch. PCoA plots of Bray-
Curtis distances for samples from each soil batch (a, CAS8, n=63; b, CAS9, n=31 and c,
CAS10, n=72). Each point corresponds to a different sample, colored by compartment.
Host genotype is represented by different shapes.
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Figure 6.12: CPCoA analysis after in silico depletion of nodule-enriched OTUs.
Constrained PCoA plot of Bray-Curtis distances constrained by genotype after in silico
depletion of nodule-enriched OTUs (9.72% of variance explained, P<0.001; n=164). Each
point corresponds to a different sample, colored by compartment and each host genotype
is represented by a different shape. The percentage of variation indicated in each axis
corresponds to the fraction of the total variance explained by the projection.
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Figure 6.13: Manhattan plots showing differentially abundant OTUs in WT
and mutant Lotus. (Caption on next page).
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Figure 6.13: Manhattan plots showing differentially abundant OTUs in WT
and mutant Lotus. (Figure on previous page).
Manhattan plots showing OTUs enriched in wild-type root compared to mutant root sam-
ples (a), depleted in the wild-type with respect to the mutants (b), enriched in the wild-type
rhizosphere compared with respect to the mutants (c) or depleted in gifu rhizosphere with
respect to the mutant rhizosphere (d). Significantly enriched OTUs are depicted as full
circles. The dashed line corresponds to the FDR corrected P-value threshold of signifi-
cance (α=0.05). The color of each dot represents the different taxonomic affiliation of the
OTUs (order level) and their sizes to their relative abundances in their respective samples
(a, wild-type root samples; b, mutant root samples). Grey boxes are used to denote the
different taxonomic groups (order level).

Figure 6.14: Phylum-level relative abundances in WT and mutant Lotus roots.
Relative abundances aggregated to the phylum taxonomic level showing a comparison
between wild-type and the mutant root (a; n=74) and rhizosphere (b; n=63) samples.
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Figure 6.15: Expression of immune- and symbiosis-related marker genes in WT
and mutant. Soil-grown wild-type and symbiotic mutants differ in the expression of early
symbiotic genes, but show comparable immune- and symbiosis-related metabolic responses.
Relative transcript levels of (a) immune-response genes (LjPR1b, LjErf1, LjMyc2 LjNpr1,
Ljwrky70, LjJar1, LjIcs1, LjCoi1), (b) symbiosis-related metabolic responses (LjInv1,
LjNod26, LjNod70, LjSut4) and (c) early symbiotic genes (LjNin, LjPeroxidase, LjThau-
matin, LjPR1a).
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Figure 6.16: Concentration of soluble proteins and nitrate in Lotus roots. Roots
of soil-grown wild-type and symbiotic mutants have the same protein concentration but
differ in nitrate pool. Concentration of (a) soluble proteins and (b) nitrate in roots across
Lotus genotypes. Bars correspond to the standard deviation between samples.
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Figure 6.17: Macroscopic phenotypes of L. japonicus WT and mutant plants
grown under nitrogen-supplemented conditions. (a) Images depicting L. japonicus
wild-type (a) and root nodule symbiosis-deficient mutant plants lhk1 -1 (b) nfr5 -2 (c) and
nfr5 -3 (d) and nin2 (e) grown in natural soil. The lower panels display an identical set of
genotypes, wild-type (f), hit1 -1 (g), nfr5 -2 (h), nfr5 -3 (i) and nin2 (j), grown in natural
soil supplemented with 10 mM potassium nitrate. Scale bars correspond to 1cm. (k)
differences in nitrate concentrations in the roots of wild-type and Lotus mutants under
both conditions. Differences in fresh weight of wild-type Lotus and mutant plants grown
in natural soil (l) and in natural soil supplemented with potassium nitrate (m).
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Figure 6.18: Beta-diversity analyses of nitrogen-suplemented L. japonicus WT
and mutant plants. (a) Constrained PCoA plot of Bray-Curtis distances between sam-
ples from KNO3 treated CAS11 soil constrained by genotype (21.2% of variance, P>0.001;
n=61). (b) Contrained PCoA plot of Bray-Curtis distances between CAS11 untreated
samples constrained by genotype (21.8% of variance explained, P<0.001; n=58). Each
point corresponds to a different sample, colored by compartment and each host genotype
is represented by a different shape. The percentage of variation indicated in each axis
corresponds to the fraction of the total variance explained by the projection.
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7.1 Abstract

Roots and leaves of healthy plants host taxonomically structured bacterial assemblies,

and members of these communities contribute to plant growth and health. We estab-

lished Arabidopsis leaf- and root-derived microbiota culture collections representing the

majority of bacterial species that are reproducibly detectable by culture-independent

community sequencing. We found an extensive taxonomic overlap between the leaf and

root microbiota. Genome drafts of 400 isolates revealed a large overlap of genome-

encoded functional capabilities between leaf- and root-derived bacteria with few signif-

icant differences at the level of individual functional categories. Using defined bacterial

communities and a gnotobiotic Arabidopsis plant system we show that the isolates

form assemblies resembling natural microbiota on their cognate host organs, but are

also capable of ectopic leaf or root colonization. While this raises the possibility of

reciprocal relocation between root and leaf microbiota members, genome information

and recolonization experiments also provide evidence for microbiota specialization to

their respective niche.

7.2 Introduction

Plants and animals harbour abundant and diverse bacterial microbiota (Rosenberg and

Xilber-Rosenberg, 2013). These taxonomically structured bacterial communities have

important functions for the health of their multicellular eukaryotic hosts (Spor et al.,

2011; Berendsen et al., 2012; Subramanian, 2015). The leaf and root microbiota of

flowering plants have been extensively studied by culture-independent analyses, which

have consistently revealed the co-occurrence of four main bacterial phyla: Actinobac-

teria, Bacteroidetes, Firmicutes and Proteobacteria (Delmotte, 2009; Bulgarelli et al.,

2012; Lundberg et al., 2012; Vorholt, 2012; Bodenhausen et al., 2013; Guttman et al.,

2014; Horton, 2014; Schlaeppi et al., 2014; Edwards et al., 2015; Hacquard et al., 2015;

Bulgarelli et al., 2015). Determinants of microbiota composition at lower taxonomic

ranks, that is, at genus and species level, are host compartment, environmental factors

and host genotype (Bulgarelli et al., 2012; Lundberg et al., 2012; Schlaeppi et al., 2014;

Lebeis et al., 2015).

Soil harbours an extraordinary rich diversity of bacteria and these define the start

inoculum of the Arabidopsis thaliana root microbiota (Bulgarelli et al., 2012; Lund-

berg et al., 2012). The inoculum source of the leaf microbiota is thought to be more

variable owing to the inherently open nature of the leaf ecosystem, probably involving
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bacteria transmitted by aerosols, insects, or soil (Vorholt, 2012; Bodenhausen et al.,

2013; Maignien et al., 2014). A recent study of the grapevine (Vitis vinifera) micro-

biota showed that the root-associated bacterial assemblies differed significantly from

aboveground communities, but that microbiota of leaves, flowers, and grapes shared a

greater proportion of taxa with soil communities than with each other, suggesting that

soil may serve as a common bacterial reservoir for belowground and aboveground plant

microbiota (Zarraonaindia et al., 2015).

A major limitation of current plant microbiota research is the lack of systematic micro-

biota culture collections that can be employed in microbiota reconstitution experiments

with germ-free plants to address principles underlying community assembly and pro-

posed microbiota functions for plant health under laboratory conditions (Lebeis et al.,

2012).

7.3 Results

7.3.1 Bacterial culture collections from roots and leaves

We employed three bacterial isolation procedures to establish taxonomically diverse

culture collections of the A. thaliana root and leaf microbiota. Bacterial isolates were

recovered from pooled or individual roots or leaves of healthy plants using colony pick-

ing from agar plates, limiting dilution in liquid media in 96-well microtitre plates, or

microbial cell sorting (see 7.5). We adopted a two-step bar-coded pyrosequencing pro-

tocol (Goodman et al., 2011) for taxonomic classification of the cultured bacteria by

determining ≥550 base pairs (bp) 16S ribosomal RNA (rRNA) gene sequences (Sup-

porting Figure 7.6; 7.5). In parallel, parts of the root and leaf material was used

for cultivation-independent 16S rRNA gene community sequencing to cross-reference

Operational Taxonomic Unit (OTU)-defined taxa from the microbiota with individual

colony forming units (CFUs) in the culture collections.

A total of 5,812 CFUs were recovered from 59 independently pooled A. thaliana root

samples of plants mainly grown in Cologne soil, Germany, whereas 2,131 CFUs were

retrieved from leaf washes of individual leaves collected from A. thaliana populations

at six locations near Tübingen, Germany, or Zurich, Switzerland (Supporting Mate-

rial). Recovery estimates for root-associated OTUs were calculated using the culture-

independent community profiles of the present and two earlier studies (Bulgarelli et al.,

2012; Schlaeppi et al., 2014) and varied for the top 100 OTUs (70% of sequencing

reads) between 54-65% and at ≥0.1% relative abundance (RA) between 52-64% (7.5;
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Supporting Material). For leaf samples, the culture-independent 16S rRNA gene anal-

yses from individual and pooled leaves (60 samples from six sites) revealed similar

community profiles at all tested geographic sites and high leaf-to-leaf consistency (Sup-

porting Material). Recovery estimates of the top 100 leaf-associated bacterial OTUs

(86% of all sequencing reads) were 54% and at ≥0.1% RA 47% (Supporting Material).

The root-derived CFUs correspond to 23 of 38 and the leaf-derived CFUs belong to

28 of 45 detectable bacterial families. Root- and leaf-derived CFUs each represent all

four bacterial phyla typically associated with A. thaliana roots and leaves. Thus, most

bacterial families that are reproducibly associated with A. thaliana roots and leaves

have culturable members.

7.3.2 At-RSPHERE and At-LSPHERE culture collections

We selected from the aforementioned culture collections a taxonomi- cally representa-

tive core set of bacterial strains after Sanger sequencing of a ≥550 bp fragment of the

16S rRNA gene and additional strain purification (7.5). To increase the intra-species

genetic diversity of the culture collections, and because the quantitative contribution

of a single isolate to its corresponding OTU cannot be estimated, we included bacte-

rial strains sharing ≥97% 16S rRNA gene sequence identity (widely used for bacterial

species definition), but representing independent host colonization events, that is, re-

covered from different plant roots or leaves. In total we selected 206 root-derived

isolates that comprise 28 bacterial families belonging to four phyla (designated At-

RSPHERE) and 224 leaf-derived isolates that comprise 29 bacterial families belonging

to five phyla (designated At-LSPHERE) (Supporting Material; 7.5). Additionally, to

represent abundant soil OTUs (≥0.1% RA) we selected 33 bacterial isolates encom-

passing eight bacterial families belonging to three phyla from unplanted Cologne soil

(Supporting Material).

Figure 7.1: Taxonomic distribution of At-RSPHERE and At-LSPHERE. (Figure
on next page). Phylogenetic trees of At-RSPHERE (a; n=206 isolates) and At-LSPHERE
(b; n=224 isolates) bacteria. Their taxonomic overlap is shown in the outermost ring (green
or brown triangles). a, Representation of At-RSPHERE bacteria in each of four indicated
culture-independent profiling studies of the A. thaliana root microbiota; root-associated
OTUs with RAs ≥0.1% (dark orange) or ≥0.1% (light orange). b, Representation of At-
LSPHERE bacteria in the two indicated culture-independent phyllosphere profiling studies;
leaf-associated OTUs with RAs ≥0.1% (dark green) or <0.1% (light green). Taxonomic
assignment and phylogenetic tree inference were based on partial 16S rRNA gene Sanger
sequences.
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Figure 7.1: Taxonomic distribution of At-RSPHERE and At-LSPHERE. (Cap-
tion on previous page).
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Notably, the majority of the At-RSPHERE isolates share ≥97% 16S rRNA gene se-

quence identity matches with root-associated OTUs reported in four independent stud-

ies in which A. thaliana plants had been grown in Cologne soil or other European (Bul-

garelli et al., 2012; Schlaeppi et al., 2014) or US soils (Lundberg et al., 2012) (inner four

circles in Figure 7.1A; 7.5). Similarly, the bulk of At-LSPHERE isolates match leaf-

derived OTUs detected in A. thaliana populations at the Tübingen/Zurich locations

or US-grown plants (innermost two circles in Figure 7.1B). This indicates that repre-

sentatives of the majority of At-RSPHERE and At-LSPHERE members co-populate

the corresponding A. thaliana organs in multiple tested environments, including two

continents, Europe and North America.

Phylogenetic analysis based on 16S rRNA gene Sanger sequences revealed that 119

out of 206 At-RSPHERE isolates (58%) share ≥97% sequence identity matches with

corresponding 16S rRNA gene fragments of At-LSPHERE members (outermost circle

in Figure 7.1A). Similarly, 108 out of 224 At-LSPHERE isolates (48%) share ≥97%

sequence identity matches with At-RSPHERE members (outermost circle in Figure

7.1B). This extensive overlap both at the rank of bacterial genera and bacterial fami-

lies (20 out of 38 detectable families) between leaf- and root-derived bacteria is notable

because we collected leaf and root specimen from environments that are geographically

widely separated (>500 km) and is consistent with a previous report on leaf and root

microbiota overlap in V. vinifera (Zarraonaindia et al., 2015). This overlap is cor-

roborated by the corresponding culture-independent leaf and root community profiles

(Supporting Material). As essentially all A. thaliana root-associated bacteria are re-

cruited from the surrounding soil biome (Bulgarelli et al., 2012; Lundberg et al., 2012;

Schlaeppi et al., 2014), this raises the possibility that unplanted soil also defines the

start inoculum for a substantial proportion of the leaf microbiota with subsequent se-

lection for niche-adapted organisms.

7.3.3 Comparative genome analysis of the culture collections

To characterize the functional capabilities of the core culture collections we subjected

each isolate to whole-genome sequencing and generated a total of 432 high-quality draft

genomes (206 from leaf, 194 from root and 32 from soil). Taxonomic assignment of the

whole-genome sequences confirmed that these isolates span a broad taxonomic range,

belonging to 35 different bacterial families distributed across five phyla (Supporting

Material).
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Figure 7.2: Analysis of functional diversity between sequenced isolates. a, Prin-
cipal coordinate analysis (PCoA) plot depicting functional distances between sequenced
genomes (n=432) based on the KEGG Orthology (KO) database annotation. Each point
represents a genome. Colours represent the organ of isolation and shapes correspond to
their taxonomy. Numbers inside the plot refer to bacterial families listed in b. b, Anal-
ysis of functional diversity within bacterial families as measured by pair-wise functional
distances between genomes (bottom panel; n=432). Higher pairwise distances between
members of a family indicate a larger degree of functional diversity. Only families with at
least five members are shown.

Based on the whole-genome taxonomic information, we grouped the isolates into family-

level clusters. We found that clusters of genomes are characterized by a relatively large

core-genome, with an average of 33.6% of the annotated proteins present in each mem-

ber and a smaller fraction of singleton genes identified in only one genome per cluster

(14.0%). Detailed analysis of phylogenetic diversity of each cluster revealed a substan-

tial overlap between leaf, root and soil isolates Many clusters showed no clear separation

of isolates based on their ecological niche, suggesting shared core functions. However,

other clusters contained isolates of one organ or showed clear separation among them,

suggesting niche specialization within some clusters (Supporting Material). We then

examined the functional diversity between the sequenced isolates in order to determine

whether the observed phylogenetic overlap corresponded with functional similarities

between leaf and root isolates. Principal coordinates analysis (PCoA) of functional

distances (Figure 7.2A; 7.5) revealed a clear clustering of genomes on the basis of
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their taxonomy, but only limited separation of genomes on the basis of their ecological

compartment. Taken together, both phylogenetic and functional diversification of the

genomes is strongly driven by their taxonomic affiliation and weakly by the ecological

niche.

We examined the functional diversity within each bacterial family (Figure 7.2B) in

order to identify bacterial taxa with varying degrees of functional versatility. Families

belonging to Actinobacteria show a lower functional diversity (average distance 0.37)

compared to those belonging to Bacteroidetes, Firmicutes and especially Proteobacteria

(0.65 average pair-wise distance), which exhibit a higher degree of within-family func-

tional diversification, even though all family-level groups have a comparable degree of

phylogenetic relatedness. Among these groups, Pseudomonadaceae, Oxalobacteraceae

and Methylobacteriaceae members show the highest functional heteroge- neity, com-

pared to Microbacteriaceae strains, which we identified as the least functionally diverse

family (Figure 7.2B).

We searched for signatures of niche specialization at individual functional categories

using enrichment analysis to identify functional categories over-represented in genomes

from root and leaf or soil isolates (Figure 7.3; 7.5). Specifically, we found the category

’carbohydrate metabolism’ to be enriched in the leaf and soil genomes compared to

those isolated from roots (Mann-Whitney test, P = 1.29E10-7; Figure 7.3B). We spec-

ulate that this differential enrichment could reflect the availability of simple carbon

sources in roots through the process of root exudation (sugars, amino acids, aliphatic

acids) (Faure et al., 2009; Bais et al., 2006), whereas bacteria associated with leaves

or unplanted soil might rely on a more diverse repertoire of carbohydrate metabolism

genes to access scarce and complex organic carbon, for example, polysaccharides and

leaf cuticular waxes. The category ’xenobiotics biodegradation and catabolism’ is en-

riched in the root genomes with respect to those isolated from leaves (P = 2.60E10-11;

Figure 7.3B), which is consistent with previous evidence that genes for aromatic com-

pound utilization are expressed in the rhizosphere (Ramachandran et al., 2011). No

single taxon is responsible for these significant differences, but this seems to be a general

feature across the sequenced bacterial genomes of the respective ecological niche (Sup-

porting Material). Interestingly, we observed the same trends of differential abundance

of functional categories in V. vinifera root metagenome samples (Zarraonaindia et al.,

2015) compared to their respective unplanted soil controls (Supporting Material).
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Figure 7.3: Functional analysis of sequenced isolates. (Caption on next page).
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Figure 7.3: Functional analysis of sequenced isolates. (Figure on previous page).
a, Phylogeny of family-level clusters of bacterial isolates. The tips of the tree are annotated,
from left to right, with the cluster ID, taxonomic classification, followed by the number
of sequenced isolates from leaf, root or soil that constitute each cluster. The heat map
depicts the average percentage of annotated proteins of each cluster belonging to each
functional category. b, Functional enrichment analysis between leaf (n=206), root (n=194)
and soil (n=32) genomes. Points and bars correspond to the mean abundance and standard
deviation of each functional category. P values were obtained using the non-parametric
Mann-Whitney test corrected by the Bonferroni approach. c, Analysis of pan-genome
distribution for each cluster of genomes, indicating the percentage of annotated proteins
found in only one isolate (singletons), in more than one but not all (shell) or in all genomes
within the cluster (core).

Together, these findings indicate a substantial overlap of functional capabilities in the

genomes of the Arabidopsis leaf- and root-derived culture collections and differences at

the level of individual functional categories that may reflect specialization of the leaf

and root microbiota to their respective niche. Additional genomic signatures for niche-

specific colonization are likely to be hidden in genes for which a functional annotation

is currently unavailable (∼57%).

7.3.4 Synthetic community colonization of germ-free plants

We colonized germ-free A. thaliana plants with synthetic communities (SynComs) con-

sisting of bacterial isolates from our culture collections to assess their potential for host

colonization in a gnotobiotic system containing calcined clay as inert soil substitute

(7.5). To mimic the taxonomic diversity of leaf and root microbiota in natural environ-

ments we employed mainly two SynComs: ’L’ comprising 218 leaf-derived bacteria and

’R+S’ consisting of 188 members of which 158 are root-derived and 30 are soil-derived

bacteria (Supporting Material). Input SynComs were either inoculated directly before

sowing of surface-sterilized seeds in calcined clay and/or spray-inoculated on leaves of

three-week-old germ-free plants. For all defined communities we examined three inde-

pendent SynCom preparations, each tested in three closed containers containing four

plants. We employed 16S rRNA gene community profiling with a method validated for

defined communities (Edgar, 2013) to detect potential community shifts between input

and output SynComs in samples of seven week-old roots, leaves, or unplanted clay. In

this community analysis, ’indicator OTUs’ either represent a single strain or a known

group of isolates.

Upon application of the input R+S SynCom to clay (’R+S in clay’) and co-cultivation

with A. thaliana plants for seven weeks we retrieved reproducible R+ S output com-
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Figure 7.4: SynCom colonization of germ-free A. thaliana plants. Principal
coordinate analysis (PCoA) of Bray-Curtis distances of input and output SynCom profiles
of RS in clay (a; n=60) and L spray (b; n=42) experiments. Each condition was tested
with 6 independently prepared SynComs; each preparation was used for 3 independent
inoculations. L, leaf-derived strains; RS, root- and soil-derived strains; ER, equal strain
ratio; UR, unequal strain ratio.

munities from clay (without host), root, and leaf compartments These output SynCom

profiles were robust against a 75% reduction in RA of Proteobacteria compared to

Actinobacteria, Bacteroidetes and Firmicutes in the input R+S SynCom (input ra-

tios 1:1:1:1 or 1:1:1:0.25, respectively), which was confirmed by PCoA (Figure 7.4A).

PCoA also revealed distinct output communities in each of the three tested compart-

ments (Figure 7.4A; P < 0.001 Supporting Material). This indicates that a marked

host-independent community change occurred in clay (without host) as well as host-

dependent community shifts that are specific for leaves and roots. Next, we tested the

’L’ SynCom of leaf-derived bacteria by spray inoculation on leaves of three week-old

plants. After four weeks of L SynCom co-incubation with plants, output communities

were detected in leaves and roots.

PCoA revealed that these two output communities were different between each other,

but robust against a 75% reduction in RA of input Proteobacteria (Figure 7.4B; P <

0.001; Supporting Material). The converging output communities despite varying RAs

of input SynComs suggest that the communities have reached a steady state. These ex-

periments also reveal that both R+S and L SynCom members not only colonize cognate

host organs, but are capable of ectopic colonization of leaves and roots, which might be
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linked to the extensive species overlap of A. thaliana leaf and root microbiota in natu-

ral environments (Figure 7.1A-B). Additionally, this provides experimental support for

the hypothesis that a subset of leaf-colonizing bacteria originates from unplanted soil

and raises the possibility for reciprocal bacterial colonization events between roots and

leaves during and/or after the establishment of the respective microbiota, for example,

by ascending migration of rhizobacteria from roots to leaves (Chi et al., 2005). Upon

leaf spray application of SynComs, a small amount of leaf bacteria is likely to land on

the clay surface and thereafter colonize roots, which is not fundamentally different from

processes occurring in natural environments, for example, during rain showers and/or

leaf dehiscence.

A comparison of rank abundance profiles between indicator OTUs for all root- and

leaf-derived isolates and corresponding OTUs iden- tified in the environmental root

and leaf samples revealed similar trends at phylum, class and family levels (Support-

ing Material). This validates the gnotobiotic plant system as a tool for microbiota

reconstitution experiments.

Figure 7.5: SynCom competition supports host-organ-specific community as-
semblies. a, Pictograms illustrating ’L spray’, ’L in clay’, ’RS in clay’, ’RSL in cla’, and
’RSL in clay & L+15R spray’ SynCom experiments. b, c, PCoA of Bray-Curtis distances
of leaf (b; n=69) and root (c; n=69) outputs of the five experiments illustrated in a. R,
root-derived isolates; S, soil-derived isolates; L, leaf-derived isolates.
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7.3.5 Niche-specific microbiota establishment with SynComs

The species overlap between root and leaf microbiota and their corresponding cul-

ture collections (Figure 7.1A-B; Supporting Material). prompted us to test whether

R+S and L SynComs equally contribute to root and leaf microbiota establishment.

Both SynComs were pooled and inoculated in clay together with surface-sterilized A.

thaliana seeds (designated ’RSL in clay’, (Figure 7.5A). We also tested whether a

preformed root-associated community can interfere with leaf-associated community es-

tablishment. After three weeks of co-cultivation, half of the plants grown with the

’RSL in clay’ SynCom were treated by leaf-spray inoculation with the L SynCom sup-

plemented with 15 root-derived strains (designated ’RSL in clay & L+15R spray’).

Plant organ-specific output communities were determined after a further four weeks of

co-incubation. We also inoculated the L SynCom alone in clay and determined output

SynComs (designated ’L in clay’, Figure 7.5A).

We found significant differences between leaf-associated output communities of the ’RSL

in clay’ and ’RS in clay’ experiments (Figure 7.5B; P < 0.001; Supporting Material).

and that the output community on leaves after ’L in clay’ inoculation is similar to the

leaf outputs of ’RSL in clay’ inoculation (Figure 7.5B; P < 0.001; Supporting Material),

indicating that in this comparison the leaf-derived SynCom has a stronger influence on

leaf microbiota structure than root- and soil-derived bacteria. However, both ’RSL

in clay’ and ’L in clay’ leaf outputs are significantly different from the leaf output of

the ’L spray’ experiment (Figure 7.5B; P < 0.001, Supporting Material), showing that

many leaf-derived isolates do not successfully colonize leaves when only inoculated in

the clay environment. For example, of the top 16 genera a total of three are grossly

underrepresented in leaf outputs of the ’RSL in clay’ compared to the ’RSL in clay

& L+15R spray’ experiment (Chryseobacterium, Sphingomonas and Variovorax). and

these three genera are abundant in the natural leaf microbiota (Supporting Material).

Finally, leaf outputs were strikingly similar between ’RSL in clay & L+15R spray’ and

’L spray’ only experiments (Figure 7.5B; Supporting Figure 7.7), indicating that the

L+15R SynCom, leaf spray-inoculated three weeks after RSL application to clay, can

displace the RSL leaf output. Collectively, these results support the hypothesis that

leaf microbiota establishment benefits from air- and soil-borne inoculations (Vorholt,

2012; Maignien et al., 2014), although we note that our single application of bacteria

to leaves does not mimic the continuous exposure of plant leaves to airborne microor-

ganisms in nature.

A comparison of the root-associated community outputs of the experiments described
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above revealed that the ’RSL in clay’ experiment is more similar to root outputs of

the ’RS in clay’ than ’L in clay’ experiments (Figure 7.5C; P < 0.001; Supporting

Material), suggesting that the root- and soil-derived SynCom has a stronger influence

on root microbiota structure than the leaf-derived SynCom. In this experiment the

fractional contribution of root-specific indicator OTUs increases in the output, but de-

creases for leaf-specific indicator OTUs, relative to their input, pointing to a potential

adaptation of root-derived bac- teria for root colonization (Supporting Material; Mann-

Whitney; P < 0.05). This is further supported by the observation that in the ’RSL

in clay’ experiment root colonization rates for root-specific indicator OTUs are higher

compared to those specific for leaves when applying a 0.1% relative abundance thresh-

old in at least one biological replicate (69% and 33%, respectively). Taken together,

this suggests that root-derived bacteria are better adapted to colonize their cognate

host niche than leaf-derived bacteria. Further comparisons of the root-associated out-

put communities of the ’L in clay’ and ’L spray’ experiments (Figure 7.5C; Supporting

Figure 7.7) revealed similar community composition, indicating convergence of ectopic

root-associated community outputs despite different inoculation time points or sites of

application. Additional reciprocal transplantation experiments using a ’R’ (root strains

only) SynCom either applied to clay (’R in clay’) or by spray inoculation (’R spray’)

confirmed the convergence of ectopic community outputs also for root-derived bacteria

on leaves (Supporting Material). Convergence of ectopic SynCom outputs is consistent

with the hypothesis that a subset of leaf and root colonizing bacteria has the potential

to relocate between leaves and roots.

7.4 Conclusions

By employing systematic bacterial isolation approaches, we established expandable cul-

ture collections of the A. thaliana leaf- and root-associated microbiota, which capture

the majority of the species found reproducibly in their respective natural communities

(≥0.1% relative abundance). The sequenced bacterial genomes as well as any future

updates are available at http://www.at-sphere.com. These resources together with

the remarkable reproducibility of the gnotobiotic reconstitution system enable future

studies on bacterial community establishment and functions under laboratory condi-

tions.
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7.5 Methods

7.5.1 Sampling of A. thaliana plants and isolation of root-, leaf- and

soil-derived bacteria

A. thaliana plants were either harvested from natural populations or grown in different

natural soils and used for bacterial isolations by colony picking, limiting dilution or

bacterial cell sorting as well as 16S rRNA gene-based community profiling. To obtain a

library of representative root colonizing bacteria, A. thaliana plants were grown in dif-

ferent soils (50.958 N, 6.856 E, Cologne, Germany; 52.416 N, 12.968 E, Golm, Germany;

50.982 N, 6.827 E, Widdersdorf, Germany; 47.941 N, 04.012 W, Saint-Evarzec, France;

48.725 N, 3.989 W, Roscoff, France) and harvested before bolting. Briefly, Arabidopsis

roots were washed twice in washing buffers (10 mM MgCl2 for limiting dilution and

PBS for colony picking (Bulgarelli et al., 2012) on a shaking platform for 20 min at 180

rpm and then homogenized twice by Precellys (Edgar, 2013) tissue lyser (Bertin Tech-

nologies) using 3 mM metal beads at 5,600 rpm for 30 s. Homogenates were diluted and

used for isolation approaches on several bacterial growth media (Supporting Material).

For isolations based on colony picking, diluted cell suspensions were plated on solidified

media and incubated, before isolates of plates containing less than 20 colony-forming

units (CFUs) were picked after a maximum of two weeks of incubation. For limiting

dilution, homogenized roots from each root pool were sedimented for 15 min and the

supernatant was empirically diluted, distributed and cultivated in 96-well microtitre

plates (Goodman et al., 2011). In parallel to the isolation of root-derived bacteria,

roots of plants grown in Cologne soil were harvested and used to assess bacterial di-

versity by culture-independent 16S rRNA gene sequencing. Additionally, soil-derived

bacteria were extracted from unplanted Cologne soil by washing soil with PBS buffer,

supplemented with 0.02% Silwet L-77 and subjected to bacterial isolation as well as

16S rRNA gene community profiling. For the isolation of representative phyllosphere

strains, naturally grown Arabidopsis plants were collected at eight different sites in

southern Germany and Switzerland (six main sampling sites used for bacterial iso-

lations and community profiling: 47.4090306 N, 8.470169444 E, Hoengg, Switzerland;

47.474825 N, 8.305008333 E, Baden, Switzerland; 47.4816806 N, 8.217547222 E, Brugg,

Switzerland; 48.5560194 N, 9.134944444 E, Farm, Tuebingen, Germany; 48.5989861 N,

9.201655556 E, Haeslach, Germany; 48.602682 N, 9.213247258 E, Haeslach, Germany;

and two additional sites only used for bacterial isolation: 47.4074722 N, 8.50825 E,

Zurich, Switzerland; 47.4227222 N, 8.548666667 E, Seebach, Switzerland) during spring

and autumn of 2013 and used for bacterial isolations as well as 16S rRNA gene profil-
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ing. Leaf-colonizing bacteria of individual leaves were washed off by alternating steps

of intense mixing and sonication. The suspension was subsequently filtered (CellTrics

filters, 10 μM, Partec GmbH, Görlitz, Germany) in order to remove remaining plant or

debris particles as well as cell aggregates and applied to cell sorting on a BD FACS Aria

III (BD Biosciences) as well as to plating on different media (Supporting Material). All

isolates were subsequently stored in 30% or 40% glycerol at -80 degrees C.

7.5.2 Culture-independent bacterial 16S rRNA gene profiling of A.

thaliana leaf, root and corresponding soil samples

Parts of A. thaliana leaves, roots and corresponding unplanted soil samples used for

bacterial isolation were also processed for bacterial 16S rRNA gene community profiling

using 454 pyrosequencing. Frozen root and corresponding soil samples were homoge-

nized, DNA was extracted with Lysing Matrix E (MP Biomedicals) at 5,600 rpm for

30 s, and DNA was extracted from all samples using the FastDNA SPIN Kit for soil

(MP Biomedicals) according to the manufacturer’s instructions. Lyophilized leaf sam-

ples were transferred into 2 ml microcentrifuge tubes containing one metal bead and

subsequently homogenized twice for 2 min at 25 Hz using a Retsch tissue lyser (Retsch,

Haan, Germany). Homogenized leaf material was resuspended in lysis buffer of the MO

BIO PowerSoil DNA isolation Kit (MO BIO Laboratories Inc., Carlsbad, CA, USA),

transferred into lysis tubes, provided by the supplier, and DNA extraction was per-

formed following the manufacturer’s protocol. DNA concentrations were measured by

PicoGreen dsDNA Assay Kit (Life technologies), and subsequently diluted to 3.5 ng μ /

l. Bacterial 16S rRNA genes were subsequently amplified (Bulgarelli et al., 2012) using

primers targeting the variable regions V5-V7 (799F (Chelius and Triplett, 2001) and

1193R (Bulgarelli et al., 2012), Supporting Material). Each sample was amplified in

triplicate by two independent PCR mixtures (a total of 6 replicates per sample plus re-

spective no template controls). PCR products of triplicate were subsequently combined,

purified and subjected to 454 sequencing. Obtained sequences were demultiplexed as

well as quality and length filtered (average quality score ≥25, minimum length 319 bp

with no ambiguous bases and no errors in the barcode sequences allowed) (Caporaso

et al., 2010). High-quality sequences were subsequently processed using the UPARSE24

pipeline and OTUs were taxonomically classified using the Greengenes database28 and

the PyNAST (Caporaso et al., 2010) method.
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7.5.3 High-throughput identification of leaf-, root- and soil-derived

bacterial isolates by 454 pyrosequencing

We adopted a two-step barcoded PCR protocol (Goodman et al., 2011) in combina-

tion with 454 pyrosequencing to define V5-V8 sequences of bacterial 16S rRNA genes

of all leaf, root- and soil-derived bacterial (Supporting Figure 7.6). DNA of isolates

was extracted by lysis of 6 μ l of bacterial cultures in 10 μ l of buffer I containing 25

mM NaOH, 0.2 mM EDTA, pH 12 at 95 degrees C for 30 min, before the pH value

was lowered by addition of 10 μ l of buffer II containing 40 mM Tris-HCl at pH 7.5.

Position and taxonomy of isolates in 96-well microtitre plates were indexed by a two-

step PCR protocol using the degenerate primers 799F and 1392R containing well- and

plate-specific barcodes (Supporting Material) to amplify the variable regions V5 to V8.

During the first step of PCR amplification, DNA from 1.5 μ l of lysed cells was am-

plified using 2 U DSF-Taq DNA polymerase, 1x complete buffer (both Bioron GmbH),

0.2 mM dNTPs (Life technologies), 0.2 μ M of 1 of 96 barcoded forward primer with a

18-bp linker sequence (for example, A1 454 799F1 PCR1 wells). and 0.2 μ M reverse

primer (454B 1392R) in a 25 μ l reaction. PCR amplification was performed under the

following conditions: DNA was initially denaturised at 95 degrees C for 2 min, followed

by 40 cycles of 95 degrees C for 30 s, 50 degrees C for 30 s and 72 degrees C for 45

s, and a final elongation step at 72 degrees C for 10 min. PCR products of each 96-

well microtitre plate were combined and subsequently purified in a two-step procedure

using the Agencourt AMPure XP Kit (Beckman Coulter GmbH, Krefeld, Germany)

first, then DNA fragments were excised from a 1% agarose gel using the QIAquick Gel

Extraction Kit (Qiagen). DNA concentration was measured by Nanodrop and diluted

to 1 ng μ / l.

During the second PCR step, 1 ng of pooled DNA (each pool represents one 96-well

microtitre plate) was amplified by 1.25 U PrimeSTAR HS DNA Polymerase, 1x PrimeS-

TAR Buffer (both TaKaRa Bio S.A.S, Saint-Germain-en-Laye, France), 0.2 mM dNTPs

(Thermo Fisher Scientific Inc.), 0.2 μ M of 1 of 96 barcoded forward primer targeting

the 18-bp linker sequence (for example, P1 454 PCR2). and 0.2 μ M reverse primer

(454B 1392R) in a 50 μ l reaction. The PCR cycling conditions were as follows. First,

denaturation at 98 degrees C for 30 s, followed by 25 cycles of 98 degrees C for 10 s, 58

degrees C for 15 s and 72 degrees C for 30 s, and a final elongation at 72 degrees C for

5 min. PCR products were purified using the Agencourt AMPure XP Kit (Beckman

Coulter GmbH) and QIAquick Gel Extraction Kit (Qiagen) as described for the purifi-

cation of first step PCR amplicons. DNA concentration was determined by PicoGreen
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dsDNA Assay Kit (Life technologies) and samples were pooled in equal amounts. The

final PCR product libraries were sequenced on the Roche 454 Genome Sequencer GS

FLX+. Each sequence contained a plate-barcode, a well-barcode and V5-V8 sequences.

The sequences were quality filtered, demultiplexed according to well and plate iden-

tifiersi (Caporaso et al., 2010). OTUs were clustered at 97% similarity by UPARSE

algorithm (Edgar, 2013). Nucleotide-based blast (v. 2.2.29) was used to align represen-

tative sequences of isolated OTUs to culture-independent OTUs and only hits ≥97%

sequence identity covering at least 99% of the length of the sequences were considered.

7.5.4 Preparation of A. thaliana leaf, root and soil bacterial culture

collections

Based on representative sequences of OTUs from this as well as previously published

culture-independent community analysis, bac- terial CFUs in the culture collections

with ≥97% 16S rRNA gene identity to root-, leaf- and soil-derived OTUs were purified

by three consecutive platings on the respective solidified media before an individual

colony was used to inoculate liquid cultures. These liquid cultures were used for val-

idation by Sanger sequencing with both 799F and 1392R primers as well as for the

preparation of glycerol stocks for the culture collections and for the extraction of ge-

nomic DNA for whole-genome sequencing. A total of 21 leaf-derived strains, previously

described as phyllosphere bacteria (Vorholt, 2012; Bodenhausen et al., 2013), were

added to the At-LSPHERE collection although these were undetectable in the present

culture-independent leaf community profiling.

7.5.5 Preparation of bacterial genomic DNA for whole-genome se-

quencing

To obtain high molecular weight genomic DNA of bacterial isolates in our culture col-

lections, we used a modified DNA precipitation protocol and the Agencourt AMPure

XP Kit (Beckman Coulter GmbH). For each bacterial liquid culture, cells were collected

by centrifugation at 3,220g for 15 min, the supernatant removed and cells were resus-

pended in 5 ml SET buffer containing 75 mM NaCl, 25 mM EDTA, 20 mM Tris/HCl

at pH 7.5. A total of 20 μ l lysozyme solution (50 mg / ml, Sigma) was added before

the mixture was incubated for 30 min at 37 degrees C. Subsequently, 100 μ l 20 mg /

ml proteinase K (Sigma-Aldrich Chemie GmbH, Taufkirchen, Germany) and 10% SDS

(Sigma-Aldrich Chemie GmbH) were added, mixed, and incubated by shaking every 15

min at 55 degrees C for 1 h. If bacterial cells were insufficiently lysed, remaining cells
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were collected at 3,220g for 10 min and homogenized using the Precellys24 tissuelyser

in combination with lysing matrix E tubes (MP Biomedicals) at 6,300 rpm for 30 s.

After cell lysis, 2 ml 5 M NaCl and 5 ml chloroform were added and mixed by inversion

for 30 min at room temperature. After centrifugation at 3,220 g for 15 min, 6 ml su-

pernatant were transferred into fresh falcon tubes and 3.6 ml isopropanol were added

and gently mixed. After precipitation at 4 degrees C for 30 min, genomic DNA was

collected at 3,220g for 5 min, washed once with 1 ml 70% (v/v) ethanol, dried for 15

min at room temperature and finally dissolved in 250 μ l elution buffer (Qiagen). 2 μ l

4 mg ml / 1 RNase A (Sigma-Aldrich Chemie GmbH) was added to bacterial genomic

DNA solution and incubated over night at 4 degrees C.

The genomic DNA was subsequently purified using the Agencourt AMPure XP Kit

(Beckman Coulter GmbH) and analysed by agarose gel (1% (w/v)) electrophoresis.

Concentrations were estimated based on loaded Lambda DNA Marker (GeneRuler 1kb

Plus, Thermo Scientific) and approximately 1 μ g of genomic DNA was transferred

into micro TUBE Snap-Cap AFA Fibre vials (Covaris Inc., Woburn, MA, USA). DNA

was sheared into 350 bp fragments by two consecutive cycles of 30 s (duty cycle: 10%,

intensity: 4, cycle/burst: 200) on a Covaris S2 machine (Covaris, Inc.). The Illumina

sequencing libraries were pre- pared according to the manual of NEBNext Ultra Ul-

traTM DNA Library Prep Kit for Illumina (New England Biolabs, USA). Quality and

quantity was assessed at all steps by capillary electrophoresis (Agilent Bioanalyser and

Agilent Tapestation). Finally libraries were quantified by fluorometry, immobilized and

processed onto a flow cell with a cBot (Illumina Inc., USA) followed by sequencing-by-

synthesis with TruSeq v3 chemistry on a HiSeq2500 (Illumina Inc., USA).

7.5.6 Genome assembly and annotation

Paired-end Illumina reads were subjected to quality and length trimming using Trim-

momatic v. 0.33 (Bolger et al., 2014) and assembled using two independent methods:

A5 (Tritt et al., 2012) and SOAPdenovo v. 20.1 (Li, 2010). In each case, the assembly

with the smaller number of scaffolds was selected. Detailed assembly statistics for each

sequenced isolate can be found in the Supporting Material. Identification of putative

protein-encoding genes and annotation of the genomes were performed using GLIM-

MER v. 3.02 (Delcher et al., 1999). Functional annotation of genes was conducted using

Prokka v. 1.11 (Seemann, 2014) and the SEED subsystems approach using the RAST

server API (Overbeek, 2005). Additionally, annotation of KEGG Orthologue (KO)

groups was performed by first generating HMM models for each KO in the database
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(Kanehisa and Goto, 2000; Kanehisa, 2014) the HMMER toolkit (v. 3.1b2) (Eddy,

2011). Next, we employed the HMM models to search all predicted ORFs using the

hmmsearch tool, with an E value threshold of 10E10-5. Only hits covering at least 70%

of the protein sequence were retained and for each gene and the match with the lowest

E value was selected.

7.5.7 Analyses of phylogenetic diversity within sequenced isolates

Each proteome was searched for the presence of the 31 well-conserved, single-copy,

bacterial AMPHORA genes (Wu and Eisen, 2008), designed for the purpose of high-

resolution phylogeny reconstruction of genomes. Subsequently, a concatenated align-

ment of these marker genes was performed using Clustal Omega (Sievers, 2011) v. 1.2.1.

Based on this multiple sequence alignment, a species tree was inferred using FastTree

(Price et al., 2010) v. 2.1, a maximum likelihood tool for phylogeny inference. Whole-

genome taxonomic classification of sequenced isolates was conducting using taxator-tk

(Droege et al., 2015), an homology/based tool for accurate classification of sequences.

Analyses of phylogenetic diversity were performed independently for each cluster based

on pairwise tree distances between all isolates (Supporting Material).

7.5.8 Analyses of functional diversity between sequenced isolates

Analyses of functional diversity between sequenced isolates were conducted by generat-

ing, for each genome in the data set, a profile of presence/absence of each KO group (or

phyletic pattern). Subsequently, a distance measure based on the Pearson correlation of

each pair of phyletic patterns was calculated, which allowed us to embed each genome

as a data point in a metric space. PCoA was performed on this space of functional

dis- tances using custom scripts written in R. Pairwise functional distances within each

family-level cluster was performed by calculating the average distance between all pairs

of genomes belonging to each cluster. Finally, we calculated RAs of each functional

category based on the percentage of annotated KO terms assigned to each category.

Enrichment tests were performed to identify differentially abundant categories between

groups of genomes based on their origin (root versus leaf and root versus soil) using

the non-parametric Mann-Whitney Test (MWT). P values were corrected for multiple

testing using the Bonferroni method, with a significance threshold α=0.05.
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7.5.9 Recolonization experiments of leaf-, root- and soil-derived bac-

teria on Arabidopsis

Calcined clay (Lebeis et al., 2015), an inert soil substitute, was washed with water,

sterilized twice by autoclaving and heat-incubated until being completely dehydrated.

A. thaliana Col-0 seeds were surface-sterilized with ethanol and stratified overnight at

4 degrees C. Leaf-, root- and soil-derived bacteria of the culture collections were cul-

tivated in 96-deep-well plates and subsequently pooled (in equal or unequal ratios) in

order to prepare synthetic bacterial communities (SynComs) for inoculations below the

carrying capacity of leaves and roots (Whitman et al., 1998; Bodenhausen et al., 2014).

To inoculate SynComs into the calcined clay matrix, OD600 was adjusted to 0.5 and 1

ml (∼2.75 x 108 cells) was added to 70 ml 0.5i x MS media (pH 7; including vitamins,

without sucrose), and mixed with 100 g calcined clay in Magenta boxes (∼2.75 x 106

cells per gr calcined clay), directly before sowing of surface-sterilized seeds. Plants

were grown at 22 degrees C, 11 h light, and 54% humidity. Alive cell counts (CFUs)

of root-associated bacteria by serial dilutions of root homogenates after seven weeks of

co-incubation were 1.4 x 108 ± 8.4 x 107 cells per gram root tissue. For leaf spray-

inoculation of A. thaliana plants, bacterial SynComs were prepared as described above

and adjusted to OD600 0.2, before the solution was diluted tenfold and 170 μ l (∼1.87

x 106 cells) were sprayed into each magenta box containing four three-week-old plants

using a TLC chromatographic reagent sprayer (BS124.000, Biostep GmbH, Jahnsdorf,

Germany). The average volume per spraying event was determined by spraying re-

peatedly into 50 ml tubes and weighing before and after. All plants and corresponding

unplanted clay samples were harvested under sterile conditions after a total incubation

period of seven weeks. All plants and corresponding unplanted clay samples were har-

vested under sterile conditions after a total incubation period of seven weeks. During

harvest, leaves and roots of individual plants were carefully separated using sterilized

tweezers and scissors to avoid cross-contamination and processed separately thereafter.

All leaves being obviously contaminated with clay particles or touching the ground

were carefully removed and omitted from further processing. Remaining aerial parts of

four plants collected from one magenta box were combined and transferred into lysing

matrix E tubes (MP Biomedicals), frozen in liquid nitrogen and stored at -80 degrees C

until used for DNA extraction. Roots from one Magenta box were pooled, washed twice

in 5 ml PBS at 180 rpm for 20 min, dried on sterilized Whatman glass microfibre filters

(GE Healthcare Life Sciences), transferred into lysing matrix E tubes (MP Biomed-

icals), frozen in liquid nitrogen and stored at -80 degrees C until further processing.
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The corresponding unplanted clay samples were washed in 100 ml PBS supplemented

with 0.02% Silwet L-77 at 180 rpm for 10 min, before particles were allowed to settle

down for 5 min. The supernatant was collected by centrifugation at 3,220g for 15 min.

The pellet was subsequently resuspended in 1 ml water, transferred into lysing matrix

E tubes (MP Biomedicals), frozen in liquid nitrogen and stored at -80 degrees C.

To prepare DNA for bacterial 16S rRNA gene-based community analysis, all samples

were homogenized twice by Precellys24 tissue lyser (Bertin Technologies), DNA was

extracted and concentrations were measured by PicoGreen dsDNA Assay Kit (Life

technologies), before bacterial 16S rRNA genes were amplified by degenerate PCR

primers (799F and 1193R) targeting the variable regions V5-V7 (Supporting Material).

Each sample was amplified in triplicate (plus respective no template control) in 25 μ l

reaction volume containing 2 U DFS-Taq DNA polymerase, 1x incomplete buffer (both

Bioron GmbH, Ludwigshafen, Germany), 2 mM MgCl2, 0.3% BSA, 0.2 mM dNTPs

(Life technologies GmbH, Darmstadt, Germany), 0.3 μ M forward and reverse primer

and 10 ng of template DNA. After an initial denaturation step at 94 degrees C for 2

min, the targeted region was amplified by 25 cycles of 94 degrees C for 30 s, 55 degrees

C for 30 s and 72 degrees C for 60 s, followed by a final elongation step of 5 min

at 72 degrees C. The three independent PCR reactions were pooled and the remain-

ing primers and nucleotides were removed by addition of 20 U exonuclease I and 5 U

Antarctic phosphatase (both New England BioLabs GmbH, Frankfurt, Germany) and

incubated for 30 min at 37 degrees C in the corresponding 1x Antarctic phosphatase

buffer. Enzymes were heat-inactivated and the digested mixture was used as template

for the 2nd step PCR using the Illumina compatible primers B5-F and 1 of 96 differ-

entially barcoded reverse primers (B5-1 to B5-96; Supporting Material). All samples

were amplified in triplicate for 10 cycles using identical conditions of the first-step PCR.

Technical replicates of each sample were combined, run on a 1.5% (w/v) agarose gel and

the bacterial 16S rRNA gene amplicons were extracted using the QIAquick Gel Extrac-

tion Kit (Qiagen) according to the manufacturer’s instructions. DNA concentration

was subsequently measured using the PicoGreen dsDNA Assay Kit (Life technologies)

and 100 ng of each sample were combined. Final amplicon libraries were cleaned twice

using the Agencourt AMPure XP Kit (Beckman Coulter GmbH) and subjected to se-

quencing on the Illumina MiSeq platform using an MiSeq Reagent kit v3 following the

2 x 350 bp paired-end sequencing protocol (Illumina Inc. USA).

Forward and reverse reads were joined, demultiplexed and subjected to quality controls

using scripts from the QIIME toolkit (Caporaso et al., 2010), v. 180 (Phred ≥ 20).

The resulting high quality sequences were further clustered at 97% sequence identity
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together with Sanger sequences of leaf, root and soil isolates using the UPARSE (Edgar,

2013) pipeline as described above. Taxonomic assignments of representative sequences

were performed as explained in the previous sections. OTUs only corresponding to one

or more Sanger 16S rRNA gene sequence(s) of purified strains in the At-RSPHERE,

At-LSPHERE or soil collection were selected and designated ’indicator OTUs’. The

heat maps were generated using the ggplot2 R package.

7.5.10 Accession numbers

Sequencing reads (454 16S rRNA, MiSeq 16S rRNA and WGS HiSeq reads) have been

deposited in the European Nucleotide Archive (ENA) under accession numbers PR-

JEB11545, PRJEB11583 and PRJEB11584. Genome assemblies and annotations cor-

responding to the leaf, root and soil cul- ture collections have been deposited in the

National Center for Biotechnology Information (NCBI) BioProject database under ac-

cession numbers PRJNA297956, PRJNA297942 and PRJNA298127, respectively.

7.5.11 Code availability

All scripts for computational analysis and corresponding raw data are available at

http://www.mpipz.mpg.de/R_scripts. The sequenced bacterial genomes as well as

any future updates are available at http://www.at-sphere.com.
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Figure 7.6: Culture-dependent coverage of A. thaliana root- and leaf-associated
OTUs identified in several cultivation-independent studies. The inner circle de-
picts taxonomic assignments of top 100 root-associated OTUs (filled dots) for the indicated
phyla and families that were identified in the current (a), (Bulgarelli et al., 2012) (b) and
(Schlaeppi et al., 2014) (c) studies with Cologne-soil-grown plants, and current leaf (d)
study at locations around Tübingen and Zurich. Black squares of the outer ring highlight
OTUs sharing ≥97% 16S rRNA gene similarity to Arabidopsis root or leaf bacterial culture
collection.
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Figure 7.7: At-RSPHERE, At-LSPHERE and soil bacterial culture collections.
a, At-RSPHERE (n=206 isolates), a culture collection of the A. thaliana root microbiota.
b, At-LSPHERE (n=224 isolates), a culture collection of the A. thaliana leaf microbiota.
c, Bacteria isolated from Cologne soil (n=33 isolates). Numbers inside white circles indi-
cate the number of bacterial isolates sharing ≥97% sequence identity, but isolated from
independent roots, leaves and soil batches.
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8.1 Abstract

Rhizobia are a paraphyletic group of soil-borne bacteria defined by their ability to

induce nodule development on legume roots and fix atmospheric nitrogen to deliver

bioavailable ammonium for plant growth under nitrogen-limiting conditions. Although

this form of symbiosis only occurs between certain combinations of rhizobia and legumi-

nous plants, recent studies have identified species within the Rhizobiales order as core

components of the plant microbiota. The robust membership of rhizobial species in the

root microbiota across taxonomically distant plant species (ranging from monocots to

dicots) suggests the presence of conserved function(s) of rhizobia besides nodulation and

nitrogen fixation. To address this possibility, we have performed a large-scale compara-

tive genomic study utilizing more than 1,300 whole-genome sequences of isolates within

the order Rhizobiales, including previously characterized nodulating species isolated

from legumes as well as more than 940 newly sequenced non-nodulating and non-fixing

exemplars isolated from a variety of non-leguminous plants and related environmental

sources. By focusing on the set of genes required for nodulation and nitrogen fixation,

we found that these traits have been acquired multiple independent times within each

sublineage, suggesting the existence of an ancestral form of association with plant hosts,

independent of nodule formation and nitrogen fixation. Next, we utilized a subset from

this collection of cultured isolates in experiments with germ-free Arabidopsis thaliana

plants with the aim of identifying potential physiological functions of rhizobia in asso-

ciation with a non-leguminous plant. Our results illustrate that the majority of tested

root-associated rhizobia are able to colonize and promote root growth in Arabidopsis

without nodulation or fixing nitrogen. We propose that rhizobial root colonization and

root growth promotion in associations with flowering plants are ancestral traits and

that the capacity for nodulation and nitrogen fixation was acquired in multiple subse-

quent events, most likely via horizontal gene transfer, thereby constituting an example

of convergent evolution.

8.2 Introduction

Land plants must acquire nitrogen from the surrounding soil predominantly in the

form of nitrate or ammonia to sustain growth. Legumes have developed a strategy for

survival in nitrogen-poor soils that consists of engaging in beneficial interactions with

members of several bacterial genera within the order Rhizobiales, collectively known

as rhizobia, that are capable of converting atmospheric nitrogen (N2) into ammonia.
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Understanding the evolutionary history of this innovation, which allows legumes to

thrive in habitats with limited biologically active forms of nitrogen (Peoples et al.,

2009; Batterman et al., 2013; Adams et al., 2016), is a crucial component in the devel-

opment of new bio-fertilizers and of sustainable agriculture. Unlike the association with

the taxonomically diverse bacterial communities that constitute the plant microbiota,

(Bulgarelli et al., 2013; Vorholt, 2012; Hacquard et al., 2015) these binary relationships

with nitrogen-fixing rhizobia are highly-specific and require the exchange of multiple

signaling molecules that coordinate recognition of compatible symbionts (Radutoiu

et al., 2007; Broghammer et al., 2012; Oldroyd, 2013) that initiate the process of nod-

ule organogenesis and the subsequent reprogramming of the root transcriptional and

metabolic status (Oldroyd et al., 2011; El Yahyaoui et al., 2004; Colebatch et al., 2004;

Hogslund et al., 2009; Nakagawa et al., 2011). Although this form of symbiosis only oc-

curs between certain combinations of rhizobia and leguminous plants, recent efforts in

the characterization of the microbial communities associated with various plant hosts

have identified species within the Rhizobiales order as core components of the root

plant microbiota (Bulgarelli et al., 2012; Lundberg et al., 2012; Schlaeppi et al., 2014;

Bulgarelli et al., 2015; Edwards et al., 2015; Dombrowski et al., 2016). The presence of

members of the Rhizobiales lineage in the root microbiota across taxonomically distant

plant species (ranging from monocots to dicots) suggests the existence of conserved

function(s) besides nodulation and nitrogen fixation and a shared capability to colo-

nize the root and rhizosphere environments. However, the low taxonomic resolution of

marker gene amplicon data and the lack of genomic and functional information pro-

vide only a limited understanding of the taxonomy and the functions of these root-

and rhizosphere-inhabiting rhizobia. Furthermore, efforts in the isolation and whole-

genome sequencing of rhizobia have been largely confined to exemplars derived from

legume nodules, introducing a strong bias in the representation of these bacterial lin-

eages in the databases. This bias and the limited number of sequenced representatives

of certain genera have made the reconstruction of the evolutionary history of these

commensal and mutualistic interactions exceedingly difficult (Tian et al., 2012).

Here, we introduce a large-scale isolation and sequencing effort resulting in high-quality

whole-genome assemblies of 904 exemplars of rhizobia originating from a panel of taxo-

nomically distant plant hosts, including non-legumes as well as associated environmen-

tal sources. These newly-sequenced isolates cover the majority of the known sublineages

of rhizobia as well as potentially uncharacterized phylogenetic groups, providing novel

insights into the taxonomic and genomic diversity of this ecologically relevant bacterial

clade. Analyses of these sequences, together with a set of 370 high-quality genome
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assemblies of nitrogen-fixing legume symbionts retrieved from public databases, and

16S rRNA gene amplicon data from five previous studies, revealed that the ability to

colonize plant roots is an evolutionarily conserved and ancestral feature of rhizobia,

which is not limited to nitrogen-fixing nodule symbionts. Experiments employing a

subset of strains from this collection with germ-free Arabidopsis thaliana plants indi-

cate that the majority of rhizobia are able to colonize the roots of and promote root

growth in binary associations with a non-legume host. Finally, by reconstructing the

evolutionary history of the genes required for nodule symbiosis and nitrogen-fixation

(nod, fix and exo genes) we found evidence indicating that these phenotypes have been

acquired multiple independent times within each sublineage of rhizobia, providing an

example of convergent evolution in bacteria. Our results suggest the existence of an

ancestral form of association of rhizobia with plants that predates the acquisition of

the genetic toolkit necessary for nodule formation and nitrogen fixation, raising the

possibility that root- and rhizosphere- competence are ecologically relevant traits also

for legume symbionts.

8.3 Results

8.3.1 Rhizobia are important components of the core root microbiota

across a wide taxonomic variety of plant hosts

In this study we present annotated whole-genome assemblies of 943 newly sequenced

strains of rhizobia with representatives covering all major plant-associated taxonomic

groups isolated from a variety of hosts, including roots and leaves of more than 10

plant species as well as other associated environmental sources such as soil (4.77%),

nematodes (0.11%) or insects (6.47%) (Supporting Information). In addition, we have

retrieved and annotated publicly available genome assemblies of 370 strains of nitrogen-

fixing rhizobia from various species, the majority of which were isolated from functional

legume nodules. In order to explore the evolutionary origin of the symbiotic or com-

mensal relationship of these bacterial species with their plant hosts, we performed a

comparative genomic analysis of this dataset, which includes multiple representative

strains from previously uncharted taxa as well as close relatives of well-studied legume

nodule symbionts isolated from soil and from the roots and leaves of non-legume hosts

such as Arabidopsis thaliana, rice or corn.
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First, we sought to assess the distribution and ecological prevalence of the sequenced

taxonomic groups across various soil types and plant host species. In an attempt to link

the genome sequences with environmental data, we retrieved and re-analyzed the raw

sequences of five previous large-scale 16S rRNA gene surveys (Schlaeppi et al., 2014;

Bulgarelli et al., 2015; Bai et al., 2015; Zgadzaj et al., 2016) covering a taxonomically

broad set of hosts, including Arabidopsis thaliana and relative species (Cardamine hir-

suta, Arabidopsis halleri and Arabidopsis lyrata), barley (Hordeum vulgare), and the

model legume Lotus japonicus. This dataset includes more than 450 samples that use

the same set of sequencing primers targeting the V5-V7 hypervariable regions of the 16S

rRNA gene and are distributed across five compartments (soil, root, rhizosphere, leaf

and legume nodule) of plants grown in 6 different soil types (Supporting Information).

First, we extracted full-length 16S sequences from the whole-genome assemblies of the

sequenced rhizobial strains (Supporting Information). Subsequently, we performed a

multiple sequence alignment, extracted the regions targeted by the set of primers em-

ployed in the amplicon taxonomic surveys and collapsed identical sequences into 216

high-resolution (≥ 1 SNP) Operational Taxonomic Units (OTUs; tree in Figure 8.1).

We then employed these sequences as a reference template to cluster the environmen-

tal 16S reads using a stringent (≥ 99% sequence identity) threshold and assessed the

abundance of each OTU across different compartments and hosts (Figure 8.1). By

calculating the ratio of assigned to unassigned reads, we were able to assess the total

abundance of rhizobia in each condition (boxplots in Figure 8.1) and to calculate the

normalized relative abundance of each OTU in the dataset (barplots in Figure 8.1).

This analysis confirmed that rhizobia are a component of the core plant root and leaf

microbiota, in line with previous reports (Schlaeppi et al., 2014; Bulgarelli et al., 2015;

Hacquard et al., 2015), and showed that a number of OTUs, consisting of members from

a broad taxonomic range and diverse functional capability are consistently present in

large relative abundances in the root and rhizosphere of all studied hosts.
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Figure 8.1: Rhizobia are important components of the core root microbiota
across a wide taxonomic variety of hosts. (Caption on next page).
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Figure 8.1: Rhizobia are important components of the core root microbiota
across a wide taxonomic variety of hosts. (Figure on previous page).
Analysis of high-resolution (≥ 99% sequence identity) OTUs using data from 5 previous
16S rRNA gene amplicon surveys covering root, rhizosphere and nodule samples of a tax-
onomically diverse panel of plant hosts grown in a variety of natural and agricultural soils.
Boxplots (top) illustrate accumulated relative abundances of rhizobia in each host / com-
partment (n=453). Phylogenetic tree (bottom left pannel) of 216 representative sequences
corresponding to all non-identical V5-V7 16S rRNA gene sequences found in the whole-
genome dataset. Colored circles (bottom middle pannel) displaying to the prevalence of
genes relevant for symbiosis in each rhizobial OTU. Transparency of each circle corresponds
to the percentage of genomes within each OTU where each gene is present. Barplots (bot-
tom right pannel) show relative abundances of each OTU across host and compartment.
Note that the scale of the two most abundant OTUs found in Lotus nodules is not to scale.

We observed that rhizobia from a wide taxonomic range, including those found in the

root-associated compartments, are also present in soil samples (∼2.5% aggregated RA)

although at lower abundances compared to the root-associated compartments. The

largest contribution to the root and rhizosphere bacterial community was found in Lotus

japonicus samples (∼12-17% RA). Interestingly, the presence of rhizobia in Lotus roots

was not limited to its compatible symbiont Mesorhizobium loti but extended to other

taxa, including OTUs belonging to other Rhizobiaceae and Bradyrhizobiaceae species

(Figure 8.1). As expected, the largest contribution was observed in the Lotus nodule

samples, where rhizobia account for more than 88% of the overall bacterial community

and which is dominated by two distinct Mesorhizobium high-resolution OTUs. This

results are in line with previously reported findings obtained by analyzing the entire

bacterial community associated to Lotus japonicus roots (Zgadzaj et al., 2016). Of all

hosts, barley harbors the most complex rhizobial community, which includes members

of all major taxonomic groups and accounts for ∼11-13% of all bacteria, followed by the

Arabidopsis root rhizobial community at approximately 5% aggregated RA, which was

found to be only marginally above that of the soil samples. Comparison of rhizobial

OTUs across compartments revealed that strains which are undetectable in soil are

nevertheless able to colonize the root-associated compartments. These OTUs become

in some cases abundant community members (Figure 8.1), indicating a high level of

specialization in colonizing their respective host-associated environmental niches. Sim-

ilarly, a narrower subset of rhizobia is able to colonize Arabidopsis leaves, which are

mainly, but not limited to Methylobacteria (in the Bradyrhizobiaceae family). Other

rhizobial OTUs are also present in the leaf compartment (up to ∼5% aggregated RA)

but unlike Methylobacteria are also present the root compartment, indicating that they

might originate from soil.



170 CHAPTER 8. SIXTH PUBLICATION — ASSESSMENT OF
FUNCTIONAL DIVERSIFICATION AND ADAPTATION IN RHIZOBIA BY
COMPARATIVE GENOMICS

Figure 8.2: Non-metric Multidimensional Scaling (NMDS) of Bray-Curtis dis-
tances between rhizobial abundances. Analysis of beta-diversity of rhizobia between
samples (n=453) across hosts (in different colors) and compartments (in different shapes).
Dashed lines correpond to a Gaussian distributtion fitted to each cluster (95% confidence
interval).

Next, we analyzed the beta-diversity (between sample diversity) of rhizobia present in

the culture-dependent taxonomic surveys in order to determine differences at the whole

community level between hosts and compartments (Methods). Non-metric Multidimen-

sional Scaling (NMDS) analysis of Bray-Curtis distances between samples (Figure 8.2)

revealed a clear separation of the leaf- and root-associated compartments, owing to the

differential presence of Methylobacteria which dominated the leaf samples and which

were absent from root and rhizosphere. Within the root-associated compartments,

Lotus nodules were separated from the root, rhizosphere and soil clusters along the y-
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axis, which is largely explained by a gradient of decreasing Mesorhizobium abundance.

We observed a substantial overlap between the soil and the Arabidopsis root and rhi-

zosphere communities which, despite of varying total abundances (nearly a two-fold

increase in Arabidopsis), are markedly similar. In contrast, the barley root-associated

community constitutes a separate cluster, showing a higher alpha-diversity (within sam-

ple diversity) than all of the other communities, including those found in soil, due to

the presence of undetectable very low abundant taxa in the soil samples (Figure 8.2).

Together, these results indicate that rhizobia are consistently found in the root and

leaf communities across a range of plant hosts, including but not limited to nodulating

legumes. Meta-analysis of 5 different amplicon marker gene studies indicates that the

sequenced isolates include representatives of all major taxonomic groups of rhizobia

found in natural communities, demonstrating their ecological relevance. The wide tax-

onomic spread of isolates found in large relative abundances in root and rhizosphere

samples, together with the conserved community composition observed in hosts that

diverged more than 200 My ago, indicates that the ability to colonize plant roots is

an evolutionarily conserved and ancestral feature of rhizobia, which is not limited to

nitrogen-fixing nodule symbionts.

8.3.2 Comparative analysis of sequenced isolates reveals a large pan-

genome with high functional diversity

The genomes of rhizobia, not unlike those of other soil-inhabiting bacterial taxa, dis-

play a highly mosaic and multipartite structure, consisting of a stable and conserved

core as well as accessory components that show high variability between species and

even between strains within the same species (Galibert, 2001; Young et al., 2006; Har-

rison et al., 2010). In the case of rhizobia, these accessory components are typically

located on large plasmids or secondary replicons that can encode more than 30% of

all proteins present in the genome (Masson-Boivin et al., 2009; Galardini et al., 2013).

These ’megaplasmids’ exhibit strong signatures of horizontal gene transfer and can be

specific of a larger taxonomic group (e.g. the symbiotic plasmid that contains the genes

necessary for the establishment of functional nodules) or variable even between strains

of the same species (Galardini et al., 2011; Tian et al., 2012). In an attempt to accu-

rately reconstruct the evolutionary origin of the various components of the rhizobial

pan-genome, including the symbiosis genomic toolkit, we have conducted a compara-

tive genomics analysis of a dataset containing 943 newly sequenced genomes, a subset

of which originates from previously uncharted branches of the Rhizobiales order, to-
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gether with 370 high-quality and publicly available genome sequences of nitrogen-fixing

rhizobia isolated from legume nodules.

Figure 8.3: Analysis of functional diversity between sequenced genomes of rhi-
zobia. Principal coordinate analysis (PCoA) plot depicting functional distances between
sequenced genomes (n=1,313) based on the KEGG Orthology (KO) database annotation.
Each point represents a genome, colors correspond to their taxonomic affiliation and shapes
depict presence (crosses) or absence (circles) of symbiosis genes using the marker nifH gene
as a proxy.

First, we annotated the proteomes using the KEGG database or Orthologous groups

(KOs; Methods). Genes annotated with the same KO-term were grouped into the

same gene family, resulting in a set of 4,935 annotated Clusters of Orthologous Genes

(COGs). This number is comparable to the 5,738 annotated gene families found in

the At-SPHERE dataset (Bai et al., 2015), despite of the much larger phylogenetic
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diversity of the former, which contains exemplars from 5 different phyla and more

than 35 bacterial families (see Chapter 6). This large number of gene families is

indicative of an exceedingly high functional diversity. Principal Coordinates Analy-

sis (PCoA) of functional distances between all genomes (Methods) revealed a strong

phylogenetic signal, and isolates from the same taxonomic groups tended to cluster

together (Figure 8.3). The largest separation was observed between members of the

Bradyrhizobiaceae family (mostly consisting of Methylobacterium and Bradyrhizobium

species) and the remaining isolates. Within the larger Rhizobiaceae cluster, Agrobac-

terium and Mesorhizobium formed separated functional groups, clearly distinct from

the remaining Rhizobiales, which include Sinorhizobium genomes and those belonging

to various species of Rhizobium (e.g. R. leguminosarum, R. etli or R. tropicii). Other

taxa such as Devosia (Hyphomicrobiaceae), Ochrobactrum and Phyllobacterium were

found to be functionally related to other Rhizobiaceae species, despite of their phylo-

genetic diversity (black points in Figure 8.3). Interestingly, a subset of Ochrobactrum

and Phyllobacterium strains isolated from insects (Supporting Information) were in-

distinguishable from other members of the Rhizobiaceae group at the whole genome

level, indicating that insects might constitute a vector of transmission of rhizobia. Fi-

nally, this analysis revealed that nitrogen-fixing symbionts (crosses in Figure 8.3) do

not form a distinct cluster and are not functionally differentiated at the whole genome

level from the remaining non-nodulating rhizobia. The genomes of rhizobia isolated

from legume nodules are, by contrast, functionally diverse and more similar to non-

nodulating rhizobia within the same taxonomic group than to N-fixing symbionts from

other taxa. These data, together with the widespread capability to colonize taxonomi-

cally distant hosts (Figure 8.1), are indicative of an evolutionarily conserved functional

adaptation to the plant-associated niches that is independent from nodule symbiosis.

The observed functional diversity further indicated the presence of accessory genome

components with high variability across taxa, which was observable even at the level

of annotated gene families. Next, we calculated gene accumulation curves using a

permutation-based analysis in order to estimate the approximate pan-genome size and

to determine to what extent the sequenced genomes are able to cover the gene space of

rhizobia (Methods).



174 CHAPTER 8. SIXTH PUBLICATION — ASSESSMENT OF
FUNCTIONAL DIVERSIFICATION AND ADAPTATION IN RHIZOBIA BY
COMPARATIVE GENOMICS

Figure 8.4: Accumulation curves displaying the estimated pan-genome size of
the Rhizobia and At-SPERE collections. Permutation-based analysis of pan-genome
size displaying accumulation curves of KEGG-annotated gene families (A) or de novo in-
ferred orthologues (B) of the Rhizobia and At-SPHERE collection of sequenced isolates.
Solid lines correpond to the mean pan-genome size across permutations (A, n=1,000; B,
n=100) and shaded areas to ± 1 standard deviation.
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This analysis revealed gene rarefaction curves close to the saturation regime (Figure

8.4A) and an approximate pan-genome size of ∼5,000 COGs. However, the size of the

database used for annotation imposes a limit to the number of gene families found in the

dataset, and disregards all coding sequenced without an homologous annotated entry

in the database (in average, only 54.33% of the genes found in a genome are classified

into KO groups). We then extended the analysis of homology relationships between

genes to sequences not represented in the database by performing de novo inference of

orthologues. This operation is computationally demanding (its cost grows quadratically

with the number of genomes), and its calculation was unfeasible for the entire dataset.

Therefore, we limited the analysis to a tractable subset of 500 genomes covering repre-

sentatives of all taxonomic groups and sublineages (Methods). This analysis clustered

all protein sequences into 89,451 COGs or gene families (compared to the 98,813 COGs

found in the At-SPHERE dataset using the same approach) and revealed a relatively

small core-genome consisting of only 802 gene families (5.01% of the proteome, in aver-

age) and a very large, open pan-genome (88,649 COGs). This was further evidenced by

a permutation-based analysis of gene content, which resulted in non-saturated rarefac-

tion curves (Figure 8.4B) that indicate a substantial and yet uncharacterized functional

and genomic diversity.

8.3.3 Convergent evolution of nitrogen-fixing symbiosis in Rhizobia

In order to explore the evolutionary history of the symbiosis in rhizobia, we performed

a reconstruction of ancestral genotypes of all sequenced genomes using a phylogenomic

approach. First, a rooted species tree was generated from a multiple sequence alignment

of a set of conserved, single-copy and vertically inherited genes (Methods) using a

Bayesian approach with a strict molecular clock and General Time Reversiveble model

(GTR+G+I; Supporting Information). Next, we reconstructed the presence or absence

of the nitrogenase-encoding nif and nodulation factor nod genes in each of the ancestral

genomes along the branches of the species tree using a Maximum Likelihood (ML)

approach (Methods). Due to the high correlation found between the gene families

within this set of genes (Pearson correlation coefficient≤ 0.94; Supporting Information),

we decided to employ the conserved nifH marker gene as a proxy to indicate the

presence of symbiosis genes in each ancestral genome. This analysis revealed that the

most recent common ancestor to all rhizobia lacked the nitrogenase and nodulation

factors (Figure 8.5; and that the capacity to form nodules and fix atmospheric nitrogen

was acquired after the speciation events leading to the formation of the major rhizobial
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Figure 8.5: Whole-genome phylogeny of Rhizobia and Maximum Likelihood
reconstruction of ancestral symbiotic genotypes. Phylogenetic tree of sequenced
isolated inferred from aligned single-copy marker genes using a Bayesian approach and
a strict molecular clock. Different taxonomic groups are shown in various colors in the
first ring (n=1,313). The second ring depicts newly sequenced isolates in gray (n=943).
Branches leading to clades colored in green correspond to likely gains of the symbiosis
genes whereas those in red correspond to probable loss events.
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taxonomic groups. We found strong evidence indicating multiple (≤ 16) instances of

independent gains of the symbiosis genes along the branches of the species tree, all of

them occurring in branches below the emergence of the sublineages corresponding to

the extant families of rhizobia (Figure 8.5). The highly correlated pattern of gene gain

and loss found for all considered symbiosis-relevant genes (see Chapter 9) indicates

that the most likely origin of these sequences was a taxonomic group outside of the

rhizobiales. However, joint phylogenetic analysis of nifH sequences found in the cur-

rent dataset (n=296), together with orthologous sequences found in genomes outside

of rhizobia (n=585) showed that the rhizobial genes constitute a separate clade Sup-

porting Information), indicating that a first aquisition even from an outside donor was

subsequently followed by HGT of the symbiosis genes within the Rhizobiales order.

In summary, analysis of reconstructed ancestral states of rhizobia indicates that the

most recent ancestor of all rhizobia did not have the capacity to fix atmospheric nitro-

gen or induce nodule formation (Figure 8.5) but was able to successfully colonize the

roots of a wide range of hosts, as indicated by the presence of exemplars from all major

taxonomic groups in 16S amplicon surveys of plants grown in natural soils (Figure 8.1).

These results, together with the finding that the vast majority of the exemplars isolated

from roots of non-legumes were lacking the symbiosis genes (gray bars in Figure 8.5)

indicates that, while the capability to colonize roots is shared among all major taxo-

nomic groups of rhizobia, strains lacking the symbiosis genes are able to out-compete

their nitrogen-fixing counterparts not only in soil, but also in the root and rhizosphere

environments in the absence of nodulation. Furthermore, evidence of multiple indepen-

dent instances of acquisition of the symbiosis genes indicates that development of the

capacity to engage in symbiotic relationships with legumes is an example of convergent

evolution in bacteria.

8.3.4 The majority of rhizobial species engage in root-growth pro-

moting interactions with non-legume hosts

Based on the observation that 16S rRNA sequences from members of all major taxo-

nomic groups were found in samples from plants grown in natural soils (Figure 8.1), we

speculated that most rhizobia have developed a mechanism for interacting with their

host that results in successful colonization of the root and rhizosphere environments.

We decided to test this hypothesis by performing binary interaction experiments with

rhizobia and germ-free plants grown under controlled laboratory conditions. First, we

selected a subset of phylogenetically and functionally diverse strains (n = 19) belong-
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ing to all major rhizobial clades found in roots in the culture-independent datasets

which include exemplars isolated from Arabidopsis roots as well as well characterized,

nitrogen-fixing nodule symbionts (Supporting Information).

Figure 8.6: Binary interaction experiments between rhizobia and germ-free
Arabidopsis plants grown on agarose media. Macroscopic plant phenotypes after
inoculation of germ-free Arabidopsis wild-type plants grown on agarose media containing
individual rhizobial isolates selected from all major taxonomic groups (different colors).
(A) Primary root length relative to mock control for each treatment as well as an addi-
tional heat-killed (HK) bacteria control (n=874). (B) Shoot fresh weight relative to mock
control for each treatment and HK bacteria control (n=126). Different shappes depict
datapoints from two separate full-factorial replicates. Statistical significance corresponds
to a Dunnett’s test with FDR correcting (α = 0..5).
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We grew Arabidopsis thaliana wild type plants for three weeks on agarose media that

contained individual rhizobial strains and measured their root length (n = 874) and

shoot fresh weight (n = 126) relative to the germ-free controls (Methods). These

experiments revealed that the majority of the tested exemplars displayed a strong root

growth promotion phenotype, which was statistically significant (Dunnett’s test with

FDR correction; α = 0.05; Methods) and conserved across multiple biological replicates

(Figure 8.6A). Importantly, we observed that this phenotype was present in all major

rhizobial taxonomic groups (different colors in Figure 8.6) and that both, Arabidopsis

isolates as well as nitrogen-fixing legume symbionts had a comparable effect on the host.

However, it remains unclear whether this root-growth promotion phenotype results in

an increase in the fitness of the plant, as we observed a tendency to increased shoot

biomass but no statistically significant difference in shoot fresh weight compared to the

controls (Figure 8.6B). The presence of the same strain or very close relatives in the

roots and rhizospheres of healthy plants collected from natural sites or grown in the

greenhouse using agricultural soil suggest that the physiological functions of rhizobia

in associations with flowering plants are not harmful to the host. Taken together,

these data suggest the presence of an evolutionarily conserved mechanism that allows

rhizobia to colonize the root environment and to interact with plant hosts from a broad

taxonomic range that predates the acquisition of the ability to fix atmospheric nitrogen

and induce nodule formation in rhizobia.

8.4 Discussion

Here, we introduce a large-scale isolation and sequencing effort resulting in high-quality

whole-genome assemblies of 904 exemplars of rhizobia originating from a panel of taxo-

nomically distant plant hosts, including non-legumes, as well associated environmental

sources, such as soil, nematodes or insects (Supporting Information). These newly-

sequenced isolates cover the majority of the known sublineages of rhizobia as well

as potentially uncharacterized phylogenetic groups, providing novel insights into the

taxonomic and genomic diversity of this ecologically relevant bacterial clade. These

extensive collection of cultured isolates, together with their annotated genomes and a

comprehensive and detailed metadata exploring their origin, biogeography and their

ecological significance by cross-referencing with previous culture-independent commu-

nity profiling studies using a taxonomically diverse panel of hosts (Schlaeppi et al., 2014;

Bulgarelli et al., 2015; Bai et al., 2015; Zgadzaj et al., 2016) constitutes a valuable re-

source in for the study of symbiotic and commensal bacterial evolution by sequence
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analysis as well as by experimentation in the laboratory under controlled conditions.

In this study we have also retrieved and jointly analyzed a set of high-quality genome

assemblies of 370 strains of rhizobia mostly isolated from nodules of legumes belonging

to all major taxonomic groups containing exemplars capable of developing symbiotic

relationships with their plant host (Supporting Information). The resulting dataset

of 1,313 genomes forms the basis of a large-scale comparative genomics analysis that

sheds light in the evolutionary history of symbiosis and commensalism in rhizobia.

First, we assessed the ecological relevance of the various taxonomic groups present in

the dataset by retrieving and jointly processing 5 previous 16S rRNA gene amplicon

surveys of the microbial communities of plants grown in natural soils (Schlaeppi et al.,

2014; Bulgarelli et al., 2015; Bai et al., 2015; Zgadzaj et al., 2016). We then used marker

gene sequences extracted from the genome sequences to anchor all raw 16S reads and

perform a high-resolution (≥ 99% sequence identity) analysis of diversity. The results

of this computational experiment showed that a taxonomically and functionally wide

set of rhizobia are consistently found in the root and leaf microbial communities of

a wide taxonomic range of plant hosts including the monocot barley and the dicots

Arabidopsis thaliana and Lotus japonicus, the latter of which is able to form symbiotic

interactions with compatible strains. (Figure 8.1). The broad taxonomic range of the

OTUs found in significant levels in the root and rhizosphere samples, together with the

conserved community composition observed in hosts that diverged more than 200 My

ago, indicates that the ability to colonize plant roots is an evolutionarily conserved and

ancestral feature of rhizobia which is not limited to nitrogen-fixing nodule symbionts.

This hypothesis is further supported by the observation that the vast majority of the

exemplars that were isolated from non-legume hosts and other environmental sources

are lacking the genes necessary for nodule formation and nitrogen fixation, despite of

containing very close relatives to known legume symbionts (Figure 8.5).

Analysis of functional diversity revealed a strong phylogenetic signal separating the

genomes of the different taxonomic groups, without any clear clustering of isolates

with respect to their origin. Furthermore, symbionts isolated from legume nodules

showed no functional differentiation compared to non-nodulating rhizobia, implying

that the acquisition of the symbiosis genes and subsequent process of nodule and host

specialization was not accompanied by any significant changes at the whole genome

level (Figure 8.3). De novo prediction of orthologous genes independent of a reference

database for a taxonomically diverse subset of genomes (n = 500) revealed a very small

core-genome consisting on an average of 27.30% of the proteome (802 gene families) and

an extremely large pan-genome (88,649 COGs) (Figure 8.4). These results reveal a pre-
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viously uncharacterized genomic heterogeneity which likely corresponds to adaptation

to multiple soil and plant-associated habitats. Despite of the deep targeted sequencing

effort conducted in this study, permutation analyses resulted in non-saturated accumu-

lation curves that correspond to a yet to be explored functional diversity (Figure 8.4B).

Ancestral state reconstruction of symbiosis genes (nif and nod) using a Maximum Like-

lihood approach indicates that the most recent common ancestor of all rhizobia was

not capable to induce nodule formation and fix atmospheric nitrogen and reveals strong

evidence of multiple independent gains of the symbiosis genes occurring after the speci-

ation events leading to the formation of the clades that constitute the modern rhizobial

families (Figure 8.5). These instances of independent acquisition of the symbiosis phe-

notype, likely via horizontal gene transfer from an out-group taxon, constitutes an

example of convergent evolution in rhizobia.

Binary association experiments between a selected panel of rhizobial strains and germ-

free Arabidopsis thaliana revealed a phylogenetically conserved form of interaction with

the plant host consisting on a significant plant growth promotion phenotype (Figure

8.6). Interestingly, this phenotype was not limited to exemplars isolated from Ara-

bidopsis roots but it was likewise present in plants inoculated with strains isolated

from functional legume nodules and even with the originally pathogenic Agrobacterium

tumefaciens (GV3101). The results from these experiments suggest the presence of a

conserved form of interaction with the plant which is independent from the canoni-

cal symbiosis pathway and that might be a relevant feature for ecological fitness and

survival in the plant root environment. Our data also supports the hypothesis that per-

sistence of rhizobia in soils, including symbiotic strains, depends on their capability to

interact with plant hosts and colonize the root and rhizosphere environments (Triplett

et al., 1993; Thies et al., 1995; Zgadzaj et al., 2016). Understanding the genetic basis

and the evolutionary history of this capability to interact with a broad range of hosts

might be a crucial component in improving the performance of highly compatible sym-

bionts that can be employed as biofertilizers with increased persistence in nutrient-poor

agricultural soils where the common practice of legume crop rotation is employed.

8.5 Materials and methods

8.5.1 Isolation and sequencing of strains

Surface sterilized seeds of Arabidopis thaliana were sown at a density of four plants per

pot (7x7 cm) and stratified for three to four days. Plants were grown in the greenhouse
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for 6 weeks under short day conditi ons (8/16 hours day/night with a temperature of

22◦C/18◦C and a relative humidity of 70%). After harvest, roots were mechanically

separated from the adhering soil particles and a defined root segment of 3cm starting

0.5cm distant from the hypocotyl was sampled. Soil particles still attached to the roots

were removed by gentle tapping. Roots were collected in 15 ml falcons containing 5

ml phosphorus buffered saline (PBS)-S buffer (130 mM NaCl, 7 mM Na 2 HPO 4 ,

3 mM NaH 2 PO 4 , pH 7.0, 0.02% Silwet L-77) and washed for 15 minutes at 180

rpm on a shaking platform. Roots were transferred to a new falcon, the remaining soil

particles were centrifuged for 20 minutes at 15,000 x g. After washing for a second

time, roots were transferred to a new falcon tube and sonicated 10 times at 160 W with

30 second brakes (Bioruptor Next Gen UCD-300, Diagenode, LiÃ¨ge, Belgium). Roots

were transferred to a 1.5 ml tube containing 10 mM MgCl2 and mechanically disrupted

using the Precellys24 tissue lyzer at 5,000 rpm for 3x at 30 seconds. Afterwards, the

root tissue was centrifuged for 5 minutes at 1,000 x g and the supernatant transferred

to a new tube. Serial dilutions were prepared from the supernatant and plated onto

flour and TWYE media (flour: 6 g/L flour, 0.3 g/L yeast extract, 0.3 g/L sucrose, 0.3

g/L CaCO3 , 1.8%. TWYE: 0.25 g/L yeast extract, 0.5 g/L K2HPO4 , 1.8% agar,

respectively), including 50 μg/ml Benzimidazole to inhibit fungal growth. Plates were

incubated for three to four days at 28◦C. Afterwards, single colonies were transferred

with a sterile pipette tip to 400 μl liquid media in a 96-well format and incubated for

up to 7 days at 28◦C at 200 rpm. Then, 100 μl of the culture was transferred to a

96-well PCR plate and bacterial cells disrupted for 10 minutes at 100Â◦C. Cell frag-

ments were centrifuged for 10 minutes at 3,000 rpm and the supernatant transferred

into a new plate. In a PCR reaction, used to obtain sequence information for taxo-

nomic assignment, the primers 799F-noadaptor (5’-AACMGGATTAGATACCCKG-3’)

and 1392R (5’-ACGGGCGGTGTGTRC-3’) were used. PCRs were performed using 3

μl of isolated bacterial DNA in a total volume of 25 μl. PCR components include 1.25

U DFS-Taq DNA Polymerase (Bioron, Ludwigshafen, Germany), 1x complete reaction

buffer, 0.3% BSA, 200 μM of dNTPs and 400 nM of each primer. The PCR reaction

was pipetted in a laminar flow and amplified (94◦C/ 5 minutes, 94◦C/30 seconds, 50◦C/

30 seconds, 72◦C/30 seconds, 72◦C/5 minutes for 35 PCR cycles). PCR quality was

assessed by loading 5 μl of the amplicon on a 1% agarose gel. DNA concentration was

measured using a Nanodrop photometer (PeqLab, Erlangen, Germany), adjusted to 20

ng/μl and subjected to Sanger sequencing (performed by the Max Planck Genome Cen-

ter, Cologne, Germany). Obtained sequences were analyzed with BioEdit and blasted

against an internal 454 se quence database (as described in Bulgarelli et al., 2012) to
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correlate the isolated bacteria to OTUs identified with in previous culture-independent

studies.

8.5.2 Genome assembly

Genomes sequenced using the Illumina platform were assembled by first passing their

short reads through a quality and length trimming filtering with Trimmomatic (Bol-

ger et al., 2014) and subsequently assembled using an ensemble of two approaches:

A5 (Tritt et al., 2012) and SOAPdenovo (Li, 2010). In each case, the assembly with

the smaller number of scaffolds was selected. Subsequently, contigs smaller than 1,000

bases were removed from the assemblies. Genomes sequenced using the Pacific Bio-

sciences platform and their long reads were assembled into complete genomes using the

HGAP assembler (Chin et al., 2013). Detailed statistics concerning the assemblies of

all genomes analyzed in this study can be found in the Supporting Material. Acces-

sion numbers corresponding to the raw reads of all genomes, including also those of

previously published organisms can likewise be found in the Supporting Material.

8.5.3 Annotation and orthology inference

To determine homology relationships between gene sequences we first predicted putative

protein-coding sequences using Prodigal (Hyatt et al., 2010). Annotation of candidate

Open Reading Frames (ORFs) was then conduced using the KEGG Orthologue (KO)

database (Kanehisa et al., 2016) as previously described (Bai et al., 2015). Briefly:

sequences from each KO were aligned using Clustal Omega (Sievers, 2011) and Hidden

Markov Models (HMMs) generated based on each multiple sequence alignment using

the HMMER suite (Eddy, 2011). Subsequently, the HMMs were employed to search

all putative protein-coding sequences. Sequences matching a KO with an E value

lower than 10E10-5 with a coverage of at least 70% of the total length were assigned

to said KO. All sequences assigned to the same KO were considered homologous and

classified as belonging to the same Cluster of Orthologous Genes (COG). For the pan-

genome analysis and permutation-based analysis of saturation curves we also conducted

a more comprehensive prediction of COGs using OrthoFinder (Emms and Kelly, 2015),

a sequence-based de novo method for orthogroup inference. Subsequently, for each

Cluster of Orthologous Genes (COG) we generated a phyletic pattern consisting on a

binary vector of presence / absence of each KO group or COG in each genome of the

dataset. The total of all phyletic patterns, or phylettic matrices, were used as input

for all downstream analyses (Supporting Material).
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8.5.4 Natural community amplicon sequencing meta-analysis

First, we retrieved from the public databases all raw, unprocessed sequences corre-

sponding to the analyzed 16S rRNA gene surveys (Schlaeppi et al., 2014; Bulgarelli

et al., 2015; Bai et al., 2015; Zgadzaj et al., 2016) and compiled a master meta-data

table containing information of all samples across studies (Supporting Material). Next,

a database of high-quality reference sequences was built by extracting 16S gene se-

quences from the rhizobial genome assemblies using RNAmmer (Lagesen et al., 2007).

Identical reference sequences were prior downstream analyses dereplicated (Supporting

Material). Subsequently, 16S rRNA gene sequences were processed using a combina-

tion of custom scripts as well as tools from the QIIME (Caporaso et al., 2010) and

USEARCH (Edgar, 2010) pipelines. First, reads were truncated to an even length

(290 bp) using the truncate fasta qual files.py QIIME script. Libraries were demulti-

plexed (split libraries.py) and only reads with a quality score Q > 25 were retained

for subsequent analysis. After dereplication and removal of singletons we conducted

a reference-based clustering of sequences into OTUs using the UPARSE algorithm

(Edgar, 2013) at 99% identity using high-quality 16S dereplicated sequences extracted

from the whole-genome assemblies. In parallel, we conducted de novo clustering of

all sequences into OTUs using the standard UPARSE algorithm (Edgar, 2013) at 97%

identity. After chimeric sequences were filtered using UCHIME (Edgar et al., 2011) and

the ’gold’ database (http://drive5.com/uchime/gold.fa), we used the total number

of non-artefactual OTUs per sample to normalize the rhizobial abundances as a per-

centage of the total sample size. The resulting OTU table was used in all subsequent

statistical analyses of differentially abundant taxa as well analyses of alpha- and beta-

diversity (Supporting Material). Prevalence of symbiosis genes in each reference OTU

was calculated as the percentage of genomes within each OTU (genomes with identical

16S V5-V7 sequences) containing each marker gene with respect to the OTU size.

8.5.5 Comparative genomics and ancestral character reconstruction

Inference of an accurate species tree was conducted as follows: first, we extracted

from each proteome a set of single-copy phylogenetic markers that are present in the

majority of sequenced bacterial genomes called AMPHORA genes (Wu and Eisen,

2008) using a set of HMMs and the hmmsearch tool (Eddy, 2011). The resulting

sequences were concatenated independently for each genome and then aligned using

Clustal Omega (Sievers, 2011). For each dataset, rooted species trees were generated

using the AMPHORA multiple sequence alignments using MrBayes (Huelsenbeck and
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Ronquist, 2001; Ronquist and Huelsenbeck, 2003) with a strict molecular clock and

a General Time Reversible model (GTR+G+I; Supporting Material). Similar results

as reported above were obtained by reconstructing the species tree using an alterna-

tive Maximum Likelihood approach implemented in FastTree (Price et al., 2010) with

a GTR model of DNA evolution and without a molecular clock constrain (data not

shown). Polytomies in the trees were resolved by inserting branches of zero length to

avoid conflicts in the inference of ancestral characters.

Given the matrix of phyletic patterns and the species tree we used a Maximum Like-

lihood (ML) approach (Pagel, 1994) for the estimation of ancestral states using the

implementation provided with the R package ape (Paradis et al., 2004), which employs

a ’two-pass’ algorithm for the joint estimation of the likelihood of the ancestral states

(Felsenstein and Felenstein, 2004; Yang, 2006). This approach gives similar results as

stochastic mapping (Pupko et al., 2000; Paradis et al., 2004) while being much faster,

thus enabling the estimation of ancestral characters for very large datasets (several

thousands of genomes or more).

Analyses of functional diversity between sequenced isolates were as in (Bai et al., 2015)

First, we generated for each genome in the data set, a profile of presence/absence of

each KO group (or phyletic pattern). Subsequently, a distance measure based on the

Pearson correlation of each pair of phyletic patterns was calculated, which allowed us

to embed each genome as a data point in a metric space.

8.5.6 Binary association experiments with germ-free Arabidopsis plants

The rhizobial strains were grown in liquid TY media (5 g/L tryptone, 3 g/L yeast ex-

tract, and 10 mM CaCl2) for 2-3 days and precultured for additional 2-3 hours following

5-fold dilution with new TY media. Bacterial cells were collected and resuspended in

10 mM MgCl2, followed by OD600 adjustment to 0.5, and mixed into 10,000 volume

of half-strength MS media (750 μM MgSO4, 625 μ KH2P04, 10.3 mM NH4NO3, 9.4

mM KNO3, 1.5 mM CaCl2, 0.05 μM CoCl2, 005 μM CuCl2, 50 μM H3BO3, 2.5 μM

KI, 50 μM MnCl2, 0.5 μM Na2MoO4, 15 μM ZnCl2, 75 μM Fe-EDTA, 0.5 mM MES-

KHO pH 5.5) supplemented with 1% granulated agar (Difco). Aliquots of rhizobia

strains after OD600 adjustment was mixed with equal volume ratio and incubated on

99 degrees blocks for 10 minutes. Heat treated rhizobia strains mixture was added to

526 volume of half-strength MS media and used as a heat-killed (HK) control. As a

mock control, 10 mM MgCl2 was added to 10,000 volume of half-strength MS media.

Surface sterilized seeds of Col-0 wild type (N60000) were sown on to the media and
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cultured for three weeks under short-day conditions (10 hours light under 21 degrees

and 14 hours dark under 19 degrees) in a randomized design. To avoid heterogeneous

light intensity, the location of plates in the chamber was mixed every week. Primary

root length was measured by ImageJ after scanning the plates at 360 dpi resolution.

Primary root length and shoot fresh weight were normalized to the median of respective

mock control within each technical replicates.
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9.1 Abstract

Determining functional and co-evolutionary relationships between genes based on se-

quence alone is a crucial step in integrating large genomic datasets and understanding

how bacterial populations and communities adapt to diverse environments. Here, we

propose a phylogenetic approach for determining clusters of co-evolving genes and their

network organization by modeling gene gain and loss as a continuous process along the

branches of the species tree. Our method accounts for uncertainty in the reconstruc-

tion of the ancestral states as well as in the inference of the species tree and robustly

identifies clusters of co-evolving genes that significantly enrich for functional categories

and pathways and which are relevant for adaptation to diverse environments. We

demonstrate its ability to detect biologically meaningful gene family interactions by

analyzing a total of 2,737 bacterial genomes, including diverse populations of multiple

plant-associated and symbiotic Rhizobia, a phylogenetically wide collection of bacterial

genomes representative of the Arabidopsis thaliana leaf and root microbiota as well

as a population of clinically relevant antibiotic-resistant Staphylococcus aureus strains.

We generate co-evolutionary networks that show a hierarchical and highly clustered

structure and find that proximity in the network clearly correlates with functional

relatedness in a curated database. Detailed analysis of a large and compact cluster

containing gene families known to be crucial for the interaction between Rhizobia and

their plant hosts, revealed potentially novel genes relevant for nodule nitrogen-fixing

symbiosis. In addition, by analyzing a large set of Staphylococcus aureus genomes we

were able to accurately predict the genetic basis of resistance to several antibiotics,

further validating our approach to link genotypes and phenotypes. Finally, based on

these results, we conclude that the predominant mechanisms driving bacterial genome

evolution, based on gene gain and loss (via Horizontal Gene Transfer and genome re-

duction), act in a concerted manner at the level of gene modules rather than at the

level of individual genes.

9.2 Introduction

Prokaryotic genome evolution is dominated by two main processes: gene gain (mostly

via Horizontal Gene Transfer, or HGT) and gene loss, for instance when lifestyle changes

in symbiotic or pathogenic bacteria derivate in reductive genome evolution (Soucy et al.,

2015; Kuo and Ochman, 2009). However, selective pressure acting on a given gene might

change as a result of gains or losses of other genes relevant for the same or related pro-
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cesses, causing sets of genes to co-evolve. Furthermore, genes whose products form part

of the same complex tend to be located in the same regions of the genome, causing them

to be jointly lost or transferred (Ettema et al., 2001). Studying these inter-relationships

between individual gene evolutionary histories is a crucial step in understanding the

process of prokaryotic genome evolution.

Previous attempts to measure signatures of co-evolution between pairs of genes can be

devided broadly into two categories: methods that detect co-evolving sites or residues in

gene familiy sequence alignments, and which are mostly applied for predicting protein-

protein interactions (de Juan et al., 2013), and phylogenetic methods that use patterns

of gene presence or absence (phyletic patterns) and that take into account the species

tree to distinguish joint adaptive evolution from the effects of population structure

(Campillos et al., 2006; Cordero et al., 2008; Cohen et al., 2012). These previous

approaches have shown that correlating discrete events of gene gain and loss along

branches of the species tree allows identification of co-evolving and functionally related

pairs of genes (Cordero et al., 2008). However, modeling gene evolutionary histories

as a set of discrete events does not adequately account for uncertainty in the inference

of these events and treats gains and losses as separate, independent features (Cohen

et al., 2012).

Here we introduce a novel phylogenetic approach that uses Maximum Likelihood (ML)

reconstruction of ancestral states to model gene evolutionary histories as a continuous

spectrum of gain / loss probabilities which we term evolutionary profiles. We employ

this approach to cluster gene families into functionally relevant modules by comparing

their evolutionary profiles while accounting for uncertainties in the inference of the an-

cestral states and the species phylogeny. The underlying hypothesis underpinning this

approach is that gene families that have been jointly acquired and lost more often than

expected by chance are likely to be involved in the same biological process. Comparing

the evolutionary profiles between all pairs of genes allowed us to generate networks

of co-evolving proteins for several large datasets of bacterial genomes. We were able

to validate the biological significance of the inferred networks and clustering solutions

using a curated annotation database as well identified a number of potentially novel

gene families involved in the ecologically and economically relevant symbiotic interac-

tion between nitrogen-fixing Rhizobia and legume plants. Additionally, we applied our

approach to a large dataset of antibiotic-resistant Staphylococcus aureus genomes and

were able to robustly and accurately determine the genetic basis of the resistance to

the tested antibiotics, despite of the presence of a strong population structure.
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9.3 Results

9.3.1 Network of co-evolving genes and functional modules in Rhizo-

bia

We sought to determine modules or clusters of co-evolving genes in a dataset of 1,314

genomes of plant-associated bacteria belonging to symbiotic and commensal species

within the order Rhizobiales, collectively known as Rhizobia. Members of these species

have been profusely studied in the past for their capability to engage in various forms

of symbiotic interactions with plants. The most studied form of symbiosis requires the

formation of specialized structures in the roots of legumes, called nodules, which serve

as a niche for nitrogen-fixing bacteria. Recently, we have shown the majority of rhizo-

bial isolated strains are commensals found in great abundances in the roots and leaves

of both, legume and non-legume plants, and that the specialized, nitrogen-fixing form

of symbiosis, is one possible of several adaptive strategies for these bacterial species

(Chapter 7). Our goal was to identify in silico modules of co-evolving genes relevant

for these strategies of adaptation to the plant root and leaf environments.

First, we generated a matrix of annotated phyletic patterns for each of the 4,936 Clus-

ters of Orthologous Genes (thereafter referred to as COGs or, interchangeably, ’gene

families’ or simply ’genes’) found in the dataset. Each row in the matrix corresponds

to the phyletic profile of a gene family, consisting in a binary vector containing infor-

mation of presence / absence of the gene in every genome of the dataset. Taking this

matrix as input of our method (see Methods for a detailed description), we were able to

generate a network of genes whose evolutionary histories showed significant evidence of

co-evolution (Figure 9.1). In total, we determined a network with 4,125 edges denoting

high functional relatedness between COGs (Methods). In accordance with previous re-

search (Cordero et al., 2008; Cohen et al., 2012), we found the resulting network to be

scale free (Figure 9.1). A deeper analysis of the network structure revealed a high level

of granularity (Watts-Strogatz clustering coefficient 0.47; Watts and Strogatz (1998))

and a large number of genes that showed evidence of co-evolution with at least another

gene (1,805 COGs or 36.57% of all COGs).
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Figure 9.1: Network of co-evolving genes in Rhizobia. Graphical view of the co-
evolution network of 1,314 genomes of Rhizobia, where each node corresponds to a gene
family and edges correpond to similarity between the evolutionary profiles of each pair of
genes. The network was produced after a filtering step and retaining edges with a weighted
correlation coefficient above a threshold (cmin ≥ 0.30) and considering only informative
nodes (Imin > 10). Clusters with the highest connectivity are depicted in different colors
and highlighted in boxes. Thickness and transparency of the connecting lines correspond
weighted correlation coefficient between evolutionary profiles.
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Next, we tried to determine the biological relevance of the evolutionary network by

comparing the adjacency of pairs of gene families with their functional annotation in

the Kyoto Encyclopedia of Genes and Genomes (KEGG) pathway database (Kanehisa

et al., 2016), a well curated resource that groups orthologous sets of genes into pathways

and modules representing their interactions in diverse biological processes. We found

that pairs of genes which are highly adjacent in the co-evolutionary network show a

large overlap in their annotated pathways (Figure 9.2) and observed a clear correlation

between their functional relatedness (Jaccard similarity index) and their proximity in

the network (Figure 9.2; Methods). These results indicate that the infered links that

form the basis of the co-evolution network have a biological relevance and recapitulate

experimentally validated functional interactions.

Figure 9.2: Relationship between network proximity and functional similar-
ity. Plot showing the correlation between functional similarity (Jaccard similarity index)
between the predicted KEGG pathway of each pair of gene families and their network prox-
imity, determined by the weighted Pearson correlation between their evolutionary profiles.
Posterior probabilities from the inferred species tree were used as weights. (Methods) Dots
and bars correspond to the mean and standard deviation of each bin.
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Based on the highly granular structure of the network, we decided to apply an unsuper-

vised clustering method to robustly determine well-connected components or clusters

potentially involved in the same biological processes. We applied the Markov Clus-

ter algorithm (MCL) (Van Dongen, 2001) to our co-evolution network (Methods) and

obtained a set of 233 clusters (Supporting Information). Among these, 44 clusters

containing at least 5 genes showed a high degree of connectivity and the strongest sig-

natures of co-evolution, clearly indicating the presence of biologically relevant modules

of functionally related gene families.

Figure 9.3: Adjacency matrix showing the highly clustered structure of the co-
evolution network of Rhizobia. Heatmap depicting weigthed correlation coefficients
between each pair of genes in the Rhizobia co-evolution network. Only the largest connected
clusters were included. Genes were ordered according to their cluster membership and
clusters where arranged by size. The annotation on the left-hand side is attributed by
majority vote of all the cluster members.
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Combining the clustering results with the underlying adjacency matrix provided a visual

representation of the structure of these modules or components of co-evolving genes

(Figure 9.3). This analysis showed that gene families belonging to a module are well

connected to other members of the same cluster but seldom to other genes in the

network, indicating that the driving forces underlying gene acquisition and loss act at

the level of functional modules rather than at the level of individual genes.

Figure 9.4: Co-evolution of genes in the symbiosis module in Rhizobia. Graph-
ical representation of the subnetwork containing gene families in the symbiosis cluster.
Each node corresponds to a gene family, colored by attributed function. The thickness
and transparency of the connecting edges corresponds to the weighted Pearson correlation
coefficient between the evolutionary profiles of each pair of genes. Only genes with a cor-
relation above a minimum threshold (cmin ≥ 0.30) are depicted. Boxes contain the KEGG
Orthologue (KO) identifier and description of each gene.
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Surprisingly, all of the primary functions associated to the largest and better connected

clusters belong to categories of potential ecological relevance for Rhizobia (Figure 9.1

and Figure 9.3) For example, one of the top modules is highly enriched with gene

families which are crucial for the establishment of successful nitrogen-fixing symbiosis

with legume plants (Figure 9.3 and Figure 9.4) and contains the genes encoding for

the nitrogenase (nif genes) and their regulatory components (Dixon and Kahn, 2004)

as well as the nodulation factors (nod genes), which encode for secreted proteins that

act as molecular messengers between symbiotic Rhizobia and their host during the

process of colonization and nodule formation (Lerouge et al., 1990; Oldroyd, 2013).

These two sets of genes are tightly clustered together and highly connected by edges

in the network (Figure 9.1 and Figure 9.3) denoting strong signatures of co-evolution.

This result is in accordance with the current underestanding of the genetic basis of

the symbiotic process. However, despite of the clear involvement of these two groups

of genes in the same biological process, the nif and nod genes are annotated in the

database as belonging to different pathways (’Nitrogen fixation’ and ’Symbiosis’). This

implies that our positive assessment of the biological relevance of the co-evolutionary

network (Figure 9.2) likely understimates the number of meaningful links between gene

families which are nonetheless annotated as belonging to distinct funtional categories,

thus validating our approach to uncover non-trivial relationships between co-evolving

subsets of genes of diverse functions.

Figure 9.5: Co-evolution of genes in the T6SS module in Rhizobia. (Caption in
following page).
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Figure 9.5: Co-evolution of genes in the T6SS module in Rhizobia. (Figure
on previous page). Graphical representation of the subnetwork containing gene families
in the symbiosis cluster. Each node corresponds to a gene family, colored by attributed
function. The thickness and transparency of the connecting edges corresponds to the
weighted Pearson correlation coefficient between the evolutionary profiles of each pair of
genes. Only genes with a correlation above a minimum threshold (cmin ≥ 0.30) are depicted.
Boxes contain the KEGG Orthologue (KO) identifier and description of each gene.

Another example of strong signatures of co-evolution is found between genes encoding

for molecular componets of different bacterial secretion systems (Figure 9.3), such as

the canonical Type IV Secretion System (T4SS), which is known to be present in mem-

bers of the Rhizobiales order, most notably in the Agrobacterium genus, and relevant

for interactions between rhizobacteria and their plant host (Cascales and Christie, 2003;

Lessl and Lanka, 1994). Surprisingly, in addition to the canonical T4SS encoded by the

vir genes, we found a strongly co-evolving cluster formed by elements of an alternative

T4SS system, also known as Icm/Dot complex or T4SS B, encoded by the icm and

dot genes (Figure 9.3). This system is known to be present in pathogenic bacteria such

as Legionella pneumophila and found to be crucial for virulence by means of effector

protein delivery into the eukaryotic host cell (Vogel et al., 1998; Zusman et al., 2004;

Christie et al., 2014). However, among the three detected clusters containing genes

related to secretion, the strongest signs of co-evolving gene families were found in the

module corresponding to the Type VI Secretion System (T6SS), consisting mostly of

the imp genes (Figure 9.5), which has been shown to be relevant in microbe-microbe

interactions, e.g. by providing defense against single-celled eukaryotic predators such

as Protists or by playing a role in competition against other bacteria. (Toft and An-

dersson, 2010; Russell et al., 2014). Together, these results provide further evidence

of the importance of bacterial secretion in the adaptation to the root and rhizosphere

environment by plant-associated taxa.

An additional cluster found among the better connected components of the network

is formed by the exo genes (Figure 9.6), which are necessary for the biosynthesis of a

large array of exopolysaccharides known to play a crucial role in the invasion of the root

interior (endophytic compartment) that leads to succesful formation of indeterminate

nodules such as those found in Medicago truncatula (Jones et al., 2009). Thus, together

with the nitrogenase and Nod factor cluster (Figure 9.3 and Figure 9.4) our method

successfuly identified, among the highest scoring clusters, several modules containing a

large portion of the repertoire of genes necessary for nodule symbiosis formation.
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Figure 9.6: Co-evolution of genes in the exopolisaccaride biosynthesis module
in Rhizobia. Graphical representation of the subnetwork containing gene families in
the symbiosis cluster. Each node corresponds to a gene family, colored by attributed
function. The thickness and transparency of the connecting edges corresponds to the
weighted Pearson correlation coefficient between the evolutionary profiles of each pair of
genes. Only genes with a correlation above a minimum threshold (cmin ≥ 0.30) are depicted.
Boxes contain the KEGG Orthologue (KO) identifier and description of each gene.

9.3.2 Modules enrich for functionally related genes

We have demonstrated that our method is able to generate a network of gene families

and robustly identify modules within it consisting of genes encoding functions relevant

for the adaptation of Rhizobia to its environment. Next, sought to test whether the

modules inferred by our approach significantly enrich for similar biological functions.

In order to do this, we used a hypergeometric test with the Benjamini-Hochberg cor-

rection for multiple hypothesis testing (Methods). Briefly, this statistical test allows

us to determine if genes in the same cluster are annotated with the same functions

more often than expected by chance and thus determine if the cluster is enriched with

a particular functional category or pathway. We found that the majority of the well-

connected clusters (Figure 9.1 and Figure 9.3) have a statistically significant overlap

with one or more KEGG pathways. The results of this analysis, summarized in Table

9.1, provide evidence that the modules found in the co-evolutionary network are bio-
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logically meaningful.

Furthermore, among the remaining clusters with the strongest signatures of co-evolution

we also found modules enriching for functions relevant for adaptation of Rhizobia to

their environment (Figure 9.1 and Figure 9.3) e.g. uptake of metabolites from the host

plant as carbon sources (Glycerol utilization cluster; glp genes) (Ding et al., 2012) or

nitrogen sources (Xanthene uptake cluster; yag genes) (Botou et al., 2014). Of note,

we found a cluster loosely connected to the symbiosis module (Figure 9.3, third from

the top) mostly consisting of genes encoding for uptake hydrogenases, which allow

Rhizobia to recycle the hydrogen generated during the atmospheric nitrogen fixation

process occuring inside of functional nodules (Baginsky et al., 2002). Interestingly, we

also found the cluster containing the genes encoding the canonical T4SS Vir complex

loosely linked to the symbiosis module (Figure 9.3), indicating that this bacterial secre-

tion system might also play a role in the interactions between Rhizobia and their host.

Together, these results illustrate that the placement of each component in the network

in relation with other clusters has potential implications about their functional context

and their shared evolutionary histories.

Attributed functions Size KEGG pathway / module P value

Symbiosis 29 Nitrogen metabolism 1.49E-04
Symbiosis ≈ 0

Methane metabolism 22 Methane metabolism 4.97E-14
Hydrogenases 17 Degradation of aromatic compounds 2.67E-02
Exopolisaccaride biosynthesis 16 Exopolisaccaride ≈ 0
Denitrification 16 Nitrogen metabolism 3.89E-10
Type VI Secretion System 14 Bacterial secretion system ≈ 0
Type IV A Secretion System 10 Bacterial secretion system ≈ 0
Sulfur metabolism 9 Sulfur metabolism ≈ 0
Glycerol utilization 9 Saccharide, polyol, and lipid transport system 6.58E-14
Type IV B Secretion System 8 Bacterial secretion system ≈ 0

Table 9.1: Significant functional enrichment of large clusters. Table listing the
results of a hypergeometric test of the overlap between genes in a cluster entries in the
database classified as belonging to a given KEGG pathway or funcional module. Only the
results of large clusters whose attributed function matched a pathway or module present
in the database are shown. P values were adjusted for multiple hypothesis testing using
the Benjamini-Hochberg correction.

9.3.3 Identification of novel symbiosis-related genes in Rhizobia

Next, we sought to determine if our approach would allow us to identify potentially

novel gene families relevant for the symbiotic interaction between Rhizobia and their

legume host. For instance, within the symbiotic cluster (Figure 9.4) we found two

reductases that transform geranylgeranyl pyrophosphate, an intermediate metabolite
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thought to be a precursor of the gibberellin plant hormones (Hershey et al., 2014).

Interestingly, we also found the rhiH gene, which is a component of the operon en-

coding for the biosynthesis of an antimitotic rhizoxin complex (Partida-Martinez and

Hertweck, 2005) to show signs of co-evolution with the known symbiosis genes (Fig-

ure 9.4). Notably, an ortholog of this gene was found to be present in the genome of

the plant commensal Pseudomonas fluorescens and to play a role in the synthesis of

and antifungal rhizoxin derivatives (Brendel et al., 2007; Takeuchi et al., 2015). We

speculate that the strong co-evolutionary link between these genes and other genes

known to be crucial for the development of functional nodules, such as the nodulation

factors or the nitrogenase components, suggest that they too might play a role in the

symbiotic interaction between Rhizobia and their hosts. Further experiments in the

laboratory with knock-out mutants of model symbiotic Rhizobia in mono-associations

with their legume host, which are currently underway, are necessary to determine the

role that these potentially relevant gene families play in the establishment of functional

nitrogen-fixing root nodules.

9.3.4 Functional modules in the Arabidopsis root and leaf microbiota

We next applied our method to a dataset with a broader phylogenetic range consisting

of the sequenced genomes of the Arabidopsis thaliana leaf and root culture collections

(Chapter 7). This dataset, which consists of 432 genomes belonging to 5 different phyla

and 35 families, thus covering a wider portion of the bacterial tree of life, allowed us

to further validate our approach. We generated a highly clustered (Watts-Strogatz

coefficient 0.50), scale-free network consisting of 932 informative gene families and

1,937 edges depicting high correlation between their evolutionary profiles (Supporting

Information). Clustering of the nodes of this network using the same approach as de-

scribed above (see also Methods) revealed modules with clear signatures of co-evolution.

Among these clusters, we found several examples of modules encoding genes potentially

relevant for adaptation to the root and leaf environments, such as genes related to envi-

ronmental information processing and motility (Bulgarelli et al., 2015; Bai et al., 2015).

In particular, we could identify the cluster of genes related to the flagellar apparatus

(Figure 9.7) showing strong signs of correlated evolutionary histories. Expectedly, due

to the prevalence of these genes in the vast majority of the rhizobial genomes analyzed

before, this cluster was not clearly identifiable in the Rhizobia network but nonetheless

present among the top clusters in the At-SPHERE network.
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Figure 9.7: Co-evolution of genes in the flaggelar apparatus module in the
At-SPHERE genomes. Graphical representation of the subnetwork containing gene
families in the symbiosis cluster. Each node corresponds to a gene family, colored by
attributed function. The thickness and transparency of the connecting edges corresponds
to the weighted Pearson correlation coefficient between the evolutionary profiles of each
pair of genes. Only genes with a correlation above a minimum threshold (cmin ≥ 0.30)
are depicted. Boxes contain the KEGG Orthologue (KO) identifier and description of each
gene.
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Another gene module of environmental relevance was found to include a large number

of COGs encoding proteins relevant for methane metabolism (Figure 9.8). Interest-

ingly, gene families involved in methanogenesis and methanotrophy, which are present

in a wide variety but not all of the plant-associated bacterial taxa, clustered together

with methanol-based methylotrophy COGs present mostly in members of the genus

Methylobacterium, predominantly isolated from the Arabidopsis thaliana phylosphere.

The presence of this cluster of genes and their high degree of co-evolution is a finding

consistent with previous analyses of metagenomic and metaproteomic data obtained

from roots and leaves of rice (Knief et al., 2012) and supports the hypothesis that

methanogenesis and methanotrophy are traits of ecological importance under consid-

erable selective pressure for plant-associated bacteria (Delmotte, 2009; Vorholt, 2012).

Studying other gene families linked to this cluster, some of which remain unknown

and poorly annotated, could provide novel insights into the evolution and the genetic

basis of this relevant biogeochemical conversion process and might consitute the basis

of further experimental work.

Figure 9.8: Co-evolution of genes in the methane metabolism module in the
At-SPHERE genomes. Graphical representation of the subnetwork containing gene
families in the symbiosis cluster. Each node corresponds to a gene family, colored by
attributed function. The thickness and transparency of the connecting edges corresponds
to the weighted Pearson correlation coefficient between the evolutionary profiles of each
pair of genes. Only genes with a correlation above a minimum threshold (cmin ≥ 0.30) are
depicted.



204 CHAPTER 9. SEVENTH PUBLICATION — CLUSTERING OF
FUNCTIONALLY RELATED GENES REVEALS NOVEL
SYMBIOSIS-RELEVANT GENES IN RHIZOBIA

9.3.5 Predicting the genetic basis of antibiotic resistance in S. aureus

Next we applied our approach to a set of closely related genomes from a different

environment to investigate the interaction between co-evolving genes and a given phe-

notype. We retrieved the raw sequencing reads, assembled and annotated the genomes

corresponding to 991 strains of Staphylococcus aureus for which their phenotype of

resistance to a variety of antibiotics had been previously determined (Gordon et al.,

2014) and which have been used as an example in recent efforts to apply genome-wide

associaton studies (or GWAS) to bacteria (Earle et al., 2016). In particular, we focused

on three antibiotics whose resistance or susceptibility is determined by the presence or

absence, respectively, of a particular gene (Figure 9.9).

Figure 9.9: Significantly correlated genes with patterns gain and loss of antibi-
otic resistance in S. aureus. (Caption on next page)
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Figure 9.9: Significantly correlated genes with gain and loss of antibiotic resis-
tance phenotypes in S. aureus. (Figure on previous page) a-c, antibiotic resistance
phenotypes and their significantly correlated gene families. Thickness and transparency of
the connecting edges corresponds to the weighted correlation coefficients. Only genes with
a correlation above a minimum threshold (cmin ≥ 0.30) are depicted. The top hit of each
phenotype is highlighted with a red connecting line. d, table listing the known genetic
basis of each phenotype, the spread of susceptibility in the dataset and the inferred causal
gene. e, weighted Pearson correlation of gain / loss patterns inferred for the phenotype of
penicillin resistance and its causal gene blaZ.

Here, we applied a variant of our method in which the phyletic patterns for each phe-

notype were included together with the profiles of presence or absence of each gene

family with the goal of identifying genes or modules associated with the phenotypes.

For all three of the tested antibiotics, the top hit accurately corresponded with the

known gene responsible for the phenotype (Figure 9.9), and our method succeeded in

correctly determining the genetic basis of the resistance. Our approach also captured

other co-evolving genes as secondary hits, some of which are known to be relevant for

the phenotype, as well as others of undetermined function. For instance, the phenotype

of resistance to gentamicin was found to be strongly linked to the aphD gene (weighted

correlation corr=0.82; Figure 9.9 A and D) whose presence is known to cause the phe-

notype, as well as a small number of hits with a much lower correlation.

Similarly, resistance to beta-lactam antibiotics is related to the presence of genes en-

coding the degrading beta-lactamases (bla genes; Zeng and Lin (2013)). In particular,

resistance to penicillin in Staphylococcus aureus is mediated by the blaZ gene (Figure

9.10). Interestingly, our method indicates a very high correlation between the beta-

lactamase genes, with blaZ as the top hit (corr=0.80; Figure 9.9 C and D). A closer

inspection at the evolutionary profile of the blaZ gene revealed that the evolutionary

profile of the gene correlates with gains and losses of the penicillin resistance pheno-

type, not only for branches with high likelihood of gain or loss but also for those with

intermediate probabilities (Figure 9.9 E; correlated values in the range between -1 and

1). This result illustrates the advantage of considering continuous values to model the

gene gain and loss process instead of using discrete events as branches with intermedi-

ate values are also highly informative to infer co-evolution between gene families and /

or phenotypes.

We also explored resistance to fusidic acid, which is partially associated to the presence

of fusC, a gene present in a transposable element whose product interferes with the

interaction between fusidic acid and the prokaryotic elongation factor (EF-G).
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Figure 9.10: Species tree and phylogenetic distribution of antibiotic resistance
in S. aureus The species tree was generated using a Maximum Likelihood approach based
on concatenated biallelic sites. Tip shapes and colors represent the spread of the penicillin
resistance phenotype as well as its causal gene.
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Our method successfully determined the genetic basis for the resistance to fusidic acid,

albeit in this instance with a substantially lower weighted correlation (corr=0.45; Figure

9.9 B and D). This is due to the fact that fusC -encoded resistance is not the only

mechanism to prevent susceptibility to fusidic acid, which can be also caused by SNP

substitutions in the fusA gene, which is part of the Staphylococcus aureus core genome

(O’Neill et al., 2007). Despite of the fact that resistance-conferring fusA polymorphisms

explain around a third of the positive instances of the phenotype in the dataset, and of

the strong population structure (most of the resistance strains mediated by the presence

of fusC are present in only two S. aureus clades), our method correctly reported fusC as

the most likely causal gene for the phenotype, with no false positives (Figure 9.9 B and

D). Taken together, these results illustrate the potential of our method to link gene

families and gene family clusters to phenotypes with a predictive power comparable

to state-of-the-art GWAS approaches even for sets of genomes of very closely related

strains.

9.4 Discussion

We present a phylogenetic approach for determining clusters of co-evolving genes and

their network organization by modeling gene gain and loss as continuous instead of

discrete events based on Maximum Likelihood reconstruction of ancestral states. Our

method accounts for uncertainty in the reconstruction of the ancestral states as well

as in the inference of the species tree. By applying our method to genomes of Rhizo-

bia (n=1,314), the Arabidopsis thaliana root and leaf culure collections (n=432) and a

population of antibiotic resistant Staphylococcus aureus (n=991) we have demonstrated

that our approach can be applied to very large datasets of genomes and that it can

robustly infer functionally-related modules of genes relevant for adaptation to diverse

environments, as well as the genetic basis of tested phenotypes, even in the presence

of strong population structure. Furthermore, by comparing the results obtained with a

well-curated functional annotation database, we have determined that in plant associ-

ated bacteria in general and in rhizobia in particular, genes predicted to co-evolve tend

to be involved in the same pathways much more frequently than expected by chance

(Table 9.1) and that proximity in the co-evolutionary network clearly correlates with

functional similarity (Figure 9.2).

We have reconstructed a network of co-evolving genes for for several species of Al-

phaproteobacteria, collectivelly known as Rhizobia, which are known to engage in sym-

biotic relationships with legumes and which are core components of the plant microbiota
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(see Chapter 6 and Chapter 8) (Bulgarelli et al., 2012; Lundberg et al., 2012; Bulgarelli

et al., 2015; Schlaeppi et al., 2014; Edwards et al., 2015; Hacquard et al., 2016). Analy-

sis of this network revealed several gene modules with strong signatures of co-evolution

and which are related to important adaptive processes in rhizobia, specifically for their

ability to colonize and interact with their plant hosts (Figure 9.3). Among the largest

and better connected clusters we found one containing gene families known to be crucial

for nitrogen-fixing symbionts (Figure 9.4), such as the nodulation factor synthesis and

regulation genes (nod genes) as well as the nif genes, which encode components of the

nitrogenase complex. Surprisingly, we found several additional gene families that seem

to co-evolve with these known key symbiosis genes, implying their potential and cur-

rently unknown role in the complex molecular dialog between nitrogen-fixing rhizobia

and legumes. Further testing –currently underway– of these candidate genes in the lab-

oratory in binary interactions with their plant hosts will help elucidate their biological

relevance. In addition, we also found clusters containing a repertoire of exopolysac-

caride biosynthesis genes (exo genes; Figure 9.3 and Figure 9.6) which are previously

known to be relevant for Rhizobia-host interactions (Jones et al., 2009) as well several

gene clusters encoding diverse proteins related to the uptake of plant-derived com-

pounds (Figure 9.1 and Figure 9.3). Interestingly, we also found three separate clusters

of genes encoding the bacterial T6SS (Figure 9.3) and two distinct T4SS: the canoni-

cal system, encoded by the vir genes and which is used by Agrobacterium to transfer

of T-DNA into the plant cell (Figure 9.5), and the T4SS B or Icm/Dot complex, en-

coded by the icm and dot genes which is known to be present almost exclusively in

pathogenic bacteria such as Legionella pneumophila and found to be important for

virulence by means of effector protein delivery into the eukaryotic host cell (Christie

et al., 2014). Together, these results underline the strength with which adaptation to

the plant environment imposes selective pressures that coordinate genome evolution in

Rhizobia beyond the well-studied nitrogen-fixing and nodule-inducing symbiosis with

legumes. Our data also suggest that secretion systems, particularly T4SS, is an impor-

tant genomic feature for the adaptation of Rhizobia to their environment. Laboratory

experiments with T4SS A and Icm/Dot T4SS knockout mutants with axenic plants will

allow us to test these hypothesis in the near future.

Furthermore, we have shown that this approach can also be applied to datasets con-

taining genomes from distantly related bacterial species, such as the 432 isolates from

5 phyla and 35 different families that constitute the Arabidopsis thaliana root and leaf

culture collections (Bai et al., 2015). This in silico experiment allowed us to further

validate our method by detecting clusters of genes that in the dataset of more closely
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related Rhizobia were part of the core genome, such as those involved in motility (Fig-

ure 9.7). Our results also confirmed previous studies indicating the importance of

motility genes in the root microbiome (Bulgarelli et al., 2015; Bai et al., 2015) and

methane metabolism for the root and the leaf microbiota (Delmotte, 2009; Bai et al.,

2015), where gene families involved in methanogenesis and methanotrophy (Figure 9.8)

showed strong evidence of co-evolution and of being relevant genomic features for adap-

tation to the plant environment.

In addition, we have tested our approach in a dataset of 991 closely related Staphylococ-

cus aureus genomes for which resistance to a panel of antibiotics had previously been

determined (Gordon et al., 2014; Earle et al., 2016). We have shown that our method

can also be used to determine links between discrete phenotypes and individual genes or

larger gene functional modules by reconstructing the probability of resistance to several

antibiotics along each branch of the S. aureus phylogeny. For each tested drug whose

resistance phenotype was determined partially or totally by presence or absence of a

gene, the top hit identified by our method corresponded to the known causal gene (Fig-

ure 9.9). These results are comparable with state-of-the-art approaches for bacterial

association studies that account for lineage effects (Earle et al., 2016). Of note, unlike

most of these approaches, the use of our method is not limited to sets of closely related

strains from the same population but is also applicable to genomes from unrelated bac-

terial species, even from different phyla, as indicated by the results discussed above.

Conversely, our approach is only able to determine links between genes and phenotypes

when the causal mechanism is the presence or absence of a gene, as it does not account

for polymorphic variants within the same gene families. A possible way to overcome

this limitation consists of reconstructing evolutionary profiles of all k-mers found in

the dataset above a certain frequency threshold instead of gene families, thus allowing

to infer relationships between co-evolving genomic variants and phenotypes. This ap-

proach would also remove another crucial caveat of this and other phylogenetic methods

for the inference of co-evolution, which is their limitation to genes that are subject to

gain and loss and therefore not part of the core-genome. However, despite of being a

promising avenue for future research, this extension would involve the calculation of

a very large number pair-wise weighted correlations, and additional optimizations are

required to make these operations feasible for large datasets such as those analyzed in

this study.

Previous studies have shown that gene gain (mostly via HGT) (Soucy et al., 2015) and

gene loss (Kuo and Ochman, 2009) are the predominant drivers of evolution in bacte-

ria. Taken together, our results also indicate that these adaptive processes in plant-
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associated bacteria act at in a concerted manner at the level of gene modules rather

than at the level of single genes, a finding which has important implications for the

study of microbial genome evolution and adaptation to host-associated environments,

not only of individual species but also of their entire microbial communitites. Phyloge-

netic methods such as the one presented in this study have the potential to detect these

processes at the community level (e.g. in Rhizobia and in the At-SPHERE genomes)

as well as at the populataion level (e.g. for Staphylococcus aureus). These potential

applications might be specially relevant for microbiome studies, where microbe-microbe

as well as microbe-host interactions determine complex co-evolutionary relationships

between multiple parties, rather than e.g. adaptation of isolated species to a novel or

changing environment.

In summary, we have developed a phylogenetic method to detect co-evolution between

pairs of gene families which accounts for uncertainty in the reconstruction of ancestral

events and the inference of the species tree. Applying our method to three distinct

datasets of varying phylogenetic diversity (from community to population level data)

we present three key results: i) clustering of the inferred co-evolution network reveals

functional modules relevant for colonization and survival in different environments, in-

cluding host-associated commensal and symbionts. ii) Clusters of co-evolving genes

significantly enrich for related functional categories and pathways. iii) The hierarchical

and highly clustered structure of the co-evolutionary network implies that the predomi-

nant mechanisms of bacterial genome evolution act at the level of gene modules instead

of at the level of individual genes. Although these results are encouraging, the choice

of taxa to be analyzed and their sampling depth play a crucial role in determining the

predictive power of this and related methods (Campillos et al., 2006; Cordero et al.,

2008; Cohen et al., 2012). However, we have shown that, for traits and gene families

showing significant variation within a dataset, our approach can robustly identify sets

of genes involved in relevant biological processes as well as links to corresponding phe-

notypes, largely unaffected by population structure or sampling bias. As the available

number of sequenced genomes increases, further development of phylogenetic methods

(for example to be able to account for other gene variants besides presence or absence)

has the potential to greatly improve our understanding of the processes that drive the

adaptation of microbes in the context of the complex communities they form.
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9.5 Methods

9.5.1 Genome assembly

Genomes sequenced using the Illumina platform were assembled by first passing their

short reads through a quality and length trimming filtering with Trimmomatic (Bolger

et al., 2014) and subsequently assembled using an ensemble of two approaches: A5 (Tritt

et al., 2012) and SOAPdenovo (Li, 2010). In each case, the assembly with the smaller

number of scaffolds was selected. Subsequently, contigs smaller than 1,000 basepairs

were removed from the assemblies. Selected genomes of the Rhizobia dataset were

sequenced using the Pacific Biosciences platform and their long reads assembled into

complete genomes using the HGAP assembler (Chin et al., 2013). Detailed statistics

concerning the assemblies of all genomes analyzed in this study can be found in the

Supporting Material. Accession numbers corresponding to the raw reads of all genomes,

including also those of previously published organisms can likewise be found in the

Supporting Material.

9.5.2 Inference of homology relationships between genes

To determine homology relationships between gene sequences we predicted putative

protein-coding sequences using Prodigal (Hyatt et al., 2010). Annotation of candidate

Open Reading Frames (ORFs) was then conducted using the KEGG Orthologue (KO)

database (Kanehisa and Goto, 2000; Kanehisa, 2014) as previously described (Bai et al.,

2015). Briefly: sequences from each KO were aligned using Clustal Omega (Sievers,

2011) and Hidden Markov Models (HMMs) generated based on each multiple sequence

alignment using the HMMER suite (Eddy, 2011). Subsequently, the HMMs were em-

ployed to search all putative protein-coding sequences. Sequences matching a KO with

an E value lower than 10−5 with a coverage of at least 70% of the total length were

assigned to said KO. All sequences assigned to the same KO were considered homol-

ogous and classified as belonging to the same Cluster of Orthologous Genes (COG).

For the At-SPHERE dataset, given its comparatively smaller size, we also conducted a

more comprehensive prediction of COGs using OrthoFinder (Emms and Kelly, 2015),

a sequence-based de-novo method for orthogroup inference. Subsequently, for each

Cluster of Orthologous Genes (COG) we generated a phyletic pattern consisting of a

binary vector of presence / absence in each genome of the dataset. The total of all

phyletic patterns, or phyletic matrices, were used as input for all downstream analyses

(Supporting Material).
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9.5.3 Maximum likelihood inference of ancestral characters

In addition to the matrix of phyletic patters, our method requires a fully dychotomous

tree that accurately reflects the phylogenetic relationship between the genomes. For

this purpose, we extracted from each proteome a set of single-copy, vertically inherited

phylogenetic markers that are present in the majority of sequenced bacterial genomes

called AMPHORA genes (Wu and Eisen, 2008) using a set of HMMs and the hmm-

search tool (Eddy, 2011). The resulting sequences were concatenated independently for

each genome and then aligned using Clustal Omega (Sievers, 2011). For each dataset,

rooted species trees were generated using the AMPHORA multiple sequence align-

ments using MrBayes (Huelsenbeck and Ronquist, 2001; Ronquist and Huelsenbeck,

2003) with a strick molecular clock and a General Time Reversive model (GTR+G+I;

Supporting Material). Similar results as reported above were obtained by reconstruct-

ing the species tree using an alternative Maximum Likelihood approach implemented

in FastTree (Price et al., 2010) with a GTR model of DNA evolution and without a

molecular clock constrain (data not shown). For the closely related Staphylococcus au-

reus genomes, which do not have enough polymorphism in their AMPHORA marker

genes to infer a highly resolved phylogeny, a species tree was constructed using the

same approach as in (Earle et al., 2016) by using RAxML version 7.7.6 (Stamatakis,

2014) on SNP data obtained from aligning raw reads to a reference genome. Polytomies

in the trees were resolved by inserting branches of zero length to avoid conflicts in the

inference of ancestral characters.

Given the matrix of phyletic patterns and the species tree we used a Maximum Like-

lihood (ML) approach (Pagel, 1994) for the estimation of ancestral states using the

implementation provided with the R package ape (Paradis et al., 2004), which employs

a ’two-pass’ algorithm for the joint estimation of the likelihood of the ancestral states

(Felsenstein and Felenstein, 2004; Yang, 2006). This approach gives similar results as

stochastic mapping (Pupko et al., 2000; Paradis et al., 2004) while being much faster,

thus enabling the estimation of ancestral characters for very large datasets (several

thousands of genomes or more).

For a dataset with N gene families or COGs and M extant genomes, the output of this

analysis is a vector xk of length 2M − 1, equal to the number of nodes in the rooted

species tree, for each gene family k = 1, 2, ..., N in the dataset:

xk = {p(x1), p(x2), ..., p(xM−1), x1, x2, ..., xM}
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where p(xi) is the probability of the gene family of being present in each ancestor

genome i = 1, 2, ...,M − 1, and xj = {0, 1} indicates the presence or absence of the

gene family in each of the j = 1, 2, ...,M extant genomes.

9.5.4 Modeling gene gains and losses

Based on the estimated probabilities of a gene family to be present in the ancestral

genomes, xk, we model the gain and loss events for each branch i = 1, 2, ..., 2N − 2 of

the species tree as

bi = p(xchild)− p(xparent)

where p(xchild) and p(xparent) are the probabilities of the gene family of being present

at the ancestral genome corresponding to the parent or child node of the i-th branch

of the species tree, respectively. This gives a vector of real values

bk = {b1, b2, ..., b2N−2}

with bi ∈ (−1, 1) for each COG or gene family k = 1, 2, ..., N in the dataset. We

designate these vectors bk evolutionary profiles. Negative values correspond to a likely

loss event whereas positive values represent probably gain events along a given branch

of the species tree. We reason that these vectors contain more information concerning

the past evolutionary history of a gene family than a representation of gain / loss

events as separate discrete values as it has been previously done for similar purposes

(Cordero et al., 2008; Cohen et al., 2012), given the fact that low probability events are

represented with values close to 0, and not only highly probable gains or losses, which

here correspond to values closer to 1 or -1, respectively. Therefore, the absolute value

of each entry in an evolutionary profile contains infromation about how likely an event

is to have occurred at a given branch of the species tree.

9.5.5 Clustering of evolutionary profiles into functional modules

We speculate that gene families whose evolutionary profiles show a high correlation are

more likely to be involved in the same biological process as gene families with a low

correlation. In order to quantify and test this hypothesis, we next calculate a meassure

of similarity between each pair of evolutionary profiles based on a weighted variant

of the Pearson correlation coefficient. Briefly, if the Pearson correlation coefficient ρ

between two vectors x and y is
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ρx,y =
cov(x,y)

σxσy
=

E[(x− μx)(y − μy)]

σXσY

where μx and ρx are the mean and standard deviation of x, respectively, E is the

expectation and cov(x,y) is the covariance between x and y. Similarly, the weighted

correlation coefficient corr is defined as follows:

corr(x,y;w) =
cov(x,y;w)

√
cov(x,x;w) cov(y,y;w)

where

cov(x,y;w) =

∑
iwi(xi −m(x;wi))(yi −m(y;wi))∑

iwi

and m(x) is the weighted mean of vector x

m(x;w) =

∑
iwixi∑
iwi

where each weight wi is associated with a branch in the species tree. In this case, we

take the posterior probabilities for each branch obtained during the Bayesian inference

of the phylogeny. This weighted correlation coefficient considers that branches have

varying degrees of importance, represented by the vector weights or posterior proba-

bilities w = {w1, w2, ..., wi}, thus reducing the impact that observations from branches

with low confidence have in the overal calculation of similarities between evolutionary

profiles. Similarly, the vector of weights can be chosen arbitrarily to assign a higher

importance to particular branches of interest in the phylogeny, e.g. those corresponding

to particularly relevant speciation events.

For a set of N gene families, these calculations result in a symmetric adjacency matrix

A = (ai,j)

of dimensions N ×N whose elements

ai,j = corr(bi,bj ;w)

correspond to the weighted correlation coefficient between the profiles bi and bj , corre-

sponding to the i-th and j-th gene families. Subsequently, from this adjacency matrix

we infer a network of evolutionary interactions by generating links connecting gene fam-

ilies or COGs whose weighted correlation coefficient exceeds a certain value cmin. Ad-
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ditionally, gene families which are present in almost all extant organism (core genome)

or, alternatively, in a very small subset of the genomes in the dataset, will show high

correlation coefficients without necessarily implying true co-evolution. In order to re-

move nodes with non-informative profiles, that is, from genes with only few inferred

events of gain or loss, we filter all gene families with evolutionary profiles having an

total amount of information I(bi) = |bi| above a certain minimum value Imin, which

should be related to the total accumulated branch length of the species tree. We pro-

vide a table of edges for each of the analyzed networks using thresholds cmin = 0.3 and

Imin = 10 for the Rhizobia and At-SPHERE datasets and cmin = 0.3 and Imin = 5 for

the Staphylococcus aureus genomes.

A large number of methods for clustering edges of a network representing interactions

have been proposed (Eisen et al., 1998; Tavazoie et al., 1999; Raychaudhuri et al., 2000;

Alter et al., 2000; Wittkop et al., 2011), and applied profusely, especially on networks

inferred from expression data. Here we use an unsupervised clustering algorithm for

networks based of simulation of stochastic flow in graphs known as Markov Cluster Al-

gorithm (MCL) (Van Dongen, 2001). The MCL algorithm finds clusters in a network

by simulating random walks consisting on alternating two operations designated ex-

pansion and inflation. Briefly, these two alternating phases assign probabilities to each

pair of nodes of being the point of departure and arrival of a random walk. Since nodes

belonging to the same cluster will generally have more paths in common than those

in different clusters, the probability of two nodes being classified together will relate

to the number of paths between them. After a sufficiently large number of iterations,

convergence is achieved by segmenting the network into separate components, which

are then considered as separate clusters. The MCL approach has only one parameter,

I, which relates to the ’granularity’ of the clustering solution. For all calculations pre-

sented here, we have selected an intermediate value of I = 1.5. As a likely alternative to

MCL, an alternative approach known as Affinity Propagation (AF) (Frey and Dueck,

2007) has been proposed as a fast and reliable method to finding cluster structure in

large and complex networks. However, a comparison between these two approaches has

shown that MCL is slightly more robust with respect to noise than AF in biological

networks (Vlasblom and Wodak, 2009).

An alternative to derivating an adjacency matrix and a network and performing clus-

tering of the nodes would be defining a distance meassure based on the previously

described correlation coefficient. Simply, a well-defined distance between two evolu-

tionary profiles bi and bj corresponding to two gene families i and j, is the weighted

Pearson’s distance
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dbi,bj
= 1− corr(bi,bj ;w)

which provides values in the interval (0, 2) and satisfies the triangle inequality. By

calculating all pairwise weighted correlation distances we can embed the evolutionary

profiles in a matric space which will then allow to apply standard clustering methods

such as hierarchical clustering, k-means, PAM, etc. Further computational experiments

are necessary, however, to compare the performance of said approach with respect to

the robust network-based clustering methodology which we have employed.

In order to analyze and visualize the resulting networks we employ Cytoscape (Shannon

et al., 2003) and the R packages qgraph (Epskamp et al., 2012), igraph (Csardi and

Nepusz, 2006) and ggplot2 (Wickham, 2009). Annotated network tables compatible

with Cytoscape are provided for all analyzed datasets (Supporting Material).

9.5.6 Statistical analyses of module functional enrichment

In order to test whether the gene family clusters found using our methodology have

a biological relevance, we perform a hypergeometric test on the gene family KEGG

pathway and module annotations, similarly as previously done for microbial gene net-

work analyses (Trevino III et al., 2012). This statistical test allows us to determine

if COG belonging to the same cluster in our network are also classified as pertaining

to the same pathway in a curated database more often than expected by chance. The

hypergeometric test calculates the probability that a cluster of size n of having k genes

in common with a KEGG pathway of size M in the context of a network consisting of

a total of N gene families. For a randomly drawn set of genes, which we take as the

null hypothesis, the probability is

P =

(
M
k

)(
N−M
n−k

)

(
N
n

) .

In order to reject the null hypothesis we sought to determine whether the overlap

between the cluster and the KEGG pathway is unlikely to happen by chance, thus

implying a meaningful biological relationship between the members of the cluster. The

P value is then calculated as the probability of randomly drawing a number k or larger

genes annotated as belonging to a specific pathway from the total set of N present

in the network. Subsequently, P values are corrected for multiple testing using the

Benjamini-Hochberg method (Benjamini and Hochberg, 1995), with a false discovery

rate α=0.05.
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9.5.7 Code availability

All code is available upon request and will be uploaded to a public repository upon

publication, in addition to all raw and intermediate data, which will be made available

at the following site: http://www.mpipz.mpg.de/R_scripts.
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4ster, B. Ben Amor, N. Hohnjec, A. PÃ1
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Hacquard, S., R. Garrido-Oter, A. GonzÃ¡lez, S. Spaepen, G. Ackermann et al. (2015).

Microbiota and Host Nutrition across Plant and Animal Kingdoms. Cell Host &

Microbe, 17 (5): 603–616.

Hacquard, S., B. Kracher, K. Hiruma, P. C. Muench, R. Garrido-Oter et al. (2016).

Survival trade-offs in plant roots during colonization by closely related beneficial and

pathogenic fungi. Nature Communications, 7: 11362.



232 REFERENCES

Hacquard, S. and C. W. Schadt (2015). Towards a holistic understanding of the ben-

eficial interactions across the Populus microbiome. New Phytologist, 205 (4): 1424–

1430.

Haft, D. H., J. D. Selengut, R. A. Richter, D. Harkins, M. K. Basu et al. (2013).

TIGRFAMs and Genome Properties in 2013. Nucleic Acids Research, 41 (Database

issue): D387–395.

Handberg, K. and J. Stougaard (1992). Lotus japonicus, an autogamous, diploid legume

species for classical and molecular genetics. The Plant Journal, 2 (4): 487–496.

Hanson, B. T., J. M. Yagi, C. O. Jeon and E. M. Madsen (2012). Role of nitrogen fixa-

tion in the autecology of Polaromonas naphthalenivorans in contaminated sediments.

Environmental Microbiology, 14 (6): 1544–1557.

Hardoim, P. R., F. D. Andreote, B. Reinhold-Hurek, A. Sessitsch, L. S. van Overbeek

et al. (2011). Rice root-associated bacteria: insights into community structures across

10 cultivars: Insights into the bacterial community structure of rice cultivars. FEMS

Microbiology Ecology, 77 (1): 154–164.

Harrison, P. W., R. P. Lower, N. K. Kim and J. P. W. Young (2010). Introducing the

bacterial chromid: not a chromosome, not a plasmid. Trends in Microbiology, 18 (4):

141–148.

Hartwig, U. A., C. M. Joseph and D. A. Phillips (1991). Flavonoids Released Naturally

from Alfalfa Seeds Enhance Growth Rate of Rhizobium meliloti. Plant Physiology,

95 (3): 797–803.

Heger, A. and L. Holm (2000). Rapid automatic detection and alignment of repeats in

protein sequences. Proteins, 41 (2): 224–237.

Heijden, M. G. A. v. d. and M. Hartmann (2016). Networking in the Plant Microbiome.

PLOS Biol, 14 (2): e1002378.

Held, M., H. Hou, M. Miri, C. Huynh, L. Ross et al. (2014). Lotus japonicus cytokinin

receptors work partially redundantly to mediate nodule formation. The Plant Cell,

26 (2): 678–694.

Hershey, D. M., X. Lu, J. Zi and R. J. Peters (2014). Functional conservation of the

capacity for ent-kaurene biosynthesis and an associated operon in certain rhizobia.

Journal of Bacteriology, 196 (1): 100–106.



REFERENCES 233

Hinsinger, P., C. Plassard, C. Tang and B. Jaillard (2003). Origins of root-mediated

pH changes in the rhizosphere and their responses to environmental constraints: A

review. Plant and Soil, 248 (1-2): 43–59.

Hoffmann, M. H. (2005). EVOLUTION OF THE REALIZED CLIMATIC NICHE IN

THE GENUS ARABIDOPSIS (BRASSICACEAE). Evolution, 59 (7): 1425.

Hogslund, N., S. Radutoiu, L. Krusell, V. Voroshilova, M. A. Hannah et al. (2009).

Dissection of symbiosis and organ development by integrated transcriptome analysis

of lotus japonicus mutant and wild-type plants. PloS One, 4 (8): e6556.

Hong, S., J. Bunge, C. Leslin, S. Jeon and S. S. Epstein (2009). Polymerase chain

reaction primers miss half of rRNA microbial diversity. The ISME journal, 3 (12):

1365–1373.

Horton, M. W. (2014). Genome-wide association study of Arabidopsis thaliana leaf

microbial community. Nat. Commun., 5: 5320.

Hoskins, L. C. and E. T. Boulding (1981). Mucin Degradation in Human Colon Ecosys-

tems. Journal of Clinical Investigation, 67 (1): 163–172.

Huelsenbeck, J. P. and F. Ronquist (2001). MRBAYES: Bayesian inference of phylo-

genetic trees. Bioinformatics (Oxford, England), 17 (8): 754–755.

Huson, D. H., A. F. Auch, J. Qi and S. C. Schuster (2007). MEGAN analysis of

metagenomic data. Genome Research, 17 (3): 377–386.

Huson, D. H., S. Beier, I. Flade, A. Gorska, M. El-Hadidi et al. (2016). MEGAN Com-

munity Edition - Interactive Exploration and Analysis of Large-Scale Microbiome

Sequencing Data. PLoS Computational Biology, 12 (6).

Huttenhower, C., D. Gevers, R. Knight and T. H. M. P. Consortium (2012). Structure,

function and diversity of the healthy human microbiome. Nature, 486 (7402): 207–

214.

Hwang, J. H., S. R. Ellingson and D. M. Roberts (2010). Ammonia permeability of the

soybean nodulin 26 channel. FEBS letters, 584 (20): 4339–4343.

Hyatt, D., G.-L. Chen, P. F. LoCascio, M. L. Land, F. W. Larimer et al. (2010).

Prodigal: prokaryotic gene recognition and translation initiation site identification.

BMC Bioinformatics, 11: 119.



234 REFERENCES

Inceoglu, O., W. A. Al-Soud, J. F. Salles, A. V. Semenov and J. D. van Elsas (2011).

Comparative Analysis of Bacterial Communities in a Potato Field as Determined by

Pyrosequencing. PLoS ONE, 6 (8): e23321.

Iwasaki, A. and R. Medzhitov (2010). Regulation of Adaptive Immunity by the Innate

Immune System. Science, 327 (5963): 291–295.

Janzen, D. (1985). The natural history of mutualisms. The biology of mutualism:

Ecology and evolution, pages 40–99.

Jeong, J. and M. L. Guerinot (2009). Homing in on iron homeostasis in plants. Trends

in Plant Science, 14 (5): 280–285.

Johansen, J. E., P. Nielsen and S. J. Binnerup (2009). Identification and potential

enzyme capacity of flavobacteria isolated from the rhizosphere of barley ( Hordeum

vulgare L.). Canadian Journal of Microbiology, 55 (3): 234–241.

Johansson, M. E. V., J. K. Gustafsson, K. E. SjÃ¶berg, J. Petersson, L. Holm et al.
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et al. (2013). Animals in a bacterial world, a new imperative for the life sciences.

Proceedings of the National Academy of Sciences of the United States of America,

110 (9): 3229–3236.

McKnite, A. M., M. E. Perez-Munoz, L. Lu, E. G. Williams, S. Brewer et al. (2012).

Murine Gut Microbiota Is Defined by Host Genetics and Modulates Variation of

Metabolic Traits. PLOS ONE, 7 (6): e39191.

McMurdie, P. J. and S. Holmes (2013). phyloseq: An R Package for Reproducible

Interactive Analysis and Graphics of Microbiome Census Data. PLoS ONE, 8 (4).

McMurdie, P. J. and S. Holmes (2014). Waste not, want not: why rarefying microbiome

data is inadmissible. PLoS computational biology, 10 (4): e1003531.

Mendes, L. W., E. E. Kuramae, A. A. Navarrete, J. A. van Veen and S. M. Tsai (2014).

Taxonomical and functional microbial community selection in soybean rhizosphere.

The ISME Journal, 8 (8): 1577–1587.

Mendes, R., M. Kruijt, I. d. Bruijn, E. Dekkers, M. v. d. Voort et al. (2011). Deciphering

the Rhizosphere Microbiome for Disease-Suppressive Bacteria. Science, 332 (6033):

1097–1100.



240 REFERENCES

Meyer, R. S., A. E. DuVal and H. R. Jensen (2012). Patterns and processes in crop

domestication: an historical review and quantitative analysis of 203 global food crops.

The New Phytologist, 196 (1): 29–48.

Mitsuoka, T. (1992). Intestinal flora and aging. Nutrition Reviews, 50 (12): 438–446.

Moeller, A. H., Y. Li, E. M. Ngole, S. Ahuka-Mundeke, E. V. Lonsdorf et al. (2014).

Rapid changes in the gut microbiome during human evolution. Proceedings of the

National Academy of Sciences, 111 (46): 16431–16435.

Morris, R. L. and T. M. Schmidt (2013). Shallow breathing: bacterial life at low O2.

Nature Reviews Microbiology, 11 (3): 205–212.

Muegge, B. D., J. Kuczynski, D. Knights, J. C. Clemente, A. GonzÃ¡lez et al. (2011).
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Plants host at the contact zonewith soil a distinctive root-associated

bacterial microbiota believed to function in plant nutrition and

health. We investigated the diversity of the root microbiota within

a phylogenetic framework of hosts: three Arabidopsis thaliana eco-

types along with its sister species Arabidopsis halleri and Arabidop-

sis lyrata, as well as Cardamine hirsuta, which diverged from the

former ∼35 Mya. We surveyed their microbiota under controlled

environmental conditions and of A. thaliana and C. hirsuta in two

natural habitats. Deep 16S rRNA gene profiling of root and corre-

sponding soil samples identified a total of 237 quantifiable bacterial

ribotypes, of which an average of 73 community members were

enriched in roots. The composition of this root microbiota depends

more on interactions with the environment than with host species.

Interhost species microbiota diversity is largely quantitative and is

greater between the three Arabidopsis species than the three

A. thaliana ecotypes. Host species-specific microbiota were identi-

fied at the levels of individual community members, taxonomic

groups, and whole root communities. Most of these signatures

were observed in the phylogenetically distant C. hirsuta. However,

the branching order of host phylogeny is incongruent with inter-

species root microbiota diversity, indicating that host phylogenetic

distance alone cannot explain root microbiota diversification. Our

work reveals within 35 My of host divergence a largely con-

served and taxonomically narrow root microbiota, which comprises

stable community members belonging to the Actinomycetales,

Burkholderiales, and Flavobacteriales.

Brassicaceae species | bacterial communities | 16S amplicon ribotyping

Plants host distinct bacterial communities associated with
roots and leaves (1, 2). Both the leaf and root microbiota

contain bacteria that provide indirect pathogen protection, but
root microbiota members appear to serve additional host func-
tions through the acquisition of nutrients from soil supporting
plant growth (2). The plant-root microbiota emerges as a fun-
damental trait that includes mutualism enabled through diverse
biochemical mechanisms, as exemplified by previous studies on
numerous plant growth and plant health-promoting bacteria (2).
Recent deep profiling of the root microbiota of Arabidopsis

thaliana ecotypes, grown under controlled environments, con-
firmed soil type as major source of variation in root microbiota
membership and provided evidence for limited host genotype-
dependent variation (3, 4). Using four soil types on two con-
tinents and based on two 16S rRNA gene PCR primer sets, these
replicated experiments revealed a similar phylogenetic structure
of the root-associated microbiota at high taxonomic rank, in-
cluding the phyla Actinobacteria, Bacteroidetes, and Proteobac-
teria. In addition, these studies revealed a minor “rhizosphere
effect” in A. thaliana, i.e., a weak differentiation of the bacterial
communities in the rhizosphere (soil that is firmly attached to
roots) compared with the corresponding unplanted bulk soil.

The genus Arabidopsis consists of the four major lineages
Arabidopsis thaliana, Arabidopsis lyrata, Arabidopsis halleri and
Arabidopsis arenosa. The former is the sole self-fertile species and
diverged from the rest of the genus ∼13 Mya whereas the other
three species radiated approximately ∼8 Mya (5; Fig. 1). Card-
amine hirsuta diverged from the Arabidopsis species ∼35 Mya and
often shares the same habitat with A. thaliana. A. thaliana has
a cosmopolitan distribution whereas the other species occur in
spatially restricted populations or developed even endemic sub-
species, indicative of their adaptation to specific ecological niches
(6). The two diploid species, A. halleri and A. lyrata, co-occur in
Eurasia, but, in contrast to A. lyrata (Northern rock-cress), the
geographical distribution of A. halleri rarely extends into northern
latitudes. A. lyrata primarily colonizes, similar to A. thaliana, low-
competition habitats as, for example, tundra, stream banks, lake-
shores, or rocky slopes, whereas A. halleri (Meadow rock-cress)
is tolerant of shading and competition, growing in habitats such
as mesic meadow sites (7). In contrast to its sister species,
A. halleri can grow on heavy metal-contaminated soils and serves
as a model species for metal hyperaccumulation and associated
metal hypertolerance and for extremophile adaptation (8).
The bacterial root microbiota of plants—“plants wear their

guts on the outside” (9)—is conceptually analogous to the gut
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microbiota of animals owing to a shared primary physiological
function of root and gut organs for nutrient uptake. The idea of
a core microbiota within a species has been initially explored in
humans by revealing an extensive array of shared microbial genes
among sampled individuals, comprising an identifiable gut core
microbiome at the gene, rather than at the level of organismal
lineages (10, 11). However, using a phylogroup- and tree-
independent approach, two prevalent core phylogroups belonging
to the clostridial family Lachnospiraceae were identified in the
human colon among a total of 210 human beings with widespread
geographic origin, ethnic background, and diet (12). These phy-
logroups were also detected in a wide range of other mammals
and are thought to play a conserved role in gut homeostasis and
health. The findings of a core set of species in the human gut
microbiota remain contentious as a wider set of samples including
developing countries and a broader age range becomes available
(13). However, spatial stratification of the gut microbiota, which is
normally missing in fecal samples, led to the definition of a crypt-
specific core microbiota in the mouse colon, dominated by aerobic
Acinetobacter, regardless of the mouse line used or breeding or-
igin of these mice (14). Finally, evidence for a shared core gut
microbiota was found in domesticated and recently caught
zebrafish, dominated by Proteobacteria, some Fusobacteria, and
Firmicutes (15). This shared core is believed to reflect common
selective pressures governing microbial community assembly
within this intestinal habitat. Although root microbiota profiles of
numerous plant species, including crops, have been examined (16–
19), different sampling protocols and low-resolution profiling
methods make it difficult to reexamine and compare these for the
existence of a conserved core microbiota between plant species.
Here, we present a systematic investigation of host–microbiota

diversification within a phylogenetically defined plant species
framework, combined with replicated experiments under con-
trolled conditions and sampling in natural habitats. Using deep
16S rRNA gene profiling of root and corresponding soil samples
of four host species of the Brassicaceae family, together with
rigorous statistical analysis, we show that interhost species
microbiota diversity is largely quantitative, and we discuss a
possible microbiota coevolution with these hosts. We also com-
pared bacterial community structure variation within and be-
tween the tested host species. We provide evidence for the
existence of a largely conserved and taxonomically narrow root
microbiota between the tested host species, which remains stable
in natural and controlled environments. This identified core
comprises Actinomycetales, Burkholderiales, and Flavobacteri-
ales. Members of each of these bacterial families are known to
promote plant growth and plant health. It is possible that the
conserved microbiota represents a standing reservoir of retriev-
able host services independent of environmental parameters and
host species-specific niche adaptations.

Results

We collected side-by-side growing A. thaliana and C. hirsuta
plants at two natural sites, designated “Cologne” and “Eifel,”
and prepared quadruplicate root and rhizosphere samples for
bacterial 16S rRNA gene community profiling (Table 1, Dataset
S1, and SI Appendix). In parallel, we conducted two replicate
greenhouse experiments using two seasonal batches of natural
experimental Cologne soil (SI Appendix, Table S1) on which
we cultivated A. halleri (Auby), A. lyrata (Mn47), and C. hirsuta
(Oxford), together with the three A. thaliana accessions Shakdara
(Sha), Landsberg (Ler) and Columbia (Col), and prepared tripli-
cate root samples for microbiota analysis (Table 1, Dataset S1, and
SI Appendix). Rhizosphere samples are defined as firmly root-
adhering soil particles removed by a washing step and collected
by centrifugation. Root samples were washed a second time and
treated with ultrasound to deplete root surface-associated bac-
teria and to enrich for endophytic bacteria (3) (SI Appendix). To
quantify the start inoculum for the root-associated bacterial
communities, we prepared triplicate samples from unplanted pots
of each greenhouse experiment, as well as four samples from bulk
soil collected at each natural site (Table 1 and Dataset S1). Bar-
coded pyrosequencing of bacterial 16S rRNA gene amplicon li-
braries generated with the PCR primers 799F (20) and 1193R (21)
was used to display bacterial communities (SI Appendix).
We generated 2,110,506 raw reads from 77 samples of the

replicated natural-site and greenhouse experiments (Dataset S1).
For subsequent analysis, we included 1,567,657 quality sequences
(SI Appendix), resulting in a median of 15,603 quality sequences
per sample (range 6,339–58,150 sequences per sample). Quality
sequences were binned at >97% sequence identity using QIIME
(22) to define operational taxonomic units (OTUs), corrected for
differences in sequencing depth between samples by rarefaction
to 6,000 sequences per sample. OTU representative sequences
were taxonomically classified based on the Greengenes database
(23) (SI Appendix) and we identified a total of 88,731 unique
bacterial OTUs and a single archea OTU across all samples.

Defining Abundant Community Members. Technical reproducibility
of community profiles was determined by repeated library se-
quencing, and we defined a minimum of 20 sequences per OTU
for reproducible quantification of OTU abundance (SI Appendix,
Fig. S1, and Dataset S2). This reproducibility threshold is similar
to previous studies (3, 14, 15). We noted a low reproducibility
for soil microbiota profiles and found that OTU richness does
not reach a plateau even at a sequencing depth of 50,000 quality
sequences per sample (SI Appendix, Fig. S2A). These observations,
together with the exclusion of low-abundant (<20 sequences) and
nonreproducible OTUs for rarefaction analysis (SI Appendix, Fig.
S2B), suggested that OTU richness in soil is the result of a vast

Table 1. Experimental design

Sample Species

Natural sites Greenhouse

Cologne Eifel Exp. 1 Exp. 2

Soil 4 4 3 3
Rhizosphere A. thaliana 4 4 — —

Root A. thaliana 4 4 8* 9†

Rhizosphere C. hirsuta 4 3 — —

Root C. hirsuta 4 3 3 3
Root A. halleri — — 3 2
Root A. lyrata — — 2 3

Numerical overview of biological replicate samples per sample type, plant
species, and experiments.—, sample types which were not prepared. See Data-
set S1 for the detailed experimental design, including the sequencing effort.
*Three samples of genotype Col, 3x Ler and 2x Sha.
†Three samples of genotype Col, 3x Ler and 3x Sha.

Fig. 1. Phylogenetic placement of the Arabidopsis species A. halleri, A.

lyrata, and A. thaliana and relative species Cardamine hirsuta. The rela-
tionships and divergence time estimates are based on molecular systematics
using combined data of NADH dehydrogenase subunit F and phytochrome A
sequences anchored by four fossil age constraints (5).
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number of low-count OTUs. In the root samples, the richness of the
abundant community members (OTUs with >20 sequences) was
sufficiently captured at a sequencing depth of 6,000 sequences per
sample. Consequently, we focus our analyses on the abundant
community members (ACMs) of the dataset, which we define to
comprise OTUs reaching the threshold of 20 quality sequences
in at least one sample (SI Appendix and Dataset S3). Without
application of this abundance threshold, we refer to community
profiles rarefied to 6,000 sequences as threshold-independent
communities (TICs) (Dataset S4).
The ACM, including soil, rhizosphere, and root samples, was

represented by 237 bacterial OTUs comprising 55.3% of rarefied
quality sequences (Datasets S1 and S3). Soil and rhizosphere
samples contained fewer sequences after thresholding compared
with root samples, likely due to increased richness by low-count
OTUs in the former two compartments (SI Appendix, Figs. S2 and
S3). We normalized the counts of the ACM OTUs per sample,
expressed their relative abundance as per mille, and used log2-
transformed values for statistical comparisons (SI Appendix).

Community Composition Is Defined More Strongly by Environmental

Parameters than by Host Species. We first examined taxo-
nomic composition and ecological diversity parameters in the
whole dataset consisting of samples from two natural sites and
two greenhouse experiments. All OTUs of the ACM belonged to
the domain of bacteria. In root samples, the majority of OTUs
belonged to Proteobacteria (4.2%, 33.6%, 6.4%, and 1.8% in the
Alpha-, Beta-, Gamma-, and Deltaproteobacteria subphyla, re-
spectively), Bacteroidetes (27.5%), Actinobacteria (22.1%), and
Chloroflexi (2.2%) (SI Appendix, Fig. S4A). Soil samples also
contain Proteobacteria (52.2%) and Actinobacteria (26.8%), but
few Bacteroidetes (3.5%) and, characteristic for this compart-
ment, Firmicutes (10.1%) and Nitrospirae (2.4%). Similar tax-
onomic characteristics of soil and root samples were also found
for TICs (SI Appendix, Fig. S4B). We noted the dominance of
a single Flavobacterium (OTU162362) in root communities of
natural-site and greenhouse experiments, representing, in some
of the samples, more than half of the total community. A high
OTU diversity in family-rich phyla, such as the Proteobacteria
(128 OTUs in 24 families) or Actinobacteria (67 OTUs in 17
families), contrasts with a low taxonomic diversity within the
root-specific Bacteroidetes (20 OTUs), all belonging to the family
of the Flavobacteriaceae (Dataset S3).

To compare community diversity between samples, we used
the weighted UniFrac metric (24) (SI Appendix). Consistent with
previous studies (3, 4, 16), the hierarchical clustering of UniFrac
distances revealed that compartments and environmental con-
ditions (soil types/soil batches, controlled/noncontrolled climates)
are the major sources of variation both in the ACMs (Fig. 2) and
TICs (SI Appendix, Fig. S5). Due to independent library prepa-
ration and sequencing, we validated that the variation in the
replicate greenhouse experiments reflects biological rather than
technical variation (SI Appendix, Fig. S6, Dataset S5, and SI
Appendix). For both natural-site and controlled environment
samples, we did not detect a consistent clustering by host
species, evidencing that the present sample-to-sample varia-
tion obscures a possible host species effect on beta diversity.
We estimated OTU diversity within samples based on the

number of OTUs detected (richness) and Faith’s Phylogenetic
Diversity (PD) metric (25). Root TICs are of lower richness and
diversity compared with the soil and rhizosphere microbiota (SI
Appendix, Fig. S7). Of note, roots of plants grown under natural
conditions host bacterial communities of increased richness and
Faith’s PD compared with greenhouse-grown plants. Root TICs
and root ACMs did not differ in richness and Faith’s PD among
the tested host species in natural and greenhouse experiments
(SI Appendix, Fig. S7). This finding further supports the existence
of qualitatively similar root-associated bacterial assemblies
among A. thaliana relatives.

Naturally Grown A. thaliana and C. hirsuta Host a Taxonomically

Narrow Root Microbiota. In a second step, we investigated the
variation in root microbiota composition between the plant
species A. thaliana and C. hirsuta from both natural-site experi-
ments. We compared the root bacterial communities using
ANOVA-based statistics to detect taxonomic groups of OTUs
(“community modules”) and individual OTUs (“community
members”) that differ quantitatively between sites and/or host
species (SI Appendix). The community member analysis was
performed on the ACM, and, for the community module anal-
yses, we prepared abundance matrices at phylum and family rank
of all ACM OTUs representing 9 and 51 taxa, respectively.
We searched the abundance matrices at phylum and family

rank for modules that differ between the root communities as
a function of the variables site and host species (SI Appendix). The
taxonomic structure of the root communities varies mainly by site

Fig. 2. Beta diversity of the ACM. Between-sample similarities were estimated on 1,400 sequences per sample using the phylogeny-based UniFrac distance
metric. Weighted UniFrac is sensitive to the sequence abundances. The A. thaliana ecotype Col (nonshaded red) was used in the greenhouse experiments.
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(six phyla, 35 families) and less by host species (two phyla, two
families; ANOVA, P < 0.1 [false discovery rate (FDR) corrected])
(Dataset S6, worksheet A). At both sites, A. thaliana and C. hirsuta
root communities displayed similar relative distributions of
bacterial phyla, except for an increased abundance of Bacter-
oidetes in C. hirsuta at the Eifel site [SI Appendix, Fig. S8,
Tukey, P < 0.1 (FDR) and Dataset S6B]. The single dominant
Flavobacterium OTU mentioned earlier (OTU162362) was more
abundant in C. hirsuta compared with A. thaliana root commu-
nities. We conclude that A. thaliana and C. hirsuta root micro-
biota consist of similar community modules and that the root
communities differ quantitatively by their biogeography.
Next, we identified individual community members that differ

quantitatively between the two host species. For this analysis, we
initially defined for both natural sites the “RootOTUs” (SI Ap-
pendix), which represent 70 OTUs that are enriched in A. thaliana
or C. hirsuta roots compared with the corresponding soil com-
munities [Tukey, P < 0.1 (FDR); Fig. 3 A and B, SI Appendix,
Fig. S9, and Dataset S6, worksheets C and D]. Spearman rank
correlation coefficients of the RootOTU communities between
these two hosts are 0.89 and 0.74 for the Cologne and Eifel sites,
respectively, indicating an overall similar RootOTU composition.

The RootOTUs in root communities vary mainly by the vari-
able site (50 of the 70 RootOTUs) followed by host species
[18 RootOTUs; ANOVA, P < 0.1 (FDR)] (Dataset S6, worksheet
E). The comparison of RootOTUs between sites revealed a taxo-
nomically narrow and shared set of 14 RootOTUs, consisting of
seven Actinomycetales, three Burkholderiales, three Flavobacter-
iales, and a Myxococcales OTU (SI Appendix, Fig. S10). These
shared RootOTUs were validated by parametric Tukey and non-
parametric Mann–Whitney and Bayesian statistics (SI Appendix)
and represent in their abundance half of the community. At the
Eifel site, quantitative differences between the two plant species
were found in 9 of the 70 RootOTUmembers, where 7 RootOTUs
were more abundant in A. thaliana compared with C. hirsuta and
2 RootOTUs were less abundant [Tukey, P < 0.1 (FDR)] (SI
Appendix, Fig. S11 and Dataset S6, worksheet F). This finding
and the few aforementioned host species-differentiating com-
munity modules point to the existence of largely shared bacterial
root communities with similar relative abundances in A. thaliana
and C. hirsuta.
Previous studies revealed a weak rhizosphere effect for

A. thaliana (3, 4). To quantify the rhizosphere effect, we determined
for both sites the OTUs that are enriched in the rhizosphere of
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Fig. 3. Root microbiota comparisons of A. thaliana and C. hirsuta at the natural sites Cologne and Eifel. The ternary plots depict the relative occurrence of
individual OTUs (circles) in root samples of A. thaliana and C. hirsuta compared with the respective soil samples for the Cologne (A) and the Eifel site (B).
RootOTUs [OTUs enriched in roots compared with soil; Tukey, P < 0.1 (FDR)] are colored by taxonomy, and OTUs, which are not enriched in root communities,
are plotted in gray. The size of the circles is proportional to the mean abundance in the community. (C) Variation in mean relative abundance (RA) of in-
dividual OTUs (circles) across species and sites, where axes depict logtwofold variation [x axis is log2(A. thaliana/C. hirsuta) and y axis is log2(Eifel/Cologne)].
Color coding as in A and B.

B

C

A

Fig. 4. Root microbiota comparisons of A. halleri, A. lyrata, A. thaliana, and C. hirsuta. (A) The mean abundance of individual OTUs (both replicate
experiments) was calculated for the indicated species and plotted ranked by average OTU abundance across all species. (B) OTU scores of principal coordinate
analysis of the RootOTU community, constrained by host species and based on Bray–Curtis distances among root samples (see corresponding SI Appendix, Fig.
S15). The arrows point to the centroid of the constrained factor. Circle sizes correspond to relative abundances of RootOTUs, and colors are assigned to
different phyla. The percentage of variation explained by each axis refers to the fraction of the total variance of the data explained by host species. (C)
Pairwise Spearman rank correlation analysis of the RootOTU communities between the indicated species.
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A. thaliana or C. hirsuta compared with the corresponding soil
(termed “RhizoOTUs”) (SI Appendix). Similar to these studies,
we detected only few RhizoOTUs at the Cologne site [Tukey,
P < 0.1 (FDR)] (SI Appendix, Fig. S12 and Dataset S6, worksheets
C and D). The occurrence of a rhizosphere effect was found to
be site-dependent: 6 (A. thaliana) and 11 RhizoOTUs (C. hir-
suta) discriminated the rhizosphere from soil communities at the
Cologne site whereas no RhizoOTUs (both host species) were
found at the Eifel site. We conclude that the magnitude of the
rhizosphere effect is site-dependent but independent of the
tested host species.

Phylogenetic Distance of Host Species Contributes to Microbiota

Diversification. Next, we examined the bacterial root commu-
nities retrieved from the A. thaliana and the relative species
A. halleri, A. lyrata, and C. hirsuta grown under controlled envi-
ronmental conditions in replicated greenhouse experiments. A
similar overall rank abundance profile of the ACMs in root
communities between these four hosts reveals qualitatively sim-
ilar community structures, indicating that variation in root
microbiota is largely quantitative (Fig. 4A). We used ANOVA-
based statistics to detect community modules and members that
vary in abundance between the tested host species (SI Appendix).
A few taxonomic modules differed in relative abundance between
the root microbiota of the tested plant species (SI Appendix, Fig.
S13), exemplified by significantly lower Bacteroidetes levels in
A. halleri [Tukey, P < 0.1 (FDR)] (Dataset S6, worksheet G). This
phenotype was again due to the differential abundance of the
dominant Flavobacterium mentioned above (OTU162362). At
family rank, A. halleri and A. lyrata display a species-specific
quantitative reduction of Flavobacteriaceae and Oxalobacter-
iaceae, respectively (SI Appendix, Fig. S13B and Dataset S6, work-
sheet G).
Analogous to the community member analysis of the natural-

site experiments, we identified 76 RootOTUs enriched in roots
of at least one plant species compared with soil [Tukey, P < 0.1
(FDR)] (SI Appendix, Fig. S14 and Dataset S6, worksheets H
and I). We then examined the between-sample (beta diversity)
variation in the composition of RootOTUs among the host
species using canonical analysis of principal coordinates (CAP)
(26). CAP analysis constrained for the variable species revealed
that 17% of the variation in beta diversity, as measured by Bray–
Curtis distance metric, was explained by the host species (SI
Appendix, Fig. S15) (P < 0.005; 95% confidence interval =
12%, 25%). The samples clustered by host species and distances
between host species revealed that the root communities of
A. thaliana were more similar to A. lyrata than to A. halleri and that
the root microbiota of the three Arabidopsis species are more
similar to each other than to the root microbiota of C. hirsuta.
Thus, within the genus Arabidopsis (A. thaliana, A. halleri, and
A. lyrata), microbiota diversification is incongruent with the phy-
logenetic distance of these hosts (compare Fig. 1 and SI Appendix,
Fig. S15). Further exploration of the CAP analysis revealed
a correspondence between the taxonomy of the RootOTUs
and their contribution to the microbial diversity between host
species: RootOTUs of the phylum Actinobacteria showed the
strongest influence on the variation between the Arabidopsis
species and C. hirsuta root communities (Fig. 4B). Similarly, the
abundance of Bacteroidetes largely explains the differentiation
between A. halleri and the other host species.
Community similarities were confirmed by pairwise correla-

tion analysis of the RootOTU communities between the four
host species, revealing Spearman rank coefficients ranging from
0.68 to 0.90 (Fig. 4C). The RootOTU composition of A. thaliana
correlated best with each of its sister species A. halleri and
A. lyrata, and all three pair-wise comparisons of C. hirsuta with
the Arabidopsis species showed low correlation coefficients, sug-
gesting that the evolutionarily most ancient plant species hosts

a RootOTU community, which is quantitatively most diversified.
Thus, inclusion of the more distant C. hirsuta suggests that phy-
logenetic distance of host species contributes to microbiota di-
versification across all four tested hosts. These observations were
supported by the highest number of species-specific RootOTU
accumulation patterns for C. hirsuta [Tukey, P < 0.1 (FDR)] (SI
Appendix, Fig. S16 and Dataset S6, worksheet J). In total, we
identified 14 species-specific RootOTUs that consisted of 1, 2,
4, and 7 RootOTUs for A. thaliana, A. halleri, A. lyrata, and
C. hirsuta, respectively (SI Appendix, Fig. S16). The lower accu-
mulation of the A. halleri-specific Flavobacterium (OTU162362)
and the Oxalobacteriaceae member (OTU91279) in A. lyrata
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Fig. 5. Identification of the core microbiota. (A) Core members result from
the intersection of the shared RootOTUs found at the natural sites (SI Ap-
pendix, Fig. S10) and the shared RootOTUs detected in the greenhouse
experiments (SI Appendix, Fig. S19). The pie chart segments are colored
by the bacterial phyla of the corresponding taxa. The taxonomic assign-
ments of the core RootOTUs are reported at order and family rank in the
center and the first ring of the pie chart, respectively. The genera of the core
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principal coordinate analysis of the RootOTU community, constrained by
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samples (see corresponding SI Appendix, Fig. S22). Sample groups include
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(SI Appendix, Fig. S16) contributed to the species-specific ac-
cumulation of the corresponding community modules (SI
Appendix, Fig. S13). Similarly, the Actinocorallia RootOTU
(OTU97580) contributed to the trend of lower accumulation
of the Thermomonosporaceae, a distinctive feature of C. hirsuta
(SI Appendix, Fig. S13). We independently validated the lower
accumulation of Thermononosporaceae in C. hirsuta using
quantitative PCR with taxon-specific PCR primers (SI Appendix,
Fig. S17 and SI Appendix).
We assessed variation in microbiota composition between and

within host species by a direct comparison of the three A. thali-
ana ecotypes with the three Arabidopsis sister species (SI Ap-
pendix). Ternary plots revealed a larger spread of abundant
OTUs between the sister species than between the A. thaliana
ecotypes (SI Appendix, Fig. S18). This observation is supported
by the identification of 13 host species-dependent OTUs and
one host genotype-dependent OTU [ANOVA, P < 0.1 (FDR)]
(Dataset S6, worksheet K). This direct comparison demonstrates
a greater inter- compared with intraspecies variation in micro-
biota composition.

Members of the Actinomycetales, Burkholderiales, and Flavobacteriales

Are Stable Across Host Species and Environments. We identified in
the controlled environment experiments 26 RootOTUs shared
among the four tested host species (SI Appendix, Fig. S19B).
These shared RootOTUs belonged to the orders Burkholderiales
(11 RootOTUs), Actinomycetales (7), Rhizobiales (3), Fla-
vobacteriales (2), Myxococcales (1), Xanthomonadales (1), and
Herpetosiphonales (1). These OTUs were validated by para-
metric Tukey and nonparametric Mann–Whitney and Bayesian
statistics and constituted by their relative abundance the bulk of
the root community (∼75%). Remarkably, the most abundant
orders were also recovered in the shared RootOTUs in the
natural-site experiments (SI Appendix, Fig. S10). The inter-
section of RootOTUs shared between plant species found at
natural sites and in greenhouse experiments determined the core
microbiota (Fig. 5A and SI Appendix, Fig. S20). This core con-
sisted of nine RootOTUs assigned to the orders Actinomycetales
(four RootOTUs, genus Actinocorallia), Burkholderiales (three,
family Comamonadaceae), and Flavobacteriales (two, genus Fla-
vobacterium) (Fig. 5A). This core represented a taxonomically
extremely reduced subcommunity of the microbiota in all tested
host species, and together these RootOTUs constituted by their
abundance up to half of the root microbiota in all samples tested
(SI Appendix, Fig. S20A). The enrichment of these core micro-
biota members relative to soil across plant species and sites was
identified by three statistical methods (SI Appendix, Figs. S10B
and S19B) and confirmed by a subsampling technique (i.e.,
bootstrapping) (SI Appendix, Fig. S20B, and SI Appendix). In
addition, bootstrapping predicted OTUs of the orders Rhi-
zobiales and Myxococcales to be part of the core microbiota
(SI Appendix, Fig. S20B). However, the abundance of the
latter two orders was less stable between environments, and,
therefore, they did not pass the stringent identification of
significant RootOTUs in the original data set using three dif-
ferent statistical methods (Fig. 5). Taken together, the core
RootOTUs found across all host species and sites belonged to
only three bacterial orders: the Actinomycetales, Burkholder-
iales, and Flavobacteriales. We compared the composition of this
core microbiota to A. thaliana root endophyte communities from
previous studies (3, 4, 21), which were based on different soil
types, environments, and PCR primer combinations (SI Appendix,
Fig. S21). The raw 16S rRNA gene sequences of these studies
were coclustered with the sequences of this study, and the
common OTU table was examined for the core microbiota in
each data subset using the statistical procedure of this study
(SI Appendix, Fig. S21 A and B, Dataset S7, and SI Appendix).
A common core at OTU level cannot be confirmed in other

A. thaliana root microbiome studies (SI Appendix, Fig. S21C)
whereas, at order rank, the presence of Actinomycetales presents
the common denominator across all studies. Burkholderiales
and Flavobacteriales were detected in three and two of the four
studies, respectively. Additionally, Rhizobiales and Sphingomo-
nadales were each detected once as core members.
Using CAP analysis, we finally investigated the contribution of

the core RootOTUs to the overall variation in root—compared
with soil samples in all experimental conditions. Therefore, we
constrained the analysis for all sample groups, i.e., root samples
by species and the soil samples as additional group (SI Appendix,
Fig. S22 and Fig. 5B). Consistent with the unconstrained beta
diversity analysis (Fig. 2), the compartment constituted the major
source of variation (SI Appendix, Fig. S22). We observed a clear
differentiation between soil and root samples along the first
principal coordinate, which explained the largest fraction of the
variation (82.87%). We noted that the core RootOTUs (filled cir-
cles in Fig. 5B)—having the largest species descriptors—contributed
most to the formation of the ordination space. This observation
was consistent with their definition (enriched in root samples)
and identification in all experimental conditions. Importantly,
we confirmed the correspondence between the taxonomy of
the RootOTUs and root microbiota diversity across host spe-
cies over all experimental conditions: the root microbiota of
Arabidopsis species were distinguished by RootOTUs of the
phylum Actinobacteria (open and closed red circles in Fig. 5B)
whereas root bacterial communities of C. hirsuta were differen-
tiated by Bacteroidetes (open and closed blue circles in Fig. 5B).
We interpreted these correspondences as evidence of a host
impact on the root microbiota at a high taxonomic rank.

Discussion

A Conserved Core Root Microbiota? Here, we have examined the
bacterial root microbiota of A. thaliana along with its sister species
A. lyrata and A. halleri and of C. hirsuta. This study revealed the
existence of a core root microbiota comprising members from
the three bacterial orders Actinomycetales, Burkholderiales, and
Flavobacteriales (Fig. 5A). Previous studies (3, 4, 21), using
different 16S rRNA PCR primer combinations, reported that
A. thaliana roots host mainly Actinobacteria, Bacteroidetes, and
Proteobacteria. This taxonomic structure at phylum level is
congruent with the core composition described here because the
order Actinomycetales belongs to the phylum Actinobacteria,
the Burkholderiales belongs to the subphylum Betaproteobac-
teria, and the Flavobacteriales to the phylum Bacteroidetes.
Bootstrapping also identified the core members and revealed
additional RootOTUs, expanding the core composition (SI Ap-
pendix, Fig. S20B). These Rhizobiales and Myxococcales mem-
bers became apparent in approximately half of random subsets
of the original data. Enhanced variation in their abundance
between replicate samples and tested environments could ex-
plain their absence from the core microbiota.
The significance of our definition of the core microbiota is

potentially constrained by the PCR primer used and a low
number of tested environments (Cologne and Eifel natural sites
and controlled environment). It remains to be seen whether
additional samples, also from extreme environments, modify the
composition of the core. Corroborating evidence for its stability
in additional environments comes from a recent A. thaliana field
study comprising four disturbed sites in the United States using
the same PCR primer combination (21). In these root samples,
Actinomycetales, Burkholderiales, and Flavobacteriales were
found by 16S rRNA gene pyrosequencing among other prevalent
taxa, and the taxonomic composition of the core at order level is
similar to our study (SI Appendix, Fig. S21C). Differences in the
selectivity of different 16S PCR primers and variation in 16S
rRNA gene copy number likely distort the composition of the
core root microbiota. The comparison across A. thaliana root
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microbiome studies (3, 4, 21) did not reveal a common core at the
OTU level (SI Appendix, Fig S21C). However, we cannot dis-
criminate whether PCR primer bias, the soil type/start inoculum,
or combinations thereof account for the lack of a common OTU
core. Despite this lack of clarity, we noted that, at higher taxo-
nomic rank, the enrichment of members of the Actinomycetales
in roots was a common feature of all A. thaliana root microbiome
studies (SI Appendix, Fig. S21B). Actinobacteria, including the
Actinomycetales, appear to be enriched from soil by cues from
living A. thaliana roots (3). Our study suggests that such host-
derived assembly signal(s) are evolutionarily conserved, at least in
the Brassicaceae. Future examination of root microbiomes from
additional plant species in the same environments and using the
same PCR primer combination will test whether this core is
a lineage-specific innovation of the Brassicaceae family.
The core root microbiota members accounted for up to half

of the total community size (SI Appendix, Fig. S20A). The core
consisted of both abundant and low-abundant community
members, suggesting that assembly and physiological function(s)
depend on selective membership and regulation of their relative
abundance. In addition, we found a correspondence between the
taxonomy of the bacterial communities and the diversity pattern
of the root microbiota across host species and three different
environments (Fig. 5B). The core members largely supported
this correspondence. These observations, together with the re-
duced taxonomic complexity of the core community, point to the
existence of a common organizing principle for their establish-
ment. We speculate about two potential and mutually not ex-
clusive mechanisms that take part in the establishment process:
(i) each bacterial lineage autonomously responds to host-derived
cues and (ii) microbe–microbe interactions enable a selective
advantage for cocolonization by core members. For example, the
commensal relationship between Bacillus cereus and bacteria of
the Cytophaga-Flavobacterium (CF) group in the soybean rhizo-
sphere is mediated by peptidoglycan, which is produced by
B. cereus and stimulates the growth of CF bacteria (27). From
future root-microbiota metagenome and -transcriptome analy-
ses, we expect insights into the connectivity among microbes
(28). Such approaches will define the core microbiota at the level
of genes rather than taxonomic lineages and will provide a
deeper understanding of host services of the core as pioneered
by human gut microbiota research (10, 11).
Members of each taxon of the core are potentially beneficial

for their hosts. Grassland rhizosphere-derived cultured strains
belonging to the Burkholderiales were shown to have antago-
nistic activities toward multiple soilborne oomycete and fungal
pathogens (29). Wheat rhizosphere-derived Comamonadaceae
strains appear to be functional specialists in soil sulfonate
transformation as part of the biogeochemical sulfur cycle, likely
enabling mineralization of organic sulfur for sulfate acquisition
by high-affinity sulfate transporters at the root surface (30, 31).
Flavobacterium, a common soil and water bacterium, was posi-
tively correlated with potato biomass and frequently isolated
from barley and bell pepper rhizospheres (32–34). A reference
Flavobacterium isolated from the rhizosphere of the latter plant
tested positive for several biochemical assays associated with
plant growth promotion and pathogen protection, and accessible
genomes of soil/rhizosphere-derived Flavobacteria indicate that
these bacteria define a distinct clade compared with Flavobac-
teria from aquatic environments (34). Finally, root-derived iso-
lates of the Thermomonosporaceae and other core members
such as Polaromonas isolates are capable of fixing atmospheric
nitrogen (35, 36), potentially increasing the amount of bioavail-
able nitrogen for plant growth.

Root Microbiota Interactions with the Environment. If the afore-
mentioned physiological function(s) of the core hold true for
isolates present in Brassicaceae roots, then these functions could

present a standing reservoir of retrievable host services inde-
pendently of environmental parameters and host species-specific
niche adaptations (e.g., metal tolerance of A. halleri) or life
history traits (perennialism of A. lyrata and A. halleri). Although
the conserved core is established in both controlled and natural
environments, the composition of the entire root microbiota
depends most on interactions with the environment (Fig. 2). This
dependence is consistent with prior findings that soil type is
the key determinant of root community structure (3, 4, 16).
Thus, the whole root microbiota consists of two parts, the
conserved core and an environment-responsive subcommunity.
For example, members of the order Rhizobiales represent a root
community module found only as shared RootOTUs in the
controlled environment using experimental Cologne soil (SI
Appendix, Fig. S19). In addition, the relative abundance of the
family Oxalobacteriaceae is environment-responsive (SI Appendix,
Figs. S8 and S13), resulting in a change in rank abundance from
rank 2 in the greenhouse experiments to rank 3 at the natural sites.
Likewise, dominant Streptomycetaceae in the controlled envi-
ronment (rank 3) are a low-abundant taxon at the natural sites
(rank 14). Thus, the relative abundance of these taxa is tunable by
the environment. We speculate that these environment-responsive
community modules provide services to all tested host species in
an environment-dependent manner.
The strong responsiveness of the root microbiota to the en-

vironment might be explained by the fact that soil does not only
define the start inoculum but also the “diet” for plants, e.g.,
bioavailability of macro- and micronutrients. Diet as a major
driver for community structure was previously reported in
microbiota hosted by other eukaryotes. For example, the mam-
malian gut microbiota follows primarily the dietary habits of the
animals, where communities from herbivores, carnivores, and
omnivores clustered clearly apart from each other (37). Dietary
patterns in humans appear to determine gut microbiota enter-
otypes (38, 39). However, it remains to be examined whether
dietary effects independent of the soil start inoculum are suffi-
ciently strong to provoke consistent shifts in root microbiota
community composition. A further exploration of this question
would require the modulation of individual nutrients or their
composition in the same soil type/start inoculum and subsequent
determination of possible effects on community structure.

Host Microbiota Coevolution. A systematic investigation of host-
microbiota diversification within a phylogenetically defined plant
species framework, combined with replicated experiments under
controlled conditions, has not been reported before. A major
finding of our work is that the diversification of the root microbiota
of the tested host species is largely quantitative. This conclusion is
based on abundant communitymembers (ACM,>20 sequences per
OTU in at least one sample of the dataset), and, therefore, quali-
tative differences might exist in the rare biosphere, which is cur-
rently not quantifiable. Despite an overall interhost species
microbiota similarity, we found host species-specific community
modules (SI Appendix, Figs. S8 and S13) and members (SI Ap-
pendix, Figs. S11 and S16). The host species-specific community
modules are clearly part of the environment-responsive sub-
community, as illustrated by the observation that they are site-
dependent (Fig. 3). Both the most divergent root microbiota (Figs.
4 B and C and 5B) and the highest number of species-specific
community members (SI Appendix, Fig. S16) were found in the
phylogenetically most distant C. hirsuta (Fig. 1), suggesting that
phylogenetic distance of the hosts could contribute to microbiota
diversification. Future studies using additional plant lineages are
required to conclude whether phylogenetic distance time corre-
lates with microbiota diversification. For example, in primates,
the branching order of host-species phylogeny was found to be
congruent with gut community composition (40). The greatest
similarities in root microbiota were found between A. thaliana
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and A. lyrata whereas the root microbiota of A. halleri was more
dissimilar (Fig. 4 B and C), demonstrating that, within the genus
Arabidopsis (A. thaliana, A. halleri, and A. lyrata), microbiota di-
versification is incongruent with the phylogenetic distances of these
hosts (Fig. 1). The two species A. thaliana and A. lyrata occur in
similar habitats whereas A. halleri has evolved a distinctive lifestyle
enabling growth in mesic sites and tolerance to high-competition
habitats. This particularity could imply that the recent speciation
event of A. halleri, coupled to an adaptation to a distinctive habitat,
resulted in the selection of a distinctive microbiota with habitat-
specific services. Taken together, both host species-specific ecologi-
cal adaptation and phylogenetic distance might have driven micro-
biota diversification among the tested hosts.Whether the proportion
of species-specific community members/modules increases when the
host species are exposed to stressful conditions where a plant species
has an adaptive advantage (e.g., tolerance of A. halleri to metallif-
erous soils) (8) remains to be tested. Similarly, it will be interesting to
examine whether the proportion of species-specific community
members/modules increases when the perennials A. lyrata and
A. halleri are grown according to their lifestyle for longer than 1 y.
Finally, future experimentation using synthetic bacterial com-
munities with isolates of the core microbiota members and
gnotobiotic Arabidopsis plants will directly test whether their
presumed beneficial roles in plant growth and health can be
reproduced under laboratory conditions and are retrievable by
the host under normal and stressful conditions.

Materials and Methods

We collected roots of naturally occurring A. thaliana and C. hirsuta growing
side by side at the two replicate sites Cologne and Eifel. Additionally, we
sampled in two replicate experiments roots of A. thaliana and the rel-
ative species A. lyrata, A. halleri, and C. hirsuta, which were grown under
controlled conditions in the greenhouse in pots containing natural mi-
crobe-rich soil. We used a root-sampling protocol similar to Bulgarelli
et al. (3) to examine the root-inhabiting bacterial microbiota. For com-
parison, we also sampled bulk soil and rhizosphere compartments. Bac-
terial communities were characterized by pyrosequencing 16S rRNA gene
amplicons derived from the PCR primers 799F (20) and 1193R (21). The
pyrosequencing reads were processed and analyzed with the software
QIIME (22), and custom R scripts were used for statistical analyses. For
details, see SI Appendix.
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Alice C. McHardy,2,3,5,7,* and Paul Schulze-Lefert1,3,7,*
1Department of Plant Microbe Interactions, Max Planck Institute for Plant Breeding Research, 50829 Cologne, Germany
2Department of Algorithmic Bioinformatics, Heinrich Heine University Duesseldorf, 40225 Duesseldorf, Germany
3Cluster of Excellence on Plant Sciences (CEPLAS), Max Planck Institute for Plant Breeding Research, 50829 Cologne, Germany
4Division of Plant Sciences, College of Life Sciences, University of Dundee at The James Hutton Institute, Invergowrie, Dundee DD2 5DA,

Scotland, UK
5Computational Biology of Infection Research, Helmholtz Center for Infection Research, 38124 Braunschweig, Germany
6Co-first author
7Co-senior author

*Correspondence: alice.mchardy@helmholtz-hzi.de (A.C.M.), schlef@mpipz.mpg.de (P.S.-L.)

http://dx.doi.org/10.1016/j.chom.2015.01.011

This is an open access article under the CC BY-NC-ND license (http://creativecommons.org/licenses/by-nc-nd/4.0/).

SUMMARY

The microbial communities inhabiting the root in-

terior of healthy plants, as well as the rhizosphere,

which consists of soil particles firmly attached to

roots, engage in symbiotic associations with their

host. To investigate the structural and functional

diversification among these communities, we em-

ployed a combination of 16S rRNA gene profiling

and shotgun metagenome analysis of the microbiota

associated with wild and domesticated accessions

of barley (Hordeum vulgare). Bacterial families Co-

mamonadaceae, Flavobacteriaceae, and Rhizobia-

ceae dominate the barley root-enriched microbiota.

Host genotype has a small, but significant, effect on

the diversity of root-associated bacterial commu-

nities, possibly representing a footprint of barley

domestication. Traits related to pathogenesis, secre-

tion, phage interactions, and nutrientmobilization are

enriched in the barley root-associated microbiota.

Strikingly, protein families assigned to these same

traits showed evidence of positive selection. Our re-

sults indicate that the combined action of microbe-

microbe and host-microbe interactions drives micro-

biota differentiation at the root-soil interface.

INTRODUCTION

Land plants host rich and diverse microbial communities in the

thin layer of soil adhering to the roots, i.e., the rhizosphere, and

within the root tissues, designated rhizosphere and root micro-

biota, respectively (Bulgarelli et al., 2013). Roots secrete a

plethora of photosynthesis-derived organic compounds to the

rhizosphere (Dakora and Phillips, 2002). This process, known

as rhizodeposition, has been proposed as the major mechanism

that enables plants to sustain their microbiota (Jones et al.,

2009). In turn, members of the rhizosphere and root microbiota

provide beneficial services to their host, such as indirect path-

ogen protection and enhanced mineral acquisition from sur-

rounding soil for plant growth (Bulgarelli et al., 2013; Lugtenberg

and Kamilova, 2009). Thus, the dissection of the molecular

mechanisms underlying plant-microbe community associations

at the root-soil interface will be a crucial step toward the rational

exploitation of the microbiota for agricultural purposes. Recent

studies performed using themodel plant Arabidopsis thaliana re-

vealed that the soil type and, to aminor extent, the host genotype

shape root microbiota profiles (Bulgarelli et al., 2012; Lundberg

et al., 2012). The structure of the microbial communities thriving

at the root-soil interface appears to be resilient to host evolu-

tionary changes, as indicated by a largely conserved composi-

tion of the root bacterial microbiota in A. thaliana and related

species that spans 35 Ma of divergence within the family Brassi-

caceae (Schlaeppi et al., 2014). However, it is unclear whether

microbiota divergence is greater in host species belonging to

other plant families and whether the process of domestication,

which gave rise to modern cultivated plants (Abbo et al., 2014)

andwhich cannot be studied inA. thaliana, has left a human foot-

print of selection on crop-associated microbiota.

Barley (Hordeum vulgare) is the fourth-most cultivated cereal

worldwide (Newton et al., 2011) and one of the earliest cereals

consumed by humans, with evidence of presence of wild barley

(Hordeum vulgare ssp. spontaneum) in human diets dating back

to 17,000BC (Kislev et al., 1992). Barley was one of the first plants

subjected to domestication,which culminated�10,000 years ago

when the cultivation of domesticated barley (Hordeum vulgare

ssp. vulgare) began in the Fertile Crescent. Anthropic pressure

on barley evolution continued through diversification, which pro-

gressively differentiated early domesticated plants into several

genetically distinct accessions whose area of cultivation radiated

from the Middle East to the rest of the globe (Comadran et al.,

2012). Nowadays, wild and cultivated barley accessions still

coexist, providing an excellent experimental framework to inves-

tigate the structure and the evolution of themicrobiota associated

with a cultivated plant.

Here, we used an amplicon pyrosequencing survey of the bac-

terial 16S rRNA gene and combined it with state-of-the-art meta-

genomics and computational biology approaches to investigate
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the structure and functions of the bacterial microbiota thriving at

the barley root-soil interface. We found evidence for positive se-

lection being exerted on a significant proportion of the proteins

encoded by root-associated microbes, with a bias for cellular

components mediating microbe-plant and microbe-microbe

interactions.

RESULTS

The Structure of the Barley Bacterial Microbiota

We have grown barley accessions in soil substrates collected

from a research field located in Golm, near Berlin (Bulgarelli

et al., 2012), under controlled environmental conditions (Experi-

mental Procedures). We subjected total DNA preparations from

6 bulk soil, 18 rhizosphere, and 18 root samples to selective

amplification of the prokaryotic 16S rRNA gene with PCR

primers encompassing the hypervariable regions V5-V6-V7
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A Figure 1. The Barley Rhizosphere and Root

Microbiota Are Gated Communities

Average relative abundance (RA ± SEM) of the five

most abundant (A) phyla and (B) families in soil,

rhizosphere, and root samples as revealed by the

16S rRNA gene ribotyping. For each sample type,

the number of replicates is n = 6. Stars indicate

significant enrichment (FDR, p < 0.05) in the

rhizosphere and root samples compared to bulk

soil. Vertical lines denote a simultaneous enrich-

ment of the given taxa in all three barley acces-

sions. Only taxa with a RA > 0.5% in at least one

sample were included in the analysis.

(Schlaeppi et al., 2014), andwe generated

691,822 pyrosequencing reads. After

in silico depletion of error-containing

sequences, and chimeras as well as se-

quencing reads assigned to plant mito-

chondria, we identified 1,374 prokaryotic

operational taxonomic units (OTUs) at

97% sequence similarity (Database S1;

Experimental Procedures).

Taxonomic classification of the OTU-

representative sequences to phylum level

highlighted that Actinobacteria, Bacteroi-

detes, and Proteobacteria largely do-

minate the barley rhizosphere and root

communities, where 88% and 96% of

the pyrosequencing reads, respectively,

were assigned to these three phyla. Of

note, other members of the soil biota,

such as Firmicutes and Chloroflexi, were

virtually excluded from the plant-as-

sociated assemblages (Figure 1). The

enrichment of members of the phylum

Bacteroidetes significantly discriminated

rhizosphere and root samples from bulk

soil samples irrespective of the accession

tested (moderated t test, false discovery

rate-adjusted [FDR], p value < 0.05; Fig-

ure 1) At family level, Comamonadaceae,

Flavobacteriaceae, and Rhizobiaceae designated a conserved

barley microbiota whose enrichment differentiated the rhizo-

sphere and root communities from bulk soil irrespective of the

accessions tested (moderated t test, FDR, p < 0.05; Figure 1).

Of note, the enrichment of a fourth family, Oxalobacteraceae,

also significantly discriminated between root samples and

unplanted soil in wild, landrace, and modern accessions

(moderated t test, FDR < 0.05; Figure 1). Taken together, these

results highlight a shift in community composition at the barley

root-soil interface, which progressively differentiated the rhizo-

sphere and root bacterial assemblages from the surrounding

soil biota.

To gain insights into the richness of the barley microbiota we

compared the total number of observed OTUs, Chao1, and the

Shannon diversity indices of the communities retrieved from

bulk soil and plant-associated microhabitats. All the indices

revealed a significant reduction of the bacterial richness and
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diversity in the root samples (TukeyHSD, p < 0.05; Figure S1),

while the rhizosphere microbiota displayed an intermediate

composition between soil and root samples (Figure S1).

To elucidate whether the composition of the bacterial commu-

nities correlated or was independent of the sample type and

the host genotype, we used the OTU count data to construct

dissimilarity matrices with the UniFrac (Lozupone et al., 2011)

and Bray-Curtis metrics. We applied a previously used relative

abundances threshold (0.5%; Bulgarelli et al., 2012) to focus

our analysis on PCR-reproducible OTUs. Permutational multi-

variate ANOVA based on distance matrices (ADONIS) revealed

a marked contribution of the microhabitat (Bray-Curtis R2 =

0.11584; R2 Unweighted Unifrac R2 = 0.08851, p < 0.05) as

well as phylogenetic-dependent contributions of the host geno-

type to the composition of the barley microbiota (Weighted

Unifrac R2 = 0.24427; R2 Unweighted Unifrac R2 = 0.15262,

p < 0.05). We used a canonical analysis of principal coordinates

(CAP; Anderson and Willis, 2003) to better quantify the influence

of these factors on the beta diversity. CAP analysis constrained

by the environmental variables of interest revealed that the

microhabitat explained 22% of the variance (p < 0.005; 95%

confidence interval = 17%, 30%). Consistently, we observed a

clear separation between plant-associated microhabitats and

bulk soil samples followed by segregation of the rhizosphere

and root samples (Figure 2A).

The host genotype alone could explain 5.7% of the overall

variance of the data, and the constrained ordination showed a

clear clustering of the samples corresponding to the wild, land-

race, and modern accessions (Figure 2B). This proportion of

the variation, albeit small, was found significant by permuta-

tion-based ANOVA (p < 0.005; Figure 2). Further exploration of

these analyses revealed that the OTUs with the largest contribu-

tion to both constrained ordinations had a distinct taxonomic

membership, mostly belonging to the phyla Proteobacteria and

Bacteroidetes, and could explain most of the observed variation

among microhabitats and genotypes (Figure S2A). Bootstrap-

ping analysis of the constrained ordination (Experimental Proce-

dures) indicated that the significance of the observed genotype

effect could not be attributed to any individual OTUs. Only after

randomly permuting the abundances of the 83 OTUs with the

largest contribution (72.23% and 65.67% of the root and rhizo-

sphere communities, respectively), the statistical significance

was lost (Figure S2C). Consistently, CAP analyses generated

using weighted UniFrac distance matrix, sensitive to OTU phylo-

genetic affiliations and OTU relative abundances, further sup-

ported the observed differentiation of the barley microbiota

(Figure S2B). However, transformations based on unweighted

UniFrac distance, which is sensitive to unique taxa, but not to

OTU relative abundances, showed a drastic reduction of the

variance explained by the microhabitat and failed to identify a

significant host-genotype-dependent effect on the barley micro-

biota (Figure S2B). Together, these results further support the

hypothesis that the barley rhizosphere and root are two micro-

habitats colonized by communities with taxonomically distinct

profiles, which emerge from the soil biota through progressive

differentiation.

To identify bacteria responsible for the diversification between

the two root-associated microhabitats we employed a linear

model analysis (Supplemental Experimental Procedures) to

determine bacterial OTUs significantly enriched in root and

rhizosphere compared to unplanted soil. With this approach

we identified three distinct bacterial sub-communities thriving

A

B

Figure 2. Constrained Principal Coordinate Analysis on the Soil and

Barley Bacterial Microbiota

(A) Variation between samples in Bray-Curtis distances constrained by

microhabitat (22% of the overall variance; p < 5.00E�2) and (B) by accession

(5.7% of the overall variance; p < 5.00E�2). In both panels, triangles corre-

spond to rhizosphere and circles to root samples. The percentage of variation

explained by each axis refers to the fraction of the total variance of the data

explained by the constrained factor. In (B) soil samples were not included.
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at the root-soil interface (Figure 3; Database S1). One sub-com-

munity, designated Root_OTUs, was defined by bacteria sig-

nificantly enriched in the root samples and discriminating this

sample type from bulk soil.Root_OTUs accounted for the largest

fraction of the bacteria enriched in the barley microbiota in

the wild and modern accessions (Database S1). A second

sub-community was defined by bacteria enriched in both the

rhizosphere and root samples and discriminating these samples

from the bulk soil. This second sub-community, designated

RR_OTUs, represented the largest fraction of the barley micro-

biota retrieved from the landrace accession (Database S1).

Finally, a third sub-community defined by the bacteria discrimi-

nating the rhizosphere samples from bulk soil was identified.

This sub-community, designated Rhizo_OTUs, represented the

minor fraction of the barley microbiota irrespective of the acces-

sion tested (Database S1). Consistent with the constrained

ordinations, taxonomic affiliations of the OTU-representative

sequences assigned to RR_OTUs and Root_OTUs were largely

represented by Bacteroidetes and Proteobacteria members

(Database S1). We previously demonstrated that the root micro-

biota of the model plant Arabidopsis thaliana is dominated by

members of Actinobacteria, Bacteroidetes, and Proteobacteria

(Bulgarelli et al., 2012). We took advantage of the similar exper-

imental platform used for the barley and Arabidopsis surveys,

including the same soil type, to compare the bacterial microbiota

retrieved from these monocotyledonous and dicotyledonous

hosts. First, we re-processed the A. thaliana data set using

exactly the same analysis pipeline we employed in the present

study. Taxonomic classification using the representative se-

quences of the OTUs enriched in the root microbiota of barley

and A. thaliana (Figure 4) revealed a similar taxonomic composi-

tion, with few bacterial taxa belonging to a limited number

of bacterial families from different phyla, including members

of Comamonadaceae, Flavobacteriaceae, Oxalobacteraceae,

Rhizobiaceae, and Xanthomonadaceae. Notably, this analysis

also revealed clear differences between the two host species.

In particular, the enrichment in root samples of the families

Pseudomonadaceae, Streptomycetaceae, and Thermomono-

sporaceae differentiated the Arabidopsis root-associated com-

munities from barley. Conversely, the enrichment of members

of the Microbacteriaceae family appears to be a distinctive

feature of the barley root microbiota in the tested conditions.

Excluding these qualitative differences, we found a very high

correlation between the two sub-communities (0.90 Pearson

correlation coefficient, p = 0.005).

The Barley Rhizosphere Microbiome

To gain further insights into the significance of the marked barley

rhizosphere effect detected by the 16S rRNA gene survey, we

reasoned that, unlike roots, where DNA is mostly plant derived,

DNA isolated from the rhizosphere should mainly originate

A

B

C

Figure 3. OTU Enrichment at the Barley Root/Soil Interface

Ternary plots of all OTUs detected in the data set with RA > 0.5% in at least one

sample in (A) Hordeum vulgare ssp. spontaneum, (B) H. vulgare ssp. vulgare

Landrace, and (C) H. vulgare ssp. vulgare Modern. Each circle represents one

OTU. The size of each circle represents its relative abundance (weighted

average). The position of each circle is determined by the contribution of the

indicated compartments to the total relative abundance. Dark blue circles

mark OTUs significantly enriched in the root microhabitat (Root_OTUs, FDR,

p < 0.05), magenta circles mark OTUs significantly enriched in the rhizosphere

microhabitat (Rhizo_OTUs, FDR, p < 0.05), and cyan circles mark OTUs

significantly enriched in both microhabitats (RR OTUs, FDR, p < 0.05).
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from microbes, and we used the same rhizosphere DNA pre-

parations for independent Illumina shotgun sequencing. We

obtained two metagenome samples per host genotype, each

corresponding to a different soil batch (Table S2) and generated

an average of 75 million 100-bp paired-end reads per sample,

adding up to a total of 44.90 Gb of sequence data. We then

assembled the filtered reads of each sample independently us-

ing SOAPdenovo (Heger and Holm, 2000; Experimental Proce-

dures). Despite the heterogeneity of the data, an average of

69.85% of the reads per sample were assembled into contigs

(Table S2).

The partially assembled metagenome sequences (including

unassembled singleton reads) were taxonomically classified

with taxator-tk (Dröge et al., 2014), a tool for the taxonomic

assignment of shotgun metagenomes (Experimental Proce-

dures). Relative abundances were calculated by mapping the

reads back to the assembled contigs and determining the num-

ber of reads assigned to each taxon. In total, 27.35% of all reads

were assigned at least to the domain level. Of those, 94.04% and

0.054% corresponded to Bacteria and Archaea, respectively,

and 5.90% to Eukaryotes (Database S1).

Figure 4. Taxonomic Representation of the

Barley and Arabidopsis Root-Enriched Bac-

terial Taxa

The tree represents a subset of the NCBI taxon-

omy containing all OTUs found to be enriched in

the barley and Arabidopsis root samples with

respect to soil. The branches of the tree do not

reflect evolutionary distances. The position of the

dots corresponds to the taxonomic placement of

each OTU-representative sequence in the taxon-

omy. The size of the dots illustrates the aggregated

relative abundance of all OTUs assigned to a given

taxon (log scale). OTUs enriched in Arabidopsis

roots are depicted in red, whereas Barley root

OTUs are shown in blue. Note that the relative

abundance of each subset of root-enriched taxa

with respect to its respective root community

varies (Barley root OTUs, 45.44%; Arabidopsis

root enriched OTUs, 59.02%).

Comparison of SSU rRNA Genes

and Metagenome Taxonomic

Abundance Estimates

The availability of barley rhizosphere 16S

rRNA gene amplicon and shotgun meta-

genome data provided an opportunity to

compare both data sets. Toward this

end, we classified the OTU-representa-

tive sequences onto the NCBI reference

database (Sayers et al., 2009). This al-

lowed us to cross-reference the relative

abundances of each taxonomic bin from

the rhizosphere metagenome with each

OTU from the 16S rRNA gene analysis us-

ing the NCBI taxonomy and to directly

compare the results of the two ap-

proaches (Figure 5). The analysis of the

metagenome samples revealed the pres-

ence of Archaea (0.058% relative abundance) in the rhizosphere

microhabitat, as well as members of bacterial phyla whose pres-

ence we did not detect in our 16S rRNA gene analysis, such as

the Cyanobacteria (0.024% relative abundance). Our results

also indicated an overrepresentation for Beta- and Gammapro-

teobacteria in the 16S rRNA gene taxonomic profiling, represent-

ing 10.12% and 9.64% of the whole community, respectively,

compared with 7.73% and 5.50% as found in the metagenome

samples. These quantitative differences can be at least partially

attributed to the fact that Beta- and Gammaproteobacteria

possess multiple ribosomal RNA operon copies (Case et al.,

2007). The observed differences in detected taxa can further-

more be explained by known biases of 16S rRNA gene primers,

in particular, the 799F primer was designed to avoid contamina-

tion from chloroplast 16S sequences, a side effect of which is a

strong bias against Cyanobacteria (Chelius and Triplett, 2001).

We further assessed the variability in abundance estimates for

bacterial taxa which could be detected in both analyses

(excluding Cyanobacteria) and found several discrepancies,

despite the overall high correlation (0.86 Pearson coefficient;

p < 1.75E�12). The largest differences were found in taxonomic
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groups for which 16S rRNA gene pyrotagging was reported to be

either biased or lacking in resolution, due to either copy number

variation or primer biases, especially for soil bacteria belonging

to Chloroflexi, Deltaproteobacteria, and Bacteroidetes (Hong

et al., 2009; Klindworth et al., 2013).

The taxonomic classification of fragments of 16S rRNA

genes found in the metagenome shotgun reads allowed us

to calculate the relative abundances of bacterial taxa not

affected by primer biases. We found a high correlation be-

tween the results obtained for the two different 16S rRNA

gene data sets (Figure 5; 0.89 Pearson correlation coefficient;

p < 21.55E�14), indicating that the negative impact of the

799F primer bias on the beta-diversity estimates for the barley

rhizosphere is only marginal, further validating the results re-

ported above.

We also retrieved and analyzed 18S rRNA sequences

following the same approach, which allowed us to compare eu-

karyotic and bacterial abundances in a quantifiable way. We

found an increase in the relative abundance of eukaryotes

(11.06%) when comparing 16S and 18S sequences relative

to the estimate obtained from taxonomically classifying the

metagenome sequences (5.90%), which could be partially ex-

plained by the high number and variability of rRNA operon

copy number in eukaryotes (Amaral-Zettler et al., 2009).

Furthermore, we were able to characterize the relative abun-

dances of the major taxonomic groups found in the rhizosphere

(Figure S3), revealing that fungi constitute the most abundant

eukaryotic phylum in the barley rhizosphere (33.31% of all

Eukaryotes).

Enrichment of Biological Functions in Root- and

Rhizosphere-Associated Bacterial Taxa

The 16S rRNA gene survey revealed a clear dichotomy between

the taxonomic composition of soil and root bacterial commu-

nities, a differentiation which, in barley, starts in the rhizo-

sphere. Furthermore, a large fraction of bacterial taxa enriched

in roots (Root_OTUs) was also enriched in the rhizosphere rela-

tive to unplanted soil (designated RR_OTUs). To determine if

this differentiation process is linked to specific biological func-

tions, we identified and annotated protein coding sequences

(Experimental Procedures) and tested whether particular

biological traits were significantly enriched in family-level taxo-

nomic bins corresponding to RR_OTUs (containing 29.51%

of all annotated protein coding sequences) with respect to

Figure 5. Comparison of 16S rRNA Amplicon and Metagenome Abundances

The tree represents the NCBI taxonomy for all taxonomically classified OTUs from the rhizosphere samples of the 16S rRNA survey as well as all metagenome

bins, resolved down to the order rank. The branches of the tree do not reflect evolutionary distances. The position of the dots in the tree corresponds to the

taxonomic placement of the representative sequences in the NCBI taxonomy. The size of the dots illustrates the average relative abundances per sample of each

taxa (log scale). Blue dots represent abundances as found in the shotgun metagenome classification, red dots correspond to abundances from the 16S rRNA

amplicon data, and green depicts an overlap.
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soil-associated bins, i.e., bins corresponding to OTUs which

were not enriched in the root or in the rhizosphere (57.86% of

the annotated sequences). Genes found in contigs that could

not be taxonomically assigned, as well as those assigned to

Cyanobacteria (12.81% of the total), were not included in this

analysis.

We identified 12 functional categories which were significantly

enriched in root and rhizosphere bacterial taxa (Table 1). These

correspond to traits likely important for the survival or adaptation

in the root-associated microhabitats, such as adhesion, stress

response, and secretion. Importantly, categories relating to

host-pathogen interactions (type III secretion system T3SS,

regulation of virulence, invasion, and intracellular resistance) as

well as microbe-microbe interactions (type VI secretion system;

T6SS) and microbe-phage interactions (transposable elements,

bacteriophage integration) were also significantly enriched.

Interestingly, root- and rhizosphere-associated taxa were also

significantly enriched in protein families related to iron mobiliza-

tion (siderophore production) and sugar transport (sugar phos-

photransferase systems).

To further assess the ecological significance of these func-

tional enrichments, we performed a comparison with functional

representation in sequenced isolates. We retrieved and analyzed

1,233 genomes from the NCBI database (Experimental Proce-

dures; Supplemental Information) belonging to the soil- and

root-associated bacterial taxa found in the barley rhizosphere

and performed the same enrichment tests. We found only one

functional category to be significantly enriched in the root-asso-

ciated taxa with respect to the soil background taxa, namely, the

T3SS (p = 0.044).

Positive Selection in the Barley Rhizosphere

To gain further insights on the molecular mechanisms driving

the functional diversification of the barley rhizosphere micro-

biota, the gene families identified in the assembled barley

metagenome were annotated based on matches to TIGRFAM

(Haft et al., 2013) hidden Markov models (HMMs; Experi-

mental Procedures), and we calculated, for each TIGRFAM,

the ratio between the number of nonsynonymous (Dn) and

synonymous (Ds) changes, a proxy for evolutionary pressure.

Our analyses showed that 9% of the gene families had on

average significantly higher Dn values and lower Ds values

than the mean value calculated over all annotated sequences

(one-sided Fisher test, FDR < 0.05), suggesting that they have

been under positive (diversifying) selection. Interestingly, a

closer investigation of these gene families revealed that

positive selection signatures markedly characterize diverse

proteins involved in pathogen-host interactions, including

bacterial secretion, as well as proteins essential for phage de-

fense (Figures 6A and S5). Strikingly, these proteins encode

for a subset of the functions enriched in RR_OTUs and

Root_OTUs (Table 1). Furthermore, we determined that

10.66% (115) of protein families encoded by the barley meta-

genome displayed a Dn/Ds ratio significantly greater than the

metagenome mean Dn/Ds value in at least one of the barley

genotypes tested (Table S3).

Of note, we identified significant signs of positive selection

for a component of the T3SS, which is found in most Gram-

negative bacteria and is used to suppress plant immune re-

sponses (Cornelis and Van Gijsegem, 2000; Table S6). Our

findings are in line with previous studies, which reported evi-

dence of positive selection for T3SS components in the bacte-

rial phytopathogens Pseudomonas syringae (Guttman et al.,

2006) and Xanthomonas campestris (Weber and Koebnik,

2006). Furthermore, we detected positive selection for compo-

nents of the T6SS, a contact-dependent transport system

mediating microbe-microbe interactions (Table S4; Russell

et al., 2014). In particular, we found the forkhead-associated

(FHA) domain to be under strong positive selection. This

domain is a phosphopeptide recognition domain embedded

in diverse bacterial regulatory proteins, which control various

cellular processes including pathogenic and symbiotic interac-

tions (Durocher and Jackson, 2002).

Microbial Elicitors and Effectors of Plant Immunity

under Positive Selection

One branch of the plant immune system recognizes and is acti-

vated by a variety of evolutionary conserved microbial epitopes,

designated microbe-associated molecular patterns (MAMPs)

(Boller and Felix, 2009). The co-evolutionary arms race between

the plant host andmicrobial pathogens leads to reciprocal selec-

tive pressure for the interacting proteins to change. To avoid acti-

vation of plant defenses, phytopathogens have evolved different

mechanisms such as the diversifying evolution of elicitor epi-

topes by mutation or reassortment, and the injection of strain-

specific pathogen effector proteins into host cells to intercept

intracellular immune signaling (Shames and Finlay, 2012).

To identify putative elicitors of plant immune responses at the

root-soil interface, we searched for genes that contained clusters

of residues under positive selection using a sliding window

approach (Figure 6B; Experimental Procedures). A total of 56 pu-

tative elicitors of plant immune responses were previously iden-

tified in the genomes of six plant pathogenic and a soil-dwelling

bacterium using a similar approach (McCann et al., 2012).

Remarkably, we found a semantic overlap of nine protein families

Table 1. Biological Functions in Root- and Rhizosphere-

Associated Bacterial Taxa

Functional Category p Valuea

Protein secretion system type III 0.0013

Adhesion 0.0014

Regulation of virulence 0.0024

Siderophores 0.0024

Secretion 0.0072

Transposable elements 0.0177

Periplasmic stress 0.0188

Sugar phosphotransferase systems 0.0251

Bacteriophage integration excision lysogeny 0.0346

Invasion and intracellular resistance 0.0346

Protein secretion system type VI 0.0379

Detoxification 0.0379

Functional categories significantly enriched in taxonomic bins corre-

sponding to RR_OTUs found in the barley rhizosphere metagenome.
aCalculated using a Mann-Whitney test, controlling for false discovery

rate (FDR).
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under selection in the barley rhizosphere microbiome (Table S5).

For example, the GGDEF domain, a previously reported putative

bacterial elicitor, essential for motility and biofilm formation

(Simm et al., 2004), was under positive selection in the rhizo-

sphere of the wild accession (p = 0.027). Of the protein families

that had a Dn/Ds ratio significantly higher than the mean,

85.3% had such clusters, whereas they were found in only

34.9% of all detected protein families (p < 2.2 E�16, one-sided

Fisher’s exact test). On average, we found 0.66 ± 1.54 (SD) clus-

ters for each protein family, which spanned 4.0% ± 7.9% (SD) of

their amino acid sequence among all families. For the protein

families already shown to exhibit significant signatures of positive

selection, an average of 6.7 ± 9.0 (SD) clusters were detected.

Furthermore, we identified by de novo prediction 16 putative

polymorphic type III secreted effector proteins (T3SEs), of which

30% were under positive selection (Experimental Procedures;

Table S6). In addition, 31.5% of these candidate effector pro-

teins contained an average of 5.2 ± 9.8 (SD) clusters of residues

under positive selection. This shows that, in the barley rhizo-

sphere microbiota, highly polymorphic bacterial protein families,

some of which are known to function in the suppression of plant

immune responses, have similar footprints of positive selection

as the evolutionary conserved MAMPs (McCann et al., 2012).

Positive Selection Acting on Phages and CRISPR

Systems

Interestingly, in our Dn/Ds analysis we found that endoribonu-

clease gene cas2 was under strong positive selection. This

gene is associatedwith the clustered, regularly interspaced short

palindromic repeat (CRISPR) system, a defense mechanism

composed of an array of repeats with dyad symmetry separated

by spacer sequences, which, together with a set of CRISPR-

associated (CAS) genes, provides protection against phages in

Bacteria and Archaea (Westra et al., 2014). In particular, Cas2

participates in the acquisition of new spacers (Barrangou et al.,

2007), indicating that the ability to develop resistance to new

phages might be an important trait for the bacterial community

of the barley rhizosphere (Figure 6B). The enrichment of func-

tional categories related to interactions with bacterial phages in

RR_OTUs (Table 1) further supports this notion. In addition, we

found that the coding sequences of bacteriophage tail and

head morphogenesis genes were under positive selection. The

A B

Figure 6. Proteins under Selection in the Barley Rhizosphere Microbiome

(A) Top-ranking protein families under positive selection with significantly increased Dn/Ds statistic. The distribution at the top shows the density function over all

protein families smoothed with a Gaussian kernel function. The green bar indicates the average�Dn/Ds over all the samples, the blue bar the average�Dn/Ds for

all TIGFRAMS annotated with the term ‘‘patho’’ and/or ‘‘secretion.’’ The boxplot shows the distribution of the �Dn/Ds across all samples for the top 50 ranked

TIGRFAM families under positive selection, with families sorted by their median�Dn/Ds in descending order. TIGRFAMs annotated with ‘‘repeat’’ or with a mean

repetitive value of more than 50% were discarded.

(B) Sequence clusters of residues under positive selection in selected protein families. Top: dots indicate�Dn/Ds for a given position in the protein sequence, and

their color corresponds to the proportion of gaps in the multiple sequence alignment (MSA). Gray-shaded areas indicate significant clusters of residues under

positive selection. Gray-shaded horizontal lines indicate repetitive elements. Bottom: Jensen-Shannon divergence as a function of the positions in the MSA.
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phage tail serves as a channel for the delivery of the phage DNA

from the phage head into the cytoplasm of the bacteria. Thus, in-

teractions between bacteria and their phages might have

contributed to the positive selection on both the CRISPR-cas

adaptive immune system of bacteria and on a subset of the

bacteriophage proteins observed in the barley rhizosphere.

DISCUSSION

Here, we characterized the rhizosphere and the root microbiota

of soil-grown wild, traditional, and modern accessions of barley

using a pyrosequencing survey of the 16S rRNA gene. This re-

vealed that the enrichment of members of the families Comamo-

nadaceae, Flavobacteriaceae, and Rhizobiaceae and the virtual

exclusion of members of the phyla Firmicutes and Chloroflexi

differentiate rhizosphere and root assemblages from the sur-

rounding soil biota. This microbiota diversification begins in the

rhizosphere, where a marked initial community shift occurs,

and continues in the root tissues by additional differentiation,

leading to the establishment of a community inside roots, which

is more distinct from the surrounding soil biota.

A comparison to the root and rhizosphere microbial assem-

blages retrieved from the distantly related dicotyledonous plants

Arabidopsis thaliana and A. thaliana relatives (Bulgarelli et al.,

2012; Lundberg et al., 2012; Schlaeppi et al., 2014) revealed

both striking differences as well as common features. First, we

detected in each of the three tested barley genotypes a marked

‘‘rhizosphere effect,’’ i.e., a structural and phylogenetic diver-

sification of thismicrohabitat from the surrounding soil biota (Fig-

ure 3), which we failed to detect in previous studies of A. thaliana

and A. thaliana relatives (Bulgarelli et al., 2012; Schlaeppi et al.,

2014). Second, taxonomic classification using the representative

sequences of the OTUs enriched in the root microbiota of mono-

cotyledonous barley and dicotyledonous A. thaliana, grown in

the same soil type, revealed a similar enrichment pattern,

although some clear differences were identified (Figure 4). On

the basis of our study, the enrichment of members of the families

Pseudomonadaceae, Streptomycetaceae, and Thermomono-

sporacea in root samples of Arabidopsis is not seen in barley.

Consistently, recent cultivation-independent surveys of the

rhizosphere of field-grown maize (Peiffer et al., 2013) and wheat

(Turner et al., 2013), two grasses like barley, also revealed almost

no enrichment of the aforementioned two actinobacterial taxa.

By contrast, enrichment of members of the Microbacteriaceae

family appears to be a distinct feature of the barley root micro-

biota. This suggests the existence of host lineage-specific mo-

lecular cues contributing to the differentiation of the root-associ-

ated microbiota from the surrounding soil type-dependent

bacterial start inoculum. However, the overall conserved micro-

biota composition in the roots of the monocot barley and the

dicot Arabidopsis, which diverged �200 Ma, could be indicative

of an ancient plant trait that preceded the emergence of flower-

ing plants. Alternatively, but not mutually exclusive, the con-

served microbiota composition might indicate that microbe-

microbe interactions serve as a dominant structuring force of

the root microbiota in flowering plants.

Our results revealed also a host-genotype-dependent stratifi-

cation of both the barley root and rhizosphere microbiota (Fig-

ure 2B). The host influence on the microbiota profiles is limited,

since �5.7% of the variance can be explained by the factor

host genotype and is entirely quantitative. Notably, the host ge-

notype effect is manifested by variations in the abundance of

many OTUs from diverse phyla, rather than by single OTUs.

Re-analysis of root microbiota abundance data from three

A. thaliana ecotypes (Schlaeppi et al., 2014), generated with

the same 16S rRNA gene primers and using the same computa-

tional approach, failed to detect a significant ecotype-depen-

dent effect. By contrast, our results from barley are congruent

with a recent investigation of the rhizosphere microbiota of 27

field-grown modern maize inbreds (Peiffer et al., 2013). This

study reported a similar proportion of variation attributed to

the host genotype (5.0%–7.7% using unweighted or weighted

UniFrac distances, respectively) and also a lack of individual

bacterial taxa predictive for a given host genotype. Bouffaud

and co-workers reported a stratification of themaize rhizosphere

microbiota reflecting the major genetic groups emerged during

maize diversification, rather than their genetic distance (Bouf-

faud et al., 2012). These results concur with our findings of

accession-dependent microbiota differentiation (Figure 2B)

owing to the fact that the tested wild, landrace, and modern ac-

cessions represent three distinct phases of the domestication

and diversification history of barley (Meyer et al., 2012).

The availability of barley rhizosphere microbiome sequences

prompted us to compare the taxonomic classification generated

by shotgun DNA sequencing without PCR amplification with the

16S rRNA gene amplicon profiles. This allowed us to determine

the presence of microorganisms whose presence cannot be

estimated using the 16S rRNA gene primers we have adopted,

such as Protists, Fungi, and Archaea. Furthermore, the use of as-

sembly as an intermediate step to improve taxonomic classifica-

tion of reads and abundance estimates is likely to introduce

biases which are not fully understood. In order to assess this ef-

fect we retrieved marker genes from the unassembled metage-

nome reads to be analyzed and used as a control. Correlation

tests between the abundance estimates for bacterial taxa ob-

tained with the two methods (0.86 Pearson correlation coeffi-

cient; p < 1.75E�12) indicated that known 16S primer biases,

differential ribosomal operon copy number, as well as assembly

biases have a minor, but notable, impact on the analysis of beta-

diversity, further underlining the importance of using comple-

mentary methods for the study of microbial diversity.

Strikingly, we found that Bacteria dominate the annotated

barley rhizosphere, whereas the relative abundance of Eukary-

otes accounted for only a small fraction. A recent study employing

metatranscriptomics to estimate microbial abundances reported

a 5-fold higher abundance of Eukaryotes in the oat and pea rhizo-

sphere (16.6% and 20.7%, respectively) compared to that of

wheat (3.3%) (Turner et al., 2013). However, since bothmetatran-

scriptome and metagenome abundance estimates are based on

taxonomic classification using a reference-based method, data-

base-related biases likely play a role in this apparent skew in

the community in favor of bacterial taxa. Analysis of 18S rRNA se-

quences found in the shotgun reads revealed an increased rela-

tive abundance of Eukaryotes compared to the results obtained

for the metagenome data (11.06%and 5.9%, respectively). How-

ever, given the large variation in rRNA operon copy number in

eukaryotic genomes, abundance estimates based on 18S read

counts are likely to be inflated. We conclude that further studies,
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combining alternative markers such as the 18S rRNA gene or in-

ternal transcribed spacers (ITSs), targeting broader microbial

communities (e.g., Fungi and Oomycetes), are needed to better

estimate the phylogenetic composition of the microbiota thriving

at the root-soil interface.

Combining our findings from the 16S rRNA gene survey, i.e.,

that some bacterial taxa are significantly enriched in root and

rhizosphere samples with respect to soil (RR_OTUs), together

with the functional analyses of the rhizosphere metagenome,

we were able to map functions to root- and soil-associated

taxa. Functional categories significantly enriched in root and

rhizosphere (Table 1) corresponded to important traits for the

survival and adaptation in these microhabitats, as well as traits

related to microbe-microbe interactions and microbe-phage

interactions. Importantly, several functions appeared to be rele-

vant for interactions with the host (pathogenic as well as mutual-

istic), such as the T3SS, regulation of virulence, siderophore

production, sugar transport, secretion, invasion, and intracellular

resistance, further supporting the hypothesis that the presence

of the host plant triggers a functional diversification in the rhizo-

sphere. This is congruent with the observations that plants,

through the release of photosynthesis-derived organic com-

pounds into soil (Dakora and Phillips, 2002), canmodify the phys-

ical, chemical, and biological properties of the rhizosphere to

enhance the acquisition of important resources such as water

and minerals (McCully, 1999). The growth of barley, like other

graminaceous monocotyledons, relies on the secretion and sub-

sequent reuptake of iron-chelating phytosiderophores for the

acquisition of scarcely mobile iron ions from soil (Jeong and

Guerinot, 2009). Therefore, the observed enrichment of bacte-

rium-derived siderophores in the barley-associated microbial

communities indicates that the combined action of microbiota-

and host-derived siderophores maximizes the mobilization

and bioavailability of the soil-borne iron micronutrient in the

rhizosphere.

Out of the 12 categories found to be significantly enriched in

the root-associated metagenome bins, only the T3SS was also

detected as enriched when we analyzed sequenced isolates.

This suggests that the T3SS is a relevant feature of root-associ-

ated bacterial taxa in general, whereas the remaining enriched

functions detected only by analysis of the metagenome data

(Table 1) could correspond to environment-specific features.

Analyzing the coding sequences found in the metagenome

data, we observed strong positive selection in proteins that are

known to directly interact with the plant host, such as the bacte-

rial T3SS and other outer surface proteins, which might be

related to plant-pathogen interactions and secretion (Figure 6).

These signs of positive selection are evidence of plant-microbe

co-evolution in the rhizosphere and suggest that host-microbe

and microbe-microbe interactions exist in these natural commu-

nity systems that are reminiscent of the arms race co-evolution

model established for binary plant-pathogen interactions.

Thus, our findings predict that the innate immune system of

plants contributes to the selection of bacterial community struc-

ture as early as at the root-soil interface. Interestingly, it has been

recently noted that balanced polymorphism of resistance genes

in A. thaliana is maintained in the population through complex

community-wide interactions encompassing many pathogen

species (Karasov et al., 2014). The substantial number of protein

families and the overall scale of positive selection which we iden-

tified indicate that metagenomic data are a sensitive tool for

studying microevolution within natural environments. However,

caution must be exercised when interpreting signatures of pos-

itive selection in this context, where the interplay between

numerous species, including pathogens, mutualists, and com-

mensals, creates a much more complex system than described

by current models of co-evolution.

Previous comparative genomic studies of bacterial CAS genes

surprisingly indicated no signs of positive selection, which was

attributed to the additional roles of these genes in transcriptional

regulation (Takeuchi et al., 2012). A high SNP density, indicative

of positive selection, was also found for the CAS proteins csy1

and cse2 in metagenome samples of human gut microbiomes

(Schloissnig et al., 2013). The strong signs of positive selection

that cas2, one of the three essential proteins of the CRISPR sys-

tem, exhibited in the barley rhizosphere, along with the positive

selection identified for a subset of phage proteins, indicates

that natural community systems might allow a more sensitive

detection of such effects compared to comparative studies of

a relatively small number of isolates. The role of the cas2 gene

in the acquisition of resistance to new phages might be of partic-

ular importance in a metabolically active and proliferating bacte-

rial community, such as the rhizosphere microbiota (Ofek et al.,

2014), which represents an ideal substrate for bacteriophage in-

fections. Alternatively, the cas2 gene product could be an elicitor

of MAMP-triggered immunity in the host, which preferentially tar-

gets indispensable, evolutionary conserved, and broadly distrib-

uted microbial epitopes, such as flagellin or EF-Tu (McCann

et al., 2012). Thus, the positive selection on CAS genes might

simultaneously reflect the pressure exerted by bacteriophages

and the host on members of the root-associated microbiota.

The observed overlap of bacterial traits under diversifying

selection in the rhizosphere and those found tobe significantly en-

riched inRR_OTUs provides direct and independent evidence for

thecontributionof host-microbe interactions in theselectionof the

root-associated bacterial microbiota from the surrounding soil

biota (e.g., T3SS, virulence regulation and pathogenicity, sidero-

phore production, sugar uptake). Our findings imply that the

host innate immune system as well as the supply and demand

of functions of root metabolism are relevant host factors for bac-

terial recruitment. In addition, both the analysis of the metage-

nomedata (e.g., enrichmentofT6SS)and theexistenceofa largely

conservedphylogeneticpattern in the root-enrichedbacterial taxa

in barley and A. thaliana (Figure 4) imply that microbe-microbe in-

teractions are also a driving force in the taxonomic differentiation

of the root-associated bacterial assemblages. Thus, collectively,

our results point toward a model in which the integrated action

ofmicrobe-microbe and host-microbe interactions drives rootmi-

crobiota establishment through specific physiological processes

from the surrounding soil biota.

EXPERIMENTAL PROCEDURES

Experimental Design

Surface-sterilized seeds of barley genotypes Morex, Rum, and HID369

were sown onto pots filled with experimental soil collected at the Max Planck

Institute of Molecular Plant Physiology, Potsdam, in September 2010 and

September 2011. For each accession we organized three biological replicates

and repeated the entire experiment using two different samplings of soil
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substrate (Table S1). At early stem elongation we excavated the plants from

the soil and detached the root systems from the stems. We employed a com-

bination of washing and ultrasound treatments to simultaneously separate the

rhizosphere fraction from the roots and enrich for root endophytes. In parallel,

bulk soil controls, i.e., pots filled with the same soil and exposed to the same

environmental conditions as the plant-containing pots, were processed.

16S Data Analysis

16S rRNA gene sequences were subjected to demultiplexing, quality filtering,

dereplication, abundance sorting, OTU clustering, and chimera identification

using UPARSE pipeline (Edgar, 2013). Briefly, after removal of barcode and

primer sequences, reads were truncated to a length of 290 bp, and only reads

with a quality score Q > 15 and no ambiguous baseswere retained for the anal-

ysis. Chimeras were identified using the ‘‘gold’’ reference database (http://

drive5.com/uchime/gold.fa), and OTUs were defined at 97% sequence iden-

tity. OTU-representative sequences were taxonomically classified using the

RDP classifier (Wang et al., 2007) trained on the Greengenes reference data-

base. The resulting OTU table was used to determine taxonomic relative abun-

dances and subsequent statistical analyses of alpha- and beta-diversity (see

Supplemental Experimental Procedures).

Metagenome Data Analysis

Paired-end Illumina reads were subjected to trimming, filtering, and quality

control using a combination of custom scripts and the CLC Workbench

v5.5.1 and assembled using SOAPdenovo (Heger and Holm, 2000). A small

fraction of the partially assembled metagenome samples (on average 3.02%

of the reads) was mapped to the annotated barley genomic sequences, and

the corresponding contigs or singleton reads were removed (Table S2; Sup-

plemental Experimental Procedures). We used taxator-tk (Dröge et al., 2014)

to taxonomically classify the partially assembled metagenome sequences

(including unassembled singleton reads) using the NCBI database as a refer-

ence. Coding sequences were predicted using MetaGeneMark (Zhu et al.,

2010) and annotated using matches to HMM (HMMER v3.0) profiles to the

TIGRFAM (Haft et al., 2013) and PFAM (Punta et al., 2012) databases as well

as a k-mer-based matching using the SEED (Edwards et al., 2012) API and

server scripts. To test for a significant enrichment of functional categories in

the root-associated bins relative to the remaining bins, we assumed a corre-

spondence at the family level between metagenome bins and root- and rhizo-

sphere-enriched OTUs (RR_OTUs) of these families found in the amplicon

survey. To search for signatures of positive selection we first employed

HMMER to obtain multiple sequence alignments (MSAs) of orthologous se-

quences found in the metagenome samples. From each MSA, we calculated

neighbor-joining trees and used them to infer Ds and Dn changes. Clusters

of residues with significant signs of positive selection were calculated using

a sliding window approach. A detailed description of the methods and tools

used for the analysis of the metagenome is available in the Supplemental

Experimental Procedures.

ACCESSION NUMBERS

The sequences generated in the barley pyrosequencing survey and the raw and

assembled metagenomics reads reported in this study are deposited in the

European Nucleotide Archive (ENA) under the accession number PRJEB5860.

Individual metagenomes are also retrievable on the MG-RAST server under the

IDs 4529836.3, 4530504.3, 4524858.3, 4524596.3, 4524591.3, and 4524575.3.

The scripts used to analyze the data and generate the figures of this study are

available at http://www.mpipz.mpg.de/R_scripts.

SUPPLEMENTAL INFORMATION

Supplemental Information includes three figures, six tables, one database, and

Supplemental Experimental Procedures and can be found with this article on-

line at http://dx.doi.org/10.1016/j.chom.2015.01.011.
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Plants and animals each have evolved specialized organs dedicated to nutrient acquisition, and these harbor

specific bacterial communities that extend the host’s metabolic repertoire. Similar forces driving microbial

community establishment in the gut and plant roots include diet/soil-type, host genotype, and immune sys-

tem as well as microbe-microbe interactions. Here we show that there is no overlap of abundant bacterial

taxa between the microbiotas of the mammalian gut and plant roots, whereas taxa overlap does exist be-

tween fish gut and plant root communities. A comparison of root and gut microbiota composition in multiple

host species belonging to the same evolutionary lineage reveals host phylogenetic signals in both eukaryotic

kingdoms. The reasons underlying striking differences in microbiota composition in independently evolved,

yet functionally related, organs in plants and animals remain unclear but might include differences in start

inoculum and niche-specific factors such as oxygen levels, temperature, pH, and organic carbon availability.

Physiological Functions of the Vertebrate Gut and Plant

Roots

The vertebrate gut and plant roots evolved independently in an-

imal and plant kingdoms but serve a similar primary physiolog-

ical function in nutrient uptake (Figure 1). One major difference

between plant and animal nutritional modes is their distinct en-

ergy production strategy. Plants are autotrophs, producing their

own energy through photosynthesis (carbohydrate photo-as-

similates), while animals rely entirely on the energy originally

captured by other living organisms (heterotrophs). Long-dis-

tance transport mechanisms ensure the distribution of carbohy-

drate photo-assimilates from chloroplasts in leaves to all other

body parts, including roots. Nutrient acquisition by roots to

support plant growth is therefore almost exclusively limited to

uptake of mineral ions and water from soil. In contrast, the

mammalian gut has evolved to facilitate the uptake of simple

sugars, amino acids, lipids, and vitamins in addition to ions. It

is typically compartmentalized into sections with low microbial

biomass in which the products of host enzymatic activity are

absorbed (i.e., the human small intestine, SI) and a section for

the uptake of microbe-derived fermentation products (human

large intestine or hindgut, LI).

A significant fraction of the soil nutritive complement and of the

dietary intake remains unavailable for plants and animals,

respectively, and this defines their dietary constraints. Critical

nutrients for plant growth and productivity in soil are nitrogen

and phosphorus. However, plant roots can absorb only inorganic

nitrogen and orthophosphate (Pi), although phosphorus is abun-

dant in soil both in inorganic and organic pools. Pi can be assim-

ilated via low-Pi-inducible (high-affinity) and constitutive Pi up-

take systems (low-affinity) (Lambers et al., 2008; López-

Arredondo et al., 2014). Plant species adapted to neutral or

higher soil pH, and more aerobic soils have a preference for ni-

trate and deploy two nitrate uptake and transport systems that

act in coordination. By contrast, plants adapted to low pH

(reducing soil) as found in forests or the arctic tundra appear to

assimilate ammonium or amino acids (Maathuis, 2009). Similarly,

a fraction of normal human dietary intake remains undigested

and therefore non-bioavailable (fiber). These non-digestible

components include plant cell wall constituents such as cellu-

lose, hemicellulose, xylan, and pectin, and certain polysaccha-

rides such as b-glucan, inulin, and oligosaccharides that contain

bonds that cannot be cleaved by mammalian hydrolytic en-

zymes (Tungland and Meyer, 2002).

Plant roots and animal guts are colonized by diverse microbial

classes, including bacteria and archaea, fungi, oomycetes, as

well as viruses (Table 1). These communities can be regarded

as the host’s extended genome, providing a huge range of po-

tential functional capacities (Berendsen et al., 2012; Gill et al.,

2006; Qin et al., 2010; Turner et al., 2013). Here we focus on
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bacterial microbiotas because these were shown to form repro-

ducible taxonomic assemblies in animal and plant individuals

with well-defined functions.

In plant roots, the microbiota mobilizes and provides nutrients

by increasing nutrient bioavailability from soil (Bulgarelli et al.,

2013). Non-nutritional functions include increased host tolerance

to biotic stresses, e.g., against soil-borne pathogens (Mendes

et al., 2011), and likely abiotic stresses. In addition, the root mi-

crobiota can also affect plant fitness by impacting flowering

plasticity (Panke-Buisse et al., 2015; Wagner et al., 2014).

Figure 1. Physiological Functions of the Plant Roots and Human Gut in Nutrient Uptake, Spatial Aspects of Microbiota Composition, and
Factors Driving Community Establishment
(A and B) Spatial compartmentalization of the plant root microbiota (A) and the human gut microbiota (B). Upper panels: the major nutrient fluxes are indicated, as

well as pH and oxygen gradients in relation with the bacterial density. Lower panels: compartmentalization of the microbiota along the lumen-epithelium con-

tinuum in the gut or along the soil-endosphere continuum in the root. For each compartment, the bacterial density, the bacterial diversity, and the major rep-

resented phyla are represented for both the gut and the root organs. The main factors driving community establishment in these distinct compartments are

depicted with black bars. The gut drawing is adapted from Tsabouri et al. (2014) with permission from the publisher.
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Similarly, the gutmicrobiota has amajor role in host nutrition. It

contributes nutrients and energy to the host via fermentation of

indigestible polysaccharides into short-chain fatty acids (SCFAs)

in the colon (Martins dos Santos et al., 2010; Tremaroli and

Bäckhed, 2012). The human LI has incomplete peristalsis and

a longer retention time, allowing fermentative microbiota to

break down complex glycan bonds and liberate additional en-

ergy from the diet (Stevens and Hume, 1998). Additionally, gut

microbiota provide essential vitamins to the host and modulate

the absorptive capacity of the intestinal epithelium. An additional

common feature of the gut and root microbiota is their protective

role by competitive exclusion against invasion by opportunistic

pathogens (Kamada et al., 2013).

Homeostatic balance between both microbe-microbe and

host-microbe interactions is critical for a healthy host-microbiota

relationship. Alteration of this balance via perturbation of the gut

or the plant microbiota composition (microbial dysbiosis) may

represent an important mechanism of disease (Martins dos San-

tos et al., 2010; Kemen, 2014; Sekirov et al., 2010). In plants, a

healthy status is the norm, and soil-resident microbes contribute

to plant health. This is illustrated by a higher disease severity

following pathogen inoculation when plants are grown in

pasteurized compared to non-pasteurized soils (Weller et al.,

2002). In addition, so-called disease-suppressive soils protect

plants against particular soil-borne pathogens. For example,

specific bacterial genera belonging to gamma-Proteobacteria

were associated with a high level of soil disease suppressive-

ness. The underlying mechanisms comprise competition be-

tween soil-borne microbes for plant-derived nutrients and

antimicrobial compound production (Berendsen et al., 2012;

Mendes et al., 2011). In the gut, commensal microbes can also

suppress pathogen invasion through secretion of antimicrobial

compounds, alteration of local pH, or stimulation of host immu-

nity (Kamada et al., 2013).

Compartmentalization of the Gut and Root Microbiota

Relevant biotic and abiotic gradients exist in both the gut and

root, leading to microbial compartmentalization (Figure 1).

Along the soil-root continuum, four compartments can be

distinguished: soil, rhizosphere, rhizoplane, and endosphere

(Figure 1A). Bacterial diversity in soil is high, with estimates sug-

gesting that >2,000 species populate 0.5 g of soil (Schloss and

Handelsman, 2006). The rhizosphere corresponds to the zone

of soil directly influenced by root exudation, while the root

compartment can be separated in two distinct niches, rhizoplane

and endosphere. The rhizoplane harbors a suite of microbes that

tightly adhere to the root surface, while the endosphere is

composed of microbes inhabiting the interior of roots. Microbial

density is high in the rhizosphere, and species richness gradually

decreases along the soil-endosphere continuum (Bulgarelli

et al., 2012, 2015; Edwards et al., 2015; Lundberg et al., 2012)

(Figure 1A). Therefore, the bacterial community shifts from a

dense and diverse soil-borne community to a host-adapted

community with reduced diversity.

A spatial heterogeneity of microbial density exists along the

digestive track (Stearns et al., 2011). Densities are lowest in

the stomach and duodenum (proximal SI) (101–103 bacteria per

gram of content) and increase along the length of the SI with a

higher density in the distal ileum (104–107 bacteria per gram).

Cell densities in the LI can reach 1012–1013 bacteria per gram

of content, representing the highest density recorded so far in

any environment and exceeding the density detected in the

rhizosphere by 2–3 orders of magnitude. Although the density

is high, the diversity is relatively low (Stearns et al., 2011; Walter

and Ley, 2011). Using low-error 16S rRNA gene sequencing

(LEA-seq) of the human fecal gut microbiota (low depth

coverage), the number of bacterial species is estimated at

101 ± 27, which is in alignment with estimates of culture-based

techniques (Faith et al., 2013; Mitsuoka, 1992). Compartmental-

ization exists also from the inside to the outside of the intestinal

tube, defined by the intestinal lumen, mucus, and epithelial sur-

face. Similar to the compartmentalization in the root, a decrease

in bacterial density is observed from the lumen to the epithelial

surface (Swidsinski et al., 2005, Van den Abbeele et al., 2011;

Zhang et al., 2014) (Figure 1B). In the LI, the mucus is subdivided

into an inner firmly adherent layer largely devoid of bacteria and

an outer layer that is looser and non-adherent and allows some

microbial colonization (Johansson et al., 2008).

Community Structure of the Vertebrate Gut and Plant

Root Microbiota

Where Do They Come from?

A relevant difference for experimentation on the plant root

and vertebrate gut microbiota is the ease with which the start

inoculum of the root microbiota can be defined. This is due to

a predominant horizontal acquisition of root endophytes from

the surrounding soil biome, although in some plant species there

is evidence for additional vertical transmission of seed-borne

endophytes (Barret et al., 2014). These endophytes mainly

belong to Proteobacteria and can colonize seeds via different

colonization routes, including flowers, fruits as well as roots,

leaves, and stems (Truyens et al., 2015). Even though vertical

Table 1. Percentage of Shotgun Metagenome Reads Assigned to Each Kingdom of Life across Metagenome Studies

Cucumbera Wheata Soybeanb Wheatc Oatc Peac Barleyd Gute

Bacteria 99.36 99.45 96 88.5 77.3 73.7 94.04 99.1

Archaea 0.02 0.02 <1 <0.5 <0.5 <0.5 0.054

Eukaryotes 0.54 0.48 3 3.3 16.6 20.7 5.90 <0.1

aOfek-Lalzar et al. (2014) (metagenomics of rhizoplane samples).
bMendes et al. (2014) (metagenomics of rhizosphere samples).
cTurner et al. (2013) (metatranscriptomics of rhizosphere samples).
dBulgarelli et al. (2015) (metagenomics of rhizosphere samples).
eQin et al. (2010) (metagenomics of gut samples).
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transmission in mammals is not as explicit as in plants (none are

transferred with the germline), vertical transmission nevertheless

occurs. The transmission from parent to offspring results from

the birth process itself, from milk, and from the close contact

that comes from parental care (Unger et al., 2015). In humans,

vaginal birth inoculates the newborn with a set of strains that

can be matched to the mother, whereas caesarean section re-

sults in colonization with skin microbes originating from various

caregivers (Dominguez-Bello et al., 2010). Breast milk is also

an important source of microbiota and antibodies that shape

the gut microbiome (Newburg and Morelli, 2015), and introduc-

tion of solid foods brings rapid shifts in the bacterial community

composition toward an adult-like microbiome (Koenig et al.,

2011). Vertical transmission frommother to infant gut microbiota

is sometimes behaviorally increased in mammals by feeding

mother’s fecal matter to their infants. In koalas, for instance,

this transmission is believed to participate in the digestion of

eucalyptus (Osawa et al., 1993). Additionally, group living is

known to aid the transmission of commensal microbes between

members of family groups (humans), troupes (primates), and

most likely herds as well. Co-habitation in humans leads to

sharing of microbiota, which is enhanced when dogs also

co-habit in the same house (Song et al., 2013). Ironically, hygiene

measures aimed at reducing pathogen transmission may have

had broad negative impacts on the transmission of commensals

and may underlie the loss of diversity observed in the West

(Blaser and Falkow, 2009).

Who Are They?

Despite the vast prokaryotic biodiversity found in the biosphere

(currently >80 bacterial phyla are described), the host-associ-

ated microbiota is dominated numerically by a few phyla. The

rhizosphere and the root endophytic compartment of unrelated

plant species is often enriched for bacteria belonging to three

main phyla (Proteobacteria, Actinobacteria, and Bacteroidetes).

In contrast, abundant soil bacteria belonging to the phylum

Acidobacteria are excluded from the endophytic compartment

(Bulgarelli et al., 2013). Compared with the surrounding soil,

microbiota members belonging to the phylum Proteobacteria

are consistently enriched in the rhizosphere/endosphere com-

partments of monocotyledonous and dicotyledonous plants,

including perennial and annual plants (Bulgarelli et al., 2012,

2015; Edwards et al., 2015; Lundberg et al., 2012; Ofek-Lalzar

et al., 2014; Peiffer et al., 2013; Schlaeppi et al., 2014; Shakya

et al., 2013; Zarraonaindia et al., 2015). This likely reflects niche

adaptation (nutrient availability, oxygen levels) and the ability to

efficiently invade and persist inside or outside the roots of diver-

gent plant species. Firmicutes and Bacteroidetes are by far the

two most-abundant phyla detected in adult human and mouse

feces. Other phyla represented include the Actinobacteria,

Verrucomicrobia, and a number of less-abundant phyla such

as the Proteobacteria, Fusobacteria, and Cyanobacteria (Eck-

burg et al., 2005). Similar to the rhizosphere compartment, the

mucus layer of the gut represents a particular niche favoring

the proliferation of specialized inhabitants. It has been estimated

that at least 1% of the gut microbiota can degrade mucins as a

source for carbon and nitrogen (Hoskins and Boulding, 1981).

Select types of bacteria can also attach to mucins, such as

Bifidobacterium bifidum, which has the ability to stimulate mucin

production via butyrate-induced expression of MUC2, while

others can degrade the nine-carbon sugar sialic acid found in

host glycoconjugates (Almagro-Moreno and Boyd, 2009;

Gaudier et al., 2004; Leitch et al., 2007).

Are There Structural Similarities across Diverse

Host-Associated Microbial Communities?

Striking physiological (dis-)similarities exist between organs

dedicated to nutrient acquisition in hosts belonging to different

taxonomic lineages. However, the extent to which microbial

communities living in association with phylogenetically divergent

hosts overlap with each other is largely unknown. In an attempt

to unravel host-specific and conserved signatures in the micro-

biota, we retrieved and re-analyzed the raw sequencing data

contributed by 14 previous large-scale 16S rRNA gene survey

studies (Table S1). These comprise >3,200 samples from more

than 40 different host species, including human, other mammals,

and fish gut, as well from the root and rhizosphere of the flower-

ing plant Arabidopsis thaliana and relative species, maize, rice,

barley, and grapevine. In addition, we included samples from

several species of cnidarian hydra, a freshwater basal animal

featuring a gut forming a hollow cavity within the body with one

opening, the mouth.

To analyze the data, we followed the QIIME (Caporaso

et al., 2010) closed-reference protocol and used SortMeRNA

(Kopylova et al., 2012) to cluster the sequences into operational

taxonomic units (OTUs) at 97% sequence similarity (see Supple-

mental Experimental Procedures). Analyses of beta-diversity

using principal coordinate analysis (PCoA) revealed a clear clus-

tering of samples according to their respective host species

(Figure 2A; Supplemental Experimental Procedures). Although

all samples are derived from organs with a dedicated function

in nutrient uptake, we found striking qualitative differences be-

tween their associated microbial communities. This disparity

can be explained by the increased abundance of members of

the Bacteroidetes phylum in the mammalian stool samples

(particularly those belonging to the orders Bacteroidales and

Clostridiales) and the enrichment of members of the families

Pseudomonadaceae, Streptomycetaceae, and Comamonada-

ceae in the rhizosphere and plant root compartments (Figure 3).

Intriguingly, the bacterial communities in the fish gut are more

closely related to those in the root and rhizosphere samples

than to the mammalian gut, partially due to an increased abun-

dance in Proteobacteria (45.08%and 54.44% in root-associated

samples and fish gut, respectively, compared with 4.20% in the

case of the human gut; Figure 4). In addition, the microbial com-

munities from infant gut (from Koenig et al., 2011) are more

closely related to those of plant roots (and therefore soil micro-

biota) than those associated to adults (Figure S1). Together,

this suggests that shared environmental and physiological

features, rather than phylogenetic relatedness of the hosts, are

decisive for community establishment.

Analysis of alpha-diversity (Figures 2B and 3B) shows that the

bacterial richness is low in the gut of aquatic organisms and

higher in the root and in the rhizosphere of different plant spe-

cies, consistent with the bacterial diversity detected in their

respective surrounding environments (aquatic versus soil envi-

ronments; Curtis et al., 2002). For all plant species surveyed,

the bacterial diversity is lower in the endosphere compartment

(root) compared to the rhizosphere compartment (Figures 2B),

in concordance with previous studies (Bulgarelli et al., 2012;
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Edwards et al., 2015; Lundberg et al., 2012). The extent of this

gradient in diversity, as well as the differentiation between the

two compartments, appears to be dependent on the plant spe-

cies, indicating a strong host-dependent effect on community

establishment.

A phylogenetic comparison of the abundant community mem-

bers across hosts (OTUs, with a relative abundance higher than

0.1% on average) reveals clear qualitative structural differences

between mammalian gut and plant root and rhizosphere sam-

ples (Figure 5). These distinct sets of bacterial communities

show virtually no overlap even at high taxonomic levels. Samples

obtained from human and mammalian guts are dominated by

OTUs belonging to the orders Bacteroidales and Clostridiales

(34.55% and 51.26% relative abundances, respectively), while

these are almost completely absent in the root and rhizosphere

samples (0.70% and 0.80%, respectively). This striking differ-

ence in community composition in independently evolved, yet

functionally related, gut and root organs might be explained by

adaptations to specific host and environmental needs, including

niche-specific factors such as oxygen levels, pH, and organic

carbon availability. Our findings also make a direct transfer and

persistence of microbiota members from numerous root-derived

dietary plant products in the human gut unlikely.

Do They Fluctuate over Time?

Despite the fact that infancy or the seedling stage for plants are

critical windows for microbiota assembly, very little is known

about the earliest steps driving host colonization by pioneer bac-

teria. Assembly of the infant gut microbiome begins at birth (early

reports described it as chaotic), and diversity levels slowly in-

crease until �2–3 years of age (Koenig et al., 2011; Palmer

et al., 2007; Yatsunenko et al., 2012). Sampling from birth to

2.5 years of age revealed the following: (i) community richness

increased gradually over time, (ii) the use of antibiotics, changes

in diet, and infections led to jumps from one stable consortium of

species to another, and (iii) members of the Bacteroidetes

phylum were co-dominant with members of the Firmicutes

phylum after the introduction of solid foods (Koenig et al.,

2011). The adult-like microbiota is characterized by a greater

stability (David et al., 2014a; Spor et al., 2011). About 60% of

the bacterial strains in the intestine are detected over a 5-year

time frame, and Bacteroidetes and Actinobacteria were identi-

fied as the most stable phyla (Faith et al., 2013). In contrast to

the chaotic microbial succession described for the infant gut,

the structure of the root microbiota during the plant life cycle ap-

pears rather stable. Despite a higher variability observed during

the seedling stage (Chaparro et al., 2014), microbiota acquisition

from soil appears to occur relatively rapidly, initiating within 24 hr

after sowing and approaching a steady state within 2 weeks (Ed-

wards et al., 2015). Once established, there is little evidence for

dramatic changes even late in the life cycle of annual A. thaliana

plants, when organic carbon and nitrogen are spatially re-allo-

cated during the transition from vegetative to reproductive

growth for seed formation (Lundberg et al., 2012). This surprising

stability might be explained by the sessile nature of plants,

together with a rather stable soil-borne inoculum source, which

prevents extreme fluctuations in input communities throughout

Figure 2. Alpha- and Beta-Diversity Analyses
(A) Principal coordinate analysis (PCoA) of pairwise unweighted UniFrac distances between samples. The color and shape of each point represent the host and

compartment, respectively.

(B) Comparison of alpha-diversity between hosts based on the whole tree phylogenetic diversity index (PD), sorted by ascending order of complexity. See Table

S1 for more information about the individual host species included in each study.
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a rapid annual plant’s life cycle. Whether this also applies to

longer-lived perennials and to repeated croppings of the same

species at the same location remains to be further substantiated

(Donn et al., 2015).

Major Factors Driving Community Establishment and

Composition

Inter-individual differences in the gut and the plant microbiota

are likely to be dictated by many modulating factors, including

environmental parameters but also diet/soil-type, microbe-

microbe interactions, host genotype, and host immune system

(Figure 1).

Environmental Factors

pH. Bacterial community composition is strongly correlated

with differences in soil pH, with soils at near-neutral pH showing

the highest microbial diversity (Fierer and Jackson, 2006). Roots

can acidify the rhizosphere up to two pH units compared to

the surrounding soil through release of protons, bicarbonate,

organic acids, and CO2 (Hinsinger et al., 2003). Along the diges-

tive tract, the increase in bacterial titer can be attributed to

several factors, such as pH and bile acids. The pH is very low

in the stomach (pH 1.5–5), restricting bacterial growth, increases

in the SI (duodenumpH 5–7, jejunum 7–9, ileum7–8) and drops in

the colon (pH 5–7) (Walter and Ley, 2011) (Figure 1B).Many types

of bacteria, in both the gut and the soil, are sensitive to pH, and

this is thought to structure communities to a large degree (Dun-

can et al., 2009), although it is difficult to disentangle the exact

contribution of pH on the overall community structure due to

likely interaction with many other factors.

Oxygen. Although both gut and root systems are dedicated for

nutrient uptake, O2 levels are controlled in opposing directions.

In the vertebrate gut, luminal microbes generally face anaerobic

conditions favoring fermentative metabolism, while in soil and

along the root (micro-)aerobic conditions are found (Figure 1).

This might be a major factor explaining structural and functional

differences between the microbiota of the vertebrate gut and

plant roots (Figure 5). The gut microbiota of healthy individuals

is dominated by anaerobic bacteria, which outnumber aerobic

and facultative anaerobic bacteria by a factor of 100–1,000:1

(Quigley and Quera, 2006), while the root microbiota is enriched

for Proteobacteria, a phylum dominated by aerobic species.

Consistent with this, genes encoding high-affinity oxidases that

use O2 as a terminal electron acceptor are overrepresented in

gut metagenomes, whereas those encoding low-affinity oxi-

dases are enriched in soil metagenomes (Morris and Schmidt,

2013). It is arguably in the host’s interest to limit respiration,

because (i) limiting respiration will control bacterial growth and

(ii) promoting fermentation will result in SCFA availability. None-

theless, there is a biologically relevant gradient of oxygen levels

in both the soil and the gut that is likely to influence microbial

community structure at the micro-levels. Despite the fact that

plant roots generally face (micro-)aerobic conditions, soil O2

levels can also fluctuate as a function of soil wetting/drying

(Noll et al., 2005), with anoxic niches in the center of soil aggre-

gates. Similarly, a higher O2 concentration is found at the surface

of the epithelium compared with the lumen. Some facultative

aerobes can grow along this oxygen gradient by respiring O2

close to the epithelium using flavins and thiols as electron shut-

tles to respire at ‘‘long distance’’ (Khan et al., 2012).

Temperature. While thermal stability exists in the gut of mam-

mals (endotherm), higher temperature fluctuation is observed

for plants or ectothermic animals that rely on the external

temperature to regulate their internal body temperature. It has

been reported that the bacterial community in soil is modulated

by temperature (Bárcen as-Moreno et al., 2009), although plant

microbiota functions must remain stable under a wide range of

temperatures.

Nutritional Drivers

For both plant roots and vertebrate guts, diet (for plants, soil type

defines the diet) is a major driver for microbial community struc-

ture (Bulgarelli et al., 2012; Cotillard et al., 2013; Carmody et al.,

2015; David et al., 2014b; Edwards et al., 2015; Ley et al., 2008a;

Lundberg et al., 2012; Muegge et al., 2011; Schlaeppi et al.,

2014; Peiffer et al., 2013; Turnbaugh et al., 2009).

Figure 3. 3D PCoA Plots
(A) Biplots depicting the taxa with the largest contribution to the ordination space (order Clostridiales; families Ruminococcaceae, Rikenellaceae, Lechinos-

praceae, Comamonadaceae; genera Streptomyces, Pseudomonas, Bacteroides, Blautia, Faecalibacterium).

(B) PCoA plot showing the alpha-diversity variation as measured by the PD index across all samples included in the study.
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Organic carbon is widely considered to be the most important

factor limiting bacterial growth in different soils (Demoling et al.,

2007). Isotope probing experiments using different plant species

revealed that an average of 17% of all photosynthetically fixed

carbon is transferred to the rhizosphere through root exudates

(Nguyen, 2003), highlighting a considerable organic carbon

deposition in soil. Low molecular weight carbon substrates

such as dicarboxylic acids, exuded by roots in large quantities

to acidify the rhizosphere, also enhance the availability of Pi

and micronutrients such as manganese, iron, and zinc. These

dicarboxylic acids are an important driver mediating soil com-

munity shifts, leading to an increase in the relative abundance

of beta-Proteobacteria, gamma-Proteobacteria, and Actinobac-

teria (Eilers et al., 2010).

The evolution of the mammalian gut microbiota has been

greatly influenced by host diet. Mammals, their gut microbiota,

and their diet types are part of a dynamic tripartite coevolution

(Ley et al., 2008b). The majority (80%) of extant mammals are

herbivorous, which stands in contrast to the early mammals

that were most likely carnivorous based on their tooth

morphology. The rise in herbivory could only have been accom-

plished with the necessary changes in gut microbes, since

mammalian genomes lack the necessary genes encoding plant

cell wall degrading enzymes. Comparisons of microbiomes

between host species highlight the specific adaptations of the

microbiota to the host diet, such as an increased abundance

of genes encoding the necessary enzymes and their respective

pathways (Eilam et al., 2014), as exemplified in a comparison

between the termite hindgut and the bovine rumenmetagenome

(Brulc et al., 2009). The latter is enriched for genes encoding

glycoside hydrolases, cellulosome enzymes, and nitrogen-

related uptake proteins. In contrast, the termite hindgut

microbiome showed an enrichment for genes involved in the

degradation of the cellulose backbone and nitrogen fixation.

This clearly reflects the differences in diet of the hosts (forages

and legumes versus nitrogen-poor wood).

Microbe-Microbe Interactions

The role of microbe-microbe interactions is also critical for

shaping microbiota structure in both plant and animal systems

(Bulgarelli et al., 2015; Fraune et al., 2014; Hacquard and Schadt,

2015; Trosvik et al., 2010). The combination of synergistic, bene-

ficial, and antagonistic interactions among microbiota members

colonizing the gut and plants is likely to have a major impact on

overall community structure. Therefore, individual members of a

community may contribute to the overall stability of the system,

and consequently, each community member must be viewed as

a potential internal driver of microbial community assemblage.

Microbial co-occurrence and co-exclusion patterns are now

emerging as important concepts for understanding the rules

guiding microbial community assembly (Cardinale et al., 2015;

Faust et al., 2012; Zhang et al., 2014)

Host Genotype

Intra-species plant genetic diversity explains less variation in

community structure than soil type and root fraction (soil,

Figure 4. Cumulative Abundance Plots
Relative abundances grouped at the phylum or class taxonomic level for each sample included in themeta-analysis. The bar plots have been arranged along the x

axis separating different host groups as well as different species and compartments.
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rhizosphere, and endosphere). Surveys of the bacterial commu-

nity structure of 27 maize inbred lines, 6 cultivated rice varieties,

3 barley accessions, and several A. thaliana accessions each

point to a small (�5%–6% of variation) but significant role of

the host genotype on community composition (Bulgarelli et al.,

2012, 2015; Edwards et al., 2015; Lundberg et al., 2012; Peiffer

et al., 2013; Schlaeppi et al., 2014). This suggests a link between

host diversification and microbial community establishment

(see below).

In humans, family members are often observed to have more

similar microbiotas than unrelated individuals (Tims et al., 2013;

Turnbaugh et al., 2009; Yatsunenko et al., 2012). Familial similar-

ities are usually attributed to shared environmental influences,

such as dietary preference, a powerful shaper of microbiome

composition (Cotillard et al., 2013; David et al., 2014b; Wu

et al., 2011). However, host genetics also play a small but statis-

tically significant role in shaping the composition and structure of

the gut microbiome. Studies comparing microbiota between

human subjects differing at specific genetic loci have shown

gene-microbiota interactions (Khachatryan et al., 2008; Rehman

et al., 2011). Amore general approach to this question has linked

genetic loci with abundances of gut bacteria in mice (Benson

et al., 2010; McKnite et al., 2012), although diet effects outweigh

the host genotype effects (Parks et al., 2013). In humans, earlier

twin studies failed to reveal significant genotype effects on

microbiome diversity (Turnbaugh et al., 2009; Yatsunenko

et al., 2012). However, a recent report by Goodrich et al. (2014)

comparing monozygotic (MZ) with dizygotic (DZ) twin pairs

identified specific taxa as heritable (i.e., the variability in the rela-

tive abundances of these taxa across the populationwaspartially

driven by host genotype variation). These taxa include health-

associated Faecalibacterium and Bifidobacterium and lean

phenotype-mediating Christensenella (Goodrich et al., 2014).

Host Immune Systems and Microbiota Homeostasis

Plants and animals each engage structurally related pattern

recognition receptors (PRRs) for recognition of evolutionarily

conserved non-self microbial structures (i.e., lipopolysaccha-

rides [LPS], lipopeptides, flagellin, chitin) at the cell surface,

and activation of these is typically sufficient to halt microbial pro-

liferation. However, successful plant and animal pathogens have

evolved mechanisms to dampen or escape PRR-mediated host

responses to foster virulence. In response, members of the NLR

(nucleotide-binding domain leucine-rich repeat containing)

family of intracellular immune receptors in plants and animals

are activated by the action of pathogen virulence factors or by

direct binding of the virulence factors themselves (Boller and

Felix, 2009; Jones and Dangl, 2006; Maekawa et al., 2011).

Active animal PRRs and NLR inflammasomes each can instruct

the mammalian adaptive immune system and cause spatially

dispersed response in plants, as detailed below.

Detection of microbial patterns via PRRs constitutes the first

layer of immunity in plants and animals and triggers a variety

of output responses. In animals, these include instruction and

either activation or suppression of the adaptive immune system

via cytokine signaling and cell migration to and from infection

sites and lymphoid organs. Because there are no circulating cells

in plants, PRR- and NLR-dependent signaling can lead to differ-

ential local and systemic signals that result in adequate defense

outputs at and directly surrounding the site of infection and a

poised defense in distal organs. Analogous to cytokines, plants

deploy a handful of defense phytohormones that have variable

domains of signaling and instruct cells neighboring an infection

site, and even systemically to distal organs, to be ready to

respond to infection (Pieterse et al., 2012).

The lack of circulating immunocytes also demands that each

plant cell in an organ be capable of recognizing all pathogens

adapted to that organ. This drives a complicated requirement

for coordination of normal cellular functions, mediated by

growth-regulating hormones, and immune output mediated by

the defense phytohormones. This coordination is manifested

as trade-offs between growth and immunity (Belkhadir and Jail-

lais, 2015). Thus, systemic acquired resistance in above-ground

organs is triggered by biotrophic pathogens and mediated by

salicylic acid (SA), while induced systemic resistance, also active

in leaves, is triggered in roots by rhizobacteria and is mediated

by jasmonic acid (JA) and ethylene (Spoel and Dong, 2008; van

Loon et al., 1998).

Because plant defense phytohormones are key signaling

molecules between microbial perception and immune system

outputs, their production and perception are common pathways

targeted by both potential pathogens and beneficial microbes.

Hence, there is evidence that during the early stages of coloniza-

tion both arbuscular mycorrhizal (AM) and Rhizobium species

locally suppress SA signaling (Garcı́a-Garrido and Ocampo,

2002; Stacey et al., 2006), suggesting that defense phytohor-

mones normally act to inhibit microbial survival in the root.

Indeed, culture-dependent studies in A. thaliana have demon-

strated a significantly lower load of culturable bacteria in

rhizospheres of plants with either defective JA signaling or,

conversely, constitutive SA production (Doornbos et al., 2011).

Beyond defense phytohormones, other immune outputs have

also been implicated by recent studies. In particular, metage-

nomic studies in rice uncovered genes present in root

endophytic bacteria, notably detoxification of reactive oxygen

species (Sessitsch et al., 2012).

The overall structure of the Arabidopsis root microbiota

remains largely robust to host mutations leading to hypo- or

hyper-immunity. However, sets of mutants with altered defense

phytohormone biosynthesis and/or perception had specifically

altered root microbiome taxonomic compositions compared

to wild-type. These alterations were congruent with the known

effects of the mutants on immune system outputs in leaves.

Experiments using both wild soil and its natural community or

synthetic soil microcosms in the presence of a synthetic bacte-

rial community demonstrated that SA and/or SA-dependent

processes are major contributors to root microbiome

Figure 5. Phylogenetic Analysis of OTU Abundances
(A) Phylogeny inferred from the representative sequences of all OTUs that had at least 0.1% relative abundance on average for all samples of a host species

(1,133 in total). The color of each leaf depicts the taxonomic classification of its corresponding OTU.

(B) Average relative abundances of abundant OTUs across all samples of each host (log-transformed). Note that in the case of plant hosts, abundances are

averaged across all root compartments.
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composition (S.L., unpublished data). Together, these studies

represent some of the insights into mechanisms used by the

plant immune system to shape its microbiota.

In the animal gut, a first line of defense consists of the secre-

tion of antimicrobial peptides that are produced deep within

the crevices of the epithelial layer, in the crypts between the villi.

While some antimicrobial agents are continuously secreted,

others are secreted in response to bacterial triggering of specific

PRRs (Toll-like receptors, TLRs) on the epithelial cell surfaces.

The mucus layer is crucial to prevent systematic activation

of these immune responses. When the inner mucus layer is

removed chemically (i.e., with dextran sodium sulfate [DSS]) or

through gene mutation (MUC2 mutants), bacteria come into

contact with epithelial cells and cause an inflammatory response

(Johansson et al., 2010; Van der Sluis et al., 2006). In contrast

to plants, the adaptive immune system also plays a role for

sequestering symbiotic bacteria in the lumen through the secre-

tion of immunoglobin A (IgA) that target epitopes of intestinal

bacteria. Like the antimicrobial activity of the innate immune

system, the adaptive immune system can be regulated in parts

by TLR signaling (Iwasaki and Medzhitov, 2010). Together, the

adaptive and innate immune systems have mechanisms for

detecting surface-associated bacteria and work together to

reduce inflammation. Because the adaptive immune system is

(largely) unique to vertebrates, and based on the observation

that vertebrates, notably mammals, harbor microbial commu-

nities with much greater complexity than do invertebrates,

McFall-Ngai et al. (2013) have proposed that the adaptive im-

mune system itself is important in the shaping and maintenance

of high microbial diversity.

Co-diversification of Host-Microbe Communities

By comparing the bacterial communities associated with maize

genotypes or other grasses, a significant correlation between

rhizobacterial communities and the host phylogenetic distance

has been detected, suggesting that the host’s evolutionary his-

tory can be a good predictor of root microbiota structure (Bouf-

faud et al., 2014). A comparison of inter-species host phylogeny

and microbiota diversification in four Brassicaceae plant spe-

cies, including A. thaliana, which diverged �35 Ma revealed

only quantitative differences. This diversification cannot be ex-

plained solely by the phylogenetic distance of these hosts but

likely includes plant species-specific ecological adaptations

(Schlaeppi et al., 2014). However, qualitative differences can

be observed when comparing more distantly related plant

species such as A. thaliana and barley (dicotyledonous versus

monocotyledonous plants), which diverged �150 Ma (Bulgarelli

et al., 2015). Marked differences in microbiota composition were

also reported for Hydra vulgaris and Hydra oligactis, cnidarian

animal groups that diverged approximately 100 Ma and have

been cultivated under identical laboratory conditions for de-

cades (Franzenburg et al., 2013).

In mammals, similarities in microbial community composition

between members of the same species raise the question of

whether the bacterial communities track mammalian phylogeny.

This would be expected if the bacteria are passed vertically from

parent to offspring, which some mammal species encourage

behaviorally. Patterns of relatedness of the bacterial commu-

nities were compared to the mammalian phylogeny (Ley et al.,

2008a). For subsets of the mammalian phylogeny, the trees

matched at a rate that is greater than expected by chance. For

instance, this pattern was observed in the case of bears, which

are an animal group candidate for mother-offspring transmission

due to prolonged contact between the cub and the mother,

implying that an ancestral microbial population diversified at

the same time that bears speciated. A comparison of the micro-

bial communities associated to great ape species, including

Homo sapiens, also revealed that the host species phylogeny

was congruent to the pattern of relatedness of their gut microbial

communities, which diverged in a manner consistent with verti-

cal inheritance (Ochman et al., 2010). However, a comparative

analysis of the gut microbiota of humans with the ape species

indicates an accelerated change in the microbiota composition

of humans that cannot be explained by evolutionary distance

(Moeller et al., 2014). A recent study of one isolated Amazonian

tribe revealed the highly diverse gut microbiota, in both com-

position and functions, including a broad range of antibiotic

resistance genes, suggesting that the Western lifestyle has

dramatically reduced bacterial diversity (Clemente et al., 2015).

Taken together, these data indicate generally that a correlation

between microbiota and host phylogeny can be explained by

co-diversification from common ancestors. Nonetheless, the

hugely different generation times of bacteria compared to their

associated eukaryotic hosts together with the high density of

microbes in the gut or surrounding the root system suggest

that the evolution of host-microbe communities is mainly deter-

mined by other selective forces, including microbe-microbe and

host-microbe-environment interactions.

Metagenome Analysis-Inferred Functions of the Gut

and the Plant Microbiota

The gut microbiota is dominated by a few bacterial phyla, but

more variation is observed when focusing on lower taxonomic

levels. The relative abundance of individual species can vary

over a 10-fold range among individual humans (Spor et al.,

2011). In contrast, at the level of gene functions, less variability

is observed among individuals, pointing to functional redun-

dancy within the bacterial microbiota and the existence of a

conserved functional core (Huttenhower et al., 2012; Turnbaugh

et al., 2009).

Given the critical function in nutrient acquisition, it is not sur-

prising that gene functions found in the gut microbial community

are influenced by both long- and short-term changes in diet

(David et al., 2014b; Muegge et al., 2011; Suez et al., 2014;

Wu et al., 2011). Pathways found over all human body parts

(‘‘core’’ pathways) include translational machinery, nucleotide

charging, ATP synthesis, and glycolysis (Huttenhower et al.,

2012). The functional categories found specifically enriched in

the gut microbiota are related to metabolism categories (genes

involved in starch, sucrose, and monosaccharide metabolism,

including many glycoside hydrolase families). More specifically,

functions related to fermentation of complex sugars and glycans

to SCFAs, methanogenesis, synthesis of essential amino acids

and vitamins, and hydrolysis of phenolic glycosidic conjugates

are enriched (Gill et al., 2006; Huttenhower et al., 2012; Qin

et al., 2010; Turnbaugh et al., 2009). Some of these functions,

such as fermentation and carbohydrate metabolism and vitamin

biosynthesis, are also highly expressed in the gut microbiome,
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as assessed by metatranscriptome analysis (Turnbaugh et al.,

2010).

For plant studies, experimental design is more standardized

across individuals, which often allows for direct or indirect tests

of functional enrichment (Bulgarelli et al., 2015; Mendes et al.,

2014; Ofek-Lalzar et al., 2014), in contrast to the human gut mi-

crobiome. Shared functional categories found across at least

two plant rhizosphere studies relate to iron transport and meta-

bolism, nitrogen metabolism, transport and secretion systems,

as well as chemotaxis and motility (Mendes et al., 2014; Ofek-

Lalzar et al., 2014; Sessitsch et al., 2012). Similar functions

were also found in ametaproteogenomics study of the rice rhizo-

sphere, although in addition, a major role for one-carbon com-

pound recycling could be identified (Knief et al., 2012). However,

considerable differences were found in these studies, and addi-

tionally no specific function can be assigned for a large propor-

tion of annotated genes in metagenomic studies (42%–86% in

the gut; 59% in the plant rhizosphere) (Gill et al., 2006; Hutten-

hower et al., 2012; Ofek-Lalzar et al., 2014; Qin et al., 2010). A

striking commonality between the gut and root metagenome

studies is the significant enrichment/high abundance of phage-

related functions (Bulgarelli et al., 2015; Qin et al., 2010), but

the exact role of these functions is not known.

To gain further insight into the evolutionary forces acting on

genes in relation to their functional roles, natural selection was

assessed using dN/dS ratios for gene families in the barley rhizo-

sphere and human gut microbiomes (Bulgarelli et al., 2015;

Schloissnig et al., 2013). Positive selection is a hallmark of pro-

tein families implicated in molecular arms races between two

competing organisms. In the rhizosphere, proteins involved in

host-pathogen interactions showed significant signs of positive

selection, such as the type III secretion system and its associ-

ated effectors, phage elements, and microbial CRISPR proteins

(Bulgarelli et al., 2015). Similarly, CRISPR-related families, as

well as transposases and families related to antibiotic resistance,

showed signatures of positive selection in the human gut micro-

biome (Schloissnig et al., 2013).

Concluding Remarks and Perspectives

To complement large-scale community profile andmetagenome

studies, reference collections of several hundred isolates from

different human body sites and their corresponding genome se-

quences have been generated (Goodman et al., 2011). For plant-

associated microbial communities, similar projects aiming to

maximize phylogenetic diversity of cultured bacteria through

cross-referencing with culture-independent community profiling

experiments are about to be concluded (P.S.-L. and J.L.D., un-

published data). In the future, these genome collections may

allow determination of multi-locus reference gene collections

for the identification of individual strains within a community,

as an alternative to lower-resolution 16S rRNA-based taxon

identification, as well as comparative analyses of thousands of

genomes for association-based analyses, to link genes and

genetic variants to particular phenotypes. The construction of

defined (synthetic) communities and their assessment under

controlled environments with germ-free eukaryotic hosts allows

studies of community resilience and responses to perturbation at

the level of individual members and simplifies testing of specific

hypotheses relating to individual attributes of other community

members and the host (Faith et al., 2014; Guttman et al.,

2014). Controlled experimental systems will reduce the noise

inherent to any natural environmental sample and will drive the

next phase of plant and gut microbiota research in which scien-

tific conclusions are based on causation rather than correlations.

For a detailed description of the meta-analysis, see Supple-

mental Experimental Procedures. The OTU count matrices and

taxonomic information as well as the scripts used to analyze

the data and generate the figures of this study are available at

http://www.mpipz.mpg.de/R_scripts.

SUPPLEMENTAL INFORMATION

Supplemental Information includes Supplemental Experimental Procedures,

one figure, and one table and can be found with this article online at http://

dx.doi.org/10.1016/j.chom.2015.04.009.

AUTHOR CONTRIBUTIONS

S.H., R.G.-O., S.S., and P.S.-L. designed research. R.G.-O., A.G., and R.K.

designed and R.G.-O., A.G., and G.A. performed the computational analysis.

S.H., R.G.-O., S.S., S.L., A.C.M., J.L.D., R.K., R.L., and P.S.-L. wrote

the paper.

ACKNOWLEDGMENTS

Work in the different research groups was supported by the Max Planck

Society (to P.S.-L.), a European Research Council advanced grant

(ROOTMICROBIOTA to P.S.-L.), the ‘‘Cluster of Excellence on Plant Sciences’’

program (funded by the Deutsche Forschungsgemeinschaft to P.S.-L. and

A.C.M.), NSF Microbial Systems Biology (grant IOS-0958245 to J.L.D.), NSF

INSPIRE (grant IOS-1343020 to J.L.D.), and DOE Feedstocks (grant

SC0010423 to J.L.D). S.S. was supported by a postdoctoral grant from the

Research Foundation – Flanders (FWO-Vlaanderen). J.L.D. is an Investigator

of the Howard Hughes Medical Institute, supported by the HHMI and the

Gordon and Betty Moore Foundation (GBMF3030).

REFERENCES

Almagro-Moreno, S., and Boyd, E.F. (2009). Sialic acid catabolism confers a
competitive advantage to pathogenic vibrio cholerae in the mouse intestine.
Infect. Immun. 77, 3807–3816.
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Plants and animals harbour abundant and diverse bacterial micro-
biota1. These taxonomically structured bacterial communities have 
important functions for the health of their multicellular eukaryotic 
hosts2–4. The leaf and root microbiota of flowering plants have been 
extensively studied by culture-independent analyses, which have 
consistently revealed the co-occurrence of four main bacterial phyla: 
Actinobacteria, Bacteroidetes, Firmicutes and Proteobacteria5–15. 
Determinants of microbiota composition at lower taxonomic ranks, 
that is, at genus and species level, are host compartment, environmental 
factors and host genotype6,7,12,16.

Soil harbours an extraordinary rich diversity of bacteria and these 
define the start inoculum of the Arabidopsis thaliana root micro-
biota6,7. The inoculum source of the leaf microbiota is thought to be 
more variable owing to the inherently open nature of the leaf ecosys-
tem, probably involving bacteria transmitted by aerosols, insects, or 
soil8,9,17. A recent study of the grapevine (Vitis vinifera) microbiota 
showed that the root-associated bacterial assemblies differed sig-
nificantly from aboveground communities, but that microbiota of 
leaves, flowers, and grapes shared a greater proportion of taxa with 
soil communities than with each other, suggesting that soil may serve 
as a common bacterial reservoir for belowground and aboveground 
plant microbiota18.

A major limitation of current plant microbiota research is the lack 
of systematic microbiota culture collections that can be employed in 
microbiota reconstitution experiments with germ-free plants to address 
principles underlying community assembly and proposed microbiota 
functions for plant health under laboratory conditions19.

Bacterial culture collections from roots and leaves
We employed three bacterial isolation procedures to establish taxo-
nomically diverse culture collections of the A. thaliana root and leaf 
microbiota. Bacterial isolates were recovered from pooled or individual  

roots or leaves of healthy plants using colony picking from agar 
plates, limiting dilution in liquid media in 96-well microtitre plates, 
or microbial cell sorting (see Methods). We adopted a two-step bar-
coded pyrosequencing protocol20 for taxonomic classification of the 
cultured bacteria by determining ≥550 base pairs (bp) 16S ribosomal 
RNA (rRNA) gene sequences (Supplementary Fig. 1; Methods). In 
parallel, parts of the root and leaf material was used for cultivation- 
independent 16S rRNA gene community sequencing to cross-reference 
Operational Taxonomic Unit (OTU)-defined taxa from the microbiota 
with individual colony forming units (CFUs) in the culture collections.

A total of 5,812 CFUs were recovered from 59 independently 
pooled A. thaliana root samples of plants mainly grown in Cologne 
soil, Germany, whereas 2,131 CFUs were retrieved from leaf washes 
of individual leaves collected from A. thaliana populations at six loca-
tions near Tübingen, Germany, or Zurich, Switzerland (Supplementary 
Data 1). Recovery estimates for root-associated OTUs were calculated 
using the culture-independent community profiles of the present 
and two earlier studies6,12 and varied for the top 100 OTUs (70% of 
sequencing reads) between 54–65% and at ≥0.1% relative abun-
dance (RA) between 52–64% (Methods; Extended Data Fig. 1a–c; 
Supplementary Data 2). For leaf samples, the culture-independent 
16S rRNA gene analyses from individual and pooled leaves (60 sam-
ples from six sites) revealed similar community profiles at all tested 
geographic sites and high leaf-to-leaf consistency (Extended Data 
Fig. 2). Recovery estimates of the top 100 leaf-associated bacterial 
OTUs (86% of all sequencing reads) were 54% and at ≥0.1% RA 47% 
(Extended Data Fig. 1d). The root-derived CFUs correspond to 23 of 
38 and the leaf-derived CFUs belong to 28 of 45 detectable bacterial 
families. Root- and leaf-derived CFUs each represent all four bacterial 
phyla typically associated with A. thaliana roots and leaves. Thus, most  
bacterial families that are reproducibly associated with A. thaliana 
roots and leaves have culturable members.

Roots and leaves of healthy plants host taxonomically structured bacterial assemblies, and members of these communities 
contribute to plant growth and health. We established Arabidopsis leaf- and root-derived microbiota culture collections 
representing the majority of bacterial species that are reproducibly detectable by culture-independent community 
sequencing. We found an extensive taxonomic overlap between the leaf and root microbiota. Genome drafts of 400 
isolates revealed a large overlap of genome-encoded functional capabilities between leaf- and root-derived bacteria with 
few significant differences at the level of individual functional categories. Using defined bacterial communities and a 
gnotobiotic Arabidopsis plant system we show that the isolates form assemblies resembling natural microbiota on their 
cognate host organs, but are also capable of ectopic leaf or root colonization. While this raises the possibility of reciprocal 
relocation between root and leaf microbiota members, genome information and recolonization experiments also provide 
evidence for microbiota specialization to their respective niche.
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At-RSPHERE and At-LSPHERE culture collections
We selected from the aforementioned culture collections a taxonomi-
cally representative core set of bacterial strains after Sanger sequencing 
of a ≥550 bp fragment of the 16S rRNA gene and additional strain puri-
fication (Methods). To increase the intra-species genetic diversity of the 
culture collections, and because the quantitative contribution of a single 
isolate to its corresponding OTU cannot be estimated, we included bac-
terial strains sharing ≥97% 16S rRNA gene sequence identity (widely 
used for bacterial species definition), but representing independent 
host colonization events, that is, recovered from different plant roots 
or leaves. In total we selected 206 root-derived isolates that comprise 
28 bacterial families belonging to four phyla (designated At-RSPHERE) 
and 224 leaf-derived isolates that comprise 29 bacterial families belong-
ing to five phyla (designated At-LSPHERE) (Extended Data Fig. 3a, b; 
Supplementary Data 1; Methods). Additionally, to represent abundant  
soil OTUs (≥0.1% RA) we selected 33 bacterial isolates encompass-
ing eight bacterial families belonging to three phyla from unplanted 
Cologne soil (Extended Data Fig. 3c).

Notably, the majority of the At-RSPHERE isolates share ≥97% 
16S rRNA gene sequence identity matches with root-associated 
OTUs reported in four independent studies in which A. thaliana 
plants had been grown in Cologne soil6,12 or other European6,12 
or US soils7 (inner four circles in Fig. 1a; Methods). Similarly, the 
bulk of At-LSPHERE isolates match leaf-derived OTUs detected in  
A. thaliana populations at the Tübingen/Zurich locations or US-grown 
plants (innermost two circles in Fig. 1b). This indicates that repre-
sentatives of the majority of At-RSPHERE and At-LSPHERE members 
co-populate the corresponding A. thaliana organs in multiple tested 
environments, including two continents, Europe and North America.

Phylogenetic analysis based on 16S rRNA gene Sanger sequences 
revealed that 119 out of 206 At-RSPHERE isolates (58%) share ≥97% 
sequence identity matches with corresponding 16S rRNA gene 

fragments of At-LSPHERE members (outermost circle in Fig. 1a).  
Similarly, 108 out of 224 At-LSPHERE isolates (48%) share ≥97% 
sequence identity matches with At-RSPHERE members (outermost 
circle in Fig. 1b). This extensive overlap both at the rank of bacterial 
genera and bacterial families (20 out of 38 detectable families) between 
leaf- and root-derived bacteria is notable because we collected leaf and 
root specimen from environments that are geographically widely sep-
arated (>500 km) and is consistent with a previous report on leaf and 
root microbiota overlap in V. vinifera18. This overlap is corroborated 
by the corresponding culture-independent leaf and root community 
profiles (Extended Data Fig. 4). As essentially all A. thaliana root- 
associated bacteria are recruited from the surrounding soil biome6,7,12, 
this raises the possibility that unplanted soil also defines the start inocu-
lum for a substantial proportion of the leaf microbiota with subsequent 
selection for niche-adapted organisms.

Comparative genome analysis of the culture collections
To characterize the functional capabilities of the core culture collections 
we subjected each isolate to whole-genome sequencing and generated 
a total of 432 high-quality draft genomes (206 from leaf, 194 from root 
and 32 from soil; Supplementary Data 3). Taxonomic assignment of the 
whole-genome sequences confirmed that these isolates span a broad 
taxonomic range, belonging to 35 different bacterial families distrib-
uted across five phyla (Supplementary Data 4).

Based on the whole-genome taxonomic information, we grouped the 
isolates into family-level clusters. We found that clusters of genomes 
are characterized by a relatively large core-genome, with an average 
of 33.6% of the annotated proteins present in each member and a 
smaller fraction of singleton genes identified in only one genome per  
cluster (14.0%). Detailed analysis of phylogenetic diversity of each clus-
ter revealed a substantial overlap between leaf, root and soil isolates 
(Supplementary Data 5). Many clusters showed no clear separation of 
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Figure 1 | Taxonomic overlap between At-RSPHERE and At-LSPHERE 
isolates and their representation in culture-independent microbiota 
profiling studies. a, b, Phylogenetic trees of At-RSPHERE (a; n = 206 
isolates) and At-LSPHERE (b; n = 224 isolates) bacteria. Their taxonomic 
overlap is shown in the outermost ring (green or brown triangles).  
a, Representation of At-RSPHERE bacteria in each of four indicated 
culture-independent profiling studies of the A. thaliana root microbiota; 

root-associated OTUs with RAs ≥0.1% (dark orange) or ≤0.1% (light 
orange). b, Representation of At-LSPHERE bacteria in the two indicated 
culture-independent phyllosphere profiling studies; leaf-associated 
OTUs with RAs ≥0.1% (dark green) or <0.1% (light green). Taxonomic 
assignment and phylogenetic tree inference were based on partial 16S 
rRNA gene Sanger sequences.
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isolates based on their ecological niche, suggesting shared core func-
tions. However, other clusters contained isolates of one organ or showed 
clear separation among them, suggesting niche specialization within 
some clusters (Supplementary Data 5). We then examined the func-
tional diversity between the sequenced isolates in order to determine 
whether the observed phylogenetic overlap corresponded with func-
tional similarities between leaf and root isolates. Principal coordinates 
analysis (PCoA) of functional distances (Fig. 2a; Methods) revealed a 
clear clustering of genomes on the basis of their taxonomy, but only 
limited separation of genomes on the basis of their ecological compart-
ment. Taken together, both phylogenetic and functional diversification 
of the genomes is strongly driven by their taxonomic affiliation and 
weakly by the ecological niche.

We examined the functional diversity within each bacterial family 
(Fig. 2b) in order to identify bacterial taxa with varying degrees of 
functional versatility. Families belonging to Actinobacteria show a 
lower functional diversity (average distance 0.37) compared to those 
belonging to Bacteroidetes, Firmicutes and especially Proteobacteria 
(0.65 average pair-wise distance), which exhibit a higher degree of 
within-family functional diversification, even though all family- 
level groups have a comparable degree of phylogenetic relatedness. 
Among these groups, Pseudomonadaceae, Oxalobacteraceae and 
Methylobacteriaceae members show the highest functional heteroge-
neity, compared to Microbacteriaceae strains, which we identified as 
the least functionally diverse family (Fig. 2b).

We searched for signatures of niche specialization at individual func-
tional categories using enrichment analysis to identify functional cat-
egories over-represented in genomes from root and leaf or soil isolates 
(Fig. 3; Methods). Specifically, we found the category ‘carbohydrate 
metabolism’ to be enriched in the leaf and soil genomes compared 
to those isolated from roots (Mann–Whitney test, P = 1.29 × 10−7;  
Fig. 3b). We speculate that this differential enrichment could reflect 
the availability of simple carbon sources in roots through the process 
of root exudation (sugars, amino acids, aliphatic acids)21,22, whereas 
bacteria associated with leaves or unplanted soil might rely on a more 
diverse repertoire of carbohydrate metabolism genes to access scarce 

and complex organic carbon, for example, polysaccharides and leaf 
cuticular waxes. The category ‘xenobiotics biodegradation and catabo-
lism’ is enriched in the root genomes with respect to those isolated from 
leaves (P = 2.60 × 10−11; Fig. 3b), which is consistent with previous evi-
dence that genes for aromatic compound utilization are expressed in 
the rhizosphere23. No single taxon is responsible for these significant 
differences, but this seems to be a general feature across the sequenced 
bacterial genomes of the respective ecological niche (Extended Data 
Figs 5 and 6). Interestingly, we observed the same trends of differen-
tial abundance of functional categories in V. vinifera root metagenome  
samples18 compared to their respective unplanted soil controls 
(Extended Data Fig. 7).

Together, these findings indicate a substantial overlap of functional 
capabilities in the genomes of the Arabidopsis leaf- and root-derived 
culture collections and differences at the level of individual functional 
categories that may reflect specialization of the leaf and root microbiota  
to their respective niche. Additional genomic signatures for niche- 
specific colonization are likely to be hidden in genes for which a func-
tional annotation is currently unavailable (∼57%).

Synthetic community colonization of germ-free plants
We colonized germ-free A. thaliana plants with synthetic communi-
ties (SynComs) consisting of bacterial isolates from our culture col-
lections to assess their potential for host colonization in a gnotobiotic 
system containing calcined clay as inert soil substitute (Methods). To 
mimic the taxonomic diversity of leaf and root microbiota in natural 
environments we employed mainly two SynComs: ‘L’ comprising 218 
leaf-derived bacteria and ‘R+S’ consisting of 188 members of which 
158 are root-derived and 30 are soil-derived bacteria (Supplementary 
Data 6). Input SynComs were either inoculated directly before sowing 
of surface-sterilized seeds in calcined clay and/or spray-inoculated on 
leaves of three-week-old germ-free plants. For all defined communities 
we examined three independent SynCom preparations, each tested in 
three closed containers containing four plants. We employed 16S rRNA 
gene community profiling with a method validated for defined commu-
nities24 to detect potential community shifts between input and output 
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SynComs in samples of seven week-old roots, leaves, or unplanted clay. 
In this community analysis, ‘indicator OTUs’ either represent a single 
strain or a known group of isolates (Supplementary Data 6).

Upon application of the input R+S SynCom to clay (‘R+S in clay’) 
and co-cultivation with A. thaliana plants for seven weeks we retrieved 
reproducible R+ S output communities from clay (without host), root, 
and leaf compartments (Supplementary Fig. 2). These output SynCom 
profiles were robust against a 75% reduction in RA of Proteobacteria 
compared to Actinobacteria, Bacteroidetes and Firmicutes in the 
input R+S SynCom (input ratios 1:1:1:1 or 1:1:1:0.25, respectively), 
which was confirmed by PCoA (Fig. 4a). PCoA also revealed dis-
tinct output communities in each of the three tested compartments  
(Fig. 4a; P < 0.001 Extended Data Fig. 8a, b). This indicates that a 
marked host-independent community change occurred in clay (with-
out host) as well as host-dependent community shifts that are specific 
for leaves and roots. Next, we tested the ‘L’ SynCom of leaf-derived 
bacteria by spray inoculation on leaves of three week-old plants. After 
four weeks of L SynCom co-incubation with plants, output com-
munities were detected in leaves and roots (Supplementary Fig. 3).  
PCoA revealed that these two output communities were differ-
ent between each other, but robust against a 75% reduction in RA 
of input Proteobacteria (Fig. 4b; Supplementary Fig. 3; P < 0.001;  

Extended Data Fig. 8c, d). The converging output communities despite 
varying RAs of input SynComs suggest that the communities have 
reached a steady state. These experiments also reveal that both R+S 
and L SynCom members not only colonize cognate host organs, but 
are capable of ectopic colonization of leaves and roots, which might be 
linked to the extensive species overlap of A. thaliana leaf and root micro-
biota in natural environments (Fig. 1a, b). Additionally, this provides 
experimental support for the hypothesis that a subset of leaf- colonizing 
bacteria originates from unplanted soil and raises the possibility for 
reciprocal bacterial colonization events between roots and leaves during 
and/or after the establishment of the respective microbiota, for example, 
by ascending migration of rhizobacteria from roots to leaves25. Upon 
leaf spray application of SynComs, a small amount of leaf bacteria is 
likely to land on the clay surface and thereafter colonize roots, which is 
not fundamentally different from processes occurring in natural envi-
ronments, for example, during rain showers and/or leaf dehiscence.

A comparison of rank abundance profiles between indicator OTUs 
for all root- and leaf-derived isolates and corresponding OTUs iden-
tified in the environmental root and leaf samples revealed similar 
trends at phylum, class and family levels (Extended Data Fig. 9). 
This validates the gnotobiotic plant system as a tool for microbiota 
reconstitution experiments.
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Niche-specific microbiota establishment with SynComs
The species overlap between root and leaf microbiota and their cor-
responding culture collections (Fig. 1a, b; Extended Data Fig. 4) 
prompted us to test whether R+S and L SynComs equally contribute 
to root and leaf microbiota establishment. Both SynComs were pooled 
and inoculated in clay together with surface-sterilized A. thaliana seeds 
(designated ‘RSL in clay’, Fig. 5a). We also tested whether a preformed 
root-associated community can interfere with leaf-associated com-
munity establishment. After three weeks of co-cultivation, half of the 
plants grown with the ‘RSL in clay’ SynCom were treated by leaf-spray 
inoculation with the L SynCom supplemented with 15 root-derived 
strains (designated ‘RSL in clay & L+15R spray’). Plant organ-specific 
output communities were determined after a further four weeks of 
co-incubation. We also inoculated the L SynCom alone in clay and 
determined output SynComs (designated ‘L in clay’, Fig. 5a).

We found significant differences between leaf-associated output 
communities of the ‘RSL in clay’ and ‘RS in clay’ experiments (Fig. 5b; 
P < 0.001, Extended Data Fig. 8f; Supplementary Figs 2 and 4) and that 
the output community on leaves after ‘L in clay’ inoculation is simi-
lar to the leaf outputs of ‘RSL in clay’ inoculation (Fig. 5b; P < 0.001, 
Extended Data Fig. 8f; Supplementary Figs 4 and 5), indicating that in 
this comparison the leaf-derived SynCom has a stronger influence on 
leaf microbiota structure than root- and soil-derived bacteria. However, 
both ‘RSL in clay’ and ‘L in clay’ leaf outputs are significantly different 
from the leaf output of the ‘L spray’ experiment (Fig. 5b; P < 0.001, 
Extended Data Fig. 8e; Supplementary Figs 3–5), showing that many 
leaf-derived isolates do not successfully colonize leaves when only 

inoculated in the clay environment. For example, of the top 16 gen-
era a total of three are grossly underrepresented in leaf outputs of the 
‘RSL in clay’ compared to the ‘RSL in clay & L+15R spray’ experiment 
(Chryseobacterium, Sphingomonas and Variovorax; Supplementary  
Fig. 6) and these three genera are abundant in the natural leaf microbi-
ota (Extended Data Fig. 4). Finally, leaf outputs were strikingly similar 
between ‘RSL in clay & L+15R spray’ and ‘L spray’ only experiments 
(Fig. 5b; Supplementary Figs 3 and 7), indicating that the L+15R 
SynCom, leaf spray-inoculated three weeks after RSL application to 
clay, can displace the RSL leaf output. Collectively, these results support 
the hypothesis that leaf microbiota establishment benefits from air- and 
soil-borne inoculations8,17, although we note that our single application 
of bacteria to leaves does not mimic the continuous exposure of plant 
leaves to airborne microorganisms in nature.

A comparison of the root-associated community outputs of the 
experiments described above revealed that the ‘RSL in clay’ experi-
ment is more similar to root outputs of the ‘RS in clay’ than ‘L in clay’ 
experiments (Fig. 5c; P < 0.001 Extended Data Fig. 8g), suggesting that 
the root- and soil-derived SynCom has a stronger influence on root 
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microbiota structure than the leaf-derived SynCom. In this experiment 
the fractional contribution of root-specific indicator OTUs increases 
in the output, but decreases for leaf-specific indicator OTUs, relative 
to their input, pointing to a potential adaptation of root-derived bac-
teria for root colonization (Extended Data Fig. 10a; Mann–Whitney; 
P < 0.05). This is further supported by the observation that in the ‘RSL 
in clay’ experiment root colonization rates for root-specific indicator 
OTUs are higher compared to those specific for leaves when applying 
a 0.1% relative abundance threshold in at least one biological repli-
cate (69% and 33%, respectively). Taken together, this suggests that 
root-derived bacteria are better adapted to colonize their cognate host 
niche than leaf-derived bacteria. Further comparisons of the root- 
associated output communities of the ‘L in clay’ and ‘L spray’ experi-
ments (Fig. 5c; Supplementary Figs 3 and 5) revealed similar commu-
nity composition, indicating convergence of ectopic root-associated 
community outputs despite different inoculation time points or sites 
of application. Additional reciprocal transplantation experiments using 
a ‘R’ (root strains only) SynCom either applied to clay (‘R in clay’) or 
by spray inoculation (‘R spray’) confirmed the convergence of ectopic 
community outputs also for root-derived bacteria on leaves (Extended 
Data Fig. 10 b, c; Supplementary Figs 8 and 9). Convergence of ectopic 
SynCom outputs is consistent with the hypothesis that a subset of leaf 
and root colonizing bacteria has the potential to relocate between leaves 
and roots.

Conclusions
By employing systematic bacterial isolation approaches, we estab-
lished expandable culture collections of the A. thaliana leaf- and root- 
associated microbiota, which capture the majority of the species found 
reproducibly in their respective natural communities (≥0.1% relative 
abundance). The sequenced bacterial genomes as well as any future 
updates are available at http://www.at-sphere.com. These resources 
together with the remarkable reproducibility of the gnotobiotic recon-
stitution system enable future studies on bacterial community estab-
lishment and functions under laboratory conditions.

Online Content Methods, along with any additional Extended Data display items 
and Source Data, are available in the online version of the paper; references 
unique to these sections appear only in the online paper.
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METHODS
Sampling of A. thaliana plants and isolation of root-, leaf- and soil-derived 
bacteria. A. thaliana plants were either harvested from natural populations or 
grown in different natural soils and used for bacterial isolations by colony picking, 
limiting dilution or bacterial cell sorting as well as 16S rRNA gene-based commu-
nity profiling. To obtain a library of representative root colonizing bacteria, A. 
thaliana plants were grown in different soils (50.958 N, 6.856 E, Cologne, Germany; 
52.416 N, 12.968 E, Golm, Germany; 50.982 N, 6.827 E, Widdersdorf, Germany; 
47.941 N, 04.012 W, Saint-Evarzec, France; 48.725 N, 3.989 W, Roscoff, France) and 
harvested before bolting. Briefly, Arabidopsis roots were washed twice in washing 
buffers (10 mM MgCl2 for limiting dilution and PBS for colony picking6) on a 
shaking platform for 20 min at 180 rpm and then homogenized twice by Precellys24 
tissue lyser (Bertin Technologies) using 3 mM metal beads at 5,600 rpm for 30 s. 
Homogenates were diluted and used for isolation approaches on several bacterial 
growth media (Supplementary Data 7). For isolations based on colony picking, 
diluted cell suspensions were plated on solidified media and incubated, before 
isolates of plates containing less than 20 colony-forming units (CFUs) were picked 
after a maximum of two weeks of incubation. For limiting dilution, homogenized 
roots from each root pool were sedimented for 15 min and the supernatant was 
empirically diluted, distributed and cultivated in 96-well microtitre plates20. In 
parallel to the isolation of root-derived bacteria, roots of plants grown in Cologne 
soil were harvested and used to assess bacterial diversity by culture-independent 
16S rRNA gene sequencing. Additionally, soil-derived bacteria were extracted 
from unplanted Cologne soil by washing soil with PBS buffer, supplemented with 
0.02% Silwet L-77 and subjected to bacterial isolation as well as 16S rRNA gene 
community profiling. For the isolation of representative phyllosphere strains,  
naturally grown Arabidopsis plants were collected at eight different sites in southern 
Germany and Switzerland (six main sampling sites used for bacterial isolations 
and community profiling: 47.4090306 N, 8.470169444 E, Hoengg, Switzerland; 
47.474825 N, 8.305008333 E, Baden, Switzerland; 47.4816806 N, 8.217547222 E, 
Brugg, Switzerland; 48.5560194 N, 9.134944444 E, Farm, Tuebingen, Germany; 
48.5989861 N, 9.201655556 E, Haeslach, Germany; 48.602682 N, 9.213247258 
E, Haeslach, Germany; and two additional sites only used for bacterial isolation: 
47.4074722 N, 8.50825 E, Zurich, Switzerland; 47.4227222 N, 8.548666667 E, 
Seebach, Switzerland) during spring and autumn of 2013 and used for bacterial 
isolations as well as 16S rRNA gene profiling. Leaf-colonizing bacteria of individ-
ual leaves were washed off by alternating steps of intense mixing and sonication. 
The suspension was subsequently filtered (CellTrics filters, 10 μ M, Partec GmbH, 
Görlitz, Germany) in order to remove remaining plant or debris particles as well as 
cell aggregates and applied to cell sorting on a BD FACS Aria III (BD Biosciences) 
as well as to plating on different media (Supplementary Data 1 and 7). All isolates 
were subsequently stored in 30% or 40% glycerol at − 80 °C.
Culture-independent bacterial 16S rRNA gene profiling of A. thaliana leaf, 
root and corresponding soil samples. Parts of A. thaliana leaves, roots and corre-
sponding unplanted soil samples used for bacterial isolation were also processed for 
bacterial 16S rRNA gene community profiling using 454 pyrosequencing. Frozen 
root and corresponding soil samples were homogenized, DNA was extracted with 
Lysing Matrix E (MP Biomedicals) at 5,600 rpm for 30 s, and DNA was extracted 
from all samples using the FastDNA SPIN Kit for soil (MP Biomedicals) accord-
ing to the manufacturer’s instructions. Lyophilized leaf samples were transferred 
into 2 ml microcentrifuge tubes containing one metal bead and subsequently 
homogenized twice for 2 min at 25 Hz using a Retsch tissue lyser (Retsch, Haan, 
Germany). Homogenized leaf material was resuspended in lysis buffer of the MO 
BIO PowerSoil DNA isolation Kit (MO BIO Laboratories Inc., Carlsbad, CA, 
USA), transferred into lysis tubes, provided by the supplier, and DNA extraction 
was performed following the manufacturer’s protocol. DNA concentrations were 
measured by PicoGreen dsDNA Assay Kit (Life technologies), and subsequently 
diluted to 3.5 ng μ l−1. Bacterial16S rRNA genes were subsequently amplified6 using 
primers targeting the variable regions V5-V7 (799F26 and 1193R6, Supplementary 
Data 7). Each sample was amplified in triplicate by two independent PCR mix-
tures (a total of 6 replicates per sample plus respective no template controls). PCR 
products of triplicate were subsequently combined, purified and subjected to 454 
sequencing. Obtained sequences were demultiplexed as well as quality and length 
filtered (average quality score ≥25, minimum length 319 bp with no ambiguous 
bases and no errors in the barcode sequences allowed)27. High-quality sequences 
were subsequently processed using the UPARSE24 pipeline and OTUs were taxo-
nomically classified using the Greengenes database28 and the PyNAST29 method.
High-throughput identification of leaf-, root- and soil-derived bacterial  
isolates by 454 pyrosequencing. We adopted a two-step barcoded PCR protocol20 
in combination with 454 pyrosequencing to define V5-V8 sequences of bacterial 
16S rRNA genes of all leaf, root- and soil-derived bacterial (Supplementary Fig. 1).  
DNA of isolates was extracted by lysis of 6 μ l of bacterial cultures in 10 μ l of buffer 
I containing 25 mM NaOH, 0.2 mM EDTA, pH 12 at 95 °C for 30 min, before the 

pH value was lowered by addition of 10 μ l of buffer II containing 40 mM Tris-
HCl at pH 7.5. Position and taxonomy of isolates in 96-well microtitre plates were 
indexed by a two-step PCR protocol using the degenerate primers 799F and 1392R 
containing well- and plate-specific barcodes (Supplementary Data 7) to amplify 
the variable regions V5 to V8. During the first step of PCR amplification, DNA 
from 1.5 μ l of lysed cells was amplified using 2 U DSF-Taq DNA polymerase,  
1×  complete buffer (both Bioron GmbH), 0.2 mM dNTPs (Life technologies), 
0.2 μ M of 1 of 96 barcoded forward primer with a 18-bp linker sequence (for 
example, A1_454_799F1_PCR1_wells; Supplementary Data 7) and 0.2 μ M reverse 
primer (454B_1392R) in a 25 μ l reaction. PCR amplification was performed under 
the following conditions: DNA was initially denaturised at 95 °C for 2 min, followed 
by 40 cycles of 95 °C for 30 s, 50 °C for 30 s and 72 °C for 45 s, and a final elonga-
tion step at 72 °C for 10 min. PCR products of each 96-well microtitre plate were 
combined and subsequently purified in a two-step procedure using the Agencourt 
AMPure XP Kit (Beckman Coulter GmbH, Krefeld, Germany) first, then DNA frag-
ments were excised from a 1% agarose gel using the QIAquick Gel Extraction Kit 
(Qiagen). DNA concentration was measured by Nanodrop and diluted to 1 ng μ l−1.

During the second PCR step, 1 ng of pooled DNA (each pool represents one 
96-well microtitre plate) was amplified by 1.25 U PrimeSTAR HS DNA Polymerase, 
1×  PrimeSTAR Buffer (both TaKaRa Bio S.A.S, Saint-Germain-en-Laye, France), 
0.2 mM dNTPs (Thermo Fisher Scientific Inc.), 0.2 μ M of 1 of 96 barcoded for-
ward primer targeting the 18-bp linker sequence (for example, P1_454_PCR2; 
Supplementary Data 7) and 0.2 μ M reverse primer (454B_1392R) in a 50 μ l reac-
tion. The PCR cycling conditions were as follows. First, denaturation at 98 °C for 
30 s, followed by 25 cycles of 98 °C for 10 s, 58 °C for 15 s and 72 °C for 30 s, and a 
final elongation at 72 °C for 5 min. PCR products were purified using the Agencourt 
AMPure XP Kit (Beckman Coulter GmbH) and QIAquick Gel Extraction Kit 
(Qiagen) as described for the purification of first step PCR amplicons. DNA con-
centration was determined by PicoGreen dsDNA Assay Kit (Life technologies) 
and samples were pooled in equal amounts. The final PCR product libraries were 
sequenced on the Roche 454 Genome Sequencer GS FLX +. Each sequence con-
tained a plate-barcode, a well-barcode and V5-V8 sequences.

The sequences were quality filtered, demultiplexed according to well and plate 
identifiers27. OTUs were clustered at 97% similarity by UPARSE algorithum24. A 
nucleotide-based blast (v. 2.2.29) was used to align representative sequences of 
isolated OTUs to culture-independent OTUs and only hits ≥97% sequence identity 
covering at least 99% of the length of the sequences were considered.
Preparation of A. thaliana leaf (At-LSPHERE), root (At-RSPHERE) and soil 
bacterial culture collections. Based on representative sequences of OTUs from 
this as well as previously published culture-independent community analysis, bac-
terial CFUs in the culture collections with ≥97% 16S rRNA gene identity to root-, 
leaf- and soil-derived OTUs were purified by three consecutive platings on the 
respective solidified media before an individual colony was used to inoculate liquid 
cultures. These liquid cultures were used for validation by Sanger sequencing with 
both 799F and 1392R primers as well as for the preparation of glycerol stocks for 
the culture collections and for the extraction of genomic DNA for whole-genome 
sequencing. A total of 21 leaf-derived strains, previously described as phyllosphere 
bacteria8,9, were added to the At-LSPHERE collection although these were unde-
tectable in the present culture-independent leaf community profiling.
Preparation of bacterial genomic DNA for whole-genome sequencing. To 
obtain high molecular weight genomic DNA of bacterial isolates in our culture 
collections, we used a modified DNA precipitation protocol and the Agencourt 
AMPure XP Kit (Beckman Coulter GmbH). For each bacterial liquid culture, 
cells were collected by centrifugation at 3,220g for 15 min, the supernatant  
removed and cells were resuspended in 5 ml SET buffer containing 75 mM NaCl, 
25 mM EDTA, 20 mM Tris/HCl at pH 7.5. A total of 20 μ l lysozyme solution 
(50 mg ml−1, Sigma) was added before the mixture was incubated for 30 min at 
37 °C. Subsequently, 100 μ l 20 mg ml−1 proteinase K (Sigma-Aldrich Chemie 
GmbH, Taufkirchen, Germany) and 10% SDS (Sigma-Aldrich Chemie GmbH) 
were added, mixed, and incubated by shaking every 15 min at 55 °C for 1 h.  
If bacterial cells were insufficiently lysed, remaining cells were collected at 3,220g 
for 10 min and homogenized using the Precellys24 tissuelyser in combination with 
lysing matrix E tubes (MP Biomedicals) at 6,300 rpm for 30 s. After cell lysis, 2 ml 
5 M NaCl and 5 ml chloroform were added and mixed by inversion for 30 min at 
room temperature. After centrifugation at 3,220 g for 15 min, 6 ml supernatant 
were transferred into fresh falcon tubes and 3.6 ml isopropanol were added and 
gently mixed. After precipitation at 4 °C for 30 min, genomic DNA was collected  
at 3,220g for 5 min, washed once with 1 ml 70% (v/v) ethanol, dried for 15 min 
at room temperature and finally dissolved in 250 μ l elution buffer (Qiagen). 2 μ l 
4 mg ml−1 RNase A (Sigma-Aldrich Chemie GmbH) was added to bacterial 
genomic DNA solution and incubated over night at 4 °C.

The genomic DNA was subsequently purified using the Agencourt AMPure 
XP Kit (Beckman Coulter GmbH) and analysed by agarose gel (1% (w/v))  
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electrophoresis. Concentrations were estimated based on loaded Lambda DNA 
Marker (GeneRuler 1kb Plus, Thermo Scientific) and approximately 1 μ g of 
genomic DNA was transferred into micro TUBE Snap-Cap AFA Fibre vials 
(Covaris Inc., Woburn, MA, USA). DNA was sheared into 350 bp fragments by 
two consecutive cycles of 30 s (duty cycle: 10%, intensity: 4, cycle/burst: 200) on a 
Covaris S2 machine (Covaris, Inc.). The Illumina sequencing libraries were pre-
pared according to the manual of NEBNext Ultra UltraTM DNA Library Prep Kit 
for Illumina (New England Biolabs, USA). Quality and quantity was assessed at all 
steps by capillary electrophoresis (Agilent Bioanalyser and Agilent Tapestation). 
Finally libraries were quantified by fluorometry, immobilized and processed onto 
a flow cell with a cBot (Illumina Inc., USA) followed by sequencing-by-synthesis 
with TruSeq v3 chemistry on a HiSeq2500 (Illumina Inc., USA).
Genome assembly and annotation. Paired-end Illumina reads were subjected to 
quality and length trimming using Trimmomatic v. 0.3330 and assembled using two 
independent methods (A531 and SOAPdenovo32 v. 20.1). In each case, the assembly 
with the smaller number of scaffolds was selected. Detailed assembly statistics for 
each sequenced isolate can be found in Supplementary Data 3 and 4. Identification 
of putative protein-encoding genes and annotation of the genomes were performed 
using GLIMMER v. 3.0233. Functional annotation of genes was conducted using 
Prokka v. 1.1134 and the SEED subsystems approach using the RAST server API35. 
Additionally, annotation of KEGG Orthologue (KO) groups was performed by first 
generating HMM models for each KO in the database36,37 the HMMER toolkit  
(v. 3.1b2)38. Next, we employed the HMM models to search all predicted ORFs 
using the hmmsearch tool, with an E value threshold of 10 × 10−5. Only hits  
covering at least 70% of the protein sequence were retained and for each gene and 
the match with the lowest E value was selected.
Analyses of phylogenetic diversity within sequenced isolates. Each proteome 
was searched for the presence of the 31 well-conserved, single-copy, bacterial 
AMPHORA genes39, designed for the purpose of high-resolution phylogeny 
reconstruction of genomes. Subsequently, a concatenated alignment of these 
marker genes was performed using Clustal Omega40 v. 1.2.1. Based on this multiple 
sequence alignment, a species tree was inferred using FastTree41 v. 2.1, a maximum 
likelihood tool for phylogeny inference. Whole-genome taxonomic classification 
of sequenced isolates was conducting using taxator-tk42, a homology/based tool 
for accurate classification of sequences. Analyses of phylogenetic diversity were 
performed independently for each cluster based on pairwise tree distances between 
all isolates (Supplementary Data 5).
Analyses of functional diversity between sequenced isolates. Analyses of func-
tional diversity between sequenced isolates were conducted by generating, for each 
genome in the data set, a profile of presence/absence of each KO group (or phyletic 
pattern). Subsequently, a distance measure based on the Pearson correlation of each 
pair of phyletic patterns was calculated, which allowed us to embed each genome as 
a data point in a metric space. PCoA was performed on this space of functional dis-
tances using custom scripts written in R. Pairwise functional distances within each 
family-level cluster was performed by calculating the average distance between 
all pairs of genomes belonging to each cluster. Finally, we calculated RAs of each 
functional category based on the percentage of annotated KO terms assigned to 
each category. Enrichment tests were performed to identify differentially abundant 
categories between groups of genomes based on their origin (root versus leaf and 
root versus soil) using the non-parametric Mann–Whitney Test (MWT). P values 
were corrected for multiple testing using the Bonferroni method, with a signifi-
cance threshold α = 0.05.
Recolonization experiments of leaf-, root- and soil-derived bacteria on 
Arabidopsis. Calcined clay16, an inert soil substitute, was washed with water, ster-
ilized twice by autoclaving and heat-incubated until being completely dehydrated. 
A. thaliana Col-0 seeds were surface-sterilized with ethanol and stratified overnight 
at 4 °C. Leaf-, root- and soil-derived bacteria of the culture collections were culti-
vated in 96-deep-well plates and subsequently pooled (in equal or unequal ratios) 
in order to prepare synthetic bacterial communities (SynComs) for inoculations 
below the carrying capacity of leaves and roots43,44. To inoculate SynComs into 
the calcined clay matrix, OD600 was adjusted to 0.5 and 1 ml (∼2.75 × 108 cells) 
was added to 70 ml 0.5×  MS media (pH 7; including vitamins, without sucrose), 
and mixed with 100 g calcined clay in Magenta boxes (∼2.75 × 106 cells per gr 
calcined clay), directly before sowing of surface-sterilized seeds. Plants were grown 
at 22 °C, 11 h light, and 54% humidity. Alive cell counts (CFUs) of root-associated 
bacteria by serial dilutions of root homogenates after seven weeks of co-incubation 
were 1.4 × 108 ± 8.4 × 107 cells per gram root tissue. For leaf spray-inoculation of  
A. thaliana plants, bacterial SynComs were prepared as described above and 
adjusted to OD600 0.2, before the solution was diluted tenfold and 170 μ l (∼1.87 × 106 
cells) were sprayed into each magenta box containing four three-week-old plants 
using a TLC chromatographic reagent sprayer (BS124.000, Biostep GmbH, 
Jahnsdorf, Germany). The average volume per spraying event was determined by 
spraying repeatedly into 50 ml tubes and weighing before and after. All plants and  

corresponding unplanted clay samples were harvested under sterile conditions 
after a total incubation period of seven weeks. All plants and corresponding 
unplanted clay samples were harvested under sterile conditions after a total incu-
bation period of seven weeks. During harvest, leaves and roots of individual plants 
were carefully separated using sterilized tweezers and scissors to avoid cross- 
contamination and processed separately thereafter. All leaves being obviously 
contaminated with clay particles or touching the ground were carefully removed 
and omitted from further processing. Remaining aerial parts of four plants col-
lected from one magenta box were combined and transferred into lysing matrix 
E tubes (MP Biomedicals), frozen in liquid nitrogen and stored at −80 °C until 
used for DNA extraction. Roots from one Magenta box were pooled, washed twice 
in 5 ml PBS at 180 rpm for 20 min, dried on sterilized Whatman glass microfibre 
filters (GE Healthcare Life Sciences), transferred into lysing matrix E tubes (MP 
Biomedicals), frozen in liquid nitrogen and stored at −80 °C until further pro-
cessing. The corresponding unplanted clay samples were washed in 100 ml PBS 
supplemented with 0.02% Silwet L-77 at 180 rpm for 10 min, before particles 
were allowed to settle down for 5 min. The supernatant was collected by centrif-
ugation at 3,220g for 15 min. The pellet was subsequently resuspended in 1 ml 
water, transferred into lysing matrix E tubes (MP Biomedicals), frozen in liquid 
nitrogen and stored at −80 °C.

To prepare DNA for bacterial 16S rRNA gene-based community analysis, all 
samples were homogenized twice by Precellys24 tissue lyser (Bertin Technologies), 
DNA was extracted and concentrations were measured by PicoGreen dsDNA 
Assay Kit (Life technologies), before bacterial 16S rRNA genes were amplified by 
degenerate PCR primers (799F and 1193R) targeting the variable regions V5-V7 
(Supplementary Data 7). Each sample was amplified in triplicate (plus respective 
no template control) in 25 μ l reaction volume containing 2 U DFS-Taq DNA pol-
ymerase, 1×  incomplete buffer (both Bioron GmbH, Ludwigshafen, Germany), 
2 mM MgCl2, 0.3% BSA, 0.2 mM dNTPs (Life technologies GmbH, Darmstadt, 
Germany), 0.3 μ M forward and reverse primer and 10 ng of template DNA. After 
an initial denaturation step at 94 °C for 2 min, the targeted region was amplified by 
25 cycles of 94 °C for 30 s, 55 °C for 30 s and 72 °C for 60 s, followed by a final elon-
gation step of 5 min at 72 °C. The three independent PCR reactions were pooled 
and the remaining primers and nucleotides were removed by addition of 20 U 
exonuclease I and 5 U Antarctic phosphatase (both New England BioLabs GmbH, 
Frankfurt, Germany) and incubated for 30 min at 37 °C in the corresponding  
1×  Antarctic phosphatase buffer. Enzymes were heat-inactivated and the digested 
mixture was used as template for the 2nd step PCR using the Illumina compatible 
primers B5-F and 1 of 96 differentially barcoded reverse primers (B5-1 to B5-96, 
Supplementary Data 7). All samples were amplified in triplicate for 10 cycles 
using identical conditions of the first-step PCR. Technical replicates of each sam-
ple were combined, run on a 1.5% (w/v) agarose gel and the bacterial 16S rRNA 
gene amplicons were extracted using the QIAquick Gel Extraction Kit (Qiagen) 
according to the manufacturer’s instructions. DNA concentration was subsequently 
measured using the PicoGreen dsDNA Assay Kit (Life technologies) and 100 ng of 
each sample were combined. Final amplicon libraries were cleaned twice using the 
Agencourt AMPure XP Kit (Beckman Coulter GmbH) and subjected to sequenc-
ing on the Illumina MiSeq platform using an MiSeq Reagent kit v3 following the 
2 × 350 bp paired-end sequencing protocol (Illumina Inc. USA).

Forward and reverse reads were joined, demultiplexed and subjected to quality 
controls using scripts from the QIIME toolkit27, v. 180 (Phred ≥ 20). The resulting 
high quality sequences were further clustered at 97% sequence identity together 
with Sanger sequences of leaf, root and soil isolates using the UPARSE24 pipeline 
as described above. Taxonomic assignments of representative sequences were per-
formed as explained in the previous sections. OTUs only corresponding to one or 
more Sanger 16S rRNA gene sequence(s) of purified strains in the At-RSPHERE, 
At-LSPHERE or soil collection were selected and designated ‘indicator OTUs’. The 
heat maps were generated using the ggplot2 R package.
Accession numbers. Sequencing reads (454 16S rRNA, MiSeq 16S rRNA and 
WGS HiSeq reads) have been deposited in the European Nucleotide Archive 
(ENA) under accession numbers PRJEB11545, PRJEB11583 and PRJEB11584. 
Genome assemblies and annotations corresponding to the leaf, root and soil cul-
ture collections have been deposited in the National Center for Biotechnology 
Information (NCBI) BioProject database under accession numbers PRJNA297956, 
PRJNA297942 and PRJNA298127, respectively.
Code availability. All scripts for computational analysis and corresponding raw data  
are available at http://www.mpipz.mpg.de/R_scripts. The sequenced bacterial 
genomes as well as any future updates are available at http://www.at-sphere.com.
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The sessile nature of plants forced them to evolve mechanisms to prioritize their responses to

simultaneous stresses, including colonization by microbes or nutrient starvation. Here, we

compare the genomes of a beneficial root endophyte, Colletotrichum tofieldiae and its

pathogenic relative C. incanum, and examine the transcriptomes of both fungi and their plant

host Arabidopsis during phosphate starvation. Although the two species diverged only 8.8

million years ago and have similar gene arsenals, we identify genomic signatures indicative of

an evolutionary transition from pathogenic to beneficial lifestyles, including a narrowed

repertoire of secreted effector proteins, expanded families of chitin-binding and secondary

metabolism-related proteins, and limited activation of pathogenicity-related genes in planta.

We show that beneficial responses are prioritized in C. tofieldiae-colonized roots under

phosphate-deficient conditions, whereas defense responses are activated under phosphate-

sufficient conditions. These immune responses are retained in phosphate-starved roots

colonized by pathogenic C. incanum, illustrating the ability of plants to maximize survival in

response to conflicting stresses.
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F
ungal endophytes are a ubiquitous and phylogenetically
diverse group of organisms that establish stable associations
with living plants, but in most cases their ecophysiological

significance is poorly understood1. Species of the fungal genus
Colletotrichum are best known as destructive pathogens on
43,000 species of dicot and monocot plants worldwide, causing
anthracnose diseases and blights on leaves, stems, flowers and
fruits2. However Colletotrichum species can also grow benignly
as endophytes on symptomless plants3, and although only
few pathogenic members of the genus attack plant roots4,
Colletotrichum endophytes are frequently isolated from the
roots of healthy plants5,6. Moreover, although the genome
sequences and in planta transcriptomes were recently described
for four species pathogenic on above-ground plant parts2,7,
such information is not available for any root-associated
Colletotrichum pathogens or endophytes.

We found recently that C. tofieldiae (Ct) is an endophyte in
natural populations of Arabidopsis thaliana growing in central
Spain8. The fungus initially penetrates the rhizoderm by means of
undifferentiated hyphae, which then ramify through the root
cortex both inter- and intracellularly, occasionally spreading
systemically into shoots via the root central cylinder without
causing visible symptoms. Under phosphate-deficient conditions
(50 mM KH2PO4), colonization by Ct promoted plant growth and
fertility and mediated the translocation of phosphate into shoots,
as shown by 33P radiotracer experiments8. However, neither the
plant growth promotion nor phosphate translocation activities
were detectable under phosphate-sufficient conditions (625 mM
KH2PO4), indicating that plant fitness benefits conferred by
Ct are strictly regulated by phosphate availability. In striking
contrast, colonization of A. thaliana roots by the closely related
pathogenic species C. incanum (Ci), which attacks members of
the Brassicaceae, Fabaceae and Solanaceae, severely inhibited
Arabidopsis growth and mediated only low levels of 33P
translocation into shoots8. These findings raise the possibility
that in low-phosphate soils, root colonization by the Ct
endophyte compensates for the absence of key genetic
components required for mycorrhizal symbiosis in the
Brassicaceae lineage, which is otherwise conserved in B80–90%
of terrestrial plants9.

In the present study, we report the genomes of five isolates of
beneficial Ct and one isolate of pathogenic Ci, and analyse the
transcriptomes of each species during their colonization of
Arabidopsis roots under phosphate-deficient and phosphate-
sufficient conditions. Comparison of the two species allows us to
identify fungal adaptations to the endophytic lifestyle at the level
of both gene repertoire and gene regulation, and provides insights
into the evolutionary transition from parasitism to endophytism
within a single fungal genus. On the host side, transcriptional
responses of Arabidopsis roots to colonization by beneficial Ct are
modulated by the phosphate status, providing evidence that
trade-offs between defense and nutrition control the outcome of
the interaction between Arabidopsis and Ct. Our findings also
shed light on the ability of plants to maximize survival by
prioritizing their responses to simultaneous biotic and abiotic
stresses.

Results
Genome sequencing and evolution of Ct and Ci lifestyles. We
sequenced the genome of the plant growth-promoting fungus Ct
isolate 0861, a root endophyte isolated from natural populations
of A. thaliana in Spain8,10, and those of four other Ct isolates
isolated from diverse dicot and monocot hosts in Europe
(Supplementary Note 1). We also sequenced the broad host-
range pathogen Ci, isolated from radish (Raphanus sativus) leaves

in Japan, that strongly impairs plant growth when inoculated
onto Arabidopsis roots8,11 (Supplementary Fig. 1, Supplementary
Table 1 and Supplementary Note 1). Illumina short reads were
used to build high-quality genome assemblies of similar size for
all isolates, ranging from 52.8 to 53.6Mb (Supplementary Table 2
and Supplementary Note 2). Molecular phylogeny, whole-genome
alignment and divergence date estimates indicate that Ct and Ci
are closely related taxa within the Colletotrichum spaethianum
species complex and diverged only B8.8 million years ago
(Fig. 1a, Supplementary Figs 2 and 3, Supplementary Table 3 and
Supplementary Note 3). Our phylogenetic analysis suggests
that evolution from pathogenic ancestors towards the beneficial
endophytic lifestyle in Ct is a recent adaptation in Colletotrichum
fungi.

SNP distribution and reproductive mode of Ct isolates.
Although the five Ct isolates originate from widely separated
geographical areas and distantly related plant hosts, they diverged
only B0.29 million years ago and the aligned fractions (493%)
of their genomes share 499% sequence identity (Fig. 1a and
Supplementary Tables 1,3 and 4). The overall frequency of
single-nucleotide polymorphisms (SNPs) between isolates was
similar (2.22–3.04 SNPs per kb) but the SNP distribution
within each genome was uneven, with alternating tracts of low
(0.22–0.32 SNPs per kb) and high (4.25–5.12 SNPs per kb) SNP
density (Fig. 1b, Supplementary Fig. 4 and Supplementary
Table 5). This peculiar SNP distribution, also visible in the
genomes of other plant-interacting fungi12,13, is consistent with
chromosome recombination events. However, the SNP density
profiles are remarkably similar between isolates and large
haplotype blocks are conserved between all (21%), four (19%),
three (18%) or two (17%) of them, with only 22% being isolate
specific (Fig. 1b,c, Supplementary Fig. 4, Supplementary Table 6
and Supplementary Note 4). These conserved SNP signatures in
the genomes of geographically distant isolates were likely
generated by rare or ancestral sexual/parasexual reproduction
and maintained by frequent clonal propagation.

Evolutionary dynamics of multigene families in Colletotrichum.
Similar numbers of protein-coding genes were predicted in
Ct0861 and Ci (B13,000; Supplementary Table 2), with 411,300
orthologous genes shared between both species. By clustering
protein-coding sequences into sets of orthologous genes using
OrthoMCL, we identified 7,297 gene families conserved across all
six analysed Colletotrichum species and 10,519 shared between
Ct0861 and Ci (Fig. 2a,b and Supplementary Note 5). Using a
maximum-likelihood approach, we also reconstructed ancestral
genomes for each Colletotrichum lineage and predicted the
number of gene families that were likely gained or lost in
each species compared with its corresponding ancestor
(Supplementary Fig. 5 and Supplementary Note 6). We found
significantly more gene families gained (1,009) than lost (198) on
the branch leading to Ct compared with other branches of the tree
(Fisher’s exact test, P¼ 3.98� 10� 136; Supplementary Fig. 5 and
Supplementary Data 1). Functional enrichment analysis among
the 1,009 gene families gained (Supplementary Fig. 5) and
the 1,486 Ct-specific gene families (Fig. 2b) revealed a
significant enrichment for genes encoding secondary metabolite
biosynthesis-related proteins in Ct (Fisher’s exact test,
P¼ 5.89� 10� 3 and 3.31� 10� 8, respectively). This result
contrasts with the very low number of secondary metabolite-
related genes detected in the genomes of other root-associated
fungal endophytes and mycorrhizal fungi14 and suggests that
either fungal secondary metabolites have roles in establishing a
beneficial endophytic interaction with host plants or in limiting
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Figure 1 | Colletotrichum evolutionary divergence dates and SNP distribution in C. tofieldiae isolates. (a) Phylogeny of Colletotrichum species inferred

from analysing 20 single-copy gene families using PhyML and r8s. Nodes 1–3 (green) are calibration points and nodes 4, 5 and 6 (red) represent estimated
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the colonization of microbial competitors inside roots. Evaluation
of the selective forces (dN/dS ratio) acting on all the protein
families in the Ct genome revealed that genes involved in
‘signal transduction mechanisms’, ‘RNA processing and
modification’ and ‘lipid transport and metabolism’ showed the
strongest evidence of adaptive evolution (false discovery rate
(FDR)o0.05, Fisher’s test). This contrasts with pathogenic
Colletotrichum species for which gene families belonging to the
categories ‘defense mechanisms’, ‘cell wall/membrane/envelope
biogenesis’ and ‘RNA processing and modification’ show the
highest dN/dS ratios (Supplementary Figs 6 and 7, Supplementary
Data 2 and Supplementary Note 7).

Genomic signatures of the pathogenic to beneficial transition.
Ct encodes large repertoires of transporters, secreted proteins,
proteases, carbohydrate-active enzymes (CAZymes) and
secondary metabolism key enzymes, very similar to Ci and
four other pathogenic Colletotrichum species (Supplementary
Figs 8–12 and Supplementary Note 8). By comparing the Ct
gene repertoires to those of five other plant-associated fungal
endophytes from both ascomycete and basidiomycete lineages,
we found no obvious common genomic signatures to indicate the
convergent evolution of an endophyte ‘toolkit’ (Supplementary
Figs 8–12). Furthermore, the convergent loss of decay mechan-
isms characteristic of ectomycorrhizal fungi15,16 is not a hallmark
shared by the non-mycorrhizal root endophytes (Supplementary
Fig. 12), suggesting that these fungi have followed different
evolutionary trajectories to acquire the ability for intimate growth
in living root tissues14,17.

Despite the overall similar secretome size of all analysed
Colletotrichum species (13.3–15.9% of the total proteome),
the proportion of genes encoding candidate secreted effector
proteins (CSEPs), which may promote fungal infection18, varied
considerably between species (6.6–15.8% of the total secretome;
Fig. 3a and Supplementary Table 7). The smaller CSEP repertoire
in Ct0861 (133 versus 189 in Ci) is largely explained by
the reduction of species-specific CSEPs (34 versus 72 in Ci;
Fig. 3a, Supplementary Fig. 13, Supplementary Table 7 and
Supplementary Data 3). As expected, calculation of dN/dS ratios
among 331 CSEP families derived from all the 10 analysed
Colletotrichum genomes indicates they are under diversifying
selection (median 0.35, interquartile range 0.21–0.49) relative to
non-CSEP families (median 0.20, interquartile range 0.07–0.33;

Fisher’s exact test, Po2.2� 10� 16; Fig. 3b). Genomes from
additional Ci isolates are now needed to determine whether there
is differential host-selective pressure on the CSEP repertoires of
endophytic Ct and pathogenic Ci that reflect their contrasting
lifestyles. Similar to other Colletotrichum species2, CSEPs in Ct
and Ci are not organized into large multigene families, possibly
due to a low frequency of duplication events in their respective
genomes (Fig. 3c,d and Supplementary Table 2).

Both Ct and Ci genomes encode a very broad range of
CAZymes, including large arsenals of pectate lyases, carbohydrate
esterases and glycoside hydrolases acting on all major plant cell
wall constituents (Fig. 4a, Supplementary Fig. 12 and
Supplementary Data 4). However, the number of predicted
carbohydrate-binding modules is inflated in Ct compared with
pathogenic Colletotrichum species, especially chitin-binding
CBM18 (48 versus 28–40) and CBM50 (57 versus 30–54)
modules (Fig. 4a, Supplementary Data 4), though few of the
corresponding Ct genes were induced in planta (Supplementary
Fig. 14). These two chitin-binding modules are similarly highly
enriched in the genomes of two other non-mycorrhizal root
symbionts19,20 (Piriformospora indica and Harpophora oryzae;
Supplementary Data 4), suggesting this is a genomic signature
common to independently evolving root-associated fungal
endophytes.

Dual RNAseq of Arabidopsis roots and fungal partners. We
report elsewhere that Ct promotes Arabidopsis growth under
phosphate-deficient (�P) but not phosphate-sufficient (þ P)
conditions and that transfer of radioactive 33P from Ct hyphae to
host plants is strictly regulated by Pi (inorganic phosphate)
availability8. To compare the transcriptional dynamics of
beneficial Ct and pathogenic Ci during colonization of
Arabidopsis roots and study the corresponding host responses,
we extensively re-analysed the previously created RNA-seq data
for the Ct-Arabidopsis interaction (6, 10, 16 and 24 days post
inoculation (d.p.i.), þP: 625 mM, � P: 50 mM; ref. 8) and
included new samples for the Ci-Arabidopsis interaction
(10 and 24 d.p.i., �P: 50mM) (Supplementary Figs 15 and 16).
After mapping Illumina reads to their respective genomes, we
obtained expression data for420,000 Arabidopsis genes, 8,613 Ci
genes and 6,693 Ct genes (Supplementary Fig. 17, Supplementary
Table 8 and Supplementary Note 9). The expression data were
validated using quantitative PCR with reverse transcription
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(RT–qPCR) with a subset of Arabidopsis and Ct genes (Supple-
mentary Fig. 18, Supplementary Table 9 and Supplementary
Note 10).

Transcriptional shutdown of pathogenicity genes in Ct. Among
the 3,885 Ct genes significantly regulated (moderated t-test,
|log2FC|Z1, FDRo0.05), only few (61) were impacted by
phosphate status (described in ref. 8) or the fungal developmental
stage in planta (845; Supplementary Data 5 and Supplementary
Fig. 19). In contrast, B80% were induced upon host contact
and particularly those encoding CAZymes, for which
a dynamic expression pattern was observed (Fig. 4b and
Supplementary Figs 19 and 20). A first wave of activation (6–16
d.p.i.) involved few plant cell wall-degrading enzymes (PCWDEs)
acting mostly on hemicellulose, while a second wave (24 d.p.i.)
involved induction of numerous PCWDEs acting on all major
wall polymers, including cellulose, hemicellulose and pectin
(Fig. 4b). Thus, at later infection stages, Ct displays significant
saprotrophic capabilities. However, genes encoding CSEPs,

secreted proteases, secondary metabolism key enzymes and
transporters showed no clear activation (Supplementary Fig. 21),
in contrast to the highly stage-specific deployment of such genes
by C. higginsianum during infection of Arabidopsis leaves2.
Surprisingly, the activation of Ct CSEPs was almost non-existent
in planta, with only 18/133 expressed during colonization, 8/133
induced in planta (log2FCZ1) and 4/133 ranking among the
1,000 most highly expressed genes (Fig. 3c). These few expressed
CSEP genes showed similar dN/dS ratios compared with CSEPs
that were silent in planta (Supplementary Data 3). The contracted
repertoire and small number of CSEPs activated in planta
suggests Ct requires extremely few effectors for host invasion and
maintenance of the beneficial relationship.

Gene deployment in planta reflects fungal lifestyles. To uncover
transcriptional adaptations associated with the evolutionary
transition from the ancestral pathogenic lifestyle to beneficial
endophytism, we compared the normalized expression levels of
6,804 Ct and Ci orthologous gene pairs that are expressed
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in planta (10, 24 d.p.i.; �P) (Supplementary Data 6). More than
twice as many gene pairs were differentially expressed at 10 d.p.i.
(621 up, 842 down) than at 24 d.p.i. (306 up, 273 down;
moderated t-test, |log2FC|Z1, FDRo0.05), suggesting that early
colonization events are critical for determining the outcome of
the interaction. GO term enrichment analysis showed that pro-
cesses related to melanin biosynthesis were significantly enriched
in Ct, consistent with the formation of melanized microsclerotia
in Ct but not Ci8 (Supplementary Table 10). We also found major
differences between Ct and Ci in the expression of gene categories
typically associated with fungal pathogenicity. In planta activation
of CSEPs was more pronounced in Ci compared with Ct, with
seven times more CSEPs highly expressed (top 1,000 expressed
genes) and three times more upregulated in planta at 10 d.p.i.

(Fig. 3c,d and Supplementary Data 5 and 7). Likewise
genes encoding CAZymes and secondary metabolism enzymes
displayed earlier and stronger transcriptional activation in planta
and broader diversity in Ci (Fig. 4b,c and Supplementary Fig. 22).
Consistent with this, we observed a reduced number of living
cells and a depletion of beta-linked polysaccharides (including
cellulose) from host cell walls in Ci-colonized roots at 10 d.p.i.,
but not in Ct-colonized roots (Supplementary Fig. 1). This finding
suggests that pathogenic Ci harvests carbon from plant cell walls
more aggressively than Ct. Thus, despite their phylogenetic
proximity and similar gene arsenals, gene deployment during
infection was strikingly different between Ct and Ci. The in planta
transcriptome of Ci resembles that of other pathogenic
Colletotrichum species2, whereas the less dynamic transcriptome
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of Ct might contribute to, or be a consequence of, the beneficial
relationship. Overall, our results suggest that the recent transition
from pathogenic to beneficial lifestyles might be partly controlled
through transcriptional downregulation of pathogenicity-related
genes in Ct.

Host responses to Ct are phosphate-status dependent. To
disentangle how Pi-starved and non-starved Arabidopsis roots
respond to Ct colonization over time, we compared Ct-colonized
and mock-inoculated roots under þP and � P conditions. In
total, 5,661 Arabidopsis genes were differentially expressed in at
least one of the 16 pair-wise comparisons (moderated t-test,
|log2FC|Z1, FDRo0.05) and grouped into 20 major gene
expression clusters (Fig. 5a and Supplementary Data 8). GO term
enrichment analysis among these clusters indicated that the
phosphate level used in our study (50 mM) was sufficient to
provoke a phosphate starvation response in Arabidopsis roots
(clusters 2 and 4; Fig. 5b). Furthermore, our analysis indicates
that ‘response to stimulus’, ‘indole glucosinolate metabolic
process’, ‘defense response’ and ‘ethylene metabolic process’ are
activated in Ct-colonized roots under þP but not �P conditions
(cluster 9) (Fig. 5b and Supplementary Data 9). In contrast, the
genes related to ‘root cell differentiation’ (cluster 8, Fig. 5b) and
phosphate uptake8 were preferentially activated in Pi-starved
Arabidopsis roots during Ct colonization, similar to mycorrhizal
symbiont–host interactions21. To identify key regulatory
genes (hub genes) that might orchestrate transcriptional

reprogramming in the contrasting directions seen in clusters 8
and 9, we checked which of these genes are often co-regulated
in other expression data sets using the ATTED-II gene co-
expression database (Fig. 5c). Among the hub genes that showed
high connectivity within cluster 8 (highlighted with black dots),
many encode proteins involved in cell wall remodelling and
root hair development. Particularly, genes encoding the root
hair-specific proteins RHS8, RHS12, RHS13, RHS15 and RHS19
(ref. 22) are upregulated (moderated t-test, |log2FC|Z1,
FDRo0.05) in Ct-colonized versus mock-treated roots under
� P conditions, which was validated by RT–qPCR (Fig. 5d and
Supplementary Fig. 18). This expression pattern suggests that
Ct-dependent remodelling of root architecture might play a key
role to enhance phosphate uptake during starvation
(Supplementary Note 9). Similarly, we identified 27 hub genes
within cluster 9 (Fig. 5c, black dots), encoding well-characterized
defense-related proteins such as the transcription factors
WRKY33 and WRKY40 (ref. 23), the ethylene-responsive
factors ERF11 and ERF13 (ref. 24), as well as MYB51 (ref. 25),
a transcription factor regulating Tryptophan (Trp)-derived indole
glucosinolate metabolism. Four other genes involved in indole
glucosinolate metabolism were also highly differentially regulated
in cluster 9, including the myrosinase PEN2 and the P450
monooxygenase CYP81F2 required for the biosynthesis of
4-methoxy-indol-3-ylmethylglucosinolate, the substrate of PEN2
myrosinase26,27 (Supplementary Data 9). The PEN2-dependent
metabolism of Trp-derived indole glucosinolates in A. thaliana is
activated upon perception of pathogen-associated molecular
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Figure 5 | Transcriptional reprogramming of Pi-starved and non-starved Arabidopsis roots in response to C. tofieldiae. (a) Transcript profiling of 5,561

Arabidopsis genes significantly regulated (moderated t-test, |log2FC|Z1, FDRo0.05) between colonized versus mock-treated roots and phosphate-starved

(� P: [50mM]) versus non-starved roots (þ P: [625 mM]) at 6, 10, 16 and 24 days post inoculation. Overrepresented (yellow to red) and underrepresented

transcripts (yellow to blue) are shown as log2 (fold changes) relative to the mean expression across all stages. Using k-means partitioning, the gene set was

split into 20 major gene expression clusters. (b) Gene Ontology term enrichment network analysis among the 10 clusters highlighted in a. Each significantly

enriched GO term (Po0.05, hypergeometric test, Bonferroni step-down correction) is represented with a circle and the contribution (%) of each cluster to

the overall GO term enrichment is represented using the same colour code as in a. As tightly connected GO terms are functionally linked, only the major

host responses outputs are indicated (dotted line). (c) For cluster 8 and cluster 9, gene relationships based on co-regulation were assessed using other

Arabidopsis expression data sets (see Supplementary Note 9). The genes within each cluster that show strong expression relationships in other expression

data sets are likely to encode key regulatory hubs. Hub genes (cluster 9: Z5 connections, *cluster 8: Z10 connections) are highlighted in black.

The corresponding characterized Arabidopsis genes are indicated below the co-expression networks. (d) Validation of the expression profiles of the hub

genes RHS19 (cluster 8) and ERF13 (cluster 9) using RT–qPCR (see Supplementary Note 10). Error bars indicate standard error (n¼ 3 biological replicates),

NA, data not available; REI, Relative Expression Index.
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patterns by receptors of the innate immune system and is needed
for broad-spectrum defence to restrict the growth of fungal
pathogens26,27. Notably, in Arabidopsis mutants that cannot
activate PEN2-mediated antifungal defense, the promotion of
plant growth by Ct is impaired, while the depletion of all Trp-
derived secondary metabolites renders Ct a pathogen on
Arabidopsis8. These findings strongly suggest that the phosphate
starvation response and Trp-derived indole glucosinolate
metabolism are interconnected to control fungal colonization of
Arabidopsis roots28. Phosphate status-dependent activation of
defense responses was also observed among the 411 expressed
Arabidopsis genes annotated as ‘chitin-responsive’
(Supplementary Fig. 23), based on GO term enrichment among
all significantly regulated genes (Supplementary Fig. 24) and this
was validated by RT–qPCR (Fig. 5d and Supplementary Fig. 18).
These data reveal a remarkable capacity of Arabidopsis roots
to prioritize different transcriptional outputs in response to Ct,
favouring either defense responses under þP conditions or root
growth and phosphate metabolism under �P conditions.

Phosphate-starved roots activate defense responses to Ci.
To clarify whether the reduced activation of defense responses
observed in Ct-colonized roots under �P conditions is not
simply due to phosphate deficiency, we compared the tran-
scriptomes of Pi-starved Arabidopsis roots in response to either Ci
or Ct at 10 d.p.i. In total, 2,009 differentially expressed genes were
identified (moderated t-test, |log2FC|Z1, FDRo0.05), including
988 genes induced in Ct-colonized roots (cluster 1) and 1,021
genes in Ci-colonized roots (cluster 2; Fig. 6a and Supplementary
Data 10). GO term enrichment analysis revealed that ion trans-
port and root cell differentiation mechanisms were activated in

Ct-colonized roots, whereas strong defense responses were
triggered in Ci-colonized roots (Fig. 6b). Thus, although
Pi-starved Arabidopsis roots remain able to mount immune
responses against pathogenic Ci, transport and root growth are
instead prioritized during interaction with beneficial Ct.

Discussion
Deciphering the genetic basis of the transition from pathogenic
to beneficial plant-fungal interactions is crucial for a better
understanding of the evolutionary history of fungal lifestyles20,29.
It was recently shown that the ectomycorrhizal lifestyle arose
independently multiple times during evolution and that the
transition was associated with (1) convergent loss of genes
encoding PCWDEs present in their saprotrophic ancestors and
(2) the repeated evolution of lineage-specific ‘toolkits’ of
mycorrhiza-induced genes15. However in striking contrast with
ectomycorrhizal fungi, this transition in Ct, P. indica and
H. oryzae was not accompanied by contraction of their
PCWDE repertoires19,20. In our study, the close phylogenetic
relatedness of beneficial Ct and pathogenic Ci, and their ability to
infect the same plant host, allowed us to resolve both genomic
and transcriptomic signatures associated with this evolutionary
transition. The overall high genomic similarity between Ct and Ci
suggests that this transition involved only subtle remodelling of
the gene repertoire (that is, a reduced set of CSEPs and expansion
of chitin-binding and secondary metabolism-related protein
families). The retention of abundant pathogenicity- or
saprotrophy-related genes implies that they are still needed by
Ct, perhaps for exploitation of other plant hosts or during plant
senescence when Arabidopsis leaves are extensively colonized by
Ct mycelium8. Our results also suggest that changes in fungal
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Figure 6 | Comparative transcriptome analysis of Arabidopsis roots in response to beneficial C. tofieldiae and pathogenic C. incanum. (a) Transcript

profiling of 2,009 Arabidopsis genes significantly regulated (moderated t-test, |log2FC|Z1, FDRo0.05) between C. incanum- versus (vs) C. tofieldiae-
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underrepresented transcripts (yellow to blue) are shown as log2 (fold changes) relative to the mean expression across all stages. E1 and E2 correspond to
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gene expression patterns during host colonization, rather than
extensive remodelling of the gene repertoire, provides an
alternative and probably transient adaptation to a beneficial
endophytic lifestyle. This may reflect the relatively recent
transition from pathogenic to non-pathogenic lifestyles in Ct
and, consequently, a latent capacity to revert to a pathogenic
lifestyle.

During the last decade, the molecular mechanisms by which
plants respond to colonization by pathogenic or mutualistic fungi
have been extensively studied30. However, it remains unclear how
plants discriminate and respond appropriately to closely related
fungal partners with different lifestyles. The sedentary nature of
plants suggests they have evolved regulatory systems to integrate
exposure to conflicting biotic and abiotic stresses and balance
their resource allocation strategically to maximize growth and
survival. A recent report showed that plant responses to multiple
stresses are not cumulative and suggested that prioritization of
stress responses does take place31. For plant–mycorrhizal
associations, an inverse correlation was observed between
phosphate levels and the number of arbuscules formed in
roots32. Although the detailed molecular mechanism remains
unclear, this suggests that the nutritional status of the plant
impacts fungal colonization efficiency. Here, we show that host
transcriptional responses to Ct are dependent on phosphate
availability, with defense responses activated or suppressed under
high- or low-phosphate conditions, respectively. The fact that
immune responses are retained in phosphate-starved roots
colonized by Ci makes it unlikely that metabolic competition
between phosphate starvation and defense response systems
attenuates defense gene activation during interactions with Ct
under P-limiting conditions. Recently, a metabolic link between
the phosphate starvation response and glucosinolate biosynthesis
was described28 and the functional relevance of this link is
supported by our observation that Ct-mediated plant growth
promotion is impaired in Arabidopsis mutants lacking regulatory
components of indole glucosinolate metabolism or the phosphate
starvation response8. Therefore, we hypothesize that connectivity
between nutrient sensing and innate immunity systems in the
host, combined with subtle genomic adaptations in Ct, has
enabled the transition from pathogenic to beneficial Arabidopsis–
Colletotrichum interactions (Supplementary Fig. 25).
Consequently, the interaction with beneficial Ct, but not with
pathogenic Ci, is tightly controlled in plant roots by trade-offs
between nutrition and defense. Whether phosphate stress-
dependent defense attenuation renders Ct-colonized plants
super-susceptible to other microbial pathogens remains to be
tested. Our results are consistent with the fact that transfer of Pi
from ramifying fungal hyphae to roots, and subsequent allocation
to shoots for plant growth, occurs only under phosphate-deficient
conditions8. Notably, where Ct naturally associates with
Arabidopsis in central Spain, the level of bioavailable phosphate
in soil at those locations is very low (5.5 to 17 p.p.m.,
Supplementary Table 11). Our findings suggest that both innate
immune responses (that is, indole glucosinolate metabolism) and
soil phosphate availability are important selective forces driving
fungal adaptation and contributing to the evolutionary transition
from parasitic to beneficial Arabidopsis–fungal associations.

Methods
Genome sequencing and assembly. C. incanum and the five C. tofiediae isolates
were grown in liquid Mathur’s medium (2.8 g glucose, 1.22 g MgSO4.7H2O,
2.72 g KH2PO4 and 2.18 g Oxoid mycological peptone in 1 l deionized water)
supplemented with 100mgml� 1 rifampicin and 125mgml� 1 streptomycin.
Genomic DNA was isolated using the DNeasy Plant Mini Kit (Qiagen) from
100mg of fungal mycelium. Library construction, quality control and DNA
sequencing for 454 GFLXþ or Illumina Hiseq sequencing were performed at the
Max Planck Genome Centre Cologne (http://mpgc.mpipz.mpg.de) using 1 mg

genomic DNA. After the preparation of genomic DNA libraries, 454 reads (557 bp
on average) and Illumina paired-end reads (100 bp) were obtained from Roche 454
FLXþ and Illumina HiSeq2500 sequencers, respectively. For the Ct0861 reference
genome, a hybrid assembly strategy was used combining 454 and Illumina data.
Unpaired 454 reads were first assembled using MIRA 4.0 (ref. 33) and filtered
MIRA-contigs (45,000 bp) were further used for scaffolding of Illumina paired
read assemblies from SPAdes 3.0 (ref. 34). The established SPAdes 3.0 pipeline was
used in ‘careful’ mode providing 454 MIRA assemblies as untrusted-contigs for
scaffolding only and a kmer scan using 21, 31, 41, 61, 75 and 81. All other
assemblies were constructed only from Illumina data using a combination of
VELVET 1.2.1 (ref. 35) and SPAdes34. Using BLASTN searches, contigs were
identified that were missing from combined SPAdes assemblies but present in
VELVET assemblies. To integrate those contigs and extend further where possible,
SPAdes was re-run as described above but in ‘trusted-contigs’ mode where trusted
contigs were provided as fasta files with absent contigs only. All the assemblies were
generated using ‘careful’ mode in SPAdes to avoid miss-pairing of contigs by
scaffolding and for further analyses, contigs o100 bp were removed. To identify
and remove potential contaminating sequences, assemblies were aligned to the
genomes of A. thaliana, H. sapiens and PhiX (sequencing spike-in control) using
MUMmer36 with default parameter settings. Contigs that aligned with more than
50% of their sequence (coverage; ‘COV’) and at least 85% sequence identity (‘IDY’)
to any of the tested contaminants were removed from the assemblies. In addition,
contigs that aligned with 75–85% identity (and 450% coverage) or with 10–50%
coverage (and 485% identity) were also removed, if the judgment of the sequence
being non-fungal was confirmed through BLASTN searches in the NCBI nr
database (with default settings). For the Ct0861 assembly, RNA-sequencing data
were used for further clean-up. Finally, assembly quality was assessed on the basis
of L50/75/90 and N50/75/90 values, percentage of error-free bases estimated with
REAPR37 (version 1.0.16, default settings) and gene space coverage estimated with
CEGMA38 (version 2.0, default settings).

Repetitive DNA analysis. We identified repetitive DNA in the genome assemblies
using either de novo or homology approaches. For de novo searches, we used PILER
and PALS39 to identify repetitive sequences and classify them into families. The
resulting libraries of consensus sequences were then used to scan the genome
sequences using RepeatMasker40 (version 4.0.3) to identify individual repetitive
elements. For homology-based searches, we used RepeatMasker using a library of
all fungal elements in the Repbase database41 (version 20140131).

Phylogeny and divergence date estimation. All phylogenetic analyses performed
in this study are described in the Supplementary Note 11. For evolutionary
divergence date estimation, clustering, protein family selection and phylogenetic
analyses were performed with scripts in the Mirlo package (https://github.com/
mthon/mirlo). The phylogeny was calibrated using the penalized-likelihood
method implemented in r8s (ref. 42) using one primary and two secondary
calibration points (Supplementary Note 11).

Short-read alignment and SNP analysis. To compare the genome sequences of
Ct isolates, Illumina short reads of the four other isolates were mapped onto the
genome assembly of Ct0861 using Bowtie2 (ref. 43) (default settings for paired-end
data). Subsequently, duplicate reads were removed using the rmdups function from
the SAMtools toolkit44 (default settings). On the basis of the mapped genome
sequencing reads, single-nucleotide polymorphisms (SNPs) were identified using
the mpileup function in SAMtools44 (version 0.1.18; with option -u) The obtained
SNP sets were filtered by applying the bcftools script vcfutils.pl varFilter
(SAMtools) with adjusted read depth settings according to the respective
sequencing read coverage to -d 80 and -D 800 for CBS495 and to -d 40 and -D 400
for CBS130, CBS127 and CBS168. The SNP locations, read coverage for each isolate
and locations of conserved regions were visualized using the Circos software
package45 (version 0.62.1). In addition, we also calculated SNP densities (SNPs per
kb) relative to Ct0861 for each isolate as a function of the genomic location on all
Ct0861 contigs larger than 50 kb, using a 10-kb sliding window that moved 1 kb at
each step. For visualization of the SNP densities, these windows were sorted in the
increasing order by contig number and position on the contig. To identify windows
with a low SNP density, that is, a common haplogroup, between isolates we
classified the SNP density in each window as either ‘low’ or ‘high’ using a two-state
hidden Markov model (HMM). This HMM was created and fitted on the observed
10 kb SNP densities by the expectation-maximization algorithm using functions
‘depmix’ and ‘fit’ (R package depmixS4), and subsequently the posterior state
sequence (with states ‘low’ and ‘high’), computed via the Viterbi algorithm, was
extracted with function ‘posterior’ (R package depmixS4).

Gene annotation. The prediction of Ct and Ci gene models was performed using
the MAKER pipeline46 (version 2.28) , which integrates different ab initio gene
prediction tools together with evidence from EST and protein alignments. In a first
step, for each genome, the pipeline was run using Augustus47 (with species model
Fusarium graminearum) and GeneMark-ES48 for ab initio gene prediction together
with transcript and protein alignment evidence. The resulting gene models from
this first run were used as training set for a third ab initio prediction tool, SNAP49,
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and subsequently the annotation pipeline was re-run, this time including all three
ab initio prediction tools together with the transcript and protein alignment
evidence to yield the final gene models. The alignment evidence was created from
BLAST and Exonerate50 alignments of both protein and transcript sequences of
each respective fungus (Ct/Ci) and protein sequences of C. higginsianum and
C. graminicola. Ct (isolate 0861) and Ci transcript and protein sequences were
obtained from the corresponding RNA-seq data via a transcriptome de novo
assembly. For this purpose, we extracted all RNA-seq read pairs that did not align
to the host plant genome from four (Ct) to nine (Ci) in planta samples and
combined these with the read pairs from one in vitro sample of the respective
fungus. The combined RNA-seq reads were then used as input for Trinity51

(with default parameter settings for paired-end reads) to assemble transcripts
and extract peptide sequences of the best-scoring ORFs (using the Perl script
‘transcripts_to_best_scoring_ORFs.pl’ provided with the Trinity software). General
functional annotations for the predicted gene models were obtained using
Blast2GO (ref. 52). To perform Blast2GO searches and ensure stable databases over
time for multiple genome annotations, the NCBI nr database was downloaded
locally (version: 8 January 2015). In addition, a local b2gdb mysql database was
generated (version 201402) and connected to the Blast2GO java tool. For each
genome annotation, BLASTP was performed against the local NCBI nr database
(� e 1E� 3, -v 10 � b 10) and tabular BLAST output was loaded into Blast2GO
using graphical java interface. Further analyses were performed according to the
Blast2GO user manual.

MCL analysis. Gene families and clusters of orthologous genes were inferred using
OrthoMCL53 (version 2.0) with standard parameters and granularity 1.5 for the
MCL clustering step. Functional enrichment and overrepresentation analyses were
performed using a Fisher’s exact test, adjusting for FDR. For each gene family
inferred with orthoMCL, a multiple sequence alignment of the protein sequences
was obtained using Clustal Omega54 and an HMM model was generated with the
hhmake program of the HHSuite toolkit55. Sequences from the fungal database
fuNOG56 were similarly aligned and HMM models generated. To annotate whole
gene families, the hhsearch program was used to obtain matches between the gene
family and the fuNOG HMMs and only hits with a probability equal to or higher
than 0.99 were considered. To annotate whole gene families, the hhsearch program
was used to obtain matches between the gene family and the fuNOG HMMs and
only hits with a probability Z0.99 were considered.

Ancestral genome reconstruction. Gene families inferred with OrthoMCL
were used to reconstruct the ancestral genomes of each Colletotrichum lineage.
GLOOME57 (maximum-likelihood approach) was used to infer ancestral gene
gains and losses (GGLs) and to reconstruct the ancestral GGLs of gene families on
the species tree of Ct0861 and the other five genomes available for this genus.
Evolution of the GGLs along the branches of a phylogenetic tree was modelled as a
continuous time Markov process using a binary character alphabet corresponding
to gene family presence or absence. Default parameters were used, corresponding
to a mixture model that allows varying GGL rates across gene families. We
approximated the total number of gene families that were gained or lost on a
branch by summing up the individual posterior probabilities for each gene family
to be gained or lost on that branch and rounding this number to the closest integer.
The number of genes either gained or lost (annotated with one specific category)
was compared with the respective numbers detected for all other branches of the
tree. The significance was assessed using Fisher’s exact test and FDR corrected.

dN/dS analysis. A multiple-sequence alignment (MSA) of orthologous groups of
coding sequences (CDSs) was created with Clearcut58. Based on the MSA and
the CDSs, a codon alignment was constructed for each protein family with pal2nal
(ref. 59; version 14) using default parameters. Because of the data set size and the
shorter runtime of neighbour joining algorithms compared with maximum-
likelihood methods, Clearcut, a relaxed neighbour joining algorithm58, was chosen
for reconstructing phylogenetic trees from the MSA of each protein family with
slightly modified additive pairwise distances whereby gaps are not counted as
mismatches. Gaps in this alignment were mostly of technical origin due to the
alignment of short contigs to longer reference sequences. Using an in-house tool
(phylorecon), CDSs and amino acid sequences were reconstructed for the internal
nodes of each phylogenetic tree using maximum parsimony as a criterion60,
and the synonymous and non-synonymous substitution rates per site were
inferred with correction for multiple substitutions. The average dN/dS ratio was
calculated for each protein family and a one-sided Fisher’s test (FDR corrected)
was performed to identify protein families with a significant enrichment of
synonymous mutations per synonymous site versus non-synonymous mutations
per non-synonymous site.

Annotation of specific gene categories. Secretomes of all species were predicted
using WoLF-PSORT61 with default settings. Colletotrichum CSEPs were defined as
extracellular proteins with no significant BLAST homology (E-value o1� 10� 3)
to sequences outside the genus Colletotrichum in the UniProt database (SwissProt
and TrEMBL components). To identify secreted proteases, sequences of predicted
extracellular proteins were subjected to a MEROPS Batch BLAST analysis62.

Membrane transporters were identified and classified through BLAST searches
against the Transporter Collection Database (http://www.tcdb.org/). To predict the
repertoire of carbohydrate-active enzymes encoded by Colletotrichum species,
we scanned their genomes using the CAZy annotation pipeline63 (http://
www.cazy.org). For annotating genes encoding secondary metabolism key enzymes
in Colletotrichum species, we used an in-house bioinformatics pipeline that was
developed as described in Supplementary Note 12.

RNA sequencing. The RNA-seq samples presented in Hiruma et al.8 and the new
samples presented here were prepared as follows. Fungal cultures were maintained
on Mathur’s agar medium at 25�C, and conidia were harvested from 7- to
10-day-old cultures. For sample preparation, Arabidopsis Col-0 seeds were surface
sterilized in 70% ethanol and subsequently in 2% hypochlorous acid (v/v)
containing 0.05% (v/v) Triton. We inoculated A. thaliana Col-0 seeds with spores
(5� 104 sporesml� 1) of Ct 0861 or Ci and transferred the inoculated seeds onto
solid half-strength Murashige and Skoog medium (pH¼ 5.1) either in normal
[625 mM] or low phosphate [50mM] conditions. For each biological replicate
(n¼ 3), the entire root system of at least 10 plants was collected at time intervals (6,
10, 16 or 24 d.p.i.) and pooled before RNA extraction. In addition, we grew Ct and
Ci in liquid Mathur’s medium (in vitro samples) for 2 days at 24 �C with shaking at
50 r.p.m. and collected the hyphae by filtration. Total RNA was purified with the
NucleoSpin RNA plant kit (Macherey-Nagel) according to the manufacturer’s
protocol. RNA-seq libraries were prepared from an input of 1 mg total RNA using
the Illumina TruSeq stranded RNA sample preparation kit. Libraries were
subjected to paired-end sequencing (100 bp reads) using the Illumina HiSeq2500
Sequencing System. To make sure the sequenced reads were of sufficiently high
quality, an initial quality check was performed using the FastQC suite (http://
www.bioinformatics.babraham.ac.uk/projects/fastqc/). Subsequently, the RNA-seq
reads were mapped to the assembled and annotated genomes of either Ct 0861 or
Ci, and in parallel to the annotated genome of the host plant A. thaliana (TAIR10)
using Tophat2 (ref. 64; a¼ 10, g¼ 10, r¼ 100, mate-std-dev¼ 40). The mapped
RNA-seq reads were then transformed into a fragment count per gene per sample
using the htseq-count script (s¼ reverse, t¼ exon) in the package HTSeq65. The
complete RNA-Seq data presented by Hiruma et al.8 and in this manuscript have
been deposited under the GEO series accession number GSE70094.

Statistical analysis of differential gene expression. All statistical analyses of
plant and fungal gene expression were performed in R (codes are available upon
request). For the analyses of plant gene expression, genes with less than 100
mapped fragments in total (that is, across all the analysed samples) were rated as
‘not expressed’ and therefore excluded. For analyses of fungal gene expression, we
excluded genes that were not sufficiently expressed in the in planta samples, that is,
genes with less than 100 (Ct, 24 samples) or less than 50 (Ci, 6 samples) mapped
fragments across all the analysed samples. Subsequently, the count data for all
expressed genes was TMM-normalized and log-transformed using the functions
‘calcNormFactors’ (R package EdgeR66) and ‘voom’ (R package limma67) to yield
log2 counts per million (log2cpm). To analyse the aspects of differential gene
expression in Ct0861, Ci and their host plant Arabidopsis, we fitted for each
analysis a distinct linear model to the respective log2-transformed count data using
the function lmFit (R package limma67) and subsequently performed moderated
t-tests for specific comparisons of interest. Resulting P values were adjusted for
false discoveries due to multiple hypotheses testing via the Benjamini–Hochberg
procedure (FDR). To extract genes with significant expression differences, a cutoff
of FDRo0.05 and |log2FC|Z1 was applied. Heatmaps of gene expression profiles
were generated with the Genesis expression analysis package68 and interactive Tree
Of Life69 was used to visualize CSEP gene expression data. To derive Arabidopsis,
Ct and Ci gene expression profiles during the time-course experiment, log2
expression ratios were calculated between the normalized number of reads detected
for a given gene at a given developmental stage and the geometrical mean of the
number of reads calculated across all developmental stages. This log2 ratio is
referred as the ‘Relative Expression Index’. The Cytoscape plug-in
ClueGOþCluePedia70 was used to construct GO term enrichment networks and
to visualize functionally grouped terms among significantly regulated genes.
Significant enrichments were determined using the hypergeometric test and
Bonferroni step-down corrected P values are represented. Co-regulated genes that
were also co-expressed in other Arabidopsis expression data sets were identified
using ATTED-II (http://atted.jp/) and co-expression networks were generated
using Cytoscape71 (version 3.1.1).

RT–qPCR analysis. First-strand cDNA was synthesized from 1 mg DNase-treated
total RNA using the iScript cDNA synthesis kit (Bio-Rad) and PCR amplification
was performed using the iQ5 real-time PCR detection system (Bio-Rad). For each
gene, specific primers were designed with the Primer 3 and AmplifX programs.
BLASTN searches against the Ct and A. thaliana genomes were
performed to rule out cross-annealing artefacts. Gene expression levels were
normalized using the reference gene actin (ACT2, AT3G18780) for A. thaliana
and the reference gene tubulin beta-1 chain (CT04_12898) for Ct. These genes were
used to normalize gene expression levels using the Pfaffl calculation method72.
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Microscopy methods. For cytology experiments, surface-sterilized A. thaliana
Col-0 seeds were inoculated with either Ct or Ci conidia (5� 104 sporesml� 1).
The seeds were then transferred to half-strength Murashige and Skoog agarose
medium without sucrose and low-phosphate content (50 mM). Inoculated plants
were grown at 22 �C with a 10-h photoperiod (80mEm� 2 s� 1) for 1 to 24 days.
The roots were either mounted in water for viewing GFP or first stained with
Calcofluor white (0.01 %, Sigma) or fluorescein diacetate (10 mgml� 1, Sigma). For
visualizing GFP and FDA fluorescence, we used an Olympus FV1000 confocal
microscope equipped with dry � 20 and � 40 objectives, using the
488-nm line of an Argon laser for excitation and fluorescence was collected at
490–520 nm. For imaging Calcofluor fluorescence, we used a Zeiss Axiophot
epifluorescence microscope (filter set BP 365, FT 395, LP 397).
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5. Götz, M. et al. Fungal endophytes in potato roots studied by traditional
isolation and cultivation-independent DNA-based methods. FEMS Microbiol.
Ecol. 58, 404–413 (2006).

6. Keim, J., Mishra, B., Sharma, R., Ploch, S. & Thines, M. Root-associated fungi of
Arabidopsis thaliana and Microthlaspi perfoliatum. Fungal Divers. 66, 99–111
(2014).

7. Gan, P. et al. Comparative genomic and transcriptomic analyses reveal the
hemibiotrophic stage shift of Colletotrichum fungi. New Phytol. 197, 1236–1249
(2012).

8. Hiruma, K. et al. Root endophyte Colletotrichum tofieldiae confers plant fitness
benefits that are phosphate status-dependent. Cell 165, 1–11 (2016).

9. Delaux, P. M. et al. Comparative phylogenomics uncovers the impact of
symbiotic associations on host genome evolution. PLoS Genet. 10, e1004487
(2014).
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Root microbiota dynamics of perennial Arabis alpina
are dependent on soil residence time but
independent of flowering time
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Recent field and laboratory experiments with perennial Boechera stricta and annual Arabidopsis
thaliana suggest that the root microbiota influences flowering time. Here we examined in long-term
time-course experiments the bacterial root microbiota of the arctic-alpine perennial Arabis alpina in
natural and controlled environments by 16S rRNA gene profiling. We identified soil type and
residence time of plants in soil as major determinants explaining up to 15% of root microbiota
variation, whereas environmental conditions and host genotype explain maximally 11% of variation.
When grown in the same soil, the root microbiota composition of perennial A. alpina is largely similar
to those of its annual relatives A. thaliana and Cardamine hirsuta. Non-flowering wild-type A. alpina
and flowering pep1 mutant plants assemble an essentially indistinguishable root microbiota, thereby
uncoupling flowering time from plant residence time-dependent microbiota changes. This reveals the
robustness of the root microbiota against the onset and perpetual flowering of A. alpina. Together
with previous studies, this implies a model in which parts of the root microbiota modulate flowering
time, whereas, after microbiota acquisition during vegetative growth, the established root-associated
bacterial assemblage is structurally robust to perturbations caused by flowering and drastic changes
in plant stature.
The ISME Journal advance online publication, 2 August 2016; doi:10.1038/ismej.2016.109

Introduction

Plants host taxonomically structured bacterial con-
sortia on and inside roots and leaves, designated the
root and leaf microbiota (Vorholt, 2012; Bulgarelli
et al., 2013; Hacquard et al., 2015). The start
inoculum of the leaf-associated microbiota is derived
from multiple sources, likely involving bacteria
transmitted by aerosols, insects or soil particles
(Vorholt, 2012; Bodenhausen et al., 2013; Maignien
et al., 2014; Bai et al., 2015). Conversely, root-
associated bacterial consortia are mostly derived
from the bacterial soil biome surrounding roots and
establish rapidly. For example, a stable taxonomic
structure in rice roots developed within 14 days after

seed germination (Edwards et al., 2015). Soil
represents the most diverse ecosystem on earth
with an exceptionally high bacterial species diver-
sity that varies greatly between different soil types
(Fierer and Jackson, 2006; Lauber et al., 2009).
Numerous studies employing next generation
sequencing technologies have shown that soil type
is a major determinant of root microbiota composi-
tion, most likely reflecting the different bacterial
start inocula present in each soil type (Bulgarelli
et al., 2012; Lundberg et al., 2012; Peiffer et al.,
2013; Schlaeppi et al., 2014; Edwards et al., 2015).
Despite significant variation in microbiota compo-
sition at low taxonomic ranks, for example, genus-
or species-level, a recent direct comparison of
the root microbiota of eight flowering plant
species, including monocots and dicots, revealed
a co-occurrence of three main bacterial phyla
comprising Actinobacteria, Bacteroidetes and
Proteobacteria (Hacquard et al., 2015). This finding
suggests that the root microbiota and its overall
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taxonomic structure is a conserved plant trait
across flowering plants.

An unresolved question in microbiota research
is whether plant-associated bacterial assemblages
contribute to the plasticity of complex plant traits.
For example, field experiments with perennial
Boechera stricta and laboratory experiments with
annual A. thaliana have indicated that the bacterial
root microbiota modulates flowering time (Wagner
et al., 2014; Panke-Buisse et al., 2015). Conversely,
root-associated bacterial consortia of A. thaliana
appear to be affected by plant development stages
and metatranscriptome studies revealed bacterial
transcripts induced at bolting and flowering stages
(Chaparro et al., 2014).

Plant growth in the arctic-alpine environment
requires an adaptation to a range of abiotic stresses,
including water limitation, extreme temperature
shifts and low nutrient availability (Billings and
Mooney, 1968; Chapin, 1983; Chapin and Shaver,
1989; Margesin and Miteva, 2011). Root-associated
bacterial members from three arctic-alpine plant
species (Oxyria digyna, Diapensia lapponica and
Juncus trifidus) appear to be enriched for potent
microbial solubilizers of mineral phosphorus, a
common but plant-inaccessible source of phos-
phorus in arctic-alpine environments (Nissinen
et al., 2012). This suggests the potential importance
of microbiota members for plant growth and health
in arctic-alpine environments (Richardson et al.,
2009). Perennial Arabis alpina is an arctic-alpine
plant closely related to the annual Arabidopsis
thaliana, which allows comparative studies of
inter-species trait diversification such as flowering
time (Beilstein et al., 2010; Wang et al., 2009). For
example, the orthologue of the A. thaliana gene
FLOWERING LOCUS C (FLC) that inhibits flowering
until A. thaliana is exposed to winter temperature,
was shown to be A. alpina PEP1 (PERPETUAL
FLOWERING 1), which limits flowering duration
(Wang et al., 2009). Perpetual flowering is character-
istic for A. alpina pep1 mutant plants, resulting in a
drastic difference in plant stature due to the presence
of reproductive shoots compared with wild-type
(WT) plants (Wang et al., 2009). Extensive allelic
variation at PEP1 also exists in natural populations,
including loss of PEP1 function alleles (Albani et al.,
2012). The adaptation of A. alpina to arctic-alpine
environments, its perennial nature, the availability of
genetic lines, as well as the close evolutionary
relationship to A. thaliana make this plant species
a suitable model to investigate the interplay of
determinants for root microbiota composition and
diversification.

Here we characterized A. alpina root-associated
bacterial communities using several experimental
approaches. We employed culture-independent com-
munity profiling by 16S rRNA gene sequencing to
assess bacterial community composition of A. alpina
plants grown in their natural habitat compared with
plants grown under controlled environmental

conditions in native or non-native soils (‘soil type
and environment’ experiment). We then investigated
potential changes of the A. alpina root microbiota at
two developmental stages (flowering vs vegetative)
during an extended residence time of WT and pep1
mutant plants in soil (‘time-course’ experiment).
Finally, we examined the diversification of the A.
alpina bacterial microbiota by comparison with root
microbial communities collected from two other
Brassicaceae species, A. thaliana and Cardamine
hirsuta (‘diversification’ experiment).

Materials and methods

Soil types used and plant material
French soil was harvested in fall 2012 (‘FS Fall-12’)
at the Col du Galibier, France (45.061 N/6.402 E).
Similar to earlier work (Bulgarelli et al., 2012),
Cologne soil batches were collected in fall 2010, in
spring 2013 and in fall 2013 (termed ‘CS Fall-10’, ‘CS
Spring-13’ and ‘CS Fall-13’) at the Max Planck
Institute for Plant Breeding Research in Cologne,
Germany (50.958 N/6.856 E). Geochemical charac-
terization of soil types was carried out by the 'Labor
für Boden- und Umweltanalytik' (Eric Schweizer AG,
Thun, Switzerland).

Three Brassicaceae plant species were investigated
during this study. Experiments with A. alpina were
conducted using the Spanish reference ecotype
Pajares (Paj), the two French ecotypes F1-Gal5 and
Gal60, as well as the mutant line pep1 (Paj back-
ground; Wang et al., 2009). A. alpina Gal60 was
harvested during the course of this study at the
Col du Galibier, France. In addition, A. thaliana
(ecotype Columbia, Col-0) and C. hirsuta (ecotype
Oxford, Ox) were investigated.

Plant growth
We characterized A. alpina root-associated bacterial
communities using three sets of experiments
(Table 1, Supplementary Figure S1). First, for the
‘soil type and environment’ experiment, individual
flowering A. alpina plants of unknown age were
excavated (designated Gal60) from their native
habitat at the Col du Galibier (France) in fall 2012
to evaluate their natural root microbial communities
(Figure 1a). To evaluate the effect of environmental
factors on community assembly, we also collected
soil from this site and transported it to Cologne
to compare microbial communities from A. alpina
Gal60 grown its native French soil in the natural
environment with controlled environmental condi-
tions in the greenhouse. To investigate possible host
genotype-dependent effects on microbiota composi-
tion, we grew Gal60 alongside with a French
genotype from a nearby location (Gal5) and a
Spanish reference genotype (Paj) in the French soil
in the greenhouse for 3 months. During harvest,
Gal60 and Paj resided in the vegetative growth stage,
while Gal5 plants started to flower (Figure 1b). Apart
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from their geographic origin, the three genotypes
differ from each other in that the genotype Paj
requires a vernalization treatment to flower, while
Gal5 and Gal60 do not. In an additional subset of
this experimental setup, we planted the A. alpina
genotype Paj not only in French but also Cologne
soil to study the effect of soil type on community
composition. For the ‘soil type and environment’
experiment conducted in the greenhouse, A. alpina
seeds were surface-sterilized, sown onto the
respective soil type, stratified for 4 days and a
single plant per pot (at least four to five individuals
per genotype) was grown for 3 months until
harvest. In a second experimental setup, denoted
‘time course’ experiment, individual A. alpina Paj
plants were grown in two batches of Cologne soil,
that is, two full factorial biological replicates, under
controlled environmental conditions and harvested
after 6, 12 and 28 weeks. Finally, in the ‘diversifi-
cation’ experiment, A. alpina (Paj), C. hirsuta
(Oxford) and A. thaliana (Col-0) plants (four plants
per pot) were grown in three batches of Cologne
soil, that is, three full factorial biological replicates,
under controlled environmental conditions for
6 weeks until harvest.

16S rRNA gene sample preparation, sequencing and
analysis
We collected soil, rhizosphere and root compart-
ments and prepared a DNA template for further
processing using established protocols (Schlaeppi
et al., 2014). Briefly, amplicon libraries were pre-
pared using the primers 799F (Chelius and Triplett,
2001) and 1193R (Bodenhausen et al., 2013).
Sequencing of samples with 454 pyrosequencing
(Branford, CT, USA; ‘diversification’ experiment)
was conducted as previously described (Schlaeppi
et al., 2014), while the majority of the samples (‘soil
type and environment’ and ‘time course’ experiment)
were sequenced using Illumina (MiSeq) paired-end
sequencing (San Diego, CA, USA; using a slightly
modified PCR-amplification protocol, but targeting
the same 16S rRNA gene region, see Supplementary
Notes for details). We prepared a total of 201 DNA
samples for sequencing: 59, 106 and 36 samples
belonging to the ‘soil type and environment’, ‘time
course’ and ‘diversification’ experiment, respec-
tively. In addition, 11 samples of the ‘diversification’
experiment sequenced by the 454 technology, were
re-sequenced using the Illumina protocol to investi-
gate potential methodological biases (Table 1,

Figure 1 Growth phenotype of A. alpina in a natural French habitat and under controlled environmental conditions. (a) Natural habitat
of A. alpina in the French Alps. (b) Growth morphology of different A. alpina accessions in a French soil (FS) in its native habitat in
the French Alps, in FS under controlled environmental conditions and Cologne soil (CS) under controlled environmental conditions.
Gal60, French A. alpina accession collected in its natural habitat in the French Alps, Col du Galibier; Gal5, French A. alpina accession;
Paj, Spanish A. alpina accession.
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N Dombrowski et al

4

The ISME Journal



Supplementary Figure S1). The bioinformatic analy-
sis of sequence reads included de-multiplexing of
samples using the QIIME software package
(Caporaso et al., 2010) and determination of opera-
tional taxonomic units (OTUs) on the three con-
catenated datasets using the UPARSE pipeline
(Edgar, 2013). Afterwards, OTU tables were sepa-
rated and investigated independently based on the
three experimental setups (if not stated otherwise)
and closer investigated by employing Principal
Coordinate Analysis (PCoA) analyses and estab-
lished linear model statistics using analysis of
variance (ANOVA) and Bayesian model-based mod-
erated t-tests to calculate differentially enriched
OTUs (Bulgarelli et al., 2012, 2015).

Data deposition
Raw sequencing data were deposited in the
NCBI Short Read Archive (SRA), BioProjectID
PRJNA317760, accession number SRP073035. The
reference numbers for the original raw sequencing
data are SRR3350817 (L1151), SRR3351958 (L1264),
SRR3353796 (L1291), L35 (SRR3355061), L905
(SRR3355062) and L1118 (SRR3355063). Custom R
scripts can be found at http://www.mpipz.mpg.de/
R_scripts. This provides a downloadable folder
including the used R script, input data files and
custom R-packages that were separated for the
individual parts of the analysis.

Results

Marked bacterial community shifts in both A. alpina
rhizosphere and root compartments
Plants were grown in microbe-containing soils and
root, rhizosphere and soil compartments sampled as
described previously (Figure 1; Bulgarelli et al.,
2012; Schlaeppi et al., 2014). Briefly, the ‘soil
compartment’ refers to soil collected from unplanted
pots and the ‘rhizosphere compartment’ defines soil
particles tightly adhering to roots that were collected
by two washing steps. Washed roots were addition-
ally sonicated to deplete bacterial epiphytes and
enrich for root-inhabiting bacteria, designated ‘root
compartment’. Bacterial community profiles for each
compartment were generated by PCR amplification
of the 16S rRNA gene by targeting region V5-V7
using PCR primers 799F (Chelius and Triplett, 2001)
and 1193R (Bodenhausen et al., 2013) followed
by 454 or Illumina sequencing (Table 1 and
Supplementary Information). We generated a total
of 10 138 758 high-quality sequences from 201
samples (average of 50 342 and 2804-155 004
sequences per sample, individual read counts
supplied in Supplementary Data S1). In addition,
11 samples of the ‘diversification’ experiment that
were sequenced with 454 were re-sequenced using
the Illumina methodology and protocol, to estimate a
potential methodological bias (533 801 total reads,
Table 1, Supplementary Figure S1). The separation

pattern between compartments was consistent
between 454 and Illumina methodologies
(Supplementary Figure S2) and we did not detect
marked differences in taxonomic assignments
(Supplementary Figure S3, see Supplementary
Notes for details). This shows that the two sequen-
cing technologies produce comparable results.
For the 201 samples included in the main analysis
of this study, we defined 8969 OTUs (⩾ 97%
sequence similarity of 16S rRNA gene sequences),
all belonging to the kingdom Bacteria. Across
experiments, the tested compartment (soil, rhizo-
sphere or root) explained 18–36% of community
variation among samples (Figure 2a, Table 2).
At phylum rank, unplanted soil communities were
dominated with decreasing relative abundance by
Proteobacteria, Actinobacteria and Gemmatimona-
detes (Supplementary Figures S4–S7). In comparison
to unplanted soil, root microbial communities
displayed a significantly reduced alpha-diversity
(Supplementary Figure S8, Supplementary Table S1)
and were mainly inhabited by Proteobacteria, Acti-
nobacteria and Bacteroidetes in all soil types tested.
This co-occurrence of three bacterial phyla corre-
sponds well with a recent assessment of the root
microbiota of eight flowering plant species
(Hacquard et al., 2015). Taken together, the tested
compartments had a pronounced effect on commu-
nity structure, with the rhizosphere community
displaying an alpha-diversity that is comparable
to unplanted soil, whereas its taxonomic composi-
tion shared features with the soil and the highly
distinctive root microbiota (Figure 2a, Supplementary
Figures S4–S8).

The A. alpina root microbiota is dependent on soil type
but exhibits a converging taxonomic structure
We analyzed the 59 samples from the ‘soil type and
environment’ experiments separately, enabling us to
dissect the relative contribution of the factors soil
type, environment and host genotype on bacterial
community composition (Table 1). We compared the
taxonomic composition of bacterial assemblages in
root and rhizosphere compartments with the soil
biome of the A. alpina accession Gal60 in its native
arctic-alpine environment at the Col du Galibier
(France, Figure 1a). In addition, the Gal60 accession
was grown in the same native soil, but under
controlled environmental conditions, together with
the accessions Gal5 and Paj that are derived from a
different site at the Col du Galibier and the Cordillera
Cantábrica in Spain, respectively. In a further subset
of this experiment, the accession Paj was grown
under controlled environmental conditions in
Cologne soil (Figure 1b, Supplementary Tables S3
and S4).

To quantify the contribution of individual factors
to the observed variation in community profiles,
we used Bray–Curtis (accounting for OTU abun-
dances but not phylogenetic distances), unweighted
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(accounting for phylogenetic distances but not
abundances) and weighted (accounting for OTU
abundances and phylogenetic distances) UniFrac
distance metrics as β-diversity (between-sample
diversity) estimates (Lozupone and Knight, 2005).
A constrained Canonical Analysis of Principal
coordinates (CAP), followed by a permutation-
based ANOVA (PERMANOVA, Table 2, Figure 2c,

Supplementary Figure S9) revealed that the factor
soil type explained 11–15% of the observed varia-
tion, followed by environment (8–11%) and host
genotype (5–12%). Both soil type and environment
significantly influenced community composi-
tion, and we found no significant interaction
between the soil type and environment variables
(Supplementary Figure S9a). Notably, host genotype

Figure 2 Bacterial community shifts in A. alpina rhizosphere and root compartments. (a) Unconstrained ordination revealing that most
of the variation among all 201 samples from the 3 experimental setups is explained by the factor compartment (first principal coordinate
axis) and soil type (second principal coordinate axis) based on the Bray–Curtis distance metric. (b) Ternary plot depicting the number of
OTUs enriched in the soil, rhizosphere and root compartments of the 59 samples of the ‘soil type and environment’ experiment (SoilOTUs
(black), RhizoOTUs (brown), RootOTUs (green), respectively). Each circle depicts one individual OTU. The size of the circle reflects the
relative abundance (RA). The position of each circle is determined by the contribution of the indicated compartments to the RA. Number
in brackets: Enriched OTUs based on a Bayes moderated t-test; Po0.05 (FDR-corrected). (c) Constrained principal coordinates analysis on
the genotypes Paj, Gal60 and Gal5 grown in the French Soil in the greenhouse using the Bray–Curtis dissimilarity and constraining by host
genotype. In each case, the percentage of variation explained by each axis refers to the fraction of the total variance of the data explained
by the constrained factor. CS-C, Cologne soil grown under controlled environmental conditions' FS-C, French soil grown under controlled
environmental conditions; FS-N, French soil grown under native environmental conditions.
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affected community composition with a higher
significance using weighted compared with
unweighted UniFrac, suggesting that host genotype
preferentially acts on abundant community mem-
bers. At the time of harvest, the accession Gal5 was
flowering while Gal60 and Paj resided in the
vegetative stage (Figure 1b). Because only Paj
requires a vernalization treatment to flower (Gal5
and Gal60 do not), the differences in developmental
stages could potentially confound the observed host
genotype-dependent effects (see below). In addition,
the three genotypes were only grown in one soil
type; therefore, we cannot make conclusions on
potential environment-specific adaptations of indi-
vidual genotypes. The impact of soil type on
community profiles was apparent at the highest
taxonomic rank. For example, differential enrich-
ments of the phyla Actinobacteria and Firmicutes
were found in French and Cologne soils
(Supplementary Table S5 and Supplementary
Figure S4). In addition, soil type-dependent differ-
ences of the bacterial soil biome at phylum rank
converged progressively towards more soil type-
independent community profiles in rhizosphere and
root compartments (Supplementary Table S5), indi-
cating that roots provide a niche for the assembly of a
stable bacterial consortium despite contrasting soil
types and environments.

Next, we quantified the number of OTUs that were
enriched in a compartment across soil types
and environments (Supplementary Information;
Bulgarelli et al., 2012). We refer to OTUs

significantly enriched in soil, rhizosphere and root
compartments as SoilOTUs, RhizoOTUs and RootO-
TUs, respectively. Of a total of 1676 OTUs, the
compartment-enriched OTUs gradually declined
from 713 SoilOTUs to 365 RhizoOTUs and 135
RootOTUs, with the remaining 463 OTUs being
shared among compartments (Figure 2b). Of the
RootOTUs, ~ 30% were shared across all tested soil
types and environmental conditions (Supplementary
Figure S10). Taken together, this analysis shows
that A. alpina roots accommodate a taxonomically
congruent bacterial community in contrasting
environments and produce a marked rhizosphere
effect, as evidenced by the identification of 365
RhizoOTUs.

The A. alpina root microbiota is dependent on soil
residence time and independent of flowering time
To evaluate potential changes of A. alpina root- and
rhizosphere-associated microbiota composition over
time, A. alpina samples were collected at 6, 12 and
28 weeks after sowing in Cologne soil under
controlled environmental conditions (Table 1,
Supplementary Information). In the context of this
‘time-course’ experiment we also investigated
whether host developmental stage (non-flowering
and flowering) affects bacterial community structure.
We planted the WT A. alpina accession Paj together
with the perpetually flowering mutant pep1 (Wang
et al., 2009). This mutant started to flower after

Table 2 Determining drivers of bacterial community assembly using CAP

Constrained factor Bray–Curtis Weighted Unifrac Unweighted Unifrac

% P-value CI % P-value CI % P-value CI

Soil type+environment Compartmenta 31 *** 21, 48 33 *** 20, 52 36 *** 23, 64
Environmenta 11 *** 8, 16 8.2 *** 5, 13 9.8 *** 7, 14
Compartmentb 25 *** 15, 47 24 *** 13, 46 37 *** 19, 78
Genotypeb 9.1 *** 7.3, 11 12 *** 8.5, 16 4.8 * 4.2, 5.5
Compartmentc 31 *** 20, 50 39 *** 22, 67 33 *** 21, 53
Soil typec 15 *** 9, 26 11 *** 6, 20 15 *** 10, 25

Time course Compartment 19 *** 14, 27 25 *** 17, 39 18 *** 14, 26
Time point 9.9 *** 7.8, 13 12 *** 8.5, 18 6.6 *** 5.7, 7.8
Soil batch 6.6 *** 4.9, 9.1 5.3 *** 3.6, 8 8.4 *** 6.6, 11
Flowering stage 1.5 NS 1.2, 1.9 1.3 NS 1.0, 1.9 1.8 * 1.3, 2.5
Mutant background 0.6 NS 0.4, 0.8 0.8 NS 0.5, 1.2 0.7 NS 0.5, 1.1

Diversification Compartment 21 *** 12, 37 26 *** 12, 51 18 *** 12, 31
Soil batch 19 *** 14, 28 20 *** 12, 32 18 *** 14, 24
Plant species 10 *** 8, 14 10 *** 7, 15 7.3 *** 6, 9

Abbreviations: CAP, constrained analysis of principal coordinates; CI, confidence interval; NS, non-significant; PERMANOVA, permutation-based
analysis of variance.
Variation (in %) between samples in the ‘soil type and environment’, ‘time course’ and ‘diversification’ experiments based on Bray–Curtis,
weighted and unweighted UniFrac distances, constraining for the indicated factors. P-value based on PERMANOVA (999 permutations). *Po0.05,
**Po0.01, ***Po0.001. Samples were analyzed separately according to the three different experimental setups as stated in Table 1. In addition,
the ‘soil type and environment’ samples were separated as follows:
aGal60 grown at the natural site and the greenhouse.
bGal60, Gal5 and Paj grown in French soil in the greenhouse.
cPaj grown in the French and Cologne soil in the greenhouse.
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12 weeks, whereas WT Paj plants remained in the
vegetative stage until the end of the experiment.

Within this experimental setup, the factor time
point explained 7–12% of the observed variation
(Table 2, Figure 3a). Considering the interaction
between time point and compartment, we found a
strong interaction between those two factors,
explaining 11% of the variance of the data
(Supplementary Figure S9b). Interestingly, only root
and rhizosphere community profiles were affected
over time, while the initial bacterial community
present in unplanted soil remained largely stable
over the tested time frame from 6 to 28 weeks across
the used soil batches (Figure 3, Supplementary
Figure S5). The stability of soil samples over time
was apparent since these samples did not separate
within the PCoA and most SoilOTUs remained in the
center of the ternary plot, reporting their equal

abundance across all tested time points. The
observed strong impact of residence time of plants
in soil on bacterial root and rhizosphere commu-
nities was apparent at high taxonomic rank, for
example, by an increase in the relative abundance
of Proteobacteria and decrease of Bacteroidetes in
roots over time (Supplementary Figure S5 and
Supplementary Table S6). To identify OTUs that
explain these time point-dependent changes, we first
determined all SoilOTUs (745), RhizoOTUs (271)
and RootOTUs (200). Around 62% of RhizoOTUs
and 54% RootOTUs significantly changed in relative
abundance over time, whereas this was only the case
for ~ 10% of SoilOTUs (Figures 3b–d). Closer
inspection showed that changes in rhizosphere and
root microbiota profiles were characterized by
a continuous increase in the total number of Rhizo-
and RootOTUs over time (Figures 3c and d).

a b

c d

Figure 3 A. alpina root-associated bacterial communities depend on soil residence time. (a) Principal coordinate analysis on samples
from the ‘time course’ experiment (106 samples) constrained for the factor time point for soil, rhizosphere and root compartments at 6, 12
and 28 weeks, respectively. The percentage of variation explained by each axis refers to the fraction of the total variance of the data
explained by the constrained factor. (b–d) Soil-, rhizosphere- and root-enriched OTUs (RootOTUs, RhizoOTUs, SoilOTUs) including OTUs
observed across all tested time points and OTUs specific for individual time points. Time point-specific SoilOTUs (b), RhizoOTUs (c) and
RootOTUs (d). The mean of soil (b), rhizosphere (c) or root (d) samples at each time point is plotted. Number in brackets: total number of
OTUs enriched in the respective compartment or time point. Enriched OTUs are based on a Bayes moderated t-test; Po0.05 (FDR-
corrected).
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Remarkably, despite drastic differences in plant
stature, we did not detect significant changes
between the root and rhizosphere microbiota of WT
and pep1 mutant plants (Table 2, Figure 4). None of
the Root- or RhizoOTUs differentially accumulated
in 6- or 12-week-old WT and pep1 plants, when 12-
week-old pep1 plants were flowering (Figures 4d and
e). A single low-abundant OTU (OTU927, order
Myxococcales) was enriched in 28-week-old WT
plants when pep1 plants were flowering and WT
plants remained in the vegetative phase (Figure 4f).
In addition, we detected stable nutrient contents
and soil parameters in unplanted soil compared
with soil samples recovered from pots containing
28-week-old plants (Supplementary Tables S3 and
S4). In summary, our findings reveal marked
residence-time-dependent changes of A. alpina
root- and rhizosphere-associated bacterial consor-
tia, but a stability of the root microbiota against the
onset and perpetual flowering of A. alpina and
concomitant drastic changes in plant stature.

The composition of the root microbiota of perennial A.
alpina is similar compared with the annuals A. thaliana
and C. hirsuta
Next, we planted perennial A. alpina side-by-side
with the annuals C. hirsuta and A. thaliana
in Cologne soil for 6 weeks to examine potential
diversification of the corresponding root micro-
biota (Table 1, Supplementary Figures S11a and
b and Supplementary Information). We found
evidence for host species-specific root microbiota

profiles in which the factor host species explained
7–10% of the observed variation (Table 2). PCoA,
constrained by host species, revealed that samples
from A. alpina roots clustered closely together
with those of A. thaliana although these plant
species diverged ~ 45 Myr ago (Figure 5,
Supplementary Figure S11a; Beilstein et al.,
2010). Root samples of C. hirsuta clustered sepa-
rately from the former two hosts although A. alpina
diverged from C. hirsuta only ~ 10 Myr ago
(Figure 5a). Thus, for the tested plant species
host divergence time appears to be incongruent
with root microbiota diversification. The impact of
host species on bacterial root communities was
detectable at phylum rank by a significant reduc-
tion in the relative abundance of Bacteroidetes
in root samples of A. alpina (Supplementary
Figure S7a). In addition, significant differ-
ences were detected for one, three and five
bacterial families in A. thaliana, C. hirsuta and A.
alpina, respectively (Supplementary Figure S7b,
Supplementary Table S7). Each tested host
species was also enriched for a few species-
characteristic OTUs that displayed quantitative
differences in relative abundance (designated
AtOTUs, ChOTUs and AaOTUs; Figure 5b). How-
ever, the majority of RootOTUs (62) were similarly
detected in roots of all three host species
(Figure 5b). In addition, a total of 18 RootOTUs
were significantly enriched in roots of all 3 plant
species across the tested soil batches (Figure 5c,
Supplementary Figure S12a). These shared OTUs
were barely detectable in unplanted soil and

Figure 4 The A. alpina root microbiota is independent of flowering time. (a–c) Growth morphology of A. alpinawild-type (Paj) and pep1
mutant plants across the ‘time course’ experiment. (d–f) Ternary plots of OTUs enriched in the ‘time course’ experiment across the soil and
root compartments of the A. alpina wild-type (Paj) and pep1 mutant plants after 6 weeks (a, d), 12 weeks (b, e) and 28 weeks (c, f). Each
circle depicts one individual OTU. The size of the circle reflects the relative abundance (RA). The position of each circle is determined by
the contribution of the indicated compartments to the RA. Number in brackets: total number of OTUs enriched in the respective plant line.
OTUs enriched in the two plant lines are based on a Bayes moderated t-test; Po0.05 (FDR-corrected).
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together represented almost 50% of the root-
associated consortia (Supplementary Figure S12b).
The shared OTUs belonged to 3 phyla, with

12 OTUs assigned to Proteobacteria and 3 each
to Actinobacteria and Bacteroidetes (Figure 5c). In
summary, we found few host species-characteristic
OTUs, while the majority of the root microbiota
was shared among the tested host species.

Discussion

Here, we quantified the relative contributions of
factors explaining variation in A. alpina root-
associated bacterial consortia by analyzing high-
quality 16S rRNA reads from 4200 samples and
multiple environmental factors. This revealed the
variable compartment as strongest determinant of
community variation (18–36%). Additional variables
influencing community variation were soil type
(11–15%), residence time of plants in soil (7–12%),
environmental conditions (8–11%), host species
(7–10%) and host genotype (5–12%). The relative
contributions of the factors compartment, soil type
and host species in this study are comparable to an
earlier report on root microbiota diversification
between A. thaliana relatives (Schlaeppi et al.,
2014). Despite the observed host species-dependent
differences in root microbiota profiles, we identified
a largely shared bacterial assemblage whose taxo-
nomic structure is similar to the microbiota inter-
section between A. thaliana, A. halleri, A. lyrata and
C. hirsuta (Schlaeppi et al., 2014). This points to
potentially common services provided by these
bacterial taxa for plant growth and health across five
tested Brassicaceae host species. However, in con-
trast to previous work showing only weakly differ-
entiated bacterial rhizosphere assemblages
compared with unplanted soil biomes in annual
A. thaliana and C. hirsuta plants that were partially
performed in the same soil type and growth condi-
tions (Bulgarelli et al., 2012; Lundberg et al., 2012;
Schlaeppi et al., 2014), we detected a pronounced
rhizosphere effect for A. alpina at all tested
time points and across soil types and environments.
This suggests that within the Brassicaceae, evolu-
tionary diversification has apparently produced
host species-specific differences in bacterial com-
munity differentiation in the rhizosphere compart-
ment despite an overall convergent community
composition inside roots (Bulgarelli et al., 2012;
Lundberg et al., 2012; Schlaeppi et al., 2014). This
striking feature of A. alpina may be due to its
phylogenetic distance to A. thaliana and C. hirsuta,
adaptation to the arctic-alpine habitat or its peren-
nial lifestyle.

Based on similar CAP analyses, the variation
of root microbiota profiles explained by intra-
species genetic diversity in A. alpina (7–10%)
is remarkably similar to those reported for corn
(5–8%; Zea mays), barley (~6%; Hordeum vulgare)
and rice (3–5%; Oryza sativa), suggesting that host
genotype determines a small, but significant
amount of microbiota variation across all tested

Figure 5 The bacterial root microbiota of A. alpina is similar
compared with A. thaliana and Cardamine hirsuta. (a) Con-
strained principal coordinates analysis (PCoA) based on the Bray–
Curtis distances on the 36 samples of the ‘diversification’
experiment constrained by sample groups. (b) OTUs enriched on
roots of A. alpina, C. hirsuta and A. thaliana. Color-coded in black
are root-enriched OTUs (RootOTUs). All enriched OTUs are based
on a Bayes moderated t-test, Po0.05 (FDR-corrected). Number in
brackets: total number of OTUs enriched in the respective plant
species. (c) Pie chart reporting family distribution of 18 shared
OTUs based on parametric Tukey’s honest significant difference
and Bayesian and non-parametric Mann-Whitney statistics.
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flowering plants (Peiffer et al., 2013; Bulgarelli
et al., 2015; Edwards et al., 2015). In addition,
our study supports and extends earlier observations
that the Brassicaceae host phylogeny is incongruent
with root microbiota diversification (Schlaeppi
et al., 2014), suggesting that host and root micro-
biota structure are subject to independent diversi-
fication processes. However, our experimental
approach does not allow us to assess whether inter-
exceeds intra-species root microbiota diversifica-
tion, as this requires information on population
structure and genetic diversity of each host
and sampling in more diverse environments. This
experimental limitation does not permit us to
completely exclude correlated evolutionary pro-
cesses driving host and microbiota diversification.

Previous work with A. thaliana suggested that
the root-associated bacterial assemblage is affected
by plant development, showing differences in com-
munity structure between seedling and vegetative
stage and bacterial transcripts induced at bolting
and flowering stages (Chaparro et al., 2014). How-
ever, these experiments were conducted with WT
A. thaliana only and do not exclude the possibility
that changes in root microbiota structure or activity
are influenced by differences in the residence time
of the plants in soil. While we cannot exclude
differences in root microbiota activity, bacterial
community structure on WT A. alpina and pep1
mutant plants was essentially indistinguishable
throughout the analyzed time course, even though
the pep1 mutant started to flower during the analysis
whereas the WT did not. This strong, genetically
determined difference in flowering time enabled
us to uncouple flowering from plant residence time-
dependent changes in the microbiota. This strongly
suggests that the bacterial root assemblage, once
established during the vegetative plant growth
phase, is structurally robust to the onset and
perpetual flowering of A. alpina. During the transi-
tion to flowering, the shoot apex becomes a sugar
sink (Bernier, 1988) and such changes might reduce
photosynthates available for transport to the roots. In
addition, enhanced root secretion of defense-related
proteins has been reported during flowering of
A. thaliana (De-la-Peña et al., 2010). Such meta-
bolic changes do not detectably affect the A. alpina
root microbiota as evidenced by an indistinguish-
able root-associated bacterial community composi-
tion of non-flowering WT and flowering pep1
mutant plants. Conversely, differences in soil
bacteria between soil types can influence flowering
time as recently shown for perennial B. stricta and
annual A. thaliana although the underlying
mechanisms and specific bacterial taxa causing
these flowering time shifts remain unidentified
(Wagner et al., 2014; Panke-Buisse et al., 2015).
Collectively, this suggests a unidirectional rather
than bidirectional interference model in which
particular root microbiota members modulate flow-
ering time, whereas the established root-associated

microbial community remains robust to perturba-
tions caused by flowering onset and drastic changes
in plant stature. This stability of root-associated
bacterial assemblages against changes in host
developmental stage or physiological status is
supported by the finding that community profiles
of A. thaliana roots at bolting and leaf senescence
stage were indistinguishable (Lundberg et al.,
2012). Acquisition of the root microbiota in rice
plants was shown to initiate within 24 h and
approach steady-state within 14 days (Edwards
et al., 2015). Thus, it is possible that after micro-
biota acquisition at the seedling stage, microbe–
microbe interactions stabilize the root-associated
community composition, thereby rendering the
assemblage resistant to flowering time-associated
metabolic changes in the host.

We monitored microbiota profiles of A. alpina
roots for up to 7 months and found marked changes
over time at all tested taxonomic ranks (7–12%
of variation) that are dependent on the residence
time of plants in soil rather than plant develop-
mental stage or plant stature. These long-term
dynamics of the A. alpina root microbiota contrasts
with the stability of the bacterial community
in unplanted soil, monitored in parallel over the
same time period. Comparable long-term time-
course experiments are not possible with short-
lived annual A. thaliana and time-course experi-
ments covering most of the life cycle of other
perennial or long-lived annual plants are, to
our knowledge, currently unavailable. Given the
robustness of the A. alpina root-associated bacterial
assemblage to flowering onset and changes in
plant stature (see above), we speculate that the
observed long-term root microbiota dynamics are
a consequence of competition among bacteria
rather than altered host-bacteria interactions. Alter-
natively, unknown host factors linked to the
longevity of A. alpina such as a local depletion of
soil-borne mineral micronutrients due to prolonged
plant growth might contribute to the observed
microbiota dynamics. It will be interesting to
investigate in future work whether other perennial
plant species exhibit a similar soil residence time-
dependent dynamics of the root microbiota and
whether the observed community shift is linked
to altered community functions.
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Lotus japonicus has been used for decades as a model legume to

study the establishment of binary symbiotic relationships with

nitrogen-fixing rhizobia that trigger root nodule organogenesis

for bacterial accommodation. Using community profiling of 16S

rRNA gene amplicons, we reveal that in Lotus, distinctive nodule-

and root-inhabiting communities are established by parallel, rather

than consecutive, selection of bacteria from the rhizosphere and

root compartments. Comparative analyses of wild-type (WT) and

symbiotic mutants in Nod factor receptor5 (nfr5), Nodule inception

(nin) and Lotus histidine kinase1 (lhk1) genes identified a previously

unsuspected role of the nodulation pathway in the establishment

of different bacterial assemblages in the root and rhizosphere. We

found that the loss of nitrogen-fixing symbiosis dramatically alters

community structure in the latter two compartments, affecting at

least 14 bacterial orders. The differential plant growth phenotypes

seen between WT and the symbiotic mutants in nonsupplemented

soil were retained under nitrogen-supplemented conditions that

blocked the formation of functional nodules in WT, whereas the

symbiosis-impaired mutants maintain an altered community struc-

ture in the nitrogen-supplemented soil. This finding provides strong

evidence that the root-associated community shift in the symbiotic

mutants is a direct consequence of the disabled symbiosis pathway

rather than an indirect effect resulting from abolished symbiotic

nitrogen fixation. Our findings imply a role of the legume host in

selecting a broad taxonomic range of root-associated bacteria

that, in addition to rhizobia, likely contribute to plant growth

and ecological performance.

Lotus japonicus | microbiota | symbiosis | 16S | nitrogen fixation

The transition from an aquatic to terrestrial lifestyle during
plant evolution required the formation of roots as organs for

water, macronutrient, and micronutrient retrieval from soil. Nutrient-
uptake systems of roots are usually specific for plant-available forms of
nutrients, for example, inorganic nitrogen such as nitrate (NO3

−)
or inorganic orthophosphate (Pi) (1). However, phosphorus, per
se, is abundant in soil in plant-inaccessible pools, and, likewise,
atmospheric dinitrogen (N2) is abundant in aerobic soil [78%
(vol/vol)] but cannot be accessed by plants. Soil-resident microbes
play important roles in the solubilization and conversion of mineral
nutrients into root-available forms, and a subset of these microbes
have acquired the capacity to engage in mutualistic interactions
with plant roots to trade soil-derived bioavailable macronutrients
for plant-derived photoassimilates (2–4).
Healthy, asymptomatic plants live in association with diverse

microbes, including bacteria, fungi, viruses, and protists, collectively
called the plant microbiota (3, 5). The bacterial root microbiota is
taxonomically structured and characterized by the co-occurrence of
three main phyla comprising Actinobacteria, Bacteroidetes, and
Proteobacteria across different soil types and divergent plant hosts

(6, 7). This root-associated bacterial assemblage is mostly derived
from the highly diverse bacterial soil biome surrounding roots and
is established rapidly within a few days after seed germination (6, 8).
Soil type is the main driver of diversification of the bacterial root
microbiota at low taxonomic ranks (i.e., at genus and species level),
with less variation detectable at the higher phylum rank (8–11).
However, root exudates are thought to play an important role as
cues to initiate a substrate-driven competition between, and dif-
ferential proliferation of, soil-resident microbes for root coloni-
zation (3, 12). An estimated 17% of photosynthetically fixed
carbon is transferred to the rhizosphere, the thin layer of soil
surrounding the root, through root exudation (13). These carbon
substrates likely contribute to the bacterial community shifts that
are often detected in the rhizosphere. A fraction of the bacterial
taxa present in the rhizosphere colonize roots either as epiphytes
on the root surface (rhizoplane) or as bacterial endophytes inside
roots (3, 8). In particular, members of Proteobacteria are consis-
tently found enriched in root and rhizosphere compartments, and
diazotrophs within this phylum have evolved the capacity to es-
tablish a sophisticated form of mutualistic interaction with plant

Significance

Legumes are known as pioneer plants colonizing marginal soils,

and as enhancers of the nutritional status in cultivated soils. This

beneficial activity has been explained by their capacity to engage

in symbiotic relationship with nitrogen-fixing rhizobia. We per-

formed a community profiling analysis of Lotus japonicus wild

type and mutants to investigate the role of the nodulation

pathway on the structure of the root-associated bacterial micro-

biota. We found that several bacterial orders were almost entirely

depleted from the mutant roots, and that an intact symbiosis is

needed for the establishment of taxonomically diverse and dis-

tinctive bacterial communities in the root and rhizosphere. Our

findings imply that a symbiosis-linked bacterial community, rather

than dinitrogen-fixing rhizobia alone, contributes to legume growth

and ecological performance.
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roots, designated root nodule symbiosis. Unlike the taxonomically
diverse root- and rhizosphere-associated bacterial communities
that comprise a network of microbe–microbe and plant–microbe
associations, the root nodule symbiosis defines a highly specific
binary plant–microbe interaction where the compatible nitrogen-
fixing soil bacterium is selected by the host for intracellular in-
fection often via plant-derived infection threads and subsequent
accommodation and amplification inside nodule cells.
Decades of bacterial and legume genetics allowed a detailed

dissection of the regulatory networks behind the stepwise symbi-
otic association with diazotrophic Alphaproteobacteria. A two-way
signal recognition initiates the interaction. Root-secreted flavo-
noids are perceived by the compatible soil bacteria, which start the
production and secretion of the rhizobial symbiotic signal, the Nod
factor. On the host side, lysin motif (LysM) receptor kinases, like
Nod factor receptor1 (NFR1) and NFR5 in Lotus japonicus,
specifically recognize and bind the compatible Nod factors (14, 15)
and initiate the symbiotic signaling cascade. Nodule inception
(NIN) was identified as an early key regulator of both nodule
organogenesis and infection thread formation (16), whereas cyto-
kinin signaling proteins involving Lotus histidine kinase1 (LHK1)
receptor (17) control progression of the signaling events from root
epidermis into the cortex (18). Inside nodules, a low-oxygen, carbon-
rich environment is established by the host, allowing bacteria,
upon endocytosis, to start the nitrogen fixation (19). Symbiotic
nitrogen fixation reprograms the whole-root transcriptional and
metabolic landscape (20–23). Moreover, the process is reiterative
and highly asynchronous, because rhizobia from the rhizosphere
recapitulate the infection on newly formed, competent root hairs.
Nevertheless, the legume host controls the number of infection
events and nodule primordia via shoot-derived signal(s) (24, 25).
Symbiotic nitrogen fixation allows legumes to thrive in hab-

itats with limited nitrogen availability (26–28). The beneficial
effect of this symbiosis is not limited to legume hosts, but ex-
tends to subsequent or concurrent plantings with nonlegumes
as exemplified by ancient agricultural practices with legume
cropping sequences or intercropping systems. This symbiosis
likely involves a beneficial activity of legume roots and their
associated microbes on the nutritional status of the soil as well
as the soil biome. However, the mechanisms underpinning
these symbiotic interactions in a community context and their
impact on the complex microbial assemblages associated with
roots remain largely unknown. Integrating these highly specific
binary interactions into an ecological community context is
critical for understanding the evolution of symbiosis and effi-
cient use of rhizobia inoculum in agricultural systems.
Here, we investigated the role of symbiotic nitrogen fixation on

the structure of the root-associated bacterial microbiota of the
model legume L. japonicus. We performed bacterial 16S rRNA
gene-based community profiling experiments of wild-type (WT)
plants, grown in natural soil, and symbiotic mutants impaired at
different stages of the symbiotic process. We have found that an
intact nitrogen-fixing symbiosis in WT Lotus plants is needed for
the establishment of taxonomically diverse and distinctive bacte-
rial communities in root and rhizosphere compartments. This
finding raises the possibility that the influence of legumes on soil
performance in agricultural and ecological contexts is mediated by
the enrichment of a symbiosis-linked bacterial community rather
than dinitrogen-fixing rhizobia alone.

Results

Characterization of the L. japonicus Root, Nodule, and Rhizosphere

Microbiota.We established a root fractionation protocol for 10-wk-
old L. japonicus plants (accession Gifu, designated WT), grown in
three batches of natural Cologne soil (10) to account for batch-
to-batch and seasonal variation at the soil sampling site (Fig. 1A
and Materials and Methods). This fractionation enabled us to
compare the structure of bacterial communities present in nodules,

roots without nodules (denoted hereafter as “root compartment”),
the rhizosphere, and unplanted soil (Materials and Methods and SI
Appendix, Fig. S1). Briefly, the “rhizosphere compartment” defines
soil particles tightly adhering to Lotus roots that were collected
after the first of two successive washing steps. Macroscopically
visible nodules and nodule initials were excised from roots with a
scalpel and designated the “nodule compartment.” Pooled nodules
and washed roots without nodules were separately subjected to a
sonication treatment to deplete epiphytes and enrich for endo-
phytic bacteria. Abundant nodulation (∼20 nodules per plant) of
healthy WT plants demonstrates that this soil is conducive for
nodule formation and contains Lotus-compatible rhizobia (Fig. 1A,
Inset). We subjected a total of 27 unplanted soil, 73 rhizosphere, 75
root, and 27 nodule samples to amplification of the 16S rRNA
gene with PCR primers targeting the V5–V7 hypervariable regions
(29) (Materials and Methods) and generated ∼1 M high-quality
sequencing reads (4,670 reads per sample on average). After re-
moval of low-quality reads, chimeras, and sequences assigned to
plant-derived organellar DNA, we clustered the data into 1,834
operational taxonomic units (OTUs) at 97% sequence similarity
(Materials and Methods and Dataset S1).
To assess the effect of the different compartments on the as-

sembly of bacterial communities, we compared the β-diversity (be-
tween-samples diversity) using Bray–Curtis distances and performed
a canonical analysis of principal coordinates (CAP) (30) (Materials
and Methods). This analysis revealed a clear differentiation of
samples belonging to the root, rhizosphere, nodule, and soil com-
partments that explains as much as 19.97% of the overall variance
of the data (Fig. 2A; P < 0.001), whereas the effect attributable to
the soil batch was comparatively small (8.01% of the variance, P <

0.001). Analysis of α-diversity (within-samples diversity) using the
Shannon index indicated a decreasing gradient of complexity from
the soil bacterial communities (highest richness) to the rhizosphere,
root, and, finally, the nodule microbiota (SI Appendix, Fig. S2).
Our finding of a bacterial community shift in the Lotus rhizo-

sphere compared with the bulk soil reservoir is consistent with
previous reports fromWT pea (31), soybean (32), and peanut (33),
in which a similar enrichment of members of Burkholderiales,
Flavobacteriales, and Rhizobiales has been shown, whereas in-
formation on the community structure of the root microbiota is
unavailable for other legumes.

Parallel Selection of Nodule- and Root-Specific Bacteria from the

Rhizosphere Compartment. Legume nodules represent a unique
environmental niche derived from differentiated cortical root cells
where both symbiotic and nonsymbiotic bacteria are allowed ac-
commodation and proliferation. Laboratory studies with single
WT or mutant symbiotic strains demonstrated a stepwise, host-
controlled colonization process ensuring symbiont selection (34).
By contrast, little is known about the extent or the diversity of
nodule and root colonization by nonsymbionts (35).
We took advantage of the compatible symbiotic association

between Lotus and rhizobia present in Cologne soil and perfor-
med an analysis of the bacterial community of epiphyte-depleted,
functional nodules of WT plants grown in this soil (Materials and
Methods). We found that nodules were inhabited by a distinctive
bacterial community compared with those present in the root and
rhizosphere (Fig. 2A). Only a small number of the 1,834 OTUs
were identified to be nodule-enriched (12 red circles in Fig. 3A)
with one dominant member classified as belonging to the Meso-
rhizobium genus, substantiating that nodules also represent a highly
selective bacterial niche for soil-grown Lotus plants. Importantly,
the nodule and root communities were similarly divergent from
the rhizosphere (separation by second component; Fig. 2A),
and nodule-enriched OTUs were found in similar abundances in
the root and rhizosphere samples (red circles in Fig. 3A). These
findings suggest a parallel rather than consecutive selection of
bacterial taxa from the rhizosphere assemblage for enrichment in
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the two endocompartments, most likely via host-induced infec-
tion threads. If there were a sequential selection, then nodule-
enriched OTUs would be expected to be more abundant in the
root compared with the rhizosphere. Taxonomic assignments at
the order level for all OTUs with a relative abundance (RA)
>5‰ revealed that the Lotus nodule community is dominated by
bacteria belonging to the order Rhizobiales (88.01% average RA;
Fig. 3B), which is mainly due to a selective enrichment of Meso-
rhizobium members (Fig. 3C). This analysis also revealed the
presence of Burkholderiales, Flavobacteriales, Pseudomonadales,
and Actinobacteridae at detectable abundances (>1% RA; Fig.
3B), showing that nodules of soil-grown Lotus are primarily, but
not exclusively, colonized by symbiotic rhizobia.

Impairment of Nitrogen-Fixing Symbiosis Dramatically Alters Bacterial

Community Structure in the Lotus Root and Rhizosphere Compartments.

Next, we applied the same growth conditions, fractionation pro-
tocol, and bacterial community analysis to four symbiotic Lotus
mutants (nfr5-2, nfr5-3, nin-2, and lhk1-1) to identify the role of the
nodulation signaling pathway on bacterial assemblages. In nfr5 and
nin mutants, the infection process is either not initiated or termi-
nated at the microcolony stage, respectively, whereas lhk1 plants
develop a large number of root hair infection threads that subse-
quently fail to infect cortical cells (16, 18, 36). Similar to WT,
symbiotic mutant plants appeared healthy, but were smaller and
had slightly pale green leaves (Fig. 1 B–D). With the exception of
occasional nodules on lhk1 roots (18), no nodules were found on
nfr5 or nin root systems (Fig. 1 B–D). Remarkably, we found that
communities associated with the roots and rhizospheres of each of

the four symbiosis mutants were similar to each other, but signif-
icantly different from the communities of WT plants (Fig. 2B and
SI Appendix, Fig. S3). This separation between the mutant and WT
samples was found to be robust, as indicated by unconstrained
principal coordinate analysis (PCoA) performed independently for
each soil batch (SI Appendix, Fig. S3). Furthermore, CAP per-
formed on the entire dataset revealed a prominent effect of the
host genotype on bacterial communities, explaining 9.82% of the
variance (Fig. 2B).
Nodules are root-derived and -anchored structures, and yet

the two organs host distinctive bacterial assemblages (Fig. 2A).
As a consequence, despite rigorous preparation of root compart-
ments, WT root segments might contain incipient root-concealed
nodule primordia and, vice versa, the nodule samples might be
contaminated with surrounding root tissue. To clarify whether
these potential limitations of our sampling protocol confound
the observed host genotype-dependent community differentia-
tion, we performed an in silico depletion of all nodule-enriched
OTUs from the WT root dataset and repeated the PCoA and
CAP (SI Appendix, Fig. S4). This experiment revealed only a
negligible reduction in the portion of the community variance
explained by the host genotype (9.82% versus 9.72%), indi-
cating that the differences in the root-associated assemblages
caused by the impairment of nitrogen-fixing symbiosis are largely
robust against residual cross-contamination between the two com-
partments.
To understand better how the Lotus nodulation pathway in-

fluences bacterial community composition, we identified OTUs
that are specifically enriched in the root and rhizosphere of WT or

Fig. 1. Images depicting L. japonicus WT (A) and nodule symbiosis-deficient mutant plants lhk1-1 (B), nfr5-3 (C), and nin-2 (D) following harvest. (A and B,
Insets) For nodulating genotypes, close-up views of nodules are shown. (Scale bars: 1 cm.)
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mutants compared with unplanted soil (Materials and Methods).
Due to the fact that the bacterial assemblages of the tested sym-
biosis mutants do not significantly differ among each other (Fig.
2B), we performed our analyses using the combined samples from
all mutant genotypes across all soil batches (Fig. 4). The LotusWT
root microbiota is characterized by a large number of root-enriched
OTUs, mostly belonging to Proteobacteria, Actinobacteria, and
Bacteroidetes (105 green circles in Fig. 4A and SI Appendix, Fig.
S12). By contrast, only a small number of OTUs were found spe-
cifically enriched in the WT rhizosphere samples (8 orange circles
in Fig. 4A). Compared with WT, roots of the symbiotic mutants
are dramatically depleted of root-enriched OTUs (28 green circles
in Fig. 4B), whereas the number of rhizosphere-enriched OTUs

increased by a factor of 8 (68 orange circles in Fig. 4B). This
pattern was reproducible when we performed the same analysis for
each soil batch and mutant genotype independently (SI Appendix,
Figs. S5–S9).
To characterize the bacterial community shifts further, we cal-

culated separately for WT and symbiotic mutant plants aggregated
RAs of OTUs that are specifically enriched in one compartment.
As expected, this calculation revealed a decreasing contribution of
the soil-enriched OTUs in soil, rhizosphere, and root samples
(69.40%, 17.03%, and 2.40% mean aggregated RA, respectively;
dark brown box plots in Fig. 4 C and D) in both WT and mutant
samples. This finding suggests that impairment of the symbiosis
pathway does not affect the capacity of Lotus to exclude coloni-
zation by the majority of the detectable bacterial soil biome and the
formation of characteristic root-associated microbiota, fully dif-
ferentiated from the root-associated microbiota present in bulk
soil. We observed an inverse pattern for the root-enriched OTUs
across the three WT compartments (green box plots in Fig. 4C).
The steep increase in the aggregated RAs, from 8.76% in the soil,
to 35.72% in rhizosphere, and to 72.34% in roots for WT samples,
was almost completely abolished in the mutants (1.49%, 3.63%,
and 17.74%, respectively; green box plots in Fig. 4D). Conversely,
the aggregated RAs of rhizosphere-specific OTUs are only slightly
higher in the rhizosphere samples of WT plants compared with roots
and soil, which are influenced by the low number of rhizosphere-
specific OTUs (orange box plots in Fig. 4C). However, RAs are
significantly higher in the mutant rhizosphere samples with re-
spect to the other compartments (3.29% in soil samples, 22.09%
in rhizosphere samples, and 9.94% in root samples; orange box
plots in Fig. 4D). Taken together, these data support the hy-
pothesis that the Lotus symbiosis pathway is a key component for
the progressive enrichment/selection of specific soil-derived OTUs
and the establishment of fully differentiated microbiota in rhizo-
sphere and root compartments.

The Symbiosis Pathway Drives Root and Rhizosphere Differentiation

Across Multiple Bacterial Orders. We dissected the observed bacte-
rial community shifts by arranging OTUs according to their tax-
onomy and displaying their enrichment in the root or rhizosphere
of WT and symbiotic mutants in a set of Manhattan plots (Mate-
rials and Methods). The results revealed unexpectedly nuanced
taxonomic alterations underlying the community shifts in the plant-
associated compartments (Fig. 5 A and B). Whereas WT plants
host root-enriched OTUs belonging to a wide range of bacterial
orders, mutants roots fail to enrich any member of the orders
Flavobacteriales, Myxococcales, Pseudomonadales, Rhizobiales,
and Sphingomonadales above a threshold of significance (false
discovery rate-corrected P values, α = 0.05;Materials and Methods).
In addition, a striking enrichment of more than 15 Burkholderiales
OTUs in WT roots contrasts with a marginal enrichment of this
order in the symbiotic mutants. However, the mutant roots retain
the capacity to enrich OTUs belonging to the orders Actinobacteridae,
Rhodospirilalles, Sphingobacteriales, and Xanthomonadales (Fig.
5 A and B). Strikingly, we found an almost inverse pattern when
we considered the rhizosphere-enriched OTUs in WT and mutant
plants: Both the number and the taxonomic diversity of significantly
enriched OTUs increased dramatically in the mutants compared
with WT (Fig. 5 C and D).
Next, we compared directly the WT and mutants to identify

OTUs differentially abundant in the root or rhizosphere (SI Ap-
pendix, Figs. S10 and S11). We found that the community shift that
separates host genotypes (Fig. 2B) is largely caused by numerous
OTUs that are specifically enriched (n = 45) or depleted (n = 15)
in WT roots with respect to mutant root samples (SI Appendix, Fig.
S10A) belonging to at least 14 bacterial orders (SI Appendix, Fig.
S11 A and B). We observed a parallel effect on OTUs of a similar
taxonomic profile when comparing rhizosphere samples across
genotypes, and identified numerous OTUs enriched (n = 27) or
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strained by genotype (9.82% of variance explained, P < 0.001; n = 164). Each
point corresponds to a different sample colored by compartment, and each
host genotype is represented by a different shape. The percentage of vari-
ation indicated in each axis corresponds to the fraction of the total variance
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depleted (n = 6) in the WT rhizosphere (SI Appendix, Figs. S10B
and S11 C and D and Dataset S2).
Next, we examined whether the complex community shifts observed

at the order taxonomic rank were also detectable at the higher phylum
rank. Interestingly, we observed clear differences between the root
and rhizosphere samples of WT and mutant Lotus plants for Pro-
teobacteria (66.78% and 46.97%, respectively) and Bacteroidetes
(14.57% and 38.10%, respectively), which were largely explained by
variation in abundances of OTUs belonging to the Rhizobiales, Bur-
kholderiales, and Flavobacteriales bacterial orders (SI Appendix, Figs.
S10–S12). Conversely, we found no significant differences between
WT and mutant roots and rhizospheres for Actinobacteria (13.42%
and 11.62% average RA, respectively) and Firmicutes (∼1% average
RA). These results illustrate that the large shifts observed between the
WT and mutant Lotus plants affect root and rhizosphere communities
similarly, even at higher taxonomic levels (SI Appendix, Figs. S10–S12).

Comparable Immune- and Symbiosis-Related Metabolic Responses in Soil-

Grown WT and Symbiotic Mutant Roots. The extensive changes of root
microbiota structure across multiple bacterial orders in the symbiosis
mutants prompted us to investigate whether mutant roots display
altered immune- or symbiosis-related metabolic responses that in-
directly perturb an orderly microbiota establishment. We quantified
relative transcript levels for a panel of defense and symbiotic marker
genes using WT and mutant root tissue samples that were processed
as for the 16S rRNA gene community profiling (SI Appendix and
Dataset S3). Analysis of eight genes induced during pathogen de-
fense in Lotus or likely representing Lotus orthologs of Arabidopsis
defense marker genes revealed that WT and mutant roots accu-
mulate similar transcript levels, indicative of a comparable immune
status rather than an induced defense in the mutants (SI Appendix,
Fig. S13A). We also tested whether WT and mutant roots differed
in expression levels of genes that have been reported to contribute
to the metabolic state established between host and nitrogen-fixing
symbiont (37–40). We found comparable transcript levels of
Nodulin26, Nodulin70, Sucrose transporter4, and Invertase1 in the

tested genotypes, suggesting similar metabolic responses in the roots
of the WT and mutants (SI Appendix, Fig. S13B). On the other hand,
early symbiotic genes like Nin, Peroxidase, and Thaumatin were in-
duced in WT or lhk1 and nin-2 mutants, but not in nfr5-2 roots,
indicating that soil-grown symbiotic mutants maintain their previ-
ously described, gradually impaired root response to nitrogen-fixing
rhizobia (16, 18, 22, 36) (SI Appendix, Fig. S13C). Direct measure-
ments of total protein content revealed comparable levels in WT and
symbiotic mutants (SI Appendix, Fig. S14), whereas quantification of
nitrate levels revealed significant differences between nfr5, nin, and
lhk1 or WT, indicating that regulation of nitrate uptake, which has a
known inhibitory effect on nodulation (41, 42), operates downstream
of Nin (SI Appendix, Fig. S14). Together, these results suggest that a
nitrogen-sufficient status is reached in all tested genotypes, but that
the nitrogen source, N2 or nitrate, might differ among them.

L. japonicus and Various Brassicaceae Species Assemble Highly Diverged

Root-Inhabiting Bacterial Communities. We have previously shown
that Arabidopsis thaliana and three other Brassicaceae species
(Cardamine hirsuta, Arabidopsis halleri, and Arabidopsis lyrata),
grown in Cologne soil, assemble a highly similar root microbiota,
characterized only by small quantitative differences of community
profiles (29). We retrieved the corresponding raw 16S sequence
reads and performed de novo OTU clustering together with the
amplicon data of WT and symbiotic Lotus mutants (Fig. 6). PCoA
of Bray–Curtis distances revealed a clear separation of root and soil
samples, but also a marked distinction between all Lotus and
Brassicaceae samples (Fig. 6A), indicating that both WT and
symbiosis-impaired Lotus plants harbor strikingly distinctive root
microbiota compared with root microbiota of the four tested
Brassicaceae species. Quantitative analysis of WT L. japonicus and
A. thaliana root-enriched OTUs revealed significant and contrast-
ing differences already at the phylum level primarily reflected in the
abundances of Proteobacteria and Actinobacteria (Fig. 6B). Similar
rank abundance analysis performed at the order level identified
particular taxonomic lineages contributing to the differences
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Fig. 3. (A) Ternary plot depicting compartment RAs of all OTUs (>5‰) for WT root, rhizosphere, and nodule samples (n = 67) across three soil batches (CAS8–
CAS10). CAS, Cologne agricultural soil. Each point corresponds to an OTU. Its position represents its RA with respect to each compartment, and its size
represents the average across all three compartments. Colored circles represent OTUs enriched in one compartment compared with the others (green in root,
orange in rhizosphere, and red in nodule samples), whereas gray circles represent OTUs that are not significantly enriched in a specific compartment. (B) Rank
abundance plot depicting RAs aggregated to the order taxonomic level for the top abundant taxa found in the WT nodule samples (n = 21). (C) Comparison
of abundances between Mesorhizobium and other Rhizobiales genera in WT roots (n = 48), mutant roots (n = 100), and WT nodule samples (n = 21).
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between these two plant species; Rhizobiales, Caulobacterales,
Rickettsiales, and Sphingobacteriales were found in larger abun-
dances in Lotus roots, whereas Burkholderiales, Actinomycetales,
Myxococcales, and Pseudomonadales were more abundant in
Arabidopsis roots (Fig. 6C).

Symbiosis-Impaired Mutants Maintain an Altered Community Structure

in Nitrogen-Supplemented Soil.Nitrogen-fixing symbiosis is nitrogen-
sensitive, and already from 2 mM KNO3 concentration, reduced
nodulation and infection were observed in Lotus (42). To de-
termine if the community shifts observed in Lotusmutant roots and
the rhizosphere were caused by a potentially differential nitrogen
status, we performed a similar community analysis using plants
grown in Cologne soil (different soil batch) supplemented with
10 mM KNO3. In these conditions, the symbiotic mutants no long
had a pale leaf phenotype as observed in nonsupplemented soil (SI
Appendix, Fig. S15) and the WT plants developed no functional
nodules, based on their low number and small and white appear-
ance at the time of harvest. Despite similar nitrogen content in
WT and mutant roots (SI Appendix, Fig. S15), we found that the
differential phenotypes (stature and fresh weight) seen in non-
supplemented soil were retained under nitrogen-supplemented
conditions (SI Appendix, Fig. S15), indicating that an intact sym-
biosis pathway promotes plant growth irrespective of the presence
of functional nodules. Based on the similar macroscopic phe-
notypes of the symbiotic mutants in response to the nitrogen

supplementation, we then analyzed the composition of bacterial
communities in WT and two Nod factor receptor mutants, nfr5-2
and nfr5-3. Remarkably, the PCoA revealed a similar shift in the
root and rhizosphere communities of the mutants relative to the
corresponding WT compartments for plants grown in nitrogen-
supplemented soil (21.20% of the variance, P < 0.001; SI Appendix,
Fig. S16A) as in the nonsupplemented Cologne soil (21.80% of the
variance, P < 0.001; SI Appendix, Fig. S16B). Finally, no detectable
differences in soil biome composition were seen between nitrogen-
supplemented and nonsupplemented unplanted soil samples (Dataset
S4). Together, these results provide evidence for a direct impact
of the disabled symbiosis pathway on the root-associated commu-
nity structure rather than an indirect effect resulting from abol-
ished symbiotic nitrogen fixation.

Discussion

Here, we have characterized the root microbiota of the model
legume L. japonicus using a 16S rRNA amplicon survey. By using a
panel of symbiosis-impaired mutants, we have investigated the role
of host genes with known functions in the establishment of a highly
specific and binary symbiotic plant–microbe association in the
context of the root-associated bacterial community. Our study re-
veals that key symbiotic genes play a major role in the establish-
ment of taxonomically structured bacterial communities in the root
and rhizosphere of L. japonicus (Fig. 4), which extends their role
beyond the perception and selection of nitrogen-fixing rhizobia for
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Fig. 4. Ternary plots depicting compartment RA of all OTUs (>5 ‰) for WT samples (A; WT; n = 73) and mutant samples (B; nfr5-2, nfr5-3, nin-2, and lhk1-1;
n = 118) across three soil batches (CAS8–CAS10). Each point corresponds to an OTU. Its position represents its RA with respect to each compartment, and its size
represents the average across all three compartments. Colored circles represent OTUs enriched in one compartment compared with the others (green in root,
orange in rhizosphere, and brown in root samples). Aggregated RAs of each group of enriched OTUs (root-, rhizosphere- and soil-enriched OTUs) in each
compartment for the WT samples (C; WT; n = 73) and mutant samples (D; nfr5-2, nfr5-3, nin-2, lhk1-1; n = 118) are shown. In each compartment, the dif-
ference from 100% RA is explained by OTUs that are not significantly enriched in a specific compartment.

6 of 10 | www.pnas.org/cgi/doi/10.1073/pnas.1616564113 Zgadzaj et al.



Xanthomonadales

BdellovibrionalesBurkholderiales

Rhodospirillales

Actinobacteridae Legionellales
Chlamydiales

Sphingobacteriales
Cytophagales

Ohtaekwangia

Thermotogales
Xanthomonadales

ChromatialesRhodocyclalesBurkholderiales
Sphingomonadales Methylophilales

Rhodocyclales

Neisseriales
Xanthomonadales

Pseudomonadales

Chromatiales

Syntrophobacterales

Myxococcales

BdellovibrionalesBurkholderiales

Sphingomonadales

Rhodospirillales

Rhizobiales

Caulobacterales

Actinobacteridae

Telmatobacter

Xanthomonadales

Pseudomonadales

Chromatiales

Syntrophobacterales

Myxococcales

Bdellovibrionales

Rhodocyclales

Burkholderiales

Sphingomonadales

Rhodospirillales

Rhizobiales

Caulobacterales

Elusimicrobiales

Chlamydiales
Sphingobacteriales

Flavobacteriales
Actinobacteridae

Bacillales

Methylophilales

SpirochaetalesLegionellales
Elusimicrobiales

Chlamydiales
Sphingobacteriales

Flavobacteriales

Cytophagales
OhtaekwangiaAcidimicrobidae

Gp10

OTUs enriched in wild-type roots with respect to rhizosphere

OTUs enriched in mutant roots with respect to rhizosphere

OTUs enriched in wild-type rhizosphere with respect to roots

OTUs enriched in mutant rhizosphere with respect to roots

0.001 0.04 0.08 0.12 0.16

relative abundance (%)
significantly enriched n.s.

w
ild

-t
y
p

e
 r

o
o

ts

0

50

100

150

200

250

−
lo

g1
0(

P
)

m
u
ta

n
t 
ro

o
ts

0

50

100

150

200

250

−
lo

g1
0(

P
)

0

25

50

75

−
lo

g1
0(

P
)

w
ild

-t
y
p

e
 r

h
iz

o
s
p

h
e

re

0

25

50

75

−
lo

g1
0(

P
)

m
u
ta

n
t 
rh

iz
o
s
p
h
e
re

A

B

C

D

Fig. 5. Manhattan plots showing root-enriched OTUs in WT (A) or in the mutants (B) with respect to rhizosphere and rhizosphere-enriched OTUs in WT (C) or
in the mutants (D) with respect to root. OTUs that are significantly enriched (also with respect to soil) are depicted as full circles. The dashed line corresponds
to the false discovery rate-corrected P value threshold of significance (α = 0.05). The color of each dot represents the different taxonomic affiliation of the
OTUs (order level), and the size corresponds to their RAs in the respective samples [WT root samples (A), mutant root samples (B), WT rhizosphere samples (C),
and mutant rhizosphere samples (D)]. Gray boxes are used to denote the different taxonomic groups (order level).
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intracellular accommodation in nodules. The observed impact of
disenabling symbiosis in Lotus seemingly differs from analogous
perturbations in insects and mammals, where impairment of sym-
biosis in the gut leads to the accumulation of pathogens and dra-
matic consequences for the health of the host (43–46). Cologne
soil-grown Lotus symbiotic mutants showed no signs of disease or
altered immune response in comparison to WT (Fig. 1 and SI
Appendix, Fig. S13). However, it remains possible that the observed
reduced plant growth (Fig. 1) leads to lower reproductive fitness of
the mutant plants in a natural ecosystem.
Genetic disruption of the nodulation pathway resulted in de-

pletion of six bacterial orders from the root compartment, including
the two most abundant orders identified in WT, Flavobacteriales
and Burkholderiales (Fig. 5 A and B). Rhizobium therefore acts as
a bacterial “hub” for Lotus roots, in analogy to the Albugo oomy-
cete pathogen that largely affected the phyllosphere microbiome of
Arabidopsis after infection (47). Two mutually nonexclusive sce-
narios could account for the observed dramatic community shift
inside roots: (i) cooperative microbe–microbe interactions between
symbiotic nitrogen-fixing bacteria and a subset of root microbiota
members or (ii) direct use of the nodulation pathway by soil-borne
bacteria other than nodulating rhizobia for entry and proliferation
inside legume roots. Quantification of selected transcripts in WT
and mutant roots provided evidence for a similar immune status
and symbiosis-specific metabolic responses, but, as expected, dif-
ferential expression of the symbiotic genes (SI Appendix, Fig. S13).
These results support the hypothesis of a direct rather than indirect
engagement of the nitrogen-fixing symbiosis pathway in the selec-
tion of specific bacterial taxa other than nodulating rhizobia.
The beneficial association with Burkholderiales is habitual for

legumes. For example, Mimosa genera within South America and
legumes from the Papilionoideae subfamily in South Africa are
known to form an ancient and stable symbiosis with nitrogen-fixing
Burkholderia lineages inside nodules (48–50). Members of the order
Burkholderiales, which are dramatically depleted in the Lotus mu-
tants, are also known for potent plant growth promotion activities in
nonleguminous plants (51). The inclusion of legumes in a cropping

rotation sequence in agriculture generally enriches the soil, but the
symbiotic nitrogen fixation alone cannot explain the productivity
increase in the subsequent crop (26). Thus, our study raises the
intriguing possibility that besides the activity of nitrogen-fixing
bacteria, the selective enrichment of other symbiosis-linked root
microbiota members influences the soil biome and, consequently,
soil biofertilization by legumes might involve a much wider taxo-
nomic range than currently thought.
Our statistical analyses revealed a major impact of the host

genotype on the Lotus root microbiota, which explains 9.82% of
the variance in the data (Fig. 2B). This genotype effect is almost
twofold larger than the effect identified when comparing the root-
associated communities of WT and severely immunocompromised
A. thaliana mutants (52) or between A. thaliana and three Bras-
sicaceae species that diverged up to 35 Mya (29). Interestingly, the
community shifts detected in nfr5, nin, and lhk1 mutant roots are
highly comparable (Fig. 2B). This similarity is likely related to our
stringent root fractionation protocol (10, 11), depleting both epi-
phytes and epidermal endophytes. However, we cannot rule out
differences between the communities of the tested mutants of a
magnitude smaller than the effect caused by soil batch variation
and technical noise present in the pyrosequencing data.
Recent studies have shown that upon microbiota acquisition,

the root-associated bacterial assemblage remains robust against
major changes in plant stature and source-sink relationships (9,
11). This microbiota stability is also observed here, where a clear
separation between the root and rhizosphere of WT and symbi-
osis-impaired Lotus plants is retained when plants are grown un-
der different nitrate conditions (SI Appendix, Fig. S16). The latter
observation is also strong evidence that the root-associated com-
munity shift in the symbiotic mutants is a direct consequence of
the disabled symbiosis pathway rather than an indirect effect
resulting from abolished symbiotic nitrogen fixation.
Previous controlled coinoculation experiments with Mesorhizobium

loti and root endophytes have shown that Lotus can selectively
guide endophytic bacteria toward nodule primordia via symbiont-
induced infection threads, and that endophytes and symbionts can

A B C

Fig. 6. (A) PCoA plot of Bray–Curtis distances for root and soil samples showing a clear separation between the roots of all Lotus genotypes (circles) compared
with the roots of Arabidopsis and relative species (hollow shapes) grown in Cologne soil and sequenced using the same primer set. RAs aggregated to the phylum
(B) and order taxonomic levels (C, 10 most abundant orders) showing a comparison between A. thaliana (n = 26) and L. japonicus root samples (n = 74).
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promote each other’s infection of the host (35). These experiments
focused on nodule colonization and were conducted using a gno-
tobiotic plant system with a limited number of endophytes. Our
bacterial community profiling data obtained with soil-grown sym-
biotic mutants allowed testing the contribution of infection thread-
dependent root colonization by natural populations of compatible
endophytes present in soil. Indeed, the large number of bacterial
taxa found depleted in nfr5, nin, and lhk1 genotypes (SI Appendix,
Fig. S11) suggests that infection threads arrested in WT may fa-
cilitate root colonization by endophytes. This finding implies ad-
ditional functions of host genes active in early symbiosis for
efficient root colonization by a subset of the root microbiota. Our
community profiling data also identified bacterial orders enriched
in the mutant roots; thus, their root colonization takes place in-
dependent of nitrogen-fixing symbiosis. These endophytic taxa may
use alternative entry routes [i.e., crack entry, which occurs at the
base of emerging lateral roots and is likely used as an entry portal
for root endophytes in nonleguminous plants (53–55)].
Our study revealed that Lotus growth in Cologne soil did not

interfere with the host–symbiont compatibility described previously
in monoassociations with plants grown in artificial media (56). This
high selectivity is evidenced by only 12 nodule-enriched OTUs
among a total of 1,834 OTUs in our dataset and by Mesorhizobium
members representing the most abundant taxa (Fig. 3A). Re-
markably, nodule-enriched OTUs had a similar RA in the root and
rhizosphere compartments, suggesting linked selection process(es)
in all three compartments. Furthermore, nodule-enriched OTUs
were depleted from the mutant root samples, which corroborates
our hypothesis that an intact symbiotic pathway is selecting rhi-
zobia during infection in both the root cortex and nodules. In-
terestingly, nodule-enriched Mesorhizobium OTUs were depleted
from both mutant root and rhizosphere compartments, indicating
that root-derived diffusible compounds produced by WT exert a
role in enriching symbionts in soil that adheres to the legume root
surface. Thus, our findings support previous observations that
maintenance of highly symbiotic isolates in the soil is not only a
function of rhizobia release from decaying nodules but is also
dependent on persistent host selective pressure (57, 58). A likely
scenario for this enrichment is a positive feedback mechanism in
which host-initiated signaling leads to enrichment of symbionts in
the root and rhizosphere, a hypothesis that is supported by the
markedly similar patterns observed in plants grown under nitro-
gen-supplemented conditions that impede nitrogen fixation. Le-
gume root-derived flavonoids are candidate diffusible signaling
molecules in such a feedback mechanism because their profile was
shown to change during root–nodule symbiosis (59, 60) and their
broad impact on soil bacterial communities (61, 62), especially on
symbiotic rhizobia, has been documented (63, 64).
Our comparative analyses of the root microbiota from L. japonicus

and four Brassicaceae species grown in Cologne soil (29) revealed
a highly distinctive community composition irrespective of an
intact or dysfunctional symbiosis pathway (Fig. 6). Lotus and
Arabidopsis ancestors diverged ∼118 Mya (65), and two major
evolutionary events took place soon after their separation: loss of
arbuscular mycorrhiza (AM) symbiosis in the Brassicaceae (66) and
gain of nitrogen-fixation predisposition in the legume predecessor
(67). Thus, our findings suggest that the marked distinctiveness of
the Lotus-specific root microbiota is not governed by the evolved

functions of Nfr5, Nin, or Lhk1, but is possibly linked to the loss of
AM symbiosis in the Brassicaceae lineage. This hypothesis can be
tested by future experiments with mutants affecting Lotus “com-
mon symbiosis genes” that fail to establish both symbiotic rela-
tionships with AM fungi and nodulating rhizobia (68–70).

Materials and Methods

A detailed description of the methods used in this study can be found in SI

Appendix, Supplementary Materials and Methods.

Soil and Plant Material. Seeds of L. japonicus WT, ecotype Gifu B-129, and the
corresponding symbiosis-deficient mutants (nfr5-2, nfr5-3, lhk1-1, and nin-2) were
grown in soil batches collected in the successive seasons. Plants were grown in
the greenhouse under long-day conditions (16-h photoperiod), watered with tap
water (optionally supplemented with 10 mM KNO3), and harvested after 10 wk.

Sample and 16S Library Preparations. Fragments of the root systems were
washed, and the rhizosphere, root, and nodules were separated. A first wash
containing the root-adhering soil layer defined the rhizosphere compartment.
Nodules and visible primordia were separated from root fragments of nod-
ulating genotypes (WT and lhk1-1) with a scalpel. Root and nodule samples
were ultrasound-treated. DNA extraction was performed using a FastDNA
SPIN Kit for Soil (MP Biomedicals). Barcoded primers targeting the variable
V5–V7 regions of bacterial 16S rRNA genes (799F and 1193R) (10, 71) were
used for amplification. Amplicons were purified (Qiagen), combined, and
subjected to 454 sequencing.

Metabolite Analysis. Root nitrate contents were determined by the ion
chromatography method as previously described (72). Proteins were extracted
in 10 mM Tris·HCl buffer (pH 8) and determined with a Bio-Rad Protein Assay
Kit using BSA as the standard.

Computational Analyses. The 16S rRNA gene sequences were processed using
a combination of custom scripts as well as tools from the QIIME (73) and
USEARCH (74) pipelines (QIIIME-ready mapping files are provided in Datasets
S4 and S5). The resulting OTU table was used in all subsequent statistical
analyses of differentially abundant taxa as well as analyses of α- and β-diversity.
Indices of α-diversity were calculated after subsampling to an even depth of
1,000 reads. Measures of β-diversity were calculated on a normalized OTU ta-
ble. The PCoA was done by classical multidimensional scaling of β-diversity
distance matrices using the cmdscale function in R. CAP (30) was computed
using the capscale function implemented in the vegan R library (75), by con-
straining for the variable of interest and conditioning for the remaining fac-
tors. Statistical analyses of differentially abundant OTUs were performed using
the edgeR library (76) by fitting a negative binomial generalized linear model
to the OTUs.

Code Availability. All scripts required for the computational analyses per-
formed in this study as well as the corresponding raw sequencing and in-
termediate data are available at www.mpipz.mpg.de/R_scripts.
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